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ABSTRACT: Among ubiquitous phosphorus (P) reserves in environmental
matrices are ribonucleic acid (RNA) and polyphosphate (polyP), which are,
respectively, organic and inorganic P-containing biopolymers. Relevant to P
recycling from these biopolymers, much remains unknown about the kinetics
and mechanisms of different acid phosphatases (APs) secreted by plants and
soil microorganisms. Here we investigated RNA and polyP dephosphor-
ylation by two common APs, a plant purple AP (PAP) from sweet potato and
a fungal phytase from Aspergillus niger. Trends of δ18O values in released
orthophosphate during each enzyme-catalyzed reaction in 18O-water implied
a different extent of reactivity. Subsequent enzyme kinetics experiments
revealed that A. niger phytase had 10-fold higher maximum rate for polyP
dephosphorylation than the sweet potato PAP, whereas the sweet potato
PAP dephosphorylated RNA at a 6-fold faster rate than A. niger phytase. Both
enzymes had up to 3 orders of magnitude lower reactivity for RNA than for polyP. We determined a combined phosphodiesterase-
monoesterase mechanism for RNA and terminal phosphatase mechanism for polyP using high-resolution mass spectrometry and 31P
nuclear magnetic resonance, respectively. Molecular modeling with eight plant and fungal AP structures predicted substrate binding
interactions consistent with the relative reactivity kinetics. Our findings implied a hierarchy in enzymatic P recycling from P-
polymers by phosphatases from different biological origins, thereby influencing the relatively longer residence time of RNA versus
polyP in environmental matrices. This research further sheds light on engineering strategies to enhance enzymatic recycling of
biopolymer-derived P, in addition to advancing environmental predictions of this P recycling by plants and microorganisms.
KEYWORDS: phytase, purple acid phosphatase, plant, fungi, phosphorus recycling, polyphosphate, ribonucleic acid,
molecular docking simulations, liquid chromatography−mass spectrometry, nuclear magnetic resonance, oxygen isotope,
phosphorus mineralization

1. INTRODUCTION
Phosphorus-containing biopolymers (P-biopolymers) repre-
sent slow-releasing phosphorus (P) reservoirs for plants and
soil microorganisms,1−4 especially in the upper horizon of
young soils.5 With dependence on the land usage, soils can
contain a range of concentrations of P-biopolymers, including
ribonucleic acids (RNAs) (1−56 mg RNA-P kg−1 soil) and
inorganic polyphosphates (polyPs) (5−50 mg P kg−1 soil).5−7

In agricultural soils, fertilizer application can result in elevated
levels of P-biopolymers.5,8 Intracellularly, there are enzymes
that specifically hydrolyze polyP and RNA.9−11 For polyP,
intracellular exo- and endopolyphosphatases cleave phospho-
anhydride bonds from the end or the middle of the polyP
chains, respectively;11 for RNA, intracellular phospho-die-
sterases (P-diesterases) such as ribonucleases produce
ribonucleotides, which are subsequently hydrolyzed by
phospho-monoesterases (P-monoesterases) to ribonucleosides
and orthophosphate (inorganic P or Pi).

10,12 Compared to the
aforementioned intracellular enzymes, extracellular P-mono-

esterases have higher stability in the soil environment and are
found at up to 2-fold higher abundance.13−15 Furthermore,
extracellular P-monoesterases, which include acid phosphatases
(APs) and phytases, are reportedly in excess in soils because
their activity is limited by the concentrations of phosphomo-
noester (P-monoester) substrates.13 Notably, compared to
carbon recycling enzymes (e.g., β-glucosidases, cellobiosidases,
xylosidases) involved in the breakage of glycosidic bonds, two
to three times higher activity was found for P-monoesterases in
soil.16 Despite the ubiquitous secretion of P-monoesterases by
plants and soil microorganisms, much remains unknown about
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the potential catalytic role of these enzymes in recycling Pi
from P-biopolymers.
We focus here on the reactivity of APs, which represent a

subset of P-monoesterases secreted by plant roots and
microbes and are widely implicated in recycling Pi from
organic compounds in soils.16−21 With the use of 4-nitrophenyl
phosphate as a model synthetic substrate, a six-to-ten times
higher activity was observed from APs compared to alkaline
phosphatases in soil.22 Two common types of APs are purple
APs (PAPs) secreted by plants and phytases secreted by fungi.
Up-regulation of gene expressions of both PAPs and phytases
has been reported in soils with Pi deficiency.

16,23 The plant
PAPs are binuclear metallohydrolases that can dephosphor-
ylate a wide range of P-monoester substrates including
ribonucleotides, phytic acid, and phosphoenolpyruvate.23

Phytases specifically target monoester bonds in inositol
hexakis-phosphate or phytate,24 but some phytases including
those from the fungi Aspergillus niger and Peniophora lycii also
exhibit reactivity toward a diverse range of organic substrates,
including sugar phosphates and multiphosphorylated ribonu-
cleotides.25,26 Interestingly, phytase from A. niger is widely
reported to be abundant in the soil environment.22,27 Previous
studies have reported polyP hydrolysis by plant APs from
wheat (Triticum aestivum) and sweet potato (Ipomoea batatas),
phytase from the fungus Aspergillus niger, alkaline phosphatase
from Escherichia coli, and pyrophosphatase from the yeast
Saccharomyces cerevisiae.28,29 Regarding the relative hydrolysis
of P-biopolymers catalyzed by APs of different biological
origins, the relative kinetic parameters and the mechanisms of
substrate specificity remain to be elucidated.
Here we sought to investigate the catalytic reactivity and

substrate binding mechanisms for the dephosphorylation of
polyP and RNA by representative extracellular APs of plant
and fungal sources, respectively, plant PAPs and fungal
phytases and APs (Figure 1A). We performed dephosphor-
ylation kinetic experiments and 18O-isotope tracing of released
Pi with A. niger phytase and sweet potato PAP. We determined
the mechanisms of the hydrolytic cleavage by monitoring the
products of polyP hydrolysis by 31P nuclear magnetic
resonance spectroscopy (31P NMR) and the products of
RNA hydrolysis by high-resolution liquid chromatography−
mass spectrometry (LC−MS). To obtain mechanistic insights,
we conducted docking simulations of polyP or RNA with
model structures of four plant PAPs [from sweet potato
(Ipomea batatas), red kidney bean (Phaseolus vulgaris), wheat
(Triticum aestivum), and thale cress (Arabidopsis thaliana)] and
four fungal phytases or APs (from A. niger, Debaryomyces
castellii, Kluyveromyces lactis, and S. cerevisiae). The findings
from this research provide new insights into the mechanistic
basis for the potential recycling (or lackthereof) from P-
biopolymers catalyzed by common APs secreted by plants and
fungi. Such insights are critical to evaluating different biological
processes in natural P recycling and inform the design of
sustainable P-management strategies.

2. MATERIALS AND METHODS
2.1. Chemicals. Sodium glass phosphate type 45 (polyP-

45, S4379), ribonucleic acid type VI from Cyberlindnera jadinii
(torula yeast) (R6625), and PAP from Ipomea batatas (sweet
potato) (P1435) were purchased from Sigma. PolyP-130 was
synthesized as described previously.30 Fungal phytase from A.
niger (Natuphos) was a gift from BASF company (NJ, USA).
Details on the sources of other chemicals used in this study are

provided in the Supporting Information, Appendix A. The
details on the enzyme purification and RNA characterization
are described in Supporting Information, Appendices B and C.

Figure 1. (A) Schematic overview of P recycling from selected P-
biopolymers (RNA and polyp) in soil and the potential role of plant
and microbial acid phosphatases. Time-dependent δ18O of Pi during
the dephosphorylation reactions of (B) polyP-45 and (C) RNA
catalyzed by a fungal phytase from A. niger (brown symbols) and PAP
from sweet potato (green symbols). Error bars indicate the standard
deviation around the mean (n = 3). Data with statistically significant
differences (P > 0.05) are indicated with different letters. The lines
connecting the data points in panels (A) and (B) are meant as guides
to the eye and do not reflect linear trends of the data.
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2.2. Measurement of Oxygen Isotope Values. Sub-
strate solutions were made with 0.1 M sodium acetate buffer
prepared using 18O-enriched water (with δ18OW value of 27
‰). We reacted 3.6 mU (0.36 μg) of A. niger phytase or 36
mU (0.84 μg) sweet potato PAP in 100 mL polyP-45 solution
(100 μM polyP chains) and 360 mU (36 μg) A. niger phytase
or 120 mU (2.76 μg) sweet potato PAP in 100 mL RNA
solution (3.3 g L−1). Replicate reactions were run at optimal
conditions for each enzyme: pH 5 and 25 °C for sweet potato
PAP31 and pH 5.3 and 37 °C for A. niger phytase (according to
the manufacturer; BASF, NJ, USA). At specific time points (10
min; 1, 2, 6, or 24 h), the reaction was stopped by immersing
an aliquot in liquid nitrogen followed by sample storage at −20
°C until the time of analysis. The oxygen isotope values in Pi
(δ18OP) were measured in silver phosphate analyte, which was
prepared after a multistep purification process that included
removing contaminants and enriching Pi following previously
published methods.32,33 A detailed protocol is provided in
Supporting Information, Appendix D.
2.3. Kinetics of polyP or RNA Dephosphorylation by

the Plant and Fungal APs. We reacted 0.036 mU of each
enzyme (3.6 ng) of A. niger phytase by adding 10 μL from a
stock or (0.84 ng of sweet potato PAP by adding 1 μL from a
stock) in 100 mL substrate solution containing different
concentrations of polyP-45 or polyP-130 (1, 5, 10, 20, 40, and
60 μM polyP chains), or RNA (0.33, 1.7, 3.3. 6.7, and 10 g
L−1). Reactions were run in triplicates at the aforementioned
optimum conditions (see the previous section) for each
enzyme. For polyP kinetics, the reaction solutions were
immediately assayed for Pi at specific time points using the
ammonium molybdate method.34 Due to precipitation of
molybdate in RNA solutions, this method could not be used to
monitor Pi during RNA dephosphorylation. Therefore, we
employed a high-resolution LC−MS-based metabolomics
method35 to monitor the concentration of ribonucleotides
(adenosine monophosphate, AMP; guanosine monophosphate,
GMP; cytidine monophosphate, CMP; uridine monophos-
phate, UMP), ribonucleosides (adenosine, guanosine, cytidine,
and uridine), and nucleobases (adenine, guanine, cytosine, and
uracil). To stop the RNA dephosphorylation reactions at
specific time points, 3 mL aliquots were immersed in liquid
nitrogen, and the samples were stored at −20 °C until the time
of analysis. The amount of released Pi was calculated based on
the increase in the concentration of ribonucleosides in the
solution. The half saturation constants (km) and maximum
rates (Vmax) of the fungal phytase or the plant PAP for polyP
and RNA dephosphorylation were calculated by fitting a
Michaelis−Menten curve over the experimental data points
using a Microsoft Excel Solver tool.
2.4. Monitoring the polyP Hydrolysis Products Using

31P NMR. To probe the mechanisms of polyP hydrolysis, we
used a higher concentration of polyP-45 than the above
kinetics experiments to obtain measurable signals with 31P
NMR. These polyP dephosphorylation reactions (pH 5) were
run by reacting 3.6 ng of A. niger phytase or sweet potato PAP
in 1 mL polyP-45 solution (with 2 mM polyP chains) at the
aforementioned optimal conditions for each enzyme. At
specific time points (10 min, 2 h, and 24 h), deuterium
oxide (10% v/v) was added to each sample before immediate
analysis of the hydrolysis products by 31P NMR (Bruker
Avance III HD system equipped with a BBO Prodigy probe) at
the Integrated Molecular Structure Education and Research
Center (IMSERC) at Northwestern University (Evanston, IL).

For each sample, 32 scans were obtained with a 0.4 s
acquisition time and 2.0 s pulse delay. We tracked chemical
shifts at −10, −21, and 0.1 ppm for terminal phosphate
moieties, the middle phosphate moieties, and the Pi,
respectively. The peak positions in the NMR spectra were
found to be stable and did not change during the course of the
reaction. Therefore, besides automatic baseline correction, no
further correction was applied to the NMR spectra.
2.5. Molecular Docking Simulations with Molecular

Dynamics Equilibration. To consider the relevance of our
experimental results with respect to diverse structures of APs,
we conducted molecular simulations with four different plant
PAPs and four different fungal APs, exhibiting a range of
substrate specificities. Tertiary (3D) structures of the following
enzymes were obtained from the protein data bank (PDB):
phytase A from A. niger (PDB ID 3K4Q), phytase from D.
castellii (PDB ID 2GFI), PAP from sweet potato (I. batatas;
PDB ID 1XZW), PAP from red kidney bean, (P. vulgaris; PDB
ID 6PY9), and PAP from wheat (T. aestivum; PDB ID 6GJ2).
Additionally, the coordinates for the 3D structures of the PAP
type 15 from thale cress (A. thaliana) and the fungal APs from
K. lactis (PHO5) and S. cerevisiae (PHO11) were obtained
from the available Swiss models with the best qualitative model
energy analysis scores.36 With the use of Discovery Studio
software,37 water molecules and heteroatoms, except the
catalytic metal ions, were removed from the protein structures
and hydrogen atoms were added. Next, geometry optimization
was performed to fix any possible clashes from the structures.
To prepare the metalloenzymes (i.e., the plant PAPs), the
positions of their specific metal cations (Fe2+, Fe3+, Mn2+, or
Zn2+) and their coordinating amino acid residues were fixed.
All enzyme structures were prepared at pH 5 by manually
setting the prominent protonation states of amino acid
residues at this pH. For the docking simulations with polyP,
we used the 3D structure of polyP-9 from a crystal structure of
polyphosphate kinase (PDB ID 5LL0)38 and subsequently
prepared it at pH 5. Here, we focused specifically on the
orientation of the scissile bond in the terminal phosphate in
the active site. In this case, the size of the substrate does not
determine the binding parameters investigated. For the
docking simulations with polyP and RNA, a polyP-9 chain or
a sequence of ribonucleotides (AGCUACUCG) was intro-
duced as the ligand, respectively. The docking of polyP-9 and
RNA into the active site of each enzyme was performed using
the CDOCKER protocol in Discovery Studio37 and the
HDOCK server,39 respectively. Each enzyme structure was
used as the receptor, and the catalytic residues were assigned as
the receptor binding sites. Among the top ten hits of the
docked substrate from CDOCKER or HDOCKER, we
selected one for further simulations based on the orientation
of the substrate, the number of interactions with catalytic
residues, and the docking scores, the latter of which accounted
for the internal ligand strain energy and the receptor−ligand
interaction energy. The substrate-enzyme complexes were then
subjected to 2000 steps of energy minimization, followed by
solvation in a water box with ionic strength of 0.145 M
provided by Na+ and Cl− ions. The hydrated energy-minimized
systems were subjected to a 10 ns molecular dynamics
equilibration, using the CHARMM force field and TIP3P
water model for partial charge assignments for the enzyme and
water atoms, respectively. The ligand-interaction protocol and
trajectory analysis tool in Discovery Studio were used to
evaluate the hydrogen (H) bonding, electrostatic interactions,
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and distances between the substrate and specific amino acid
residues in the active site of each enzyme.
2.6. Statistical Analysis. Significant differences between

experimental data, set at P < 0.05, were determined by
performing unpaired t tests between two sets of data using
GraphPad Prism (9.3.1).

3. RESULTS AND DISCUSSION
3.1. Trend in δ18Op Values Implies Enzyme-Depend-

ent Dephosphorylation of Each P-biopolymer. Change in
δ18O associated with Pi has been used previously to investigate
the involvement of different biological P recycling processes in
natural soils and agroecosystem environments.29,40−43 Differ-
ent profiles of isotopic exchange were monitored previously
during the dephosphorylation of different substrates including
phytate, glycerophosphate, and a ribonucleotide catalyzed by
A. niger phytase and a wheat AP.41,44 In these previous
studies,41,44 the oxygen isotope fractionations were found to be
different for the hydrolysis of the same substrates catalyzed by
both enzymes, thus suggesting different catalytic mechanisms
for these enzymes. Here, to obtain preliminary insights on the
different reactivity of A. niger phytase and sweet potato PAP,
we tracked the δ18OP of the released Pi as a function of reaction
time with polyP and RNA in solution with 18O-water (Figure
1B,C).
We obtained distinct δ18OP values during polyP and RNA

reactions with each enzyme. First, there was minimal change in
the δ18OP values (only up to 5% difference at a 24 h reaction
time compared to a 10 min reaction time) during the A. niger
phytase reaction with polyP and the sweet potato PAP reaction
with RNA, averaging at 12.23 (±0.74) ‰ and 11.60 (±0.96)
‰, respectively (Figure 1B,C). These results are consistent
with a reported near-constant isotope value during hydrolysis
reactions of phytate by A. niger phytase by Sun et al.44 On the
other hand, the δ18OP values during the A. niger phytase
reaction with RNA and the sweet potato PAP reaction with
polyP were appreciably increased, specifically to 15.13 (±0.58)
‰ and 24.17 (±1.01) ‰ after 24 h, respectively (Figure
1B,C). These changes in δ18OP values, corresponding between
24% to 2-fold increase relative to the values at the start of the
reaction, indicated a Rayleigh type fractionation during RNA
reaction with A. niger phytase and the polyP reaction with
sweet potato PAP (Figure 1B,C). The association of the
released Pi to a Rayleigh type fractionation45 was due to
isotopic enrichment occurring as a function of reaction time, as
reported commonly in carbonate and organic compound
hydrolysis.46−49

For each investigated P-polymer (polyP versus RNA), we
posit that the observed increase in δ18OP values with one
enzyme, compared to no change in δ18OP values with another
enzyme, was indicative of slower reactivity kinetics of one
enzyme relative to the other (Figure 1B,C). Therefore, our
δ18OP data implied a preference of the fungal enzyme over the
plant PAP for polyP and a preference of the plant PAP over the
fungal phytase for RNA. To obtain corroborative insights on
this proposed substrate-dependent enzyme reactivity, we
conducted kinetic reactions with different concentrations of
polyP and RNA to determine the enzyme kinetics parameters
(Figure 2).
3.2. Fungal Phytase Dephosphorylates polyP Faster

than Plant PAP. We conducted experiments with two polyP
chains containing different amounts of phosphates, polyP-45
and polyP-130, to examine the influence of the polyP chain

length on enzyme activity (Figure 2A). The A. niger phytase
reached its Vmax (on average, 2649 μM Pi h−1 for polyP-45 and
2863 μM Pi h−1 for polyP-130) at a low concentration for both
polyP chains, reflecting its high affinity with a low Km value
(10−20 μM P) (Figure 2A,B). While the Vmax of A. niger
phytase was 20% higher for polyP-130 than polyP-45 (P <
0.05), the Km values were not statistically significant (P = 0.12)
(Figure 2B). By contrast, sweet potato PAP reached a similar
Vmax of about 200 μM Pi h−1 for both polyP chains but had a
significantly higher affinity for polyP-130 (Km ∼ 0.08 mM-P)
than polyP-45 (Km ∼ 0.41 mM-P) (P < 0.05) (Figure 2B).

Figure 2. (A) Kinetics data of (top) polyP and (bottom) RNA
dephosphorylation by a fungal phytase (from A. niger, brown
symbols) and a plant PAP (from sweet potato, green symbols) as a
function of substrate concentrations shown as P-equivalent concen-
trations; the dashed lines represent Michaelis−Menten curves using
parameters determined with the data. (B) Calculated values of (left)
half-saturation constants (Km) and (right) maximum rates (Vmax) for
the dephosphorylation of polyP-45 (gray bars), polyP-130 (white
bars), and RNA (black bars) catalyzed by the fungal phytase and the
plant PAP. Error bars represent the standard deviation around the
mean (n = 3). Statistically significant differences (P < 0.05) in panel
(B) are indicated by different letters.
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Therefore, the Vmax for polyP hydrolysis was 10 to 20 times
higher with the fungal phytase (A. niger) than with the plant
PAP (P < 0.05) (Figure 2A). The low Vmax values with sweet
potato PAP could be due to the inhibition of enzyme activity
by Pi at concentrations above 0.3 mM, as previously reported
by Schenk et al.31 In sum, the enzyme kinetic parameters
obtained with RNA indicated greater reactivity of sweet potato
PAP than A. niger phytase, in agreement with the differences in
the isotope effects, we obtained during the enzymatic reactions
with RNA.
3.3. Slow Dephosphorylation of RNA by the Plant

and Fungal APs. We found that both sweet potato PAP and
A. niger phytase can dephosphorylate RNA but at 2 and 3
orders of magnitude slower rates, respectively, compared to
polyP (P < 0.05) (Figure 2A,B). Notably, the Vmax of RNA
dephosphorylation was 0.92 μM Pi h−1 (on average) with A.
niger phytase, which was about 5 times lower than the Vmax
with sweet potato PAP (5.62 μM Pi h−1, on average) (P <
0.05) (Figure 2B). Interestingly, the RNA hydrolysis rates with
the sweet potato PAP decreased to 2.52 μM Pi h−1 at RNA-P
above 20 mM after reaching its maximum value (Figure 2A),
suggesting an RNA concentration threshold at which substrate
inhibition occurred with the plant PAP. This decreasing trend
was not observed with A. niger phytase (Figure 2A).

3.4. Terminal-Phosphatase Mechanism for Enzymatic
polyP Dephosphorylation. Using 31P NMR, we elucidated
the enzymatic mechanism of polyP hydrolysis by monitoring
the distinctive chemical shifts in the NMR spectra (Figure
3A,B).28,50 The terminal phosphate moieties (terminal-P) and
the middle phosphate moieties (middle-P) have peaks at −10
and −21 ppm, respectively; the free orthophosphate (or Pi)
has a peak around 0.1 ppm (Figure 3A).50 We evaluated two
possible mechanisms for the hydrolytic cleavage of the polyP
molecule (polyP-45). For mechanism 1, we considered an
endophosphatase mechanism wherein the phospho-anhydride
bonds (P−O−P) would be cleaved from the middle of the
chain to produce shorter fragments of polyP (Figure 3B). Such
increase in the amount of short polyP fragments would
increase the peak intensities for the terminal-P signal but
decrease the peak intensity for middle-P.28 For mechanism 2,
we considered a terminal phosphatase mechanism, in which a
phosphate moiety in the polyP would be cleaved one after the
other from either end of the polyP chain (Figure 3B). With
this latter mechanism, the peak intensity of the terminal-P
signal would remain unchanged, but the peak intensity for the
middle-P would decrease due to shortening of the polyP
chains.28

Figure 3. (A) Time-dependent 31P NMR spectra of polyP-45 dephosphorylation by fungal phytase (from A. niger, brown spectra) and plant PAP
(green spectra); the reference spectrum of polyP-45 in solution (control) is shown in black at the bottom. Indicated in the spectra are the peaks
related to the orthophosphate (Ortho-P), terminal phosphate in the polyP chain (Terminal-P), and middle phosphate in the polyP chain (Middle-
P). (B) Schematic representation of two proposed phosphatase mechanisms, endo versus terminal cleavage of the polyP chain, during polyP
dephosphorylation; the 31P NMR data support the terminal phosphatase mechanism (indicated by the green check) and do not support an
endophosphatase reaction (indicated by the red cross). (C) Time-dependent changes in the LC−MS-measured concentrations of ribonucleotides
(top row) and ribonucleosides (bottom row) during RNA dephosphorylation reactions catalyzed by the fungal phytase (brown) and plant PAP
(green) at a concentration of 10 mM RNA-P; measured ribonucleotide impurities ranged between 8 and 14 μM. Error bars represent the standard
deviation around the mean (n = 3). (D) Schematic illustration of four proposed mechanisms for enzymatic RNA cleavage; the possible production
of short RNA fragments due to an endonuclease activity (indicated with a question mark) could not be resolved by our data. The data do not
support Mechanism 1 (indicated with a red ×), which would generate ribonucleotides. The data are consistent with the mechanisms wherein
ribonucleosides are released in the first step (mechanisms 2, 3, 4; indicated with a green check mark).
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In the 31P NMR spectra of the polyP-45 control sample,
there was an intense peak for the middle-P (at −10.23 ppm),
whereas relatively minor to non-noticeable peaks for both the
terminal-P and Pi were detected, consistent with high
abundance of polyP chains in the starting polyP solution
(Figure 3A). During the 24 h reaction time, the polyP
hydrolysis by sweet potato PAP led to a gradual decrease in the
peak intensity of middle-P (up to −40%) accompanied by a
greater than 300-fold increase in the peak intensity for Pi, but
the peak intensity for the terminal-P remained unchanged
(Figure 3A and Supporting Information, Appendix E). In a
similar fashion, there was no increase in the peak intensity of
the terminal-P during the polyP hydrolysis by A. niger phytase,
but there was a 300-fold decrease in the intensity of the
middle-P peak and a near 700-fold increase in the Pi peak
intensity (Figure 3A and Supporting Information, Appendix

E). The relatively higher peak intensities with A. niger phytase
compared with sweet potato PAP are consistent with the
aforementioned enzyme kinetic parameters with polyP
(Figures 2B and 3A). In sum, the time-dependent 31P NMR
data provided evidence of a terminal phosphatase mechanism
for the polyP dephosphorylation by both plant and fungal APs,
as characterized by a relative decrease in the middle-P signal
combined with a significant increase in the Pi signal and no
change in the minor terminal P signal (Figure 3B).
3.5. Evidence of Coupled P-diesterase and P-

monoesterase Activity During RNA Dephosphorylation.
We evaluated four possible mechanisms for RNA dephosphor-
ylation by A. niger phytase and sweet potato PAP by using
LC−MS to monitor the RNA reaction products (Figure
3C,D). Upon hydrolysis of a P-diester bond, a P-monoester
would be produced in the active site, which might be a

Figure 4. Molecular dynamics-equilibrated complexes of (A) a fungal phytase (from A. niger) and (B) a plant PAP (from sweet potato) with polyP-
9 (top) and RNA (bottom). The enzyme surfaces (left in each panel) are color-coded according to their interpolated charges (blue/red = positive/
negative), and the close-up panels (right) show the interactions of the substrate with water, metal cations, and amino acid residues in the active site.
Heat maps of interactions of polyP and RNA in the substrate binding pocket of (C) fungal phytases and APs and (D) plant PAPs. The gray heat
maps present three important distances in the precatalytic substrate-enzyme complexes in comparison to the corresponding distances in the
reference crystal structures (first row in C and D). In the fungal phytases and APs (C), these precatalytic distances include the distance between the
nucleophile histidine (HisNuc---P), or a water molecule (W---P), or the proton-donor aspartate (AspPD---P) and the target phosphate moiety in the
substrate. In the plant PAPs (D), these precatalytic distances include the distance between Fe3+ and a water molecule (Fe3+---W), the distance
between the target phosphate moiety in the substrate and the water molecule (P---W) or the divalent metal cation (P---M2+; M2+ is Mn2+ in sweet
potato PAP, Zn2+ in red kidney bean PAP, Fe2+ in thale cress PAP, and Fe2+ in wheat PAP). The red heat maps present the number of active site
interactions with polyP (shown above the black line) or RNA (shown below the black line in the table) in (C) the fungal APs and (D) plant APs.
The catalytic amino acid residues (labeled with **) and other active site amino acid residues (labeled with *) in fungal APs (C) are numbered
based on the reference structure of A. niger phytase and in plant PAPs (D) based on the reference structure of sweet potato PAP. The
corresponding residue numbers in other phytases and PAPs are listed in the Supporting Information, Appendix G.
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ribonucleotide or a shortened RNA fragment with a terminal-
P, depending on the site of enzymatic cleavage (Figure 3D).
For mechanisms 1 and 2, we considered cleavage at a terminal
3′O−P bond of RNA wherein the P-monoester product would
be a ribonucleotide (Figure 3D). For mechanism 1, the
ribonucleotide product generated through a P-diesterase
reaction would be released in solution prior to the
dephosphorylation by a subsequent P-monoesterase reaction
(Figure 3D). For mechanism 2, the ribonucleotide would
remain in the active site to undergo dephosphorylation
immediately via a coupled P-diesterase/P-monoesterase
mechanism (Figure 3D). For mechanisms 3 and 4, we
considered the bond between OP and the 5′C of a terminal
nucleotide to be cleaved to produce a ribonucleoside and a
shorter RNA fragment with a terminal phosphate (Figure 3D).
For mechanism 3, the RNA fragment with 3′-P would be
released from the active site before getting dephosphorylated
in a separated step, whereas in mechanism 4, the RNA
fragment would stay in the active site and get dephosphory-
lated immediately in a coupled P-diesterase/monoesterase
mechanism similar to mechanism 2 (Figure 3D). After the first
step of the catalysis in the latter three mechanisms
(mechanisms 2, 3, and 4), a ribonucleoside would be released,
but a ribonucleotide would be released in the reaction solution
in mechanism 1 (Figure 3D). Reported mechanisms for the
hydrolysis of nucleic acids including RNA typically start with
the catalytic action of P-diesterase enzymes such as
ribonucleases to produce ribonucleotides,51 followed by the
hydrolysis of ribonucleotides into ribonucleosides and Pi by P-
monoesterase enzymes including APs, as illustrated for
mechanism 1 (Figure 3D).19 In addition to mechanism 1, we
investigated the three other mechanisms delineated above for
the catalytic hydrolysis of RNA by our two representative plant
and fungal APs (sweet potato PAP and A. niger phytase,
respectively) (Figure 3D).
Using high-resolution LC−MS to evaluate the occurrence of

the different mechanisms, we monitored the concentrations of
ribonucleotides as evidence of P-diesterase activity as well as
the concentrations of ribonucleosides as evidence of P-
monoesterase activity (Figure 3C). We note that our data
were not meant to capture the generation of small RNA
fragments through possible endonuclease cleavage from the
middle of the RNA chain prior to further dephosphorylation
steps. Remarkably, we found a lack of increased concentrations
of ribonucleotides (beyond the background residual levels)
during the RNA reaction with both sweet potato PAP and A.
niger phytase (Figure 3C). Therefore, our data did not support
mechanism 1 wherein ribonucleotides would be released to the
solution (Figure 3D). The A. niger phytase did not hydrolyze
the trace amounts (∼7.8 μM) of ribonucleotides, and this
finding was consistent with the low reactivity of this enzyme
toward monophosphorylated ribonucleotides as reported
previously.25 In contrast, the residual concentrations of
ribonucleotides (14.1 μM in plant PAP reaction) present in
the crude RNA sample were hydrolyzed to ribonucleosides
(∼11.9 μM) by the P-monoesterase activity of sweet potato
PAP (Figure 3D). Notably, despite the absence of evolved
ribonucleotides in solution, the activity of A. niger phytase and
sweet potato PAP during the 48 h reaction resulted in the
eventual accumulation of 17.4 μM and 58.2 μM ribonucleo-
sides, respectively, thus exceeding the P-monoesterase activity
of the residual ribonucleotide concentration (by nearly 16-fold
and 4-fold for A. niger phytase and sweet potato PAP,

respectively) (Figure 3D). Therefore, our data revealed P-
diesterase activity coupled with the P-monoesterase activity by
both enzymes, but distinguishing between mechanisms 2, 3,
and 4 would require further investigation and was beyond the
scope of our data (Figure 3D).
3.6. Molecular Simulations Reveal Substrate Orienta-

tion in the Active Site That Establishes Favorable
Precatalytic Complex Consistent with Experimental
Enzyme Kinetic Differences. The initiation of the catalytic
dephosphorylation reaction requires a precatalytic enzyme−
substrate complex. Here, we performed molecular docking
simulations combined with molecular dynamics simulations to
probe this complex for polyP or RNA bound in the substrate
binding pocket of different APs, after ascertaining that our
simulation protocol generated the expected precatalytic
complex of reference crystal structures of A. niger phytase
and sweet potato PAP with their reported ligands (Figure 4
and Supporting Information, Appendix G). For histidine AP
enzymes like A. niger phytase, the precatalytic complex requires
a nucleophile histidine (denoted Hisnuc), a proton-donor
aspartate (denoted AspPD), and a water molecule in close
distance (<3.5 Å) to the target P-diester bond (the scissile
bond)52,53 (Figure 4C). For plant PAPs, a favorable
precatalytic complex requires the coordination of the divalent
cation (denoted here as M2+) by the target phosphate moiety,
and one water coordinated to the Fe3+, likely to serve as a
nucleophile water in the active site;23,54,55 water forms a bridge
between the two catalytic metals in the transition state
configuration to mediate the nucleophilic attack to the P-
monoester bond.55

For the simulated A. niger phytase-polyP complex, we
obtained a favorable precatalytic complexation in agreement
with the terminal phosphatase mechanism determined by 31P
NMR, whereby a terminal phosphate moiety in polyP was
positioned at less than 5 Å from the two catalytic residues and
from a water molecule (Figure 4A,C). Moreover, the active site
residues of A. niger phytase participated in a total of 13
electrostatic interactions and a H-bond with the polyP chain
(Figure 4A). In the complex of polyP with sweet potato PAP,
beyond two electrostatic interactions between polyP and with
the catalytic metals (Mn2+ and Fe3+), there was a total of one
H-bond and eight electrostatic interactions with aspartate and
histidine residues (D163, H285, H322) of the active site
(Figure 4B,D). Also, in agreement with the aforementioned
mechanism of the polyP hydrolysis, the terminal phosphate in
the polyP chain was the closest phosphate moiety (3.9 Å) to
the catalytic Mn2+ of sweet potato PAP, and there was a water
molecule in the vicinity (4 Å) of the terminal phosphate that
may function as a nucleophile, albeit this water molecule was
not at a favorable distance (5.5 Å) from Fe3+ (Figure 4B and
Supporting Information, Appendix G). In sum, compared to
sweet potato PAP, the molecular modeling data revealed a
higher number of interactions with closer interaction distances
in the catalytic center of A. niger phytase, thus implying a more
favorable precatalytic complex with the fungal phytase than
with the plant PAP, in agreement with the enzyme kinetic data
for polyP dephosphorylation (Figure 4A).

By contrast to the more than ten H-bond and electrostatic
interactions with polyP, there were only three interactions (1
H-bond and 2 electrostatic) formed between RNA and the
active sites of A. niger phytase and sweet potato PAP (Figure
4). These differences in the substrate interactions in the
precatalytic complexes with RNA versus polyP may underlie
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the higher dephosphorylation rates of polyP than RNA
determined by our enzyme kinetics experiments. In accord-
ance, with the P-diesterase mechanism for RNA elucidated by
LC−MS, our molecular simulations revealed that both
enzymes interacted with a middle P-diester bond between
the guanosine and the terminal adenosine of our model RNA:
electrostatic interactions with two arginine residues (R62 and
R58) in A. niger phytase and interactions with an Fe3+ center
and a histidine residue (H324) in sweet potato PAP (Figure
4A,B). Moreover, the presence of a water molecule close to the
catalytic residues (<4 Å) and the scissile P-diester bond of
RNA facilitated a favorable precatalytic complex with A. niger
phytase (Figure 4A,C). For sweet potato PAP, the presence of
a water molecule between Fe3+ and Mn2+, and in close distance
(3.6 Å) to the P-diester, contributed to a potentially favorable
precatalytic complex (Figure 4B,D).
The presence of the metal center has been considered as an

essential requirement for the catalytic breakage of strong P-
diester bonds.56,57 For instance, the metal centers in nucleases
are reported to polarize the P-diester bond, activate the
nucleophile water, stabilize the transition-state, and facilitate
the departure of the leaving group;56,57 even in enzymes that
use an amino acid side chain as a nucleophile, the reactivity
was still improved when a metal cation was introduced.57 As a
heteronuclear metalloenzyme, sweet potato PAP presents a
favorable metal center for cleaving the P-diester bonds,58,59

which may explain our experimentally measured higher
reactivity of sweet potato PAP toward RNA compared to A.
niger phytase (Figure 2).
To expand the relevance of our theoretical findings, we

performed additional molecular simulations to investigate the
substrate binding mechanisms of RNA and polyP with three
additional plant PAPs and three additional fungal APs (Figures
4C,D). Details on substrate interactions in the precatalytic
complexes with the additional APs are provided in Supporting
Information, Appendix G. Below we summarize the major
findings.
The four fungal APs investigated here (A. niger phytase, D.

castellii phytase, S. cerevisiae AP, and K. lactis AP) are members
of the histidine AP superfamily that share a conserved catalytic
site with a Hisnuc and an AspPD as described above.52,53,60

Consistent with the reported broad substrate specificity of D.
castellii phytase, the polyP substrate was stabilized through the
electrostatic interactions from noncatalytic residues rather than
strong H-bonding to catalytic residues.60 Previous experimen-
tal studies reported that the type 5 repressible APs like K. lactis
AP recycled Pi from extracellular nucleotides but had negligible
reactivity toward polyP chains.61,62 Accordingly, our simu-
lations revealed the absence of a water molecule in the active
site of K. lactis AP to mediate the formation of the precatalytic
complex with polyP, despite the interaction of polyP with the
positively charged active site residues (R58 and R62 and
H338) in both yeast APs (i.e., K. lactis AP and S. cerevisiae AP)
(Figure 4C and Supporting Information, Appendix G).
However, in the S. cerevisiae AP, a favorable precatalytic
complex was formed due to the close distance (<4.5 Å) of a
middle phosphate in polyP to the Hisnuc and AspPD and a water
molecule (Figure 4C and Supporting Information, Appendix
G).
With respect to plant PAPs, we found that the number of

interactions between the terminal-P moiety of polyP and the
catalytic metals of the sweet potato (1 electrostatic) was less
than those in thale cress PAP (2 H-bonds and 1 electrostatic)

and wheat PAP (2 H-bonds) (Figure 4D and Supporting
Information, Appendix G). This finding was in accordance
with previous reports that sweet potato PAP exhibited a higher
preference for small substrates like phosphoenolpyruvate
compared to thale cress and wheat PAPs that accept bulkier
substrates like phytate in their active sites.63,64 We posit that
the confined circular tunnel-shaped active site of sweet potato
PAP may limit the access of the target phosphate moiety to the
catalytic metals (Supporting Information, Appendix G).
However, in accordance with the high preference of thale
cress and wheat PAPs for P-monoester bonds,63 the catalytic
center of both enzymes oriented favorably with respect to a
terminal P-monoester bond in RNA (Figure 4D and
Supporting Information, Appendix G). Among the plant
PAPs, similar to the polyP complex, the red kidney bean
PAP participated in the most favorable interactions to complex
polyP and RNA, consistent with the specificity of this enzyme
for multiphosphorylated ribonucleotides:63 there was favorable
orientation of metal cations (Fe3+ and Zn2+) with respect to a
middle phosphate moiety in the polyP chain, a nearby water
molecule (distance ∼2.6 Å), and the coordination of the metal
catalytic center with the target phosphate moiety through 2 H-
bond and 2 electrostatic interactions; the catalytic metals
participated in 2 electrostatic interactions while targeting the
P-diester bond in RNA (Figure 4D and Supporting
Information, Appendix G). Interestingly, despite these
enzyme-specific differences, our molecular simulations dem-
onstrated that the active site residues of both plant and fungal
APs engaged in a higher number of H-bonds and electrostatic
interactions with polyP (5−17 interactions) compared to RNA
(1−5 interactions) (Figure 4C,D). Therefore, these molecular
simulation results were congruent with the experimental data
on the relative dephosphorylation rates of the two P-
biopolymers by the different enzymes.
3.7. Implications for P-biopolymer Dephosphoryla-

tion in Environmental Matrices. Extracellular APs are
important for recycling P in environmental matrices (i.e., soils,
sediments, and marine environments).65,66 Therefore, the
reactivity of these enzymes toward P-biopolymers is of special
interest because P-biopolymers such as RNA and polyP are
ubiquitous P sources for plant and soil microorganisms.1−4,67

However, despite the high abundances of plant and fungal APs
in Pi-deficient soils,

16 much has remained unknown about the
relative reactivity kinetics and mechanisms of substrate
specificity by different APs for P recycling from P-biopolymers.
Here, in addition to demonstrating that our representative
fungal and plant APs are both capable of dephosphorylating
both polyP and RNA, we found that the extent of the reactivity
toward each P-biopolymer was different for each enzyme
(Figure 5). Specifically, both enzymes preferred polyP over
RNA as evidenced by higher hydrolysis rates, by up to 3 orders
of magnitude, with polyP than with RNA. However, the fungal
phytase exhibited 10-fold higher activity for polyP hydrolysis
than the plant PAP, whereas the plant PAP had 6-fold higher
activity for RNA hydrolysis than the fungal phytase (Figure 5).
Molecular dynamics simulations revealed up to 3-fold higher
interactions in the active site of both enzymes with bound
polyP compared to bound RNA, which may explain the higher
rates of the enzymes toward polyP (Figure 5). Structure-based
modeling of substrate-enzyme complexes was previously used
to guide rational engineering of enzymes such as phytase,68

lipase,69,70 aminotransferase,71 and transketolase.72 In a similar
fashion, the structural insights obtained here could contribute
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to guiding principles toward optimizing the activity of APs for
P-polymer dephosphorylation. Using time-dependent 31P
NMR data, we determined that the mechanism for fast Pi
extraction from polyP chains was through a sequential cleavage
of the terminal phosphate moieties in the polyP chain. With
regard to enzymatic reactivity toward different polyP chain
lengths, the fungal phytase had the same affinity for both
polyP-45 and polyP-130 but higher dephosphorylation rate for
the longer-chain polyP; plant PAP had a similar rate of
dephosphorylation with both polyP chain lengths. For RNA
dephosphorylation mechanisms, our high-resolution LC−MS
analysis determined a combined P-diesterase/P-monoesterase
mechanism by both enzymes. Accordingly, the molecular
modeling revealed the favorable orientation of the P-diester
bond in RNA with respect to the positively charged
heteronuclear metal centers of plant PAPs that can help
facilitate the nucleophilic attack by an activated water
molecule, thereby explaining the six times higher reactivity of
the plant PAP than fungal phytase. In sum, our findings
implied that the biological source of P-recycling enzymes, such
as plants versus fungal communities in natural soil environ-
ments,73 will influence the relative residence time of RNA and
different sizes of polyP chains.
In organics-enriched soils, Pi bioavailability for plants and

microorganisms depends on the efficiency of Pi recycling from
organic P including RNA by phosphatase enzymes.74 Our

findings highlighted a one-step mechanism for the low activity
of RNA dephosphorylation to generate Pi, albeit our data also
pointed out inhibition of plant PAP activity at high RNA
concentrations (>20 mM RNA-P). Such inhibition was likely
due to steric hindrance, which has been shown to occur due to
the obstruction of active sites in the presence of very high
concentrations of long chain molecules.75−77 Overcoming this
inhibition by designing robust APs and related phosphatases
will be necessary for P recycling purposes in complex matrices.
Moreover, when both phosphorylated monomeric and
polymeric substrates are present in mixtures as would be
expected in the heterogeneous soil organic matter content, the
kinetics of P-biopolymer dephosphorylation by phosphatases
may be different from our results. A previous study reported
that the dephosphorylation kinetics of ribonucleotide mono-
mers by A. niger phytase was negatively affected by competition
from other small phosphorylated organic substrates.24 The
extent of similar competition for the dephosphorylation of P-
biopolymers remains to be investigated.

The polyP-accumulating organisms (PAOs), which are
especially more abundant in rhizosphere than bulk soil,67

have been employed to engineer enhanced biological P
removal (EBPR) in wastewater treatment plants to store Pi
in the form of polyP chains.78 Relevant to the subsequent
application of polyP-containing biosolids from EBPR pro-
cessed as fertilizers in agricultural soils,78 our data stressed the
higher rate of fungal phytase than plant PAP to dephosphor-
ylate polyP and, importantly, that the fungal phytase was not
inhibited in the presence of high concentrations of Pi (>0.3
mM) or polyP chains (>20 μM polyP chains). Such favorable
reactivity of fungal phytase toward polyP should also be
considered in interpretating P recycling in environments, such
as wetland soils with high polyP concentration.67,79

Acknowledging the potential adsorption of phosphatase
enzymes and P-biopolymers to soil minerals and marine
sediments,26,74,80−82 we anticipate that the dephosphorylation
rates reported here would be modulated in the natural soil
environment depending on soil pH conditions, soil mineral
types, and soil organic composition. Compared to heteroge-
neous oxisol clays, it was reported that there was up to 70%
more decrease in the phytate dephosphorylation rate by A.
niger phytase in suspensions with pure soil minerals such as
goethite, hematite, kaolinite, and montmorillonite.83 Further-
more, an alkaline phosphatase from E. coli was reported to
undergo near-complete activity loss when adsorbed to marine
sediments, but about 30% of activity still remained when
adsorbed to soil minerals including goethite and montmor-
illonite.84 However, when a soil suspension was precoated with
adsorbed protein, there was a decrease in phytase adsorption.26

Therefore, these previous studies implied that the extent of
inhibition of the activity of each enzyme in the soil matrix will
depend on the soil mineral and organic compositions. Relevant
to the new findings presented here, it remains to be elucidated
to which extent adsorption to the heterogeneous matrix of soils
and sediments would modulate the catalytic activity and
conformational stability of different phosphatases in relation to
P recycling from P-biopolymers.
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Figure 5. Schematic illustration of P-biopolymer dephosphorylation
by plant and fungal acid phosphatases based on the kinetics and
structural insights obtained in this study. Both fungal and plant APs
preferred polyP over RNA, but fungal AP had higher reactivity toward
polyP whereas plant AP was more reactive toward RNA. The arrow
widths are proportional to the relative enzyme activity rates (using
log2 of the relative rates). With regard to the reaction mechanisms, we
determined experimentally both fungal and plant APs dephosphory-
lated polyP through terminal phosphatase mechanisms and
dephosphorylated RNA through a coupled P-diesterase and P-
monoesterase mechanism. From molecular docking simulations, the
difference in each enzyme reactivity toward P-biopolymers was
explained by several factors including the number of interactions, the
partial charges of the substrate and active site, and the orientation of
the target phosphate moiety of the substrate with respect to the
catalytic center.
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Supporting text, figures, and tables for this study as
referred to in the main text, including details on
materials, the RNA characterization procedure, enzyme
preparation procedures, measurement of oxygen isotope
values, and time-dependent changes in the 31P NMR
peak intensities, kinetics profiles of polyP and RNA
dephosphorylation by A. niger phytase and sweet potato
PAP, and molecular dynamics simulations (PDF)
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