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Abstract: Comprehensive insight into the microbiota of the gut of humans and animals, as well as
their living environment, in communities with a high background of antibiotic use and antibiotic
resistance genes is scarce. Here, we used 16S rRNA gene sequencing to describe the (dis)similarities
in the microbiota of feces from humans (n = 107), domestic animals (n = 36), water (n = 89), and
processed food (n = 74) in a cohort with individual history of antibiotic use in northern Vietnam. A
significantly lower microbial diversity was observed among individuals who used antibiotics in the
past 4 months (n = 44) compared to those who did not (n = 63). Fecal microbiota of humans was more
diverse than nonhuman samples and shared a small part of its amplicon sequence variants (ASVs)
with feces from animals (7.4% (3.2–9.9)), water (2.2% (1.2–2.8)), and food (3.1% (1.5–3.1)). Sharing of
ASVs between humans and companion animals was not associated with the household. However, we
did observe a correlation between an Enterobacteriaceae ASV and the presence of extended-spectrum
beta-lactamase CTX-M-group-2 encoding genes in feces from humans and animals (p = 1.6 × 10−3

and p = 2.6 × 10−2, respectively), hinting toward an exchange of antimicrobial-resistant strains
between reservoirs.

Keywords: microbiota; One Health; Vietnam; environmental microbiota; metagenomics; antibiotic
resistance

1. Introduction

Microbiotas are complex and diverse ecological communities of microorganisms that
are specific to a particular habitat such as specific human or animal body sites (e.g., the
intestinal tract) or natural environments [1–3]. The native microbial composition is not
only strongly associated with host factors [2] but also with geographic and environmental
variables [4,5]. Physical interactions between hosts and their natural environment may
also alter the microbiota diversity and composition [6]. Recent work on the microbiota of
humans and animals has suggested that, due to interactions, such as contact with natural
environments and co-housing conditions, individuals may share specific bacterial strains
or have a more similar microbiota with each other and their environments [7]. From a One
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Health perspective, insights into the interconnections among humans, animals, and their
environmental microbiome are important to further our understanding on the dynamics in
bacterial communities, including potential pathogenic and antimicrobial strains [8,9]. The
consumption of antibiotics has a profound effect on distortion of the microbiota of humans
and animals, resulting in loss of diversity and keystone species [10–12]. A study conducted
among 12 healthy volunteers Caucasian males aged between 18 and 45 years showed
that administrating antibiotics, including meropenem, gentamicin, and vancomycin, to
healthy individuals led to an enrichment of antibiotic resistance genes (ARGs) and loss of
butyrate-producing bacteria [13]. In addition, repeated exposure to antibiotics not only
drove the microbiome into a new steady state that was different from the original state but
also increased the survival and colonization potential of antibiotic-resistant bacteria [14,15].
Furthermore, antibiotic pollution into natural environments also influences soil and aquatic
microbial ecosystems [16].

To date, most research on the effects of antibiotics has, however, been focused on
microbial perturbations among study subjects without correlation to other co-habitats or
vice versa [17]. To better understand host–microbiota relationships, it is important to place
the research of the microbiota in the broader environmental–ecological context [18]. Fur-
thermore, it is of interest how the microbiota adapts in settings where antibiotic exposure is
expectedly frequent. Few studies have made such an attempt to characterize and compare
the gut microbiota among individuals and their environment in a community setting with
high antibiotic use [17,19].

As an agricultural country, with nearly 50% of the population consisting of farmers in
rural areas according to the report of general statistics office in 2019, Vietnam has a history of
using antibiotics in treatment and prevention in humans, animals, and aquaculture [20–22].
The impact of antibiotic use in Vietnam on both community and hospital settings has been
evaluated in many different aspects, including economic impacts, water pollution, and the
diversity and abundance of the resistome [23–25]. However, there are still large gaps in
our understanding of the human microbiota and its interactions with nonhuman microbial
ecosystems. Here, we used 16S ribosomal RNA gene amplicon sequencing to characterize
the microbiota of a cross-sectional collection of stool samples from humans and their
domestic animals, as well as their food and water, taken from a rural community cohort
in Ha Nam, Vietnam. We describe the microbial diversity, composition, and community
structure of feces from humans and domestic animals, as well as their environment, in
association with antibiotic consumption and a high background of antibiotic resistance
genes.

2. Material and Methods
2.1. Community Setting, Study Design, and Sample Collection

The demographics of this complete cohort were described in our previous study,
which was designed to explore the circulation of ARGs in humans, animals, and their
environment [26] (see Supplementary Table S1).

For the present study, a subset of 44/80 participating households was selected: 23
households in which at least one member used any antibiotic in the 4 months prior to
sample collection and 21 households in which no antibiotic use was reported prior to
sampling. We used feces from humans (n = 107) and domestic animals (n = 36), processed
foods (n = 74), and water samples (water used for cooking and/or washing and irrigation)
(n = 89) collected at a single timepoint (at the fourth month of study—M4) collected from
these selected households (HHs) to analyze the microbiota using 16S rRNA gene amplicon
sequencing.

In this study, samples were collected from 44 households (HHs) residing in seven
villages within 8.1 square kilometers. Lifestyles in these villages are very similar with
diets dominated by rice, vegetables, and meat. The frequency of meat consumption was
dependent on the economic condition of HHs. To evaluate the geographical impact on
the microbiota, particularly in order to identify whether individuals living closer together
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shared more ASVs or not, we separated the 44 HHs into clusters based on their locations.
We used partitioning clustering with the k-medoids algorithm, which enabled us to find out
two clusters in 44 HHs based on the distance from HH locations (detected by their latitude
and longitude) to the center of each cluster. The numbers of participating individuals
living in cluster 1 with 23 HHs and cluster 2 with 21 HHs were 49 and 58, respectively (see
Supplementary Figure S1 and Supplementary Table S2).

2.2. Methods
2.2.1. DNA Extraction and 16S rRNA Amplicon Sequencing

Metagenomic DNA was isolated as described previously [26]. In brief, repeated bead
beating (RBB) combined with column-based purification was used to extract DNA from
human and animal fecal samples according to protocol Q of the International Human
Microbiome Standards consortium. For isolation of microbial DNA from water samples,
100 mL of collected water was filtered through 0.22 µm mixed cellulose ester membrane
filters (Sartorius, Göttingen, Germany) to capture bacteria. One-quarter of the filters
were used for metagenomic DNA extraction using the QIAGEN DNeasy Power Water kit
according to the manufacturer’s protocol (Qiagen, Hilden, Germany). Upon isolation, DNA
concentrations were determined using the Quan-iT PicoGreen dsDNA assay (Invitrogen,
Carlsbad, CA, USA).

Amplicon libraries and sequencing were performed as described previously [27].
Briefly, the V4 region of the 16S rRNA gene was PCR-amplified from each DNA sample
in triplicate using the 515 f/806r primer pair [28]. Pooled amplicons from the triplicate
reactions were purified using AMPure XP bead purification (Beckman Coulter, Brea, CA,
USA) according to the manufacturer’s instructions, eluted in 25 µL of 1× low TE (10 mM
Tris-HCl, 0.1 mM EDTA, pH 8.0), and subsequently quantified by Quant-iT PicoGreen
dsDNA reagent kit (Invitrogen, New York, NY, USA) using a Victor3 Multilabel Counter
(Perkin Elmer, Waltham, MA, USA). Amplicons were mixed in equimolar concentrations
to ensure equal representation of each sample and were sequenced on an Illumina MiSeq
instrument using the V3 reagent kit (2 × 250 cycles) (Illumina, San Diego, CA, USA).

2.2.2. Bioinformatics Analysis

Raw reads from the 16S rRNA amplicon sequencing were demultiplexed and quality-
controlled using analysis package QIIME2-2019.7 (Quantitative Insights Into Microbial
Ecology 2-2019.7) [29]. We used the DADA2 pipeline for sequence quality control and
feature table construction [30] (via q2-dada2). We truncated sequences at position 200 of
forward reads and at position 140 of reverse reads to remove low-quality regions of reads
while maintaining sufficient overlap between forward and reverse reads. The high-quality
reads resulting from denoising and chimera-filtering steps were clustered into a table of
amplicon sequence variants (ASVs) [31]. An ASV refers to a single DNA sequence recovered
from a high-throughput marker gene analysis upon removal of erroneous sequences
generated during PCR and sequencing and is, therefore, a higher-resolution analog of
the traditional operational taxonomic units [30]. Samples with a sequencing depth below
5000 reads were excluded prior to the downstream analyses, and all ASVs with a relative
abundance less than <0.0001% were discarded. We further removed contaminant ASVs
annotated as mitochondria and chloroplast, and we generated a tree for phylogenetic
diversity analyses using FastTree2 [32]. Taxonomic assignment of representative ASVs
was carried out with the RDP (Ribosomal Database Project) classifier based on the Silva
database (release: Silva 132) [33].

We used QIIME2 diversity analyses to compute alpha and beta diversity metrics.
Alpha diversity is the ecological diversity within a sample. The following alpha diversity
measures were calculated: Chao1 index (estimated microbial richness) [34], Faith’s phylo-
genetic diversity (Faith’s PD, richness index that additionally incorporates the phylogenetic
relationships between microbial taxa) [35], and Shannon index (true biodiversity index not
only taking into account microbial richness but also their evenness).
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Beta diversity is a measure to compare differences in microbial community structure
between samples. Aitchison and Bray–Curtis distances were calculated as quantitative
beta diversity metrics (taking into account relative abundance profiles) [36,37], whereas
the unweighted UniFrac distance was calculated as a qualitative measure of community
dissimilarity (presence/absence of microbial taxa) that incorporates the phylogenetic
relationships between ASVs [38].

To investigate potential similarities in the microbiota of humans and nonhumans, we
determined the proportion of shared ASVs between all human subjects, as well as between
nonhuman samples and humans in the cohort. In addition, we identified the shared ASVs
that were classified as Enterobacteriaceae family in order to trace the similarities between
humans and their living environments.

2.2.3. Antimicrobial Resistance Genes

Metagenomic DNA of the samples included in the present study was previously
subjected to real-time PCR using a 7900HT Fast Real-time PCR System (Applied Biosystem
Inc., Foster City, CA, USA) to examine the presence and abundance of ARGs [26]. These
data were used to correlate the presence of genes encoding extended-spectrum β-lactamases
(ESBL) to specific ASVs within the Enterobacteriaceae family.

2.2.4. Statistical Tests

Nonparametric two-sided Wilcoxon-rank sum and Kruskal–Wallis tests were used to
test whether species richness (Chao1, Faith’s PD) and diversity (Shannon) were significantly
different between sample types and within individuals in relation to geographical location.
These analyses were also performed to determine the effect of antibiotic use on the human
gut microbiota by comparing individuals who had and had not used antibiotics within the
past 4 months. Wilcoxon tests also were used to compare the average of the shared ASVs
and shared genera within individuals and within human and nonhuman samples in the
same households versus other households.

To determine whether sample types significantly differed in microbial community
structure, PERMANOVA (permutational multivariate analysis of variance) tests were
applied using the beta-group significance command in QIIME2 [39]. In addition, we
conducted these analyses to identify which variables mainly drive the structure of the
human gut microbiota. A p-value (or false discovery rate (FDR) q-value) of less than 0.05
(two-sided) was considered statistically significant. To identify genera that significantly
differed in relative abundance across sample groups, we used the Analysis of Composition
of Microbiomes ANCOM v2.1 R package [40]. For declaring differentially abundant taxa,
we set the cutoff value to 0.6 which referred to the W-statistic ≥110 for consideration
of a significant difference. The association between antibiotic use and specific microbial
taxa was adjusted for the following potential confounders: age, gender, and geographical
clusters.

3. Results
3.1. Sample Types and Their Microbiome Sequence Information

The V4 hypervariable region of the 16S rRNA gene was sequenced for taxonomic
analysis using QIIME2 to examine and compare the microbial compositions in human and
animal feces, processed food, and water. After exclusion of samples with low sequencing
depth (n = 4), 107 human fecal, 36 domestic animal fecal, 89 water, and 74 food samples were
retained for downstream analysis. We obtained 3061 ASVs after clustering of 25,543,716
high-quality reads from 306 samples.
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3.2. Microbiota of Human Gut in the Study Cohort
3.2.1. Composition of Gut Microbiota of Individuals in the Context of Demographical
Variables of Study Cohort

Overall, the human gut 16S rRNA gene sequences could be assigned to 13 phyla. The
top four dominant phyla, accounting for 98.9% of all sequences, were Firmicutes (59.6%),
Bacteroidetes (21.1%), Actinobacteria (9.3%), and Proteobacteria (8.8%). The most abundant
genera (Figure 1) were Faecalibacterium with a median relative abundance (RA) of 5.4%
(IQR 2.2–8.1), Blautia (5.2% (3.5–7.9)), Prevotella (5.1% (0.5–20.3)), and Bifidobacterium (1.76%
(0.0–6.6)) (Figure 1).

Figure 1. Relative abundance of the most predominant genera in human feces samples. Boxes show
the median and interquartile ranges, while whiskers show the 95% ranges.

To assess the compositional profile of the human gut microbiota, we compared the
microbial richness, estimated by the Chao 1 index, and diversity, assessed by Shannon index,
as well as the microbial community richness that incorporated phylogenetic relationship
between ASVs (Faith’s PD) in relation to age, gender, and geographical location (see
Supplementary Figures S2–S4, respectively). While there were no differences in fecal
microbial richness and diversity between male and female individuals in our study cohort,
the microbial diversity in children aged 6 years and below was lower than that of older
children and adults. Both the estimated richness (Chao1) and the phylogenetic diversity
(Faith’s PD) were significantly lower in the youngest age group as compared to individuals
in the age between 7 and 55 years (two-sided Wilcoxon test, FDR q = 2 × 10−2 and
q = 3 × 10−2, respectively). In line with this, the overall microbial composition of children
aged 6 years or below was significantly different from other subjects (Bray–Curtis FDR
q = 6 × 10−3, unweighted Unifrac, q = 1.5 × 10−2). The significant difference in microbial
community structure between age groups was an indicator to investigate which genera
were differentially abundant. Comparing the relative abundances at the genus level across
three age groups (0–6 years (n = 17), 7–54 years (n = 79), and ≥55 years (n = 11)) (Figure 2a)
without additional adjustment for other risk factors, we observed a gradual decrease
in bifidobacteria with age (ANCOM, W = 161). In addition, the relative abundance of
Sellimonas belonging to the Lachnospiraceae family in children aged 0–6 years was higher
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than in other age groups (ANCOM, W = 136) (Figure 2b). These observations withstood
adjustment for antibiotic use and geographical region (ANCOM, W = 174 and W = 167,
respectively).

Figure 2. Human gut microbial genera in association with age and geographical location. Compar-
ison of relative abundance (%) of Bifidobacterium (a) and Sellimonas (b) genera across age groups.
Comparison of relative abundance (%) of Coriobacteriales incertae sedis (c) and Lachnospiraceae NK4A136
(d) between individuals living in the two geographical clusters. Symbols show the statistical signifi-
cance levels, ns indicates p > 5 × 10−2, * indicates p < 5 × 10−2, ** indicates p < 1 × 10−2, *** indicates
p < 1 × 10−3.

We next examined the microbial composition of individuals in the context of living in
geographically distinct sub-settings. Although the individuals lived in a narrow geographic
area with similar living conditions and culture, we observed a significantly lower microbial
richness and biodiversity (two-sided Wilcoxon test, FDR q = 1.4 × 10−2 and q = 9 × 10−4,
respectively) among individuals living in cluster 1 (n = 49) as compared to individuals in
clusters 2 (n = 58) (see Supplementary Figure S4). Comparing the microbial community
structure of the human gut microbiota demonstrated quantitative differences between
individuals living in cluster 1 and those living in cluster 2 (Bray–Curtis, FDR q = 3 × 10−2).
Meanwhile, no differences in qualitative dissimilarities in microbial community structure
were observed (unweighted Unifrac, FDR q = 1.35 × 10−1), indicating that the majority of
species are not specific to the gut microbiota of individuals living in either one of these
clusters but that some species may rather differ in their abundance between clusters. We
indeed observed that the abundance of Coriobacteriales incertae sedis (ANCOM, W = 119)
family and Lachnospiraceae NK4A136 (ANCOM, W = 132) genus was significantly higher in
the gut microbiota of individuals living in cluster 1 compared to individuals in cluster 2
(Figure 2c,d). These associations withstood adjusting for antibiotics use and age.

Examining the shared bacterial taxa between individuals in the same and in different
geographical clusters showed that individuals living in cluster 2 shared more ASVs with
each other than with individuals from cluster 1 (27.2% (20.3–32.8) versus 26.0% (19.5–31.3),
p = 6.83 × 10−5). Individuals in cluster 1 on the other hand did not share more ASVs with
each other than with individuals from the opposite cluster. Although the resolution of ASV-
level data is insufficient to prove transmission of bacterial strains, this higher proportion
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of shared ASVs among individuals in cluster 2 might suggest that there is more dispersal
within this cluster.

As dispersal of bacteria is likely most prominent within households, we next examined
to what extent individuals within the same household share more bacterial taxa than
individuals from different households. These results confirmed that the proportion of
shared bacterial taxa was significantly higher among individuals from the same household
(median 27.9% (21.3–34.1) as compared to individuals from different households (26.2%
(19.5–31.6), Wilcoxon p = 8.05 × 10−3). When stratifying these analyses for age, both
children under the age of 6 years and individuals above the age of 6 years shared more
bacterial taxa when living in the same household (see Supplementary Table S3). These
results, thus, confirm the sharing of bacteria among household members.

3.2.2. Composition of Gut Microbiome of Healthy People in the Context of Their Antibiotic
Use History

Among all 107 participants, 44 individuals used antibiotics at least once during the
past 4 months. Like previous findings about the influence of antibiotic use on microbial
compositions, we observed a reduction in gut microbial richness and diversity among indi-
viduals who used antibiotics (n = 44) as compared to individuals who did not (n = 63) use
antibiotics in the past 4 months (Figure 3a). Both the estimated richness (Chao1) (Figure 3a)
and the phylogenetic diversity (Faith’s PD) (Figure 3c) were significantly lower in individ-
uals who used antibiotics (two-sided Wilcoxon test, FDR q = 7 × 10−3 and q = 1.7 × 10−2,
respectively), whereas the microbial diversity as measured by the Shannon index did not
reach statistical significance (two-sided Wilcoxon test, q = 8 × 10−2) (Figure 3b). In addi-
tion, Aitchison distance showed significant differences in microbial community structure
in association with antibiotic use (PERMANOVA, FDR q = 9 × 10−3). The results were
confirmed when using other beta diversity indices that measure not only the dissimi-
larities between microbial composition but also incorporate phylogenetic relationships
(unweighted Unifrac, FDR q = 1.6 × 10−2). However, no clear visual separation in the
microbial community structure of individuals with or without recent antibiotic use could
be observed when visualizing these dissimilarities using principal component analysis
(PCA). This indicates that although recent antibiotic use significantly influenced the mi-
crobial community structure, it did not result in profound shifts in the ordination plot
along the first two components (Figure 3d). It should, however, be noted that the first two
components only explained 11% and 5% of the overall variance, respectively, indicating
relatively poor representation of the high-dimensional data.

We next investigated which specific taxa were perturbed due to antibiotic use in
our cohort. Unlike previous studies, we observed only few genera, belonging to the
Clostridiales order, to be significantly associated with antibiotic use (two-sided Wilcoxon
test q < 5 × 10−2, antibiotic use variable without adjusting for age and geographic variables),
including Lachnospiraceae FCS020 group, and Ruminococcus gnavus group genera. The
relative abundance of Lachnospiraceae FCS020 group in individuals who used antibiotics
in the past 4 months was significantly lower than in individuals without antibiotics use
(ANCOM, W = 124) and this difference withstood adjustment for age and geographic
variables. When adjusting for either age or geographic variables the difference in relative
abundance of the Ruminococcus gnavus group was no longer statistically significant, but
we did observe a slight decrease in relative abundance of Ruminococcaceae UCG-002 in
individuals who used antibiotics in the past 4 months as compared to individuals without
antibiotic use (ANCOM, W = 120) (see Supplementary Table S4).
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Figure 3. Differences in gut microbial community structures and taxonomic composition in association to antibiotic
use in the 4 months prior to feces sampling. Differences in microbial richness (Chao1) (a) and diversity (Shannon (b)
and Faith’s pd (c)) between people who did or did not use antibiotics. Statistical significance (FDR q-value < 5 × 10−2)
determined by Wilcoxon test. (d) Principal component analysis based on Aitchison distance colored according to antibiotic
use (PERMANOVA test, FDR q-value < 5 × 10−2). Each point represents the gut microbial community structure of an
individual that did (blue) or did not (red) use antibiotics. Symbols show the statistical significance levels, ns indicates p > 5
× 10−2, * indicates p < 5 × 10−2, ** indicates p < 1 × 10−2.

3.3. Microbiota of Nonhuman Samples
3.3.1. The Microbial Composition of Domestic Animals

To perform in-depth characterization of the nonhuman microbiomes in the present
community, we investigated the differences in composition between sample types (i.e.,
animal feces, food, and water), as well as between samples from the same origin but from
the different geographic clusters.

Interestingly, we neither observed differences in microbial richness and biodiversity
nor in microbial community structure between the two domestic animal species, chicken
(n = 11) and dogs (n = 24) (see Supplementary Table S5). When comparing alpha diversity
values between animals living in different geographical clusters, the microbial richness
and biodiversity of animals in cluster 1 (n = 21) was significantly higher than in cluster 2
(n = 14) (two-sided Wilcoxon test; FDR q < 5 × 10−2) (Figure 4a–c). Although we observed
no dissimilarities between cluster 1 and cluster 2 in measures of microbial community
structure (PREMANOVA, FDR q > 5 × 10−2) (Figure 4d), the qualitative dissimilarity,
incorporating phylogenetic relationships, appeared significantly different (unweighted
UniFrac distance, PERMANOVA FDR q = 2.9 × 10−2; see Supplementary Table S5). These
findings indicate that the microbial community structure of feces from domestic animals
was associated with the geographical location and could be related to the contamination
from soil, as we could not collect the fresh feces from domestic animals.
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Figure 4. Microbial richness, diversity, and community structure of domestic animal gut microbiota
(both chickens and dogs) living in different geographical clusters. Differences in the microbial
richness (Chao1 (a)) and diversity (Shannon (b) and Faith’s PD (c)) between animals living in cluster 1
versus animals living in cluster 2 compared by Wilcoxon test. Difference is significant at FDR q-value
< 5 × 10−2. (d) Ordination of the gut microbiota community structures of geographical cluster based
on principal component analysis of Aitchison distance. Each point represents the gut microbial
community structure of an individual animal and is colored according to geographic cluster with
animals from cluster 1 colored in red and animals from cluster 2 colored in blue. (PERMANOVA
test, FDR q-value ≥ 5 × 10−2 for geographic cluster). Symbols show the statistical significance levels,
** indicates p < 1 × 10−2, *** indicates p < 1 × 10−3.

Interestingly, we neither observed differences in microbial richness and biodiversity
nor in microbial community structure between the two domestic animal species, chicken
(n = 11) and dogs (n = 24) (see Supplementary Table S5). When comparing alpha diversity
values between animals living in different geographical clusters, the microbial richness
and biodiversity of animals in cluster 1 (n = 21) was significantly higher than in cluster 2
(n = 14) (two-sided Wilcoxon test; FDR q < 5 × 10−2) (Figure 4a–c). Although we observed
no dissimilarities between cluster 1 and cluster 2 in measures of microbial community
structure (PREMANOVA, FDR q > 5 × 10−2) (Figure 4d), the qualitative dissimilarity,
incorporating phylogenetic relationships, appeared significantly different (unweighted
UniFrac distance, PERMANOVA FDR q = 2.9 × 10−2; see Supplementary Table S5). These
findings indicate that the microbial community structure of feces from domestic animals
was associated with the geographical location and could be related to the contamination
from soil, as we could not collect the fresh feces from domestic animals.

We also investigated which microorganisms were dominant and more abundant in
different animal species. At the genus level, 181 genera, accounting for 98.3% of total
sequences, were detected across all samples from domestic animals. The most dominant
genera were Escherichia with a median of relative abundance (RA) of 7.1% (2.0–15.6)),
Lactobacillus (median 5.5% (0.5–18.8)), Acinetobacter (median 3.2% (0–10)), and Clostridium
sensu stricto (median 2.3% (0.5–6.0)). Significant differences in relative abundance at genus
level were, however, neither observed when comparing different animal species nor when
comparing animals from the different geographic clusters. These latter results should,
however, be interpreted with caution due to the potential lack of statistical power related
to the relatively small sample size.
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3.3.2. The Microbial Composition of Water

Unlike the findings in domestic animals, water in different sources has different
compositions. The estimated microbial richness (Chao1), Shannon index, and phylogenetic
diversity (Faith’s PD) all significantly differed between types of water, with irrigation water
being the most diverse, followed by rainwater and water from wells (two-sided Wilcoxon
singed-rank test; FDR q < 5 × 10−2) (Figure 5a–c). PCA demonstrated that the microbial
composition of irrigation water was profoundly different from the composition of the other
two water sources (Aitchison, PERMANOVA, FDR q = 1 × 10−3) (Figure 5d), and this held
true for other indices of microbial community structure (Bray–Cutis, unweighted UniFrac,
PERMANOVA, FDR q = 1 × 10−3) (see Supplementary Table S6).

Figure 5. Microbial richness, diversity, community structure, and dominant taxa of different water
sources. Differences in microbial richness (Chao1) (a) and diversity (Shannon (b) and Faith’s PD (c))
of different water sources compared by Wilcoxon tests. Difference is significant at FDR q-value < 5 ×
10−2. (d) Ordination of the microbiota community structures of water samples based on principal
component analysis of Aitchison distance (PERMANOVA test, FDR q-value < 5 × 10−2). Each point
represents the microbiota community structure of well (red), irrigation water (green), and rainwater
(blue), respectively. (e) The relative abundance of major bacterial genera in different water sources.
Symbols show the statistical significance levels, ns indicates p ≥ 5 × 10−2, * indicates p < 5 × 10−2,
** indicates p < 1 × 10−2, *** indicates p < 1 × 10−3, **** indicates p < 1 × 10−4.
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We identified 28 phyla in water samples from three sources, which is far greater
than the 13 and 17 phyla observed in humans and animals, respectively. At a lower
taxonomic level, among the most prevalent 349 genera, which were detected in at least 10%
of all water samples, accounting for 98.1% of total sequences, there were 184 uncultivable
or unidentified genera, accounting for 41% of total sequences. The genus Acinetobacter
and the family Burkholderiaceae were the most abundant bacteria with a median RA
of 5.4% (0.5–38.4) and 6.6% (3.2–16.4), respectively. Novosphingobium, Sediminibacterium,
Pseudomonas, and Aquabacterium genera were detected at low abundance (ranging in median
RA from 0.2% (0.1–1.1) to 0.9% (0.2–4.2)), but each of these genera was highly prevalent
and detected in more than 90% of all water samples (Figure 5e). The difference in microbial
community structure between water sources was also evident when examining the relative
abundance of specific microbial taxa. Overall, 116 genera differed in abundance across the
water samples from different sources (ANCOM, W > 231), see Supplementary Table S7).
These differences strongly supported that the water’s source was the key factor responsible
for the distinction and unique compositional profiles between water samples.

3.3.3. The Microbial Composition of Processed Food

In this study, we also investigated the microbiota of cooked food including food
that individuals ate as part of their daily meal at a single timepoint. We observed that
the top four phyla, identified in at least 83.8% of food samples, were Firmicutes (75/75),
Proteobacteria (74/75), Bacteroidetes (63/75), and Actinobacteria (62/75). The low biomass
and microbial composition of the processed food sampled at a single timepoint is likely not
representative for the overall microbiota related to the food consumed by the participants
in our study cohort. Therefore, we only used these data as an additional nonhuman
microbiota in order to investigate the potential dispersal of taxa between individuals and
their environmental factors.

3.4. Human versus Nonhuman Microbiota
3.4.1. Overall Composition and Diversity of the Human Gut Microbiota in Relation to
Microbial Community of Domestic Animal Gut, Water, and Processed Food

We explored the microbial composition of the entire cohort and visualized the shared
microbial taxa between humans and nonhuman samples. The microbial richness and
diversity of human fecal samples was significantly higher as compared to feces from
animals and food samples, but not of water from different sources, in our cohort. Both
estimated richness (Chao1) and Shannon diversity were extremely high in human as
compared to animal and food samples (two-sided Wilcoxon, FDR-adjusted p-values (q)
= 1.472 × 10−7 and q = 4.421 × 10−6, respectively, for humans versus animals, and FDR-
adjusted p-value (q) = 5.343 × 10−25 and q = 3.051 × 10−24, respectively, for humans versus
food).

In addition, results were similar when assessing community richness by including
phylogenetic relationships between ASVs using Faith’s PD. Despite no significant difference
in estimated richness (FDR q = 7.5 × 10−1) between human and water (Figure 6a), the
Shannon diversity, which incorporates both abundance and evenness of taxa, and the
phylogenetic diversity (Figure 6b,c) remained significantly higher in human as compared
to water samples (two-sided Wilcoxon, FDR q = 5.56 × 10−4, q = 1.14 × 10−9, respectively).
In line with significant differences in alpha diversity, PCA demonstrated that human
gut microbiota clustered apart from domestic animals, water, and food along the first
component. Meanwhile, domestic animals, water, and food were relatively more similar to
each other (Figure 6d).
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Figure 6. Microbial composition of human and animal gut, water, and food. Differences in estimated
microbial richness (Chao1) (a) and diversity (Shannon (b) and Faith’s PD (c)) across sample types.
Kruskal–Wallis test followed by Wilcoxon test for post hoc comparisons of four sample types (humans,
animals, food, and water). *** p < 1 × 10−3, **** p < 1 ×10−4. (d) Principal component analysis
(PCA) based on Aitchison distance. Each point represents the microbial community structure of an
individual animal stool (orange), human stool (green), food (dark blue), and water (red) sample.
(PERMANOVA test, p value < 1 × 10−3).

The microbial community composition of the human and animal gut, processed food,
and water was assigned to 31 bacterial phyla. The top seven dominant phyla, accounting
for 98.7% of the total sequences, were Firmicutes (38.8%), Proteobacteria (38.7%), Bac-
teroidetes (11.9%), Actinobacteria (6.7%), Planctomycetes (1.1%), Verrucomicrobia (0.9%),
and Fusobacteria (0.3%). The Firmicutes phylum was predominant in the human (median
relative abundance 62.0% (46.5–73.3%)) and animal (median 53.2% (39.4–74.3%)) gut and
food (median 47.8% (11.8–91.6%)). Meanwhile, Proteobacteria was the dominant phylum
in water (median 72% (58.0–87.0)), while also being highly abundant in food (median 47.7%
(7.2–85.0)) and in animal stools (median 29.4% (6.3–44.3)). The Verrucomicrobia phylum
was low abundant in all sample types with a median relative abundance, ranging from 0%
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(0–0.001) in feces from human to 0.9% (0.1–3.5) in water; however, this phylum was much
more prevalent in water samples (96%, 87/91) than in human feces (32.7%, 35/107).

At lower taxonomic levels, 524 genera, accounting for 99.3% of total sequences, were
detected across 306 samples. The genera Acinetobacter, Prevotella, Staphylococcus, and genera
belonging to family Enterobacteriaceae were the most abundant, accounting for 27.2% of all
sequences. Many genera were presented in all four types of samples such as Streptococcus,
Bacillus, Comamonas, Lactococcus, and Acinetobacter (Figure 7). Meanwhile, some other
genera were only prevalent in specific sample types such as Mycobacterium and Fluviicola in
water, as well as Intestinibacter and Roseburia in human gut. Notably, our study showed
that many genera belonging to Proteobacteria and Actinobacteria were detected in both
animal gut and water but absent or sporadically detected in the human gut.

Figure 7. Cladogram depicting the relative abundance of the bacterial genera detected in the different
sample types. Only genera with a mean relative abundance of >0.5% in at least one of the sample
types were included. Background and branch colors reflect the different phyla. The color density of
the four outer rings reflects the relative abundance (arcsine square root transformed) of the genera
in the different sample types (with opaque color indicating a relative abundance of 1 and fully
transparent indicating a relative abundance of 0).

3.4.2. Potential Dispersal of Microbial Taxa between the Microbiota of Humans and
Nonhumans

Although the depth of strain level cannot be determined with 16S rRNA gene ampli-
con data, amplicon sequence variants give a much better resolution than clustering into
operational taxonomic units. We, therefore, explored the potential dispersal of ASVs be-
tween microbial ecosystems. We observed that humans shared on average 26.2% (19.6–31.6)
ASVs in their feces with other individuals. When comparing human feces with other mi-
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crobial habitats, we observed that feces from humans shared a median of 7.44% (3.2–9.9) of
its ASVs with the feces from domestic animals, 2.2% (1.2–2.8) with water, and 3.1% (1.5–4.1)
with processed food. The proportion of shared ASVs between human and nonhuman
samples from the same HH was, however, not significantly higher than the proportion
of shared ASVs between those samples from different HHs (see Supplementary Figure
S5). The most commonly shared genera between humans and nonhumans belonged to the
Enterobacteriaceae family.

In order to investigate specific ASVs within genera that are widely shared between
humans and their living environment, we subsequently focused on those ASVs classified
as Enterobacteriaceae. We observed that 50 ASVs classified as Enterobacteriaceae across
sample types. Each individual shared at least one Enterobacteriaceae ASV with animals,
water, and food samples; however, the proportion of these shared ASVs between human
and nonhuman samples did not significantly differ between samples from the same HHs as
compared to samples from different HHs (Wilcoxon, p-value > 5 × 10−2) (see Supplemen-
tary Figure S6). Interestingly, when looking at the ASVs shared between different hosts and
associated with specific ARGs, we observed several ASVs that were positively correlated
with the presence of ARGs in both human and animal samples, suggesting exchange of
antimicrobial-resistant strains between human and animal reservoirs. In particular, we
observed that an ASV belonging to the Enterobacteriaceae family, present in 46.7% (50/107)
of human samples and 28.6% (10/35) of animal samples, was positively correlated with the
presence of blactx-m-2 in fecal samples. In 30.0% (15/50) of humans carrying this ASV and
40% (4/10) of animals carrying this ASV, we also detected blactx-m-2 (p = 1.6 × 10−3 and p =
2.6 × 10−2, respectively).

4. Discussion

In this study, we characterized the microbiota of the human and domestic animal
gut and their associated environments using 16S rRNA gene sequencing in a community
setting with a high frequency of antibiotic consumption. We described the core group of
bacterial taxa in feces from humans and domestic animals, food, and water from three
different sources. The results of our study indicated that antibiotic use decreased the
microbial diversity in the human gut, although only few bacterial taxa appeared to be
affected in the present population. We furthermore showed that, even in the confined
habitat of seven neighboring villages, the microbiota composition of both humans and
animals appeared to be associated to geographic location. Lastly, the human gut microbial
composition differed most from all other sample types analyzed in the present study, and
the limited number of shared ASVs between habitats indicates the presence of barriers
for successful microbial colonization between ecosystems. Such barriers are most likely
attributable to environmental filtering or niche-based interactions in various ecosystems,
including the human gut. Host-related factors such as body temperature or endogenous
food substrates (e.g., glycoproteins, bile salts) or exogenous factors such as dietary food
substrates can select for the growth of certain bacteria while preventing the growth of
others. Such environmental selection can be in the form of a habitat filter in which the host
influences bacterial colonization but not vice versa (e.g., body temperature) or in the form
of a bidirectional host–microbe interaction (e.g., the interaction between bacteria and the
host’s immune system). In addition to this environmental filtering, niche-limitation can
form a colonization barrier. In this process, the closely related bacterial species or strains
already present in an ecosystem prevent the colonization of related taxa.

In the current study, we focused on describing the patterns of human gut microbiota
in a cohort with a high level of antibiotic use. Our results showed that the Prevotella, Bifi-
dobacterium, Blautia, Faecalibacterium, and Bacteroides genera were the most abundant among
rural individuals in Vietnam. The median relative abundance of Bifidobacterium in our
population was 1.76% (0–6.6) which is similar to the estimated abundance of Bifidobacterium
of below 2% as described in US, South Korea, and Europe [41–43]. The Bifidobacterium
genus is known to confer health benefits through metabolic activities such as involving in
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oligosaccharide fermentation [44], and a reduction in its relative abundance in human adult
gut composition is an indicator of antibiotic use such as amoxicillin, ampicillin, and gentam-
icin, as described previously [45,46]. Interestingly, we observed a higher abundance of the
Proteobacteria phylum (median 3.5% (1.3–9.0)) when compared to Europeans, Americans,
and Asians in other areas (less than 2%) [43]. In particular, it was much higher than that of
individuals living in other traditional populations with low antibiotic exposure such as the
Hadza hunter-gatherers of Tazania or the Yanomami in the Amazon jungle [47,48]. A study
of infant gut found that the Enterobacteriaceae family consists mostly of opportunistic
pathogens with a high level of antibiotic resistance genes [49]. Moreover, a previous study
showed that there was an acute blooming of Klebsiella spp. and E. coli in the gut microbiota
after antibiotic treatment [13]. The relatively high abundance of Proteobacteria in the
human gut microbiota in our cohort is likely the result of intensive exposure to antibiotics.

Our results are in agreement with recent studies indicating the significant relationship
between age groups and the abundance of particular genera [42,50]. For instance, our
finding was consistent with previous reports of the decreasing abundance of bifidobacteria
with age [50,51]. The Sellimonas genus was also found to decrease with age but there is
limited evidence on its critical role in the gut microbiota so far [52]. In this study, we
indicated the difference in the relative abundance of the Lachnospiraceae NK4A136 genus
between individuals living in two geographical locations. In previous reports, the low
abundance of this genus, which belongs to short-chain fatty-acid-producing bacteria, was
associated with obesity in humans and mice [53–55]. We only recorded that the households
living in cluster 1 consumed meat more frequently than the households living in cluster
2 (more than once versus one time per week, chi-square, p-value < 0.05), but we had no
information to link the abundance of this genus to the body mass index of individuals.

In contrast to the majority of previous studies [13,56], we observed only a modest
difference in microbial composition between individuals who used and who did not use
antibiotics in the previous 4 months. Previous studies reported that, after short-term
antibiotic use, the diversity of the gut microbiome is dramatically reduced and needs
several months to recover to its original state. Some other studies demonstrated that many
common species in the gut microbiome of healthy adults disappeared up to 180 days after
antibiotic treatment [13,57]. Additionally, we only observed that the abundance of the
Lachnospiraceae FCS020 group was significantly reduced among individuals who recently
consumed antibiotics. Our results might suggest that frequent exposure to antibiotics in the
entire population might have resulted in a new steady state of microbial composition that is
less influenced by subsequent antibiotic pressure [56,58]. This slight impact might also be
explained by the fact that beta-lactam antibiotics, whose perturbations on the microbiome
are less profound than macrolides or quinolones, were the most commonly used in our
study [59].

Our results also highlighted the similarities and dissimilarities in the microbial com-
munity structure between human and nonhuman samples. We observed that human
gut had the highest diversity followed by water, domestic animals, and cooked food by
considering the estimate richness and biodiversity indices. Firmicutes and Bacteroidetes
consist of major genera which play critical roles in forming the gut microbial composition
of humans and animals [50,60]. In contrast, the phylum Proteobacteria, which includes
the genera Pseudomonas and Acinetobacter, and the family Enterobacteriaceae, is the most
predominant in water including freshwater, sewage, and river [61,62]. Although the micro-
bial compositions of humans, animals, and water are unique, our results showed a small
overlap at the ASV level. In the same habitat, human gut microbiota shared nearly 8% of
their ASVs with domestic animal gut and 4% with water. Most of the shared ASVs between
human and nonhuman samples were classified as Enterobacteriaceae family, which is a
potential reservoir for shedding antibiotic resistance genes. Recent studies suggest that,
through feces, humans and domestic animals disseminate antibiotic-resistant bacteria into
the environment [63]. Our previous report showed that antibiotic resistance genes were
detected in water at a low proportion compared to humans and animals [26]. Along with
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the antibiotic pollution in water resources, antibiotic-resistant microbes might become a
part of water microbiota [64]. Therefore, a possible consequence of the high pressure of
exposure to antibiotics is that humans may become more receptive to be colonized with
resistant bacteria from their environment.

The present study had several limitations. Due to the cross-sectional nature of the
sample collection, we were not able to longitudinally follow the microbiota recovery after
antibiotic exposure. Additionally, the 16S rRNA gene amplification-based sequencing
approach did not allow us to directly match the antibiotic resistance genes (ARGs) with
their carrier taxa. Using sequence-based metagenomics, a recent study linked ARGs with
the 50 most abundant genera in urban sewage from 60 countries [61], while another report
also showed that most of the ARG-carrying sequences in migratory birds originate from
Proteobacteria [62]. Future studies collecting repeated samples at different timepoints
are needed to further extend our knowledge on the long-term impact of antibiotic use on
microbial ecosystems in low- and middle-resource settings.

5. Conclusions

In conclusion, we characterized the microbiota of feces from humans, domestic ani-
mals, and their direct environment in a Vietnamese community with high antibiotic use.
Our results are in agreement with previous studies about the transition points in gut
microbial composition with age, as well as indicate some microbial patterns related to
geographical location. In addition, the small difference between antibiotic users suggested
that exposure to antibiotics might not play an important role in microbial perturbation in a
cohort with a high background of antibiotic use. We provide proof of taxa that could be
potential ARGs carriers and might spread to the direct environment of humans through
their interaction with the human gut microbiota. Indeed, we found a potential exchange of
the blactx-m-2 gene, which was one of the most prevalent ESBLs between feces from humans
and animals in this study.

Supplementary Materials: The following are available online at https://www.mdpi.com/article/
10.3390/microorganisms9102115/s1, Figure S1: Geographical location of households, Figure S2:
Comparison of the microbial richness and diversity in relation to age, Figure S3: Comparison of
the microbial richness and diversity in relation to gender, Figure S4: Comparison of the microbial
richness and diversity in relation to geographical cluster (based on the location of households),
Figure S5: Comparison of the shared ASVs between humans and between human and non-human
samples from the same and from different households (HH), Figure S6: Number of ASVs classified
as Enterobacteriaceae in feces from humans, domestic animals, water and food, Figure S7: Comparison
of microbial richness and diversity in children under 6 years living in different geographical clusters,
Figure S8: Sample-based rarefaction curves, Table S1: Demographical characteristics of the cohort,
Table S2: Characteristics of the geographical clusters, Table S3: Statistical comparison of shared ASVs
between age groups and between geographical clusters, Table S4: Differential abundance of microbial
taxa across stool samples from humans of different age groups and geographical clusters, Table S5:
Alpha and beta diversity of domestic animal stool sample, Table S6: Alpha and beta diversity of
water samples from different sources, Table S7: Differential abundance of microbial taxa across water
samples from different sources, Table S8: Accession Number sheet.

Author Contributions: H.F.L.W. and J.P. were responsible for conceptualization, study design, and
funding application; all authors contributed to the study protocol development; B.V.T.N. led day-to-
day management of the study implementation, supervised by H.F.L.W., H.T.H., J.P. and H.R.v.D.;
H.F.L.W., H.T.H. and B.V.T.N. took part in getting ethics approval and training for health-care centers;
B.V.T.N., M.O. and T.N.N.M. were responsible for sample collection and other laboratory works;
H.H.B. and G.G. performed the computational analysis; D.V.T.V. and B.V.T.N. were responsible for
the statistical data analysis and prepared the figures and tables, supervised by J.P.; B.V.T.N. and J.P.
drafted the manuscript. All authors contributed to the final revision and approved the submission.
All authors have read and agreed to the published version of the manuscript.

https://www.mdpi.com/article/10.3390/microorganisms9102115/s1
https://www.mdpi.com/article/10.3390/microorganisms9102115/s1


Microorganisms 2021, 9, 2115 17 of 19

Funding: This work was supported by Radboudumc Revolving Research Fund (R3Fund) grant and
VIDI grant to J. Penders from the Netherlands Organization for Health Research and Development
(ZonMw, grant number 016.156.427).

Institutional Review Board Statement: This research was approved by the Oxford University
Tropical Research Ethics Committee (OxTREC, 49-14) and the National Institute of Hygiene and
Epidemiology, Vietnam (NIHE) institutional review board.

Informed Consent Statement: Written informed consent was obtained from all subjects in the study.

Data Availability Statement: The data for this study have been deposited in the European Nucleotide
Archive (ENA) at EMBL-EBI under accession number PRJEB47865 (https://www.ebi.ac.uk/ena/
browser/view/ (accessed on 5 October 2021) PRJEB47865). Accession Numbers have been listed in
Supplementary Table S8: Accession Number sheet.

Acknowledgments: The authors thank the Ha Nam community health workers who conducted the
interviews and sample collection, the Ha Nam CDC, and the Ministry of Health of Vietnam for their
continuing support of the research collaboration between the Oxford University Clinical Research
Unit and the National Institute for Hygiene and Epidemiology.

Conflicts of Interest: The authors declare no conflict of interest.

Abbreviations

ASVs: amplicon sequencing variables, ARG: antibiotic resistance genes, DNA: deoxyribonucleic acid,
RNA: ribonucleic acid.

References
1. Deng, P.; Swanson, K.S. Gut microbiota of humans, dogs and cats: Current knowledge and future opportunities and challenges.

Br. J. Nutr. 2015, 113 (Suppl. 1), S6–S17. [CrossRef] [PubMed]
2. Lozupone, C.A.; Stombaugh, J.I.; Gordon, J.I.; Jansson, J.K.; Knight, R. Diversity, stability and resilience of the human gut

microbiota. Nature 2012, 489, 220–230. [CrossRef]
3. Xiong, W.; Jousset, A.; Li, R.; Delgado-Baquerizo, M.; Bahram, M.; Logares, R.; Wilden, B.; de Groot, G.A.; Amacker, N.;

Kowalchuk, G.A.; et al. A global overview of the trophic structure within microbiomes across ecosystems. Environ. Int. 2021, 151,
106438. [CrossRef] [PubMed]

4. Nielsen, C.C.; Gascon, M.; Osornio-Vargas, A.R.; Shier, C.; Guttman, D.S.; Becker, A.B.; Azad, M.B.; Sears, M.R.; Lefebvre, D.L.;
Moraes, T.J.; et al. Natural environments in the urban context and gut microbiota in infants. Environ. Int. 2020, 142, 105881.
[CrossRef] [PubMed]

5. Steury, R.A.; Currey, M.C.; Cresko, W.A.; Bohannan, B.J.M. Population Genetic Divergence and Environment Influence the Gut
Microbiome in Oregon Threespine Stickleback. Genes 2019, 10, 484. [CrossRef] [PubMed]

6. Sobko, T.; Liang, S.; Cheng, W.H.G.; Tun, H.M. Impact of outdoor nature-related activities on gut microbiota, fecal serotonin, and
perceived stress in preschool children: The Play&Grow randomized controlled trial. Sci. Rep. 2020, 10, 21993.

7. Song, S.J.; Lauber, C.; Costello, E.K.; Lozupone, C.A.; Humphrey, G.; Berg-Lyons, D.; Caporaso, J.G.; Knights, D.; Clemente, J.C.;
Nakielny, S.; et al. Cohabiting family members share microbiota with one another and with their dogs. eLife 2013, 2, e00458.
[CrossRef] [PubMed]

8. Hanski, I.; von Hertzen, L.; Fyhrquist, N.; Koskinen, K.; Torppa, K.; Laatikainen, T.; Karisola, P.; Auvinen, P.; Paulin, L.; Mäkelä,
M.J.; et al. Environmental Biodiversity, Human Microbiota, and Allergy Are Interrelated. Proc. Natl. Acad. Sci. USA 2012, 109,
8334–8339. [CrossRef]

9. van Bruggen, A.H.C.; Goss, E.M.; Havelaar, A.; van Diepeningen, A.D.; Finckh, M.R.; Morris, J.G. One Health-Cycling of diverse
microbial communities as a connecting force for soil, plant, animal, human and ecosystem health. Sci. Total Environ. 2019, 664,
927–937. [CrossRef]

10. Lange, K.; Buerger, M.; Stallmach, A.; Bruns, T. Effects of Antibiotics on Gut Microbiota. Dig. Dis. 2016, 34, 260–268. [CrossRef]
11. Ng, K.M.; Aranda-Díaz, A.; Tropini, C.; Frankel, M.R.; Van Treuren, W.; O’Loughlin, C.T.; Merrill, B.D.; Yu, F.B.; Pruss, K.M.;

Oliveira, R.A.; et al. Recovery of the Gut Microbiota after Antibiotics Depends on Host Diet, Community Context, and
Environmental Reservoirs. Cell Host Microbe 2019, 26, 650–665.e4.

12. Hagan, T.; Cortese, M.; Rouphael, N.; Boudreau, C.; Linde, C.; Maddur, M.S.; Das, J.; Wang, H.; Guthmiller, J.; Zheng, N.Y.;
et al. Antibiotics-Driven Gut Microbiome Perturbation Alters Immunity to Vaccines in Humans. Cell 2019, 178, 1313–1328.e13.
[CrossRef]

13. Palleja, A.; Mikkelsen, K.H.; Forslund, S.K.; Kashani, A.; Allin, K.H.; Nielsen, T.; Hansen, T.H.; Liang, S.; Feng, Q.; Zhang, C.; et al.
Recovery of gut microbiota of healthy adults following antibiotic exposure. Nat. Microbiol. 2018, 3, 1255–1265. [CrossRef]

https://www.ebi.ac.uk/ena/browser/view/
https://www.ebi.ac.uk/ena/browser/view/
http://doi.org/10.1017/S0007114514002943
http://www.ncbi.nlm.nih.gov/pubmed/25414978
http://doi.org/10.1038/nature11550
http://doi.org/10.1016/j.envint.2021.106438
http://www.ncbi.nlm.nih.gov/pubmed/33621916
http://doi.org/10.1016/j.envint.2020.105881
http://www.ncbi.nlm.nih.gov/pubmed/32610248
http://doi.org/10.3390/genes10070484
http://www.ncbi.nlm.nih.gov/pubmed/31248008
http://doi.org/10.7554/eLife.00458
http://www.ncbi.nlm.nih.gov/pubmed/23599893
http://doi.org/10.1073/pnas.1205624109
http://doi.org/10.1016/j.scitotenv.2019.02.091
http://doi.org/10.1159/000443360
http://doi.org/10.1016/j.cell.2019.08.010
http://doi.org/10.1038/s41564-018-0257-9


Microorganisms 2021, 9, 2115 18 of 19

14. Dethlefsen, L.; Relman, D.A. Incomplete recovery and individualized responses of the human distal gut microbiota to repeated
antibiotic perturbation. Proc. Natl. Acad. Sci. USA 2011, 108 (Suppl. 1), 4554–4561. [CrossRef]

15. Konstantinidis, T.; Tsigalou, C.; Karvelas, A.; Stavropoulou, E.; Voidarou, C.; Bezirtzoglou, E. Effects of Antibiotics upon the Gut
Microbiome: A Review of the Literature. Biomedicines 2020, 8, 502. [CrossRef]

16. Martin-Laurent, F.; Topp, E.; Billet, L.; Batisson, I.; Malandain, C.; Besse-Hoggan, P.; Morin, S.; Artigas, J.; Bonnineau, C.; Kergoat,
L.; et al. Environmental risk assessment of antibiotics in agroecosystems: Ecotoxicological effects on aquatic microbial commu-
nities and dissemination of antimicrobial resistances and antibiotic biodegradation potential along the soil-water continuum.
Environ. Sci. Pollut Res. Int. 2019, 26, 18930–18937. [CrossRef]

17. Gilbert, J.A.; Blaser, M.J.; Caporaso, J.G.; Jansson, J.K.; Lynch, S.V.; Knight, R. Current understanding of the human microbiome.
Nat. Med. 2018, 24, 392–400. [CrossRef]

18. Flandroy, L.; Poutahidis, T.; Berg, G.; Clarke, G.; Dao, M.-C.; Decaestecker, E.; Furman, E.; Haahtela, T.; Massart, S.; Plovier, H.;
et al. The impact of human activities and lifestyles on the interlinked microbiota and health of humans and of ecosystems. Sci.
Total Environ. 2018, 627, 1018–1038. [CrossRef]

19. Wang, C.; Li, P.; Yan, Q.; Chen, L.; Li, T.; Zhang, W.; Li, H.; Chen, C.; Han, X.; Zhang, S.; et al. Characterization of the Pig Gut
Microbiome and Antibiotic Resistome in Industrialized Feedlots in China. mSystems 2019, 4, e00206-19. [CrossRef]

20. Binh, V.N.; Dang, N.; Anh, N.; Ky, L.X.; Thai, P.K. Antibiotics in the aquatic environment of Vietnam: Sources, concentrations, risk
and control strategy. Chemosphere 2018, 197, 438–450. [CrossRef]

21. Kim, D.P.; Saegerman, C.; Douny, C.; Dinh, T.V.; Xuan, B.H.; Vu, B.D.; Hong, N.P.; Scippo, M.L. First Survey on the Use of
Antibiotics in Pig and Poultry Production in the Red River Delta Region. of Vietnam. Food Public Health 2013, 3, 247–256.

22. Kinh, N.V.; Khue, L.N.; Cuong, T.Q.; Kinh, L.N.; Ha, N.T.B.; Mai, H.T.; Ha, N.H.; Trung, N.V.; Ca, P.V.; Chuc, N.T.K.; et al. Situation
Analysis: Antibiotic Use and Resistance in Vietnam; CDDEP: Washington, DC, USA; New Delphi, India, 2010; Available online:
https://cddep.org/wp-content/uploads/2017/06/vn_report_web_1_8.pdf (accessed on 25 July 2021).

23. Nga, D.T.T.; Chuc, N.T.K.; Hoa, N.P.; Hoa, N.Q.; Nguyen, N.T.T.; Loan, H.T.; Toan, T.K.; Phuc, H.D.; Horby, P.; Van, Y.; et al.
Antibiotic sales in rural and urban pharmacies in northern Vietnam: An observational study. BMC Pharmacol. Toxicol. 2014, 15,
24555709. [CrossRef] [PubMed]

24. Pham, D.K.; Chu, J.; Do, N.T.; Brose, F.; Degand, G.; Delahaut, P.; De Pauw, E.; Douny, C.; Van, N.K.; Vu, T.D.; et al. Monitoring
Antibiotic Use and Residue in Freshwater Aquaculture for Domestic Use in Vietnam. Ecohealth 2015, 12, 480–489. [CrossRef]
[PubMed]

25. Raph, L.; Hamers, H.R.v.D. Antibiotic consumption in low-income and middle-income countries. Lancet Glob. Health 2018, 6, e732.
[CrossRef]

26. Bich, V.T.N.; Thanh, L.V.; Thai, P.D.; Van Phuong, T.T.; Oomen, M.; Driessen, C.; Beuken, E.; Hoang, T.H.; van Doorn, H.R.;
Penders, J.; et al. exploration of the gut and environmental resistome in a community in northern Vietnam in relation to antibiotic
use. Antimicrob. Resist. Infect. Control 2019, 8, 194. [CrossRef]

27. Galazzo, G.; van Best, N.; Benedikter, B.J.; Janssen, K.; Bervoets, L.; Driessen, C.; Oomen, M.; Lucchesi, M.; van Eijck, P.H.; Becker,
H.E.F.; et al. How to Count Our Microbes? The Effect of Different Quantitative Microbiome Profiling Approaches. Front. Cell.
Infect. Microbiol. 2020, 10, 403. [CrossRef]

28. Caporaso, J.G.; Lauber, C.L.; Walters, W.A.; Berg-Lyons, D.; Huntley, J.; Fierer, N.; Owens, S.M.; Betley, J.; Fraser, L.; Bauer,
M.; et al. Ultra-high-throughput microbial community analysis on the Illumina HiSeq and MiSeq platforms. ISME J. 2012, 6,
1621–1624. [CrossRef]

29. Bolyen, E.; Rideout, J.R.; Dillon, M.R.; Bokulich, N.A.; Abnet, C.C.; Al-Ghalith, G.A.; Alexander, H.; Alm, E.J.; Arumugam, M.;
Asnicar, F.; et al. Reproducible, interactive, scalable and extensible microbiome data science using QIIME 2. Nat. Biotechnol. 2019,
37, 852–857. [CrossRef]

30. Callahan, B.J.; McMurdie, P.J.; Rosen, M.J.; Han, A.W.; Johnson, A.J.; Holmes, S.P. DADA2: High.-resolution sample inference
from Illumina amplicon data. Nat. Methods 2016, 13, 581–583. [CrossRef]

31. Callahan, B.J.; McMurdie, P.J.; Holmes, S.P. Exact sequence variants should replace operational taxonomic units in marker-gene
data analysis. ISME J. 2017, 11, 2639–2643. [CrossRef]

32. Price, M.N.; Dehal, P.S.; Arkin, A.P. FastTree 2—Approximately Maximum-Likelihood Trees for Large Alignments. PLoS ONE
2010, 5, e9490. [CrossRef]

33. Quast, C.; Pruesse, E.; Yilmaz, P.; Gerken, J.; Schweer, T.; Yarza, P.; Peplies, J.; Glöckner, F.O. The SILVA ribosomal RNA gene
database project: Improved data processing and web-based tools. Nucleic Acids Res. 2012, 41, D590–D596. [CrossRef]

34. Chao, A. Nonparametric Estimation of the Number of Classes in a Population. Scand. J. Stat. 1984, 11, 265–270.
35. Faith, D.P. Conservation evaluation and phylogenetic diversity. Biol. Conserv. 1992, 61, 1–10. [CrossRef]
36. Martino, C.; Morton, J.T.; Marotz, C.A.; Thompson, L.R.; Tripathi, A.; Knight, R.; Zengler, K. A Novel Sparse Compositional

Technique Reveals Microbial Perturbations. mSystems 2019, 4, e00016-19. [CrossRef]
37. Aitchison, J.; Shen, S.M. Logistic-Normal Distributions: Some Properties and Uses. Biometrika 1980, 67, 261–272. [CrossRef]
38. Lozupone, C.; Knight, R. UniFrac: A new phylogenetic method for comparing microbial communities. Appl. Environ. Microbiol.

2005, 71, 8228–8235. [CrossRef]
39. Anderson, M.J. A new method for non-parametric multivariate analysis of variance. Austral Ecol. 2001, 26, 32–46.

http://doi.org/10.1073/pnas.1000087107
http://doi.org/10.3390/biomedicines8110502
http://doi.org/10.1007/s11356-019-05122-0
http://doi.org/10.1038/nm.4517
http://doi.org/10.1016/j.scitotenv.2018.01.288
http://doi.org/10.1128/mSystems.00206-19
http://doi.org/10.1016/j.chemosphere.2018.01.061
https://cddep.org/wp-content/uploads/2017/06/vn_report_web_1_8.pdf
http://doi.org/10.1186/2050-6511-15-6
http://www.ncbi.nlm.nih.gov/pubmed/24555709
http://doi.org/10.1007/s10393-014-1006-z
http://www.ncbi.nlm.nih.gov/pubmed/25561382
http://doi.org/10.1016/S2214-109X(18)30270-5
http://doi.org/10.1186/s13756-019-0645-9
http://doi.org/10.3389/fcimb.2020.00403
http://doi.org/10.1038/ismej.2012.8
http://doi.org/10.1038/s41587-019-0209-9
http://doi.org/10.1038/nmeth.3869
http://doi.org/10.1038/ismej.2017.119
http://doi.org/10.1371/journal.pone.0009490
http://doi.org/10.1093/nar/gks1219
http://doi.org/10.1016/0006-3207(92)91201-3
http://doi.org/10.1128/mSystems.00016-19
http://doi.org/10.2307/2335470
http://doi.org/10.1128/AEM.71.12.8228-8235.2005


Microorganisms 2021, 9, 2115 19 of 19

40. Mandal, S.; Van Treuren, W.; White, R.A.; Eggesbø, M.; Knight, R.; Peddada, S.D. Analysis of composition of microbiomes: A
novel method for studying microbial composition. Microb. Ecol. Health Dis. 2015, 26, 27663. [CrossRef]

41. Feng, Y.; Duan, Y.; Xu, Z.; Lyu, N.; Liu, F.; Liang, S.; Zhu, B. An examination of data from the American Gut Project reveals that the
dominance of the genus Bifidobacterium is associated with the diversity and robustness of the gut microbiota. MicrobiologyOpen
2019, 8, e939. [CrossRef]

42. Mueller, S.; Saunier, K.; Hanisch, C.; Norin, E.; Alm, L.; Midtvedt, T.; Cresci, A.; Silvi, S.; Orpianesi, C.; Verdenelli, M.C.; et al.
Differences in fecal microbiota in different European study populations in relation to age, gender, and country: A cross-sectional
study. Appl. Environ. Microbiol. 2006, 72, 1027–1033. [CrossRef] [PubMed]

43. Escobar, J.S.; Klotz, B.; Valdes, B.E.; Agudelo, G.M. The gut microbiota of Colombians differs from that of Americans, Europeans
and Asians. BMC Microbiol. 2014, 14, 311. [CrossRef] [PubMed]

44. Sagar, S.; Vos, A.P.; Morgan, M.E.; Garssen, J.; Georgiou, N.A.; Boon, L.; Kraneveld, A.D.; Folkerts, G. The combination of
Bifidobacterium breve with non-digestible oligosaccharides suppresses airway inflammation in a murine model for chronic
asthma. Biochim. Biophys. Acta 2014, 1842, 573–583. [CrossRef] [PubMed]

45. Mangin, I.; Lévêque, C.; Magne, F.; Suau, A.; Pochart, P. Long-Term Changes in Human Colonic Bifidobacterium Populations
Induced by a 5-Day Oral Amoxicillin-Clavulanic Acid Treatment. PLoS ONE 2012, 7, e50257. [CrossRef]

46. Khan, T.J.; Hasan, M.N.; Azhar, E.I.; Yasir, M. Association of gut dysbiosis with intestinal metabolites in response to antibiotic
treatment. Hum. Microbiome J. 2019, 11, 100054. [CrossRef]

47. Smits, S.A.; Leach, J.; Sonnenburg, E.D.; Gonzalez, C.G.; Lichtman, J.S.; Reid, G.; Knight, R.; Manjurano, A.; Changalucha, J.;
Elias, J.E.; et al. Seasonal cycling in the gut microbiome of the Hadza hunter-gatherers of Tanzania. Science 2017, 357, 802–806.
[CrossRef]

48. Clemente, J.C.; Pehrsson, E.C.; Blaser, M.J.; Sandhu, K.; Gao, Z.; Wang, B.; Magris, M.; Hidalgo, G.; Contreras, M.; Noya-Alarcón,
Ó.; et al. The microbiome of uncontacted Amerindians. Sci. Adv. 2015, 1, e1500183. [CrossRef]

49. Gibson, M.K.; Wang, B.; Ahmadi, S.; Burnham, C.A.; Tarr, P.I.; Warner, B.B.; Dantas, G. Developmental dynamics of the preterm
infant gut microbiota and antibiotic resistome. Nat. Microbiol. 2016, 1, 16024. [CrossRef]

50. Odamaki, T.; Kato, K.; Sugahara, H.; Hashikura, N.; Takahashi, S.; Xiao, J.Z.; Abe, F.; Osawa, R. Age-related changes in gut
microbiota composition from newborn to centenarian: A cross-sectional study. BMC Microbiol. 2016, 16, 90. [CrossRef]

51. O’Callaghan, A.; van Sinderen, D. Bifidobacteria and Their Role as Members of the Human Gut Microbiota. Front. Microbiol. 2016,
7, 925. [CrossRef]

52. Seo, B.; Yoo, J.E.; Lee, Y.M.; Ko, G. Sellimonas intestinalis gen. nov., sp. nov., isolated from human faeces. Int. J. Syst. Evol.
Microbiol. 2016, 66, 951–956. [CrossRef]

53. Loughman, A.; Ponsonby, A.L.; O’Hely, M.; Symeonides, C.; Collier, F.; Tang, M.; Carlin, J.; Ranganathan, S.; Allen, K.; Pezic,
A.; et al. Gut microbiota composition during infancy and subsequent behavioural outcomes. EBioMedicine 2020, 52, 102640.
[CrossRef]

54. Wang, P.; Li, D.; Ke, W.; Liang, D.; Hu, X.; Chen, F. Resveratrol-induced gut microbiota reduces obesity in high-fat diet-fed mice.
Int. J. Obes. 2020, 44, 213–225. [CrossRef]

55. De Filippo, C.; Cavalieri, D.; Di Paola, M.; Ramazzotti, M.; Poullet, J.B.; Massart, S.; Collini, S.; Pieraccini, G.; Lionetti, P. Impact of
diet in shaping gut microbiota revealed by a comparative study in children from Europe and rural Africa. Proc. Natl. Acad. Sci.
USA 2010, 107, 14691–14696. [CrossRef]

56. Raymond, F.; Déraspe, M.; Boissinot, M.; Bergeron, M.G.; Corbeil, J. Partial recovery of microbiomes after antibiotic treatment.
Gut Microbes 2016, 7, 428–434. [CrossRef]

57. Jakobsson, H.E.; Jernberg, C.; Andersson, A.F.; Sjölund-Karlsson, M.; Jansson, J.K.; Engstrand, L. Short-Term Antibiotic Treatment
Has Differing Long-Term Impacts on the Human Throat and Gut Microbiome. PLoS ONE 2010, 5, e9836. [CrossRef]

58. Shaw, L.P.; Bassam, H.; Barnes, C.P.; Walker, A.S.; Klein, N.; Balloux, F. Modelling microbiome recovery after antibiotics using a
stability landscape framework. ISME J. 2019, 13, 1845–1856. [CrossRef]

59. Raymond, F.; Ouameur, A.A.; Déraspe, M.; Iqbal, N.; Gingras, H.; Dridi, B.; Leprohon, P.; Plante, P.L.; Giroux, R.; Bérubé, È.; et al.
The initial state of the human gut microbiome determines its reshaping by antibiotics. ISME J. 2016, 10, 707–720. [CrossRef]

60. Rinninella, E.; Raoul, P.; Cintoni, M.; Franceschi, F.; Miggiano, G.A.D.; Gasbarrini, A.; Mele, M.C. What is the Healthy Gut
Microbiota Composition? A Changing Ecosystem across Age, Environment, Diet., and Diseases. Microorganisms 2019, 7, 14.
[CrossRef]

61. Hendriksen, R.S.; Munk, P.; Njage, P.; van Bunnik, B.; McNally, L.; Lukjancenko, O.; Röder, T.; Nieuwenhuijse, D.; Pedersen,
S.K.; Kjeldgaard, J.; et al. Global monitoring of antimicrobial resistance based on metagenomics analyses of urban sewage. Nat.
Commun. 2019, 10, 1124. [CrossRef]

62. Cao, J.; Hu, Y.; Liu, F.; Wang, Y.; Bi, Y.; Lv, N.; Li, J.; Zhu, B.; Gao, G.F. Metagenomic analysis reveals the microbiome and resistome
in migratory birds. Microbiome 2020, 8, 26. [CrossRef] [PubMed]

63. Cinquepalmi, V.; Monno, R.; Fumarola, L.; Ventrella, G.; Calia, C.; Greco, M.F.; Vito, D.d.; Soleo, L. Environmental contamination
by dog’s faeces: A public health problem? Int. J. Environ. Res. Public Health 2012, 10, 72–84. [CrossRef] [PubMed]

64. Mittal, P.; Prasoodanan, P.k.V.; Dhakan, D.B.; Kumar, S.; Sharma, V.K. Metagenome of a polluted river reveals a reservoir of
metabolic and antibiotic resistance genes. Environ. Microbiome 2019, 14, 5. [CrossRef] [PubMed]

http://doi.org/10.3402/mehd.v26.27663
http://doi.org/10.1002/mbo3.939
http://doi.org/10.1128/AEM.72.2.1027-1033.2006
http://www.ncbi.nlm.nih.gov/pubmed/16461645
http://doi.org/10.1186/s12866-014-0311-6
http://www.ncbi.nlm.nih.gov/pubmed/25495462
http://doi.org/10.1016/j.bbadis.2014.01.005
http://www.ncbi.nlm.nih.gov/pubmed/24440361
http://doi.org/10.1371/journal.pone.0050257
http://doi.org/10.1016/j.humic.2018.11.004
http://doi.org/10.1126/science.aan4834
http://doi.org/10.1126/sciadv.1500183
http://doi.org/10.1038/nmicrobiol.2016.24
http://doi.org/10.1186/s12866-016-0708-5
http://doi.org/10.3389/fmicb.2016.00925
http://doi.org/10.1099/ijsem.0.000817
http://doi.org/10.1016/j.ebiom.2020.102640
http://doi.org/10.1038/s41366-019-0332-1
http://doi.org/10.1073/pnas.1005963107
http://doi.org/10.1080/19490976.2016.1216747
http://doi.org/10.1371/journal.pone.0009836
http://doi.org/10.1038/s41396-019-0392-1
http://doi.org/10.1038/ismej.2015.148
http://doi.org/10.3390/microorganisms7010014
http://doi.org/10.1038/s41467-019-08853-3
http://doi.org/10.1186/s40168-019-0781-8
http://www.ncbi.nlm.nih.gov/pubmed/32122398
http://doi.org/10.3390/ijerph10010072
http://www.ncbi.nlm.nih.gov/pubmed/23263659
http://doi.org/10.1186/s40793-019-0345-3
http://www.ncbi.nlm.nih.gov/pubmed/33902720

	Introduction 
	Material and Methods 
	Community Setting, Study Design, and Sample Collection 
	Methods 
	DNA Extraction and 16S rRNA Amplicon Sequencing 
	Bioinformatics Analysis 
	Antimicrobial Resistance Genes 
	Statistical Tests 


	Results 
	Sample Types and Their Microbiome Sequence Information 
	Microbiota of Human Gut in the Study Cohort 
	Composition of Gut Microbiota of Individuals in the Context of Demographical Variables of Study Cohort 
	Composition of Gut Microbiome of Healthy People in the Context of Their Antibiotic Use History 

	Microbiota of Nonhuman Samples 
	The Microbial Composition of Domestic Animals 
	The Microbial Composition of Water 
	The Microbial Composition of Processed Food 

	Human versus Nonhuman Microbiota 
	Overall Composition and Diversity of the Human Gut Microbiota in Relation to Microbial Community of Domestic Animal Gut, Water, and Processed Food 
	Potential Dispersal of Microbial Taxa between the Microbiota of Humans and Nonhumans 


	Discussion 
	Conclusions 
	References

