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ABSTRACT The cell cortex is a thin network of actin, myosin motors, and associated proteins
that underlies the plasma membrane in most eukaryotic cells. It enables cells to resist extra-
cellular stresses, perform mechanical work, and change shape. Cortical structural and me-
chanical properties depend strongly on the relative turnover rates of its constituents, but
quantitative data on these rates remain elusive. Using photobleaching experiments, we ana-
lyzed the dynamics of three classes of proteins within the cortex of living cells: a scaffold
protein (actin), a cross-linker (c-actinin), and a motor (myosin). We found that two filament
subpopulations with very different turnover rates composed the actin cortex: one with fast
turnover dynamics and polymerization resulting from addition of monomers to free barbed
ends, and one with slow turnover dynamics with polymerization resulting from formin-medi-
ated filament growth. Our data suggest that filaments in the second subpopulation are on
average longer than those in the first and that cofilin-mediated severing of formin-capped
filaments contributes to replenishing the filament subpopulation with free barbed ends.
Furthermore, a-actinin and myosin minifilaments turned over significantly faster than F-actin.
Surprisingly, only one-fourth of a-actinin dimers were bound to two actin filaments. Taken
together, our results provide a quantitative characterization of essential mechanisms under-
lying actin cortex homeostasis.
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INTRODUCTION

The cell cortex is an approximately ~0.1-pum-thick layer formed by a
network of actin filaments and actin-binding proteins that underlies
the plasma membrane in most eukaryotic cells (Figure 1; Alberts
et al., 2004). This submembranous mesh plays a fundamental role
in many events in the cell cycle, allowing cells to resist external
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mechanical forces, generate mechanical stress, and change shape
during cell motility and cytokinesis. At the molecular level, the cel-
lular cortex is a tightly woven mesh of actin filaments cross-linked by
proteins such as o-actinin and myosin Il (Charras et al., 2006;
Morone et al., 2006) that forms a continuous shell tethered to the
membrane by linker proteins such as ezrin (Charras et al., 2006;
Charras, 2008) and endows the cell with its mechanical properties
(MacKintosh et al., 1995; Gardel et al., 2004; Paluch et al., 2006).
Like most cytoskeletal structures, the actin cortex is highly dy-
namic, with actin-binding proteins attaching and detaching from the
actin meshwork and the constituent actin filaments turning over due
to addition and removal of monomers at the filament ends. In steady
state, actin assembly and disassembly are balanced such that corti-
cal thickness, structure, and mechanical properties stay constant
over time. The relative rates of turnover of actin, actin cross-linking
proteins, and contractile proteins in the cortex of cells notably par-
ticipate in setting cortical tension and regulating cortical rheology
(Bray and White, 1988; Tinevez et al., 2009) as they do in reconsti-
tuted actin gels (Mizuno et al., 2007; Sato et al., 1987). For example,
disruption of contractility and actin turnover leads to changes in
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FIGURE 1: Experimental setup. FRAP and FLAP experiments are
performed in a circular region within the cell cortex (red circle). Total
fluorescence in the cortex results from both proteins bound to the
actin cortex and proteins freely diffusing through the cortical actin
mesh. Bleached monomers are shown in gray and fluorescent ones in
green. After photobleaching, fluorescence in the cortex recovers
through diffusion of fluorescent proteins through the cortical actin
mesh (diffusive recovery) and through association/dissociation of
fluorescent proteins to the cortex (reactive recovery). These two
contributions can be separated experimentally because they occur on
very different time scales: diffusive recovery has a characteristic time
7= 50 ms, whereas reactive recovery occurs on time scales >1 s.

cortical tension (Tinevez et al., 2009) and cell rounding during mito-
sis (Stewart et al., 2011).

Our present understanding of protein turnover in the submem-
branous cortex is poor compared with that of other cytoskeletal
structures such as the lamellipodium (Watanabe, 2010; Lai et al.,
2008). Most studies concentrated on the cytokinetic cortex or the
cleavage furrow. Recent studies show that cortical F-actin turnover
in mammalian cells is very dynamic, with half-times of 20-25 s, and
is modulated by the activity of proteins such as cofilin, a-actinin, or
myosin (Murthy and Wadsworth, 2005; Mukhina et al., 2007; Tinevez
et al., 2009; Wilson et al., 2010). However, detailed knowledge of
the nature and rates of cortical F-actin polymerization and depo-
lymerization mechanisms is lacking, and a thorough understanding
of how actin filament mass is maintained remains elusive. In particu-
lar, the relative importance of the different molecular mechanisms of
turnover influence the length distribution of actin filaments within
the cortex, a parameter that, together with cross-link nature and
density, plays a fundamental role in cortical structural integrity and
mechanics (Gardel et al., 2004; Kasza et al., 2010; Bai et al., 2011).

Although many proteins localizing to the cell cortex have been
identified (Charras et al., 2006), few studies have examined their dy-
namics and their precise role in the cortex. Myosin motors are dy-
namic in the cytokinetic cortex, with a turnover half-time of ~10 s
reported in Drosophila cells (Uehara et al., 2010). One detailed
study of a-actinin found that its turnover is faster than that of F-actin
(Mukhina et al., 2007). However, sole knowledge of the turnover
half-time cannot provide information on what proportion of a-actinin
dimers are bound to two actin filaments, something necessary to
understand cortical rheology based on the dynamics and functions
of cortical proteins. For example, myosin motors create tension in
the cortex (Mizuno et al., 2007), and the rate of cross-link turnover
dictates how long stresses persist (Wottawah et al., 2005). Indeed,
when cross-links are released, filaments can slide past one another
under the influence of motor proteins, leading to local dissipation of
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mechanical stresses. Hence understanding the relative turnover
dynamics of actin, motors, and cross-links in the cortex of living cells
is essential to formulating a quantitative description of cortex struc-
ture and mechanics that is based on molecular processes.

Here we examine the dynamics of three different cortical
proteins involved in setting cortical thickness, providing structural
integrity, and exerting mechanical stresses: the scaffold-protein
actin, the bundling protein o-actinin, and the motor protein myosin
Il. We chose to do our experiments in a blebbing melanoma M2
cell line that has been used to characterize the proteic composi-
tion, ultrastructure, and physical properties of the cortex to identify
the proteins involved in cortex regrowth (Charras et al., 2006,
2008). Furthermore, these cells offer us the possibility to compare
the mature cortex with the newly formed cortex in blebs. We com-
bined photobleaching (fluorescence recovery after photobleach-
ing [FRAP]) and photoactivation (fluorescence loss after photoacti-
vation [FLAP]) experiments with quantitative analysis in terms of
first-order reaction kinetics. The molecular identity of participating
processes was further characterized using drugs and expression of
mutant proteins.

RESULTS

Analysis of FRAP experiments

In cortical regions, the total fluorescence signal results both from
proteins bound to the actin cortex and from proteins freely diffusing
through the cortical actin mesh (Figure 1). Hence fluorescence re-
covery after photobleaching will have contributions from diffusion of
proteins through the cortical actin mesh (diffusive recovery) and as-
sociation/dissociation of proteins to the cortex (reactive recovery;
Sprague et al., 2004). In control photobleaching experiments, we
showed that diffusive recovery was very rapid compared with reac-
tive recovery, occurring with a half-time of 50 ms (Supplemental
Figure S1). Therefore by subtracting the diffusive recovery from the
total fluorescence recovery we could obtain the fluorescence recov-
ery due to protein association and dissociation from the cortex only
(see Materials and Methods, FRAP and FLAP data analysis, and
Supplemental Figures S2 and S3).

We analyzed this reactive recovery in terms of first-order reaction
kinetics, where free proteins in the cytoplasm associate with the cor-
tex and cortical proteins dissociate from the cortex. In the simplest
case, association and dissociation result from only one reaction, and
the fluorescence intensity F(t) recovers as an exponential function of
the form F (t) ~ [1 —exp(—tm,)] ,, with Fy the initial fluorescence be-
fore bleaching and wy the effective dissociation rate of the turnover
reaction (which is linked to the characteristic time of the reaction,
7 = 1/wy, and the half-time reported in most FRAP experiments,
t/2 = In 2/wy). A more realistic assumption is that several molecular
processes contribute to turnover, and, in this case, fluorescence re-
covery is the sum of several exponential functions, with each expo-
nential being associated to one molecular turnover process (see
Materials and Methods, FRAP and FLAP data analysis). In summary,
analysis of cortical FRAP recovery allows for the determination of
1) how many turnover processes contribute to fluorescence recovery,
2) the effective dissociation rate @q; and the characteristic time
14 =1/wq ; of each turnover process i, 3) the abundance f; of each
turnover process relative to the whole population (with 2, f.=1),
and 4) the time scales over which each turnover process is dominant
in recovery (see Materials and Methods, FRAP and FLAP data analy-
sis, and Supplemental Figure S4).

Also note that changes in the overall half-time of recovery t;,»
generally reported in FRAP experiments may result from changes in
the number of processes participating in recovery, changes in the
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of the corresponding effective dissocia-
tion rates were @, =138+01s" and
®,,=0.04+001s" (25 of 25 curves exam-
ined; Figure 2B). Loss of fluorescence due to
imaging (~0.007 s') was an order of magni-
tude smaller than the slow recovery rate
0g,2, and hence imaging-induced fluores-
cence loss did not significantly affect the
precision of our measurements. The sub-
population with fast turnover—henceforth
referred to as subpopulation 1—accounted
for 69% of fluorescence recovery (f; = 0.69 £
0.06), whereas the second subpopulation—

referred to as subpopulation 2—accounted
for 31% (f, = 0.31 £ 0.06).

In our experiments, we chose to sam-
ple fluorescence recovery every 1s to mini-
mize loss of fluorescence due to imaging
and enable examination of recovery over
long durations. However, one might worry
that such slow sampling of recovery might
not allow for an accurate determination of
fast recovery kinetics, such as the recovery
of subpopulation 1, which had a character-
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FIGURE 2: Actin turnover in the cell cortex. (A) Consecutive confocal images of a FRAP
experiment in a region comprising the actin cortex for a GFP-actin—expressing cell. GFP was
bleached within the red circle between times t = 0 and 1 s. Diffusive fluorescence recovery was
measured in the blue circle, and fluorescence loss due to imaging was determined from the
region within the green circle. (B) Fluorescence recovery averaged over 25 cells (solid line) and
fluorescence loss due to imaging (dotted line). (C) Consecutive confocal images of a FLAP
experiment in a region comprising the actin cortex for cells expressing mRFP-PAGFP-actin

40 60 80 100 thatourchosensampling rate still enabled
Time (s) accurate determination of the dissocia-

tion rates of turnover processes with fast
kinetics, we repeated our photobleaching
experiments, sampling recovery every
100 ms over a duration of 5 s. Under these
conditions, only one exponential was nec-
essary to fit the recovery data (Supple-
mental Figure S5), consistent with the

(green channel). Photoactivation was performed between the red dots between times t=0 and short duration of the experiments com-
1 s. After long times, fluorescent monomers incorporate elsewhere in the cortex (white arrows).  pared with the characteristic time of sub-

(D) Fluorescence decay averaged over 12 cells. Scale bars, 1 um (A, C). In B and D, error bars

population 2 (141 = 25 s), and we mea-

indicate SDs, and red solid lines represent best fits to multiexponential functions; see Materials sured a dissociation rate @,, =1.58 + 0.1 s

and Methods and Supplementary Materials.

rates @wq ; of some or all of the turnover processes, changes in the
abundances f; of some or all of the turnover processes, or a combi-
nation of all of these factors. Therefore analysis of fluorescence re-
covery in terms of first-order reaction kinetics allows a more precise
characterization of turnover and of the changes occurring in re-
sponse to chemical or genetic perturbations than merely reporting
the recovery half-time.

Dynamics of actin in the cell cortex

In FRAP experiments, fluorescence recovery due to actin turnover
occurred uniformly throughout the bleaching region (Figure 2, A
and B). Fluorescence recovered with a half-time t;, =12.8 £ 1s, and
recovery was complete in ~80s (N = 30 cells; Figure 2, A and B). We
then fitted functions F with an increasing number of exponentials to
the experimental recovery curve to determine whether more than
one molecular reaction process was involved in actin cortex turn-
over (Materials and Methods, FRAP and FLAP data analysis). Two
exponential functions were necessary to fit our experimental data,
suggesting that turnover in the cortex resulted from two distinct
processes operating on different time scales and consequently that
two subpopulations of actin filaments associated with these mole-
cular turnover processes were present in the cortex. The values
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(N = 12 cells; Supplemental Figure S5),
not significantly different from the recov-
ery rate measured with slow sampling rates (p = 0.9). Therefore
we concluded that sampling recovery every 1 s offered a good
compromise between reliable determination of fast dissociation
rates and minimization of imaging-induced fluorescence loss.
Because exposure to high local laser illumination can result in
protein inactivation, a process known as chromophore-assisted laser
inactivation (Jacobson et al., 2008), we asked whether subpopula-
tion 1 was due to the creation of free barbed ends by laser-induced
severing of actin filaments (Reymann et al., 2011), using two inde-
pendent experiments. First, because laser-induced photodamage is
very sensitive to illumination settings (Reymann et al., 2011), we var-
ied the laser power used for photobleaching between 80 and 100%
of maximal power. Analysis of the fluorescence recovery revealed
that neither the reaction rates nor the relative sizes of the two
filament subpopulations were affected by changes in laser power
(Supplemental Figure S6). Second, if photodamage induces sever-
ing of actin filaments and the creation of new barbed ends, then we
should observe a local increase in actin polymerization and F-actin
density immediately after laser illumination. Indeed, previous work
showed that local generation of free barbed ends by local uncaging
of cofilin gives rise to a local increase in F-actin polymerization
(Ghosh et al., 2004). To test whether this occurs, we transfected cells
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with actin labeled with both monomeric red fluorescent protein
(mRFP) and photoactivatable green fluorescent protein (GFP;
PAGFP-mRFP actin; Kueh et al., 2008) to allow for assessment of the
turnover dynamics of actin filaments with the PAGFP signal and im-
aging of total actin with the mRFP signal. We reasoned that if pho-
toactivation of PAGFP generated free barbed ends by laser-induced
severing, we should observe an increase in the mRFP signal due to
enhanced polymerization at the newly created barbed ends con-
comitant with photoactivation. In our experiments, no significant
differences in mRFP signal were apparent between the photoactiva-
tion region and control regions (Supplemental Figure S6, A and B).
We concluded that in photoactivation experiments no laser-induced
severing of actin filaments occurs.

Furthermore, analysis of the PAGFP signal in photoactivation ex-
periments allowed for independent determination of turnover rates.
In the photoactivated region, fluorescence decayed uniformly
throughout the activated region with a half-time t;, = 14.1£ 1s(N =
12 cells; Figure 2, C and D), and again two exponential functions
were necessary to fit the fluorescence decay curves with turnover
rates @y, =1.1+0.2s" and @,,=0.04 £001s" and the first sub-
population representing a fraction f; = 0.65 + 0.06 of the total sub-
population (N = 25 curves examined; Figure 2D). The measured
effective dissociation rates obtained from FRAP and FLAP experi-
ments were not significantly different (p = 0.84 and 0.96, for wy,1 and
0 2, respectively). This, together with the absence of laser-induced
severing in FLAP experiments, implied that subpopulation 1 was not
created by laser-induced severing in FRAP experiments either. Taken
together, these results strongly suggest that the presence of two
actin filament subpopulations with different turnover rates represents
an intrinsic characteristic of actin filament turnover in the cortex.

Polymerization processes contributing to cortical

F-actin turnover

To biochemically characterize the two subpopulations of actin fila-
ments, we perturbed actin polymerization with chemical inhibitors.
Fluorescence recovery of bleached actin filaments in the cell cortex
can occur via two distinct pathways. First, existing filaments elon-
gate by incorporating fluorescent G-actin, predominantly at their
barbed ends. This process can occur either by spontaneous addi-
tion of a monomer to a free barbed end or be mediated by proteins
bound to the barbed end, such as members of the formin family.
Second, the nucleation of new filaments may also contribute signifi-
cantly to the maintenance of cortical actin mass and hence fluores-
cence recovery. At the concentration of free G-actin present in
the cell, spontaneous nucleation can be neglected (Sept and
McCammon, 2001). Instead, specialized proteins, known as nuclea-
tors, assist the formation of new actin filaments. Two broad classes
of nucleators can be distinguished. Pointed-end nucleators facilitate
the creation of actin seeds, which can then elongate by spontane-
ous addition of monomers to the free barbed end. Examples of such
nucleators are the Arp2/3 complex, spire family proteins, and leio-
modin. On the other hand, proteins like formins assist the formation
of an actin nucleus while being located at the barbed end. These
nucleators remain bound to the barbed end and accelerate elonga-
tion compared with spontaneous binding of monomers to free
barbed ends (Romero et al., 2004).

To test the importance of spontaneous filament elongation at
free barbed ends in cortical actin turnover, we treated cells with cy-
tochalasin D, a drug that tightly binds to free barbed ends and
blocks addition of monomers (Casella et al., 1981; MacLean-Fletcher
and Pollard, 1980). After exposure of the cells to cytochalasin, the
total fluorescence intensity of the cortex dropped by 60% in 30 min,

760 | M. Fritzsche et al.

reflecting cortical actin loss, until it reached a plateau between
30 and 60 min before sharply decreasing further (Supplemental
Figure S7). We considered the cells to be in a quasi-steady state dur-
ing the plateau phase and did our experiments in this time window.

In the presence of 1 pM cytochalasin D, cortex fluorescence re-
covered to 20% of its prebleach value (N = 12 cells), whereas recov-
ery saturated at 10% in the presence of 10 uM cytochalasin D (N =
11 cells; Figure 3, A and B). The corresponding recovery half-times
were t1, =5+ 1 and 2+ 1s, respectively. In both cases, the effective
dissociation rate g1 decreased significantly compared with the
control condition (p < 0.01), indicating barbed-end capping of the
corresponding filaments (Table 1 and Figure 3C). In contrast, no sig-
nificant change could be observed for wq, Simultaneously, the
abundance f; of filaments in subpopulation 1 decreased from 69 to
40 and 26%, respectively (Table 1).

To graphically visualize the effects of perturbations of the differ-
ent processes of fluorescence recovery, we generated logarithmic
acceleration plots in which we plotted the logarithm of the second
derivative of F (Figure 3C). These graphs consist of piecewise linear
segments, with each segment corresponding to a different turnover
process with its slope equal to wy; (Materials and Methods). There-
fore changes in the dissociation rates of individual turnover pro-
cesses in response to perturbations can be visualized as changes in
the slopes of the corresponding linear segments.

We verified that our observations were specific to the attach-
ment of cytochalasin D to filament barbed ends by monitoring fluo-
rescence recovery in cells treated with 520 nM latrunculin B, a drug
that binds G-actin monomers, preventing their incorporation into
actin filaments (Morton et al., 2000; Yarmola et al., 2000). In contrast
to cytochalasin D, photobleaching experiments in the presence of
latrunculin B showed fluorescence recovery only through diffusion
into the bleached area, and no reactive component could be de-
tected (Supplemental Figure S8).

Analysis of fluorescence recovery curves allowed for determina-
tion of the effective dissociation rates involved in actin turnover, yet
cytochalasin acts at filament barbed ends, preventing association of
new monomers. In steady state, association must balance dissocia-
tion, and hence we can also deduce the relative changes in the ef-
fective association rates m,; upon cytochalasin treatment, knowing
the total fluorescence F of the cortex, the fluorescence Fy of the
cytoplasm, the relative abundance f, and the effective dissociation
rate oq; (Eq. 4; see Materials and Methods, FRAP and FLAP data
analysis). Experimentally, we found that the cytoplasmic fluores-
cence did not change significantly after addition of cytochalasin,
Fy = Fs*®, and using our experimental measurements for f; and @
we obtain 0® = 0.1, , and ©%* =, , for 1 pM cytochalasin and
od® =0. 030 ., and w°§°D 0.95w,, for 10 pM cytochalasin. We
concluded that cytochalasin D addltlon significantly affected the ef-
fective association rate of filaments in subpopulation 1 but not in
subpopulation 2. Assuming, furthermore, that the number of fila-
ments in subpopulation 2 does not change, this result suggests that
the molecular process underlying G-actin addition to filaments in
subpopulation 2 involves a factor that competes with cytochalasin
for binding to barbed ends.

To test this hypothesis and examine whether formins contributed
to addition of monomers to filaments in subpopulation 2, we per-
formed FRAP experiments in the presence of the broad-spectrum
formin inhibitor SMIFH2 (Rizvi et al., 2009). After 30 min of incuba-
tion with 40 pM SMIFH2, the turnover rates @y, and @y, of both
subpopulations decreased significantly (p < 0.01 in both cases,
N =12 cells; Table 1 and Figure 3E), indicating that formin-mediated
polymerization contributes significantly to actin cortex turnover.

Molecular Biology of the Cell
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FIGURE 3: Effects of genetic and chemical perturbations on actin cortex turnover.

(A) Consecutive confocal images of a FRAP experiment in a region comprising the actin cortex
for a GFP-actin—expressing cell in the presence of 10 pM cytochalasin D. Scale bar, 1 ym.

(B) Fluorescence recovery in presence of 1 pM (dashed line, averaged over 12 cells) and 10 uM
(dotted line, 11 cells) cytochalasin D and in control cells (solid line). Red lines represent best
experimental fits to multiexponential functions. (C-F) Logarithmic acceleration plots (see
Materials and Methods) of average fluorescence recovery in the presence of cytochalasin D (C);
for cells expressing either constitutively active or a dominant-negative cofilin mutants,
respectively, cofilinS3A and cofilinS3E (D); in the presence of the formin inhibitor SMIFH2 (E);
and for cells overexpressing the pointed-end capping protein tropomodulin (F). Curves were
averaged over at least 10 cells. Solid lines indicate fluorescence recovery in untreated cells
expressing GFP-actin.

Depolymerization processes
contributing to cortical F-actin
turnover

The previous experiments revealed two
subpopulations of filaments with different
turnover rates that reflected differences in
polymerization mechanisms. We asked
whether the subpopulations also exhibited
differences in their depolymerization
mechanisms. Filament depolymerization is
regulated by a number of proteins, with
cofilin being the best characterized among
these. Cofilin accelerates depolymerization
at the pointed end and can sever F-actin
(Bernstein and Bamburg, 2010). We stud-
ied its effects on actin turnover by express-
ing the dominant cofilin mutants: constitu-
tively active cofilinS3A and constitutively
inactive cofilinS3E (Mseka et al., 2007;
Bernstein and Bamburg, 2010).

First, we confirmed that expression of
constitutively active cofilin led to a reduc-
tion in cortical F-actin and that constitutively
inactive cofilin led to an increase in cortical
F-actin by measuring the total F-actin mass
through fluorescein isothiocyanate (FITC)-
phalloidin fluorescence. Cells expressing
constitutively active cofilinS3A showed a
significant decrease in F-actin mass to 10 £
3% of controls (p < 0.01, N = 18 cells),
whereas cells expressing dominant inactive
cofilinS3E had a twofold-higher F-actin
mass (200 £ 25%, p < 0.01, N = 12; Supple-
mental Figure S9).

Next we examined the effect of cofilin
mutants on the turnover of the two F-actin
subpopulations using FRAP. Expression of
dominant inactive cofilinS3E decreased
g1 and led to a small but significant in-
crease in oy (Table 1 and Figure 3D). At
the same time, cofilinS3E led to a signifi-
cant increase in f,. The effect of expressing
constitutively active cofilinS3A was qualita-
tively the same and quantitatively very simi-
lar, except that it did not change the rela-
tive weights of the subpopulations (Table 1
and Figure 3D). These results show that the
turnover of both F-actin subpopulations is
cofilin dependent.

To assess the relative effect of the end-
depolymerization and severing activities of
cofilin on cortical actin turnover, we overex-
pressed tropomodulin, which is a capping
protein that prevents cofilin-mediated de-
polymerization at the pointed end but not
severing (Dos Remedios et al., 2003). Tropo-

Remarkably, f; and f, did not change appreciably, suggesting thatthe ~ modulin overexpression resulted in a significant increase in cortical
two subpopulations are not independent of one another. Indeed, if  actin mass (180 £ 20%, N = 22 cells), as well as a significant decrease
filament subpopulations were only specified on the basis of barbed-  in the effective turnover rate wy,1 but essentially no change in g,
end occupancy by formins, we would expect a flux of filaments from  (Table 1 and Figure 3F). This signifies that depolymerization from
subpopulation 2 to subpopulation 1 due to formin dissociation from  pointed ends played an important role in the turnover of the
barbed ends or severing of formin-capped filaments. filaments with free barbed ends in subpopulation 1, whereas
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Multiexponent fit @g,1 (1/s) p value fi g2 (1/5s) p value N
FRAP o-Actinin 0.39£0.1 — 0.75+0.08 0.07 £0.01 — 20
a-Actinin actin- 0.32+0.2 0.95 1.0 — — 12
binding domain
FRAP MRLC 0.6 +0.1 — 0.86 +0.09 0.07 +0.04 — 12
FRAP Actin 1.38+0.1 — 0.69 £ 0.06 0.04 £0.01 — 30
Actin + 1 pM 0.47 £0.1 <0.01 0.4+0.06 0.03£0.01 0.52 12
cytochalasin D
Actin + 10 uM 0.25+0.1 <0.01 0.26 £0.07 0.04 £0.01 0.99 (N
cytochalasin D
Actin + 40 uM 0.49+0.2 <0.01 0.72+£0.07 0.02 £0.01 <0.01 12
SMIFH2
Actin + cofilinS3A 0.69 + 0.1 <0.01 0.71+0.07 0.06 +0.02 <0.01 18
Actin + cofilinS3E 0.81+0.1 <0.01 0.5£0.05 0.05+0.01 <0.01 12
Actin + tropomodulin 0.5+0.1 <0.01 0.72+£0.07 0.04 £0.01 0.92 18

The statistical significance of differences for rates g 1 and @y » for genetically or chemically treated cells and untreated cells is given in terms of corresponding
p values. The protein abundance f; (with f, = 1-f;) is given in the column next to each exponent.

TABLE 1: Parameters of the multiexponential fits of FRAP recovery (FLAP decay) curves for different treatments.

depolymerization in the second formin-capped subpopulation
occurred primarily through severing.

Turnover kinetics of a-actinin

As for actin, a-actinin fluorescence recovered uniformly throughout
the bleached cortical region, (Figure 4A). Recovery was complete in
~30 s with a half-time of t;,, = 4.5 £ 1 s (Figure 4B and Table 2). The
turnover of a-actinin is thus faster than for actin, as expected for an
actin-binding protein. The recovery curve clearly revealed two dis-
tinct subpopulations with very different recovery rates (Figure 4C
and Table 1). The bleaching rate was 0.004 s™!, small compared with
the measured recovery rates.

Given that a-actinin is a homodimer with two identical bind-
ing sites for actin, we hypothesized that the two subpopulations
corresponded to singly and doubly bound a-actinin dimers. To
test this hypothesis, we examined the cortex-binding dynamics
of the a-actinin actin-binding domain alone. Like the full-length
protein, the a-actinin actin-binding domain localized to the cell
cortex (Supplemental Figure S10 and Supplemental Movie S1).
Its fluorescence recovery was well described by a single expo-
nential with a turnover rate similar to that of the fast recovery
process for full-length a-actinin (p = 0.95 compared with control;
Figure 4C and Table 1). We conclude that the a-actinin subpopu-
lations with fast turnover kinetics represent dimers bound to the
F-actin cortex through only one actin-binding domain, whereas
the subpopulations with slow turnover represents doubly bound
dimers.

The abundance of singly bound a-actinin was f; = 0.75 £ 0.1.
This value is similar to that expected if the two binding domains
independently associate and dissociate from the actin network. In-
deed, if we consider only bound o-actinin and let p denote the
probability of one binding domain to be bound, then 2p + p? = 1 if
binding of the two binding domains is independent of one another.
The first term on the left-hand side accounts for the probability that
proteins are bound via one domain, and the second for the prob-
ability that both domains are bound. Consequently, p = 0.41, yield-
ing an expected abundance f; = 0.82 for singly bound o-actinin.
We conclude that there is, if at all, very weak cooperativity between
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the two binding domains. Furthermore, this indicates that the
availability of actin-binding sites does not limit cross-linking by a-
actinin, perhaps because the molecular length of a-actinin between
30 and 45 nm (Meyer and Aebi, 1990) is close to the mesh size of
the cortical actin network (Charras et al., 2006).

Myosin regulatory light-chain turnover kinetics

To investigate turnover of the motor protein myosin Il, we exam-
ined fluorescently labeled myosin regulatory light chain (MRLC), a
component of myosin Il whose phosphorylation controls myosin
activity. Myosin Il assembles into bipolar minifilaments bound to
F-actin that appear as distinct, long-lived puncta in the cortex and
blebs of nonmuscle cells (Charras et al., 2006; Craig et al., 1985;
Svitkina et al., 1997; Zhou and Wang, 2008; Supplemental Figure
S11). In FRAP experiments, MRLC recovery occurred uniformly
with a half-time t;,, = 6.5+ 1 s (Table 1 and Supplemental Figure
S11). The bleach rate was 0.002, small compared with the mea-
sured effective dissociation rates. As expected, MRLC’s turnover
rate is faster than for actin but slower than that for a-actinin. In this
way, myosin Il can reorganize actin network topology in spite of
transient passive cross-links. Similar to o-actinin, two subpopula-
tions with different effective turnover rates could be identified in
the recovery of myosin II.

Comparative turnover in mature and new cortices

Because our results on turnover of mature actin cortex revealed
the presence of two subpopulations of actin with different kinetics,
we decided to examine actin turnover in cellular blebs, reasoning
that their actin cortex is younger and therefore that the relative
abundances of each actin subpopulation may differ. Blebs are
spherical protrusions of the cell membrane that are originally de-
void of an actin cortex. As bleb growth slows, a new actin cortex
forms. Subsequently a-actinin and myosin motors are recruited to
the actin network (Charras et al., 2006) and the bleb retracts. Dur-
ing retraction, the total actin filament mass in the new cortex, as
well as the amount of o-actinin, stays constant (Charras et al.,
2008), indicating that both proteins can be considered in steady
state during retraction.

Molecular Biology of the Cell
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FIGURE 4: Turnover of a-actinin in the cortex. (A) Consecutive
confocal images of a FRAP experiment in a region comprising the
actin cortex for a cell expressing GFP-o-actinin. Circles of different
colors indicate the same regions as in Figure 2. Scale bar, 1 pm.

(B) Fluorescence recovery averaged over 20 cells. Error bars, SDs.
Red line, fit of a sum of two exponentials to the data. (C) Logarithmic
acceleration plots for full-length o-actinin and for its actin-binding
domain (solid line). Two distinct subpopulations participate in the
turnover of the full-length protein, whereas only a single population
participates in the turnover of the actin-binding domain.

When we performed FRAP experiments for actin in blebs, we
observed a fourfold reduction in the recovery half-time as compared
with mature cortex (Table 2 and Figure 5B). Half-times obtained
from FLAP experiments were not significantly different from those
obtained from the FRAP experiments (Table 2), supporting the no-
tion that the actin mass of the cortex in a retracting bleb is in steady
state. Turnover of actin in retracting blebs was almost one order of
magnitude faster than in mature cortex (p < 0.01 compared with
mature cortex, N = 8; Table 2). In contrast, a-actinin dynamics was
not significantly different in blebs compared with mature cortex.
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DISCUSSION

In this work, we studied the dynamics of actin, the F-actin cross-
linker a-actinin, and the motor protein myosin Il in the submembra-
nous F-actin cortex, using photobleaching and photoactivation ex-
periments. To this end, we expressed the proteins of interest fused
to fluorophores against the endogenous background. Note that the
ensuing overexpression does not markedly affect the binding or un-
binding rates of the proteins of interest as long as the amount of
actin filaments is not rate limiting. For all three proteins, we could
identify distinct protein subpopulations with different turnover ki-
netics. For o-actinin, which can cross-link actin filaments, the two
corresponding subpopulations are readily identified as singly and
doubly bound a-actinin. In the case of F-actin, the interpretation is
less straightforward because many proteins influence actin turnover
by acting on barbed or pointed ends, nucleating new filaments, or
severing existing filaments.

Using chemical and genetic tools, we characterized the observed
F-actin subpopulation. The two subpopulations reacted differently
to barbed-end capping by cytochalasin D: the effective association
rate @, 1 of subpopulation 1 decreased markedly, whereas o, ; re-
mained unaffected, suggesting that the barbed ends of the latter
filaments are protected against cytochalasin D binding. Addition of
the formin inhibitor SMIFH2 then suggested that this protection is
mediated by formins. At first sight, this seems to be at odds with the
fact that subpopulation 2 turns over more slowly than subpopula-
tion 1, because, at the molecular level, formins speed up F-actin
elongation at the barbed end (Romero et al., 2004). However, sub-
population 1 can dominate recovery in spite of a slower elongation
rate if filaments with free barbed ends far outnumber filaments with
formin-capped ends. In support of this, our experiments revealed
that subpopulation 1 was most abundant, accounting for two-thirds
of the monomers incorporated into the cortex (f; = 0.69). Finally, the
fact that we can detect recovery due to filaments in subpopulation
2 at long time scales coupled to the faster elongation rate of fila-
ments by formins (Romero et al., 2004, Kovar et al., 2006) implies
that filaments within subpopulation 2 are many times longer than
those in subpopulation 1.

The turnover of both subpopulations of actin filaments in the
cortex was dependent upon cofilin, but turnover of filaments in sub-
population 2 depended primarily on severing, whereas pointed-end
depolymerization was important in subpopulation 1. Because sever-
ing of the formin-capped filaments in subpopulation 2 generates
formin-free filaments belonging to subpopulation 1, the relative
abundance of the former increased upon expression of constitu-
tively inactive cofilinS3E. The constitutively active cofilinS3A mutant
induced a reduction in turnover of subpopulation 1, whereas it in-
creased turnover of the formin-capped subpopulation 2. Conse-
quently, for subpopulation 1 the increased depolymerization activity
of cofilinS3A must be compensated by a reduction in the respective
number of filaments to result in the observed reduction of turnover.
Overexpression of tropomodulin, a pointed-end capping protein
that prevents cofilin-mediated pointed-end depolymerization but
not severing, slowed turnover of the first subpopulation and in-
creased overall actin mass but had no effect on the effective turn-
over of the second subpopulation or the relative abundance of fila-
ment subpopulations in the cortex. This, together with the slower
turnover observed upon expression of inactive cofilinS3E, sug-
gested that tropomodulin decreased the average depolymerization
rate in filaments in subpopulation 1 by competing with cofilin for the
pointed end. Tropomodulin’s lack of effect on the second subpopu-
lation further supports the idea that severing may be more impor-
tant than pointed-end depolymerization in its turnover. Together
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Experiment 0g,i (1/s) p value Half-time (s) N
FRAP o-Actinin Cortex 0.12+0.02 — 45+1 20
a-Actinin Bleb 0.16 £0.04 0.98 4541 8

FRAP MRLC Cortex 0.07 +0.04 — 65+1 12
FRAP Actin Cortex 0.04 £0.01 — 8.6+1 25
Actin Bleb 0.31£0.07 <0.01 1.9+1 8

FLAP Actin Cortex 0.04 +0.01 — 95+1 10
Actin Bleb 0.4+0.1 <0.01 2+1 10

The p values compared with control are given in the column next to each exponent.

Half-times of recovery or decay and effective dissociation rate constants averaged over all of the participating processes.

with the decrease in turnover of both subpopulations observed
upon SMIFH2 treatment, our findings lead us to speculate that, in
the homeostatic cortex, cofilin-mediated severing generates fluxes
of filaments from the formin-capped subpopulation 2 that replenish
subpopulation 1.

In addition to changes in turnover rates, we also observed
changes in the abundances of filaments belonging to each subpop-
ulation in response to perturbations. Some changes were expected,
such as the reduction in the abundance of filaments in subpopula-
tion 1 (with free barbed ends) after addition of cytochalasin or upon
expression of constitutively inactive cofilinS3E. Indeed, in the first
case, the growth of filaments with unprotected barbed ends is
blocked, implying a shorter lifetime and length of these filaments,
leading to a decrease in their overall abundance. In the second
case, the flux of filaments from subpopulation 2 to subpopulation 1
is reduced by inactivation of severing, leading to a decrease in
abundance of subpopulation 1. Other changes are more challeng-
ing to explain and will necessitate further analysis. For example, it is
unclear why we did not observe a significant change in the relative
abundance of either subpopulation upon addition of the formin in-
hibitor SMIFH2, constitutively active cofilinS3A, or tropomodulin.

Actin in retracting blebs showed an almost 10-fold-higher turn-
over compared with the mature cortex. Either entirely different
molecular mechanisms of turnover might be at work in new cortices

Alpha-actinin GFP

A B Actin GFP C

FRAP bleb retraction
FRAP bleb retraction
FLAP bleb retraction

Actin and o-actinin turnover in blebs. Consecutive confocal images of retracting
blebs for (A) a FRAP experiment in a cell expressing GFP-oi-actinin, (B) a FRAP experiment in a
cell expressing GFP-actin, and (C) a FLAP experiment in a cell expressing mRFP-PAGFP-actin
(mRFP channel shown in red, GFP channel in green). In A and B, red circles indicate the bleach
region, and in C the green arrow points to the region of photoactivation and the initial bleb

boundary is indicated by the white dashed line. Scale bar, 1 pm.
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or increased turnover could just result from a different balance of
the actin filament subpopulations present in mature cortices.
Further work is necessary to determine which of these hypotheses
is correct.

Based on measured FRAP recovery half-times, the turnover
of cross-linker is in general found to be faster than that of actin
(Mukhina et al., 2007). This draws a mechanical picture in which
myosin minifilaments constantly put F-actin cross-links under stress
that is released through filament sliding on time scales longer than
the turnover of cross-linking by a-actinin. However, our experiments
show that turnover of cross-linking myosin and a-actinin is between
the rates of the two actin subpopulations. Because the turnover of
cross-linking a-actinin and the slow subpopulation of myosin is be-
tween the rates of the two actin subpopulations, this suggests that
cortical rheology is more complex than the simple picture described
earlier. The tethering of the actin filaments from subpopulation 1 to
the cortex may therefore be mediated by different actin cross-linkers
with a faster turnover than the doubly bound a-actinin subpopula-
tion. Furthermore, the slower turnover of actin filament subpopula-
tion 2 compared with the doubly bound o-actinin subpopulation
leads us to speculate that actin filaments within subpopulation 2
may support contractility and generate cortical tension but not
those in subpopulation 1, signifying that two functionally different
actin networks exist within the cortex (Michelot and Drubin, 2011).
Such complexity suggests that multiple re-
laxation times exist in cortical mechanics,
something supported by experimental char-
acterizations of cortical microrheology (Van
Citters et al., 2006).

In summary, our experiments identified
two filament subpopulations with distinct
turnover kinetics in the cellular actin cortex:
one population with free barbed ends and
one with formins bound to their barbed
ends. The filaments in the former popula-
tion turn over faster, are more abundant,
and, we speculate, are on average shorter
than the filaments in the latter population.
Furthermore, cofilin-mediated severing of
formin-capped filaments might contribute
to replenishing the filament subpopulation
with free barbed ends. Such conclusions
open new questions. In particular, the exact
molecular mechanisms leading to the nucle-
ation of each filament subpopulation and
how the two subpopulations interact to
maintain steady-state in the cortex remain
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to be determined, and the consequences for the cortical mechani-
cal properties need to be ascertained.

MATERIALS AND METHODS

Cell culture

Filamin-deficient M2 melanoma cells (Cunningham et al., 1992)
were cultured at 37°C in an atmosphere of 5% CO in air in MEM
(Life Technologies, Paisley, United Kingdom) with penicillin/strepto-
mycin, glutamine and 10% of an 80:20 mix of DCS:FCS. For experi-
mentation, cells were trypsinized and plated onto 25-mm-diameter
glass coverslips and cultured overnight. All imaging was done in
Leibovitz L15 medium (Life Technologies) supplemented with 10%
fetal bovine serum.

Cell lines, transfections, and transductions

Actin-GFP, actin-PAGFP, actin-PAGFP-mRFP, and MRLC-GFP stable
cell lines were created using retroviruses generated by transfecting
293-GPG packaging cell lines (a kind gift of D. Ory, University of
Washington, Seattle, WA) with the gene of interest inserted into
pRetroQ-Ac-GFP or pLPCX vectors (Clontech, Mountain View, CA).
Cells were then selected with puromycin and subcloned as de-
scribed in Charras et al. (2006). For expression of a-actinin—-GFP, the
actin-binding domain of a-actinin, tropomodulin-RFP, and cytoplas-
mic GFP, cells were transfected with plasmids using Lipofectamine
2000 (Invitrogen, Carlsbad, CA) or Effectene R (Qiagen, Valencia,
CA) according to the manufacturer’s protocol, using 1 pg of cDNA
per well of a six-well plate, and cells were examined the following
day. The plasmid encoding o-actinin-GFP and MRLC-YFP were de-
scribed in Charras et al. (2006), the plasmid encoding mRFP-PAGFP-
actin is described in Kueh et al. (2008), the construct for tropomod-
ulin-RFP was a kind gift from N. Watanabe (Tohoku University,
Sendai, Japan), and the construct encoding the actin-binding do-
main of a-actinin—-GFP was a kind gift from M. Murata-Hori (Temasek
Life Sciences Laboratory, Singapore). For expression of cofilin mu-
tants, cells were transduced with adenovirus encoding either cofil-
inS3A or cofilinS3E along with a red fluorescent protein that served
as a marker of transduction. Adenovirus production and handling
was effected as described in Mseka et al. (2007). Cofilin constructs
were a kind gift from J. Bamburg (Colorado State University, Fort
Collins, CO) and adenoviruses a kind gift from L. Cramer (University
College London, London, United Kingdom).

Drug treatment

Cytochalasin D, latrunculin B, and SMIFH2 were purchased from
Merck Biosciences (Darmstadt, Germany). Drugs were added to the
culture medium at the desired concentration, and the cells were left
to incubate for at least 30 min. Inhibitors were also present at the
same concentration in the imaging medium.

F-actin staining

For F-actin staining, cells were fixed for 15 min with 2% paraformal-
dehyde at room temperature, permeabilized with 0.1% Triton-X on
ice for 5 min, and passivated by incubation with phosphate-buffered
saline (PBS) containing 10 mg/ml bovine serum albumin (BSA) for
10 min. They were then stained with FITC—phalloidin (50 ug/ml;
Invitrogen) for 30 min at room temperature, washed several times
with PBS-BSA, and mounted for microscopy examination on a con-
focal microscope.

Confocal microcopy

All fluorescence imaging was done using a 1.3 numerical aper-
ture/100x oil-immersion objective on a scanning laser confocal
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microscope (Olympus FluoView FV1000; Olympus, Tokyo, Japan).
Fluorophores were excited at 488-nm wavelength for GFP-tagged
proteins and 543-nm wavelength for RFP-tagged proteins or
rhodamine. For live microscopy, laser intensities of 5-15% of a
20-mW laser were used to obtain a strong signal while minimizing
image acquisition-induced fluorescence loss. Images were acquired
at 0.2- to 1-s intervals to minimize the general loss of fluorescence
due to imaging while still sampling fluorescence recovery sufficiently
rapidly.

FRAP and FLAP protocol

In both FRAP and FLAP experiments, a small circular region of
interest (r = 2 pm) centered on part of the cell cortex was imaged
(Figures 1 and 2A\). In the center of this region of interest, a smaller
circular bleaching/photoactivation region (r = 1 um) containing
both cortex and cytoplasm was chosen. This choice of imaging and
bleaching region helped to minimize acquisition-induced fluores-
cence loss by not exposing the whole cell volume to light. After
photobleaching/activation, fluorescence recovery/decay was fol-
lowed separately in the cortex and the cytoplasm by segmenting
these areas based on prebleach/activation images.

To assess the fluorescence loss due to imaging-induced photo-
bleaching, we simultaneously recorded fluorescence from a cortical
region separated from the bleached region.

For FRAP experiments, bleaching was performed by scanning
the 488-nm beam operating at 100% laser power line by line over
the circular bleach region. For FLAP, photoactivatable GFP was ac-
tivated by scanning the 405-nm beam (20-mW ultraviolet laser op-
erating at 30% laser power) line by line over the circular activation
region. In both cases, our experimental protocol was as follows:
five frames were acquired for normalization of the fluorescence sig-
nal, bleaching/photoactivation was carried out with one single it-
eration of the laser pulse at 8 ps/pixel, and finally recovery/decay
was monitored over 100 frames. Frames were separated by either
100 msor 1s.

FRAP and FLAP data analysis

For the analysis of FRAP and FLAP data, we assume that the cortex
is in steady state. Thus the total number of cortical proteins is con-
stant, and the numbers of, respectively, bleached and fluorescent
proteins in the region of interest change after bleaching or photoac-
tivation at time t = 0.

In cortical regions, the total fluorescence results both from pro-
teins bound to the actin cortex and from proteins freely diffusing
through the actin mesh. Consequently, both diffusion and attach-
ment/detachment of proteins to/from the cortex determine the fluo-
rescence recovery/decay dynamics (Tardy et al., 1995, McGrath
et al., 1998). To determine the time scale of diffusive recovery in our
experimental conditions, we carried out FRAP experiments for cyto-
plasmic GFP. Within our relatively small region of interest, fluores-
cence was initially homogeneous, and, after photobleaching, recov-
ery appeared to occur homogeneously throughout the region. After
photobleaching within our regions of interest, GFP fluorescence ap-
peared homogeneous throughout the bleach region within 7 =
50 ms (Supplemental Figure S1). We can estimate the correspond-
ing diffusion constant as D = r?/7, yielding D = 20 um?/s (see Supple-
mentary Materials), which is in agreement with previously published
results. Hence, given the small diameter of our bleach zone, the ra-
pidity of diffusive recovery, and the sampling rate of our experiments
(1 frame/s), we can neglect any spatial dependence of fluorescence
in the region of interest for proteins freely diffusing in the cytoplasm
or through the actin mesh, in contrast to the analysis presented in
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Tardy et al. (1995), which examined many-times-larger bleach
zones.

From the homogeneity of the fluorescence signal of freely dif-
fusing proteins, we can furthermore conclude that within the re-
gion of interest the dynamics of protein exchange between the
cortex and the cytosol occurs on significantly slower time scales
than diffusion in the cytosol. From observation of images of the
cortex immediately after photobleaching (Figure 2A), we also
conclude that the density of fluorescent proteins freely diffusing
through the cortical mesh is the same as in the cytoplasm and
recovers rapidly after photobleaching. Hence subtracting the flu-
orescence from the cytoplasm (appropriately normalized to ac-
count for the mismatch in size between the cortical and the cyto-
plasmic parts of the region of interest) from the total cortical
fluorescence gives the fluorescence of proteins bound to the cor-
tex only (Supplemental Figures S2 and S3).

Close examination of cortical fluorescence recovery and loss
curves suggested that they could be well described by a sum of n
exponential functions (Figure 2 and Supplemental Figure S4). Con-
sequently, we could quantify our data by simply giving the corre-
sponding n time scales ;. Alternatively, the data can be quantified
in terms of n independent first-order processes. Each of these pro-
cesses effectively represents a mechanism of how the protein of in-
terest shuttles between the cortex and the cytoplasm. We will now
give a formal description of this approach and show that the disso-
ciation rates @y are directly given by the inverse of the time scales,
o4, = 1/14,;, whereas some more information is needed to infer the
association rates @, ; Note that molecular information is not required
to infer the values of the various rates. Still, by observing changes in
the association and dissociations rates upon drug treatment or ge-
netic modifications, we can characterize the molecular processes
underlying cortex turnover.

Let F; denote the fluorescence associated with cortical molecules
in the region of interest that turn over through processes i = 1,...n.
Then

%Fi:_a’d,il:f'*'wa,fo (n
with Fp being the fluorescence of freely diffusing molecules in the
cortex region. Owing to the fast diffusive exchange with the cyto-
plasm and the small overall fraction of proteins that are bleached or
photoactivated, Fyin Eq. 1 can be taken as constant. In steady state,
the rates g j and @, ; are tightly coupled, as we have wgy; F; = @, iFo.
Hence, in the following, we report only the values of the dissociation
rates wq,; as a measure for protein turnover associated with the re-
spective processes.
The solution to Eq. 1is

F(D)=(1-e") 2L F 4 6 F (t=0) %
Oy

In an ideal FRAP scenario, F{t = 0) = 0, whereas for FLAP, Fy = 0.

The total fluorescence from cortical molecules is then F = Z; F.ln

steady state, the relative abundance of molecules participating in
process i is given by

fol o= el 3

The values of wg; and f; are obtained directly from fitting the
function F = 2;5 to the experimental data. Knowing the total fluo-
rescence F of cortical F-actin and Fy of the cytoplasm, we can also
determine the effective association rate ®, ; through
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F
o, =0, f F (4)

0

In practice, functions F with increasing n were fitted to the FRAP
and FLAP curves by adjusting the values of Fj(t="0), w, iFo, and g
using custom-written Matlab routines (MathWorks, Natick, MA)
until three conditions were met: the goodness of fit estimated by
the coefficient of determination r? no longer increased, the total
change in fluorescence associated with process n was <107, and
the sum of squared errors no longer decreased. In our experi-
ments, the order n of the fit functions was the same for all curves,
corresponding to a specific experimental condition. An example
of this procedure is presented in the Supplementary Materials
(Supplementary Figure S10).

In experiments, the measured dissociation rates mq; have two
contributions: one resulting from protein turnover, the other from
photobleaching due to imaging. We corrected the measured rates
by subtracting the bleach rate obtained from a single-exponential fit
to the fluorescence loss curve that was obtained as described in the
description of the FRAP and FLAP protocols. In all cases, the correc-
tion due to bleaching was within the error bars of the measured
dissociation rate.

To visualize the different processes participating in turnover, as
well as the effects of drug treatment and genetic perturbations on
them, we produced logarithmic plots of the second derivative of F.
We refer to these as logarithmic acceleration plots. They consist es-
sentially of piecewise-linear segments with each segment corre-
sponding to a different process. The slopes of these segments are,
respectively, -~y ; (see Supplementary Materials).

We can relate the measured effective rates w,; and og; to
molecular reaction rates. In the case of actin binding proteins,
®,; = ko,;N;, where kg, ; is the association rate of a molecule to a
binding site and N, is the number of available binding sites along
actin filaments. This expression holds as long as the binding sites are
far from being saturated and binding is not cooperative. The rate
g ; can be directly interpreted as a molecular dissociation rate ko ;.
For actin turnover, monomer association is restricted to filament
barbed ends, and therefore we can write w,; = kon iN;, where N; is
the number of actin barbed ends participating in process i and kop ;
is the rate of monomer addition to a single filament for process i.
Furthermore, we can use the steady-state condition to relate ag ; to
the rate kof; of monomer removal from a single filament in sub-
population i. Because the number of plus ends equals the number
of filament minus ends, we can write ay;F; =k ;N;F, with F the
population-averaged fluorescence of an individual monomer. Note
that although there is a strong relation between the molecular rates
and the filament length distribution, knowledge of the latter is not
necessary to interpret the rates/processes. The rates m,; and @q;
and thus ko, j and kg ; could result from several processes occurring
on similar time scales. For example, for ku ; severing and pointed-
end depolymerization could both contribute. Changes in the rela-
tive importance of these processes would lead to changes in the
length distribution but not the value of wg;and w, ;.

For comparison with previous studies, we report also the half-
time ty,, after which half of the fluorescence has been recovered or
lost as a rough, model-free quantification of our data.
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