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Abstract

Using the approach of sequencing the V3-V4 region of the 16S
rRNA gene, we have analyzed the bacterial diversity associated
with the gut and “body” (other parts of nematode after dissection:
cuticle, epidermis and longitudinal muscles, etc) of Cystidicola
farionis parasitizing the swim bladder of different morphotypes of
the nosed charr. Comparisons of the gut microbiota of nematodes
with their “body” has revealed that the associated microbiota are
closely related to each other. Taxonomic analysis indicated that the
relative abundances of the dominant nematode-associated bacteria
varied with individual fish. The common dominant microbiota of the
gut and “body” of nematodes were represented by Aeromonas,
Pseudomonas, Shewanella, and Yersinia, while the associated
microbiota of the swim bladder of the nosed charr was dominated
by Acinetobacter, Cetobacterium, Pajaroellobacter, Paracoccus,
Pseudomonas, Shewanella. By comparing the associated microbiota
of nematode parasitizing the different morphotypes of the nosed
charr the difference in richness estimates (humber of OTU’s and
Chaol) were revealed between the N1g and N2 morphs.
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Aquatic organisms constantly interact with different
microbial communities that inhabit the surrounding
environments. The microbial community is an integral
and essential part of all vertebrates and invertebrates,
and plays an important role in a plethora of different
physiological processes including development, nutri-
tion, reproduction, and immunity (Lathrop et al., 2011).
The microbial communities are formed by bacteria
and fungi, as well as archaea, viruses and protozoa
(Bisen et al., 2012). Colonization of the different host

tissues and organs by a microbial community leads to
establishment of the symbiotic relationships between
the host organism and microbiota (Glendinning et al.,
2014). In the same time, in nature, the host organism
has symbiotic relationships with various groups of
parasites (Bisen et al., 2012).

The host-helminthes-microbiota interactions are
intensively studied in mammalian systems, with em-
phasis given to the nematode-host interactions. The
majority of these studies were conducted on the
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model species Caenorhabditis elegans in laboratory
controlled cultures (Petersen et al, 2014; Zhang
et al., 2017). However, the gut microbiota of free-
living nematodes from natural environments has also
been studied (Berg et al., 2016; Dirksen et al., 2016;
Samuel et al., 2016). Experimental studies regarding
the nematode-associated microbiota have shown
that nematodes play an important role in host health
and different physiological functions (Zheng et al.,
2020). Thus, infestations by the nematode Trichuris
muris in mice and pigs shifts their metabolism
and leads to the reduction in a large number of
metabolic products (Li et al., 2012; Houlden et al.,
2015). In mice, the nematode infestation in the small
intestine by Heligmosomoides polygyrus leads to
an increased abundance of Lactobacillaceae and
Enterobacteriaceae species (Walk et al., 2010).
The health benefits to the host of probiotic use of
Lactobacillaceae have been amply demonstrated in
humans, other mammals and fish (Fijan, 2014), so
this benefit of nematode presence, can be seen to
be just as beneficial as the presence of the bacterial
component of the microbiome.

Interactions between bacterial diversity found
in the host and the microbes associated with the
helminthes have been studied less extensively in
fish. To date, it has been shown that different ecto-
and endoparasites of fish are known to harbor a
unique bacterial community (Hughes-Stamm et al.,
1999; Poddubnaya and Izvekova, 2005; Korneva and
Plotnikov, 2006; Llewellyn et al., 2017; Gongalves
et al., 2020; Kashinskaya et al., 2020, 2021). In
particular, a bacterial species was found to colo-
nize the different areas of cestode teguments of
Trianophorous nodulosus, Eubothrium rugosum and
Ligula intestinalis from the intestine of pike, burbot,
and bream, correspondingly (Izvekova and Lapteva,
2004). Similarly, a specific bacterial community on
the surface of the intestinal trematode Gyliauchen
nahaensis was found on the dorsal surface and
excretory papillae regions (Hughes-Stamm et al.,
1999). Also, microbiota of the ectoparasitic Gyrodac-
tylus avalonia (Monogenea) on the skin of fish was
also characterized (Cusack and Cone, 1985). Several
studies have also demonstrated ultrastructural fea-
tures and methods of attachment of bacteria to
the tegument of cestodes (Korneva and Plotnikov,
2012; Poddubnaya and lzvekova, 2005). Most of
these studies reported so far are focused on the
morphological and physiological characteristics of
bacteria associated with parasites inhabiting the
intestine of fish (Hughes-Stamm et al., 1999; Izvekova,
2003; Poddubnaya and lIzvekova, 2005; Korneva
and Plotnikov, 2006, 2012). There are only a few

studies that have used V3-V4 16S rRNA sequencing
technologies to create a metagenome library for
analysis of the microbiota associated with tegument of
cestodes and microbiota of ectoparasites (Llewellyn
et al., 2017; Gongalves et al.,, 2020; Kashinskaya
et al.,, 2020, 2021).

Despite the ubiquity of parasitic organisms in
fish, the role of the nematode-associated microbiota
remains poorly understood (Goncalves et al., 2020).
Based on the relatively large body size (up to
570 mm according to Lankester and Smith, 1980
and our observation), the nematodes from the genus
Cystidicola (family Cystidicolidae) can be a fit model to
study fish-microbe-nematode interactions. Cystidicola
farionis parasitizes the swim bladder of fish from the
families Salmonidae and Osmeridae, with distribution
in Europe, Asia, and North America (Menconi et al.,
2019). C. farionis has a complex life cycle that includes
an amphipod crustacean as first intermediate host and
a fish as definitive host (Lankester and Smith, 1980;
Moravec, 1994). Recent studies have demonstrated an
indicative role of the abundance of C. farionis in trophic
diversification between sympatric morphotypes of
salmonids (Knudsen et al., 1996, 2006; Busarova
et al., 2017). Thus, the endemic nosed charr, belonging
to Salvelinus malma complex inhabiting the littoral
zone of Lake Kronotskoe (Kamchatka, Russia) is
divided into several morphological groups, which
spawn in different grounds and can be considered
as morphs (N1a, N1g, N2, and N3). The N1g, N2, and
N3 morphs predominantly feed on gammarids, and
are characterized by a high level of infestation with
C. farionis; while the N1a morph feeds mostly on
larvae and pupae of chironomid and on mollusks, and
is characterized by a low infestation with C. farionis
(Busarova et al., 2017).

Thus, the main aim of the present study was to
estimate the composition and structure of microbial
communities of the gut and “body” (cuticle, epidermis
and longitudinal muscles, etc) of Cystidicola farionis
nematodes, as well as microbiota of the swim bladder
of its host — the nosed charr morphs.

Materials and methods

Study area and sampling

Four individuals of the nosed charr (Fig. 1B) with total
weight 370.1 + 95.5 and total length 345.0 + 34.2 mm
were collected from September 30 to October 01,
2020 in the littoral zone of Lake Kronotskoe (Fig. 1A),
which is the biggest lake in the Kamchatka Peninsula
(Russia, 54°47"11” N 160°13'36” E). The lake area is
about 246 km? and has an average depth of 58 m with
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Figure 1: Sampling site (A) of C. farionis (C) parasitizing the swim bladder of different morphs of
the nosed charr (B). Picture by P.G. Vlasenko.

maximum 136 m. Many rivers and streams flow into
the lake, the largest of which are the Listvennichnaya,
Unana and Uzon rivers. The lake drains into the
Kronotskaya River which flows 39 km southeast
into the Pacific Ocean (Busarova et al., 2017). Fish
were captured using gill-nets (mesh sizes 35 and
45 mm) and transported alive to the laboratory in
plastic containers filled with water from the site of fish
capture (duration approximately 30 min). All fish were
sacrificed and aseptically dissected as previously
described (Kashinskaya et al., 2015). Male and female
fish were identified according to gonadal development
and the type of morph (N1g or N2) was assigned
(Table 1). The level of infestation by C. farionis in the
swim bladder of analyzed fish were registered.

Isolation and dissection of nematodes

The swim bladder was removed aseptically from
the body cavity of fish and placed into a sterile Petri
dish. C. farionis individuals (Fig. 1C) were retrieved
from the swim bladder using sterile forceps. Before
dissection, the nematodes were washed three times
in sterile Ringer buffer (pH = 7.4) to remove surface-
adherent particles of mucus from the host swim
bladder and afterward placed into a sterile Petri dish.
In total, 115 individual nematodes were dissected and
their guts were removed using a sterile microsurgical
forceps, scissors, and scalpel. The “head” end of
the nematode was fixed by forceps in order to cut

it with scissors. After that, the same manipulations
were repeated with the “tail” end of the nematode.
Then, the gut was pulled out from the “body” by
sterile forceps. All procedures were conducted
under stereomicroscope with 8-64x magnification
(Carl Zeiss, Stemi™ DV-4). Finally, “body” remains of
dissected nematodes, their guts, and mucosa from
the nosed charr swim bladder were taken separately
to analyze the associated microbiota. By using
the term “body” hereinafter it will be understood
this refers to the cuticle, epidermis and longitudinal
muscles, etc. which remained after dissection of
nematodes and isolation their gut. Taking into account
that washing of nematodes in different solution does
not mean a complete removal of bacteria from their
surfaces and that muscles of nematodes have been
considered to be sterile, we can then conclude that
the microbiota of the “body” is mostly the microbiota
of the external surfaces (cuticle) of the nematode.
To check our assumptions, we used micro surgery
instruments, as a more relevant method to separate
the gut microbiota from microbial communities of
the other nematode’s parts (cuticle, epidermis and
longitudinal muscles, etc).

The samples of “body” and guts were collected
in pools ranging from five to twenty individuals of
nematodes (depending on their size) from each
studied fish. The number of pooled biological
replicates ranged from one to four for each fish
although the actual number depended upon the
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Table 1. Descriptions of samples used in this study.

Type of sample

Ecological Body Total Fork . . Number of
. . for microbiome
group of fish weight, g length, mm length, mm . pooled samples
analysis

1-N1g F 304.4 355.0 309.0 Gut 15
Gut 15
“Body” 15
“Body” 15
Swim bladder 1

2-N1g M 652.1 438.0 400.0 Gut 20
“Body” 20
Swim bladder

3-N2 M 229.6 292.0 260.0 Gut 5
Gut 5
Gut 10
Gut 25
“Body” 5
“Body” 5
“Body” 10
“Body” 25
Swim bladder 1

4-N2 F 294.3 295.0 333.0 Gut 20
“Body” 20
Swim bladder 1

level of infestation. (Table 1). All samples were frozen
in liquid nitrogen immediately after dissection and
transferred to —80 °C storage prior to DNA extraction.

Parasitological analysis

During June-August of 2013, June-November of
2014, and September-November of 2020, 323 indivi-
duals of nosed charr were collected in order to
estimate the prevalence and intensity of infestation by
C. farionis. All fish were dissected and swim bladder
was extracted and the number of C. farionis was
registered. The prevalence (P), intensity, and mean
abundance of parasite infestation were calculated
according to the definitions by Bush et al. (1997).

The prevalence (P) of parasite infestation (in %)
was calculated as P = [*100/N, where [ is the number
of infested host and N is the total number of hosts
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examined. Mean intensity of infestation (/) was asse-
ssed as the average of number of individuals of a
particular parasite species (K) in a single infested host
(n): 1 = K/n.

Genetic identification of parasites

For genetic characterization, Cystidicola farionis colle-
cted from two nosed charr, were preserved in 96%
ethanol and stored at 4°C until DNA extraction. Total
DNA was extracted from single ethanol-preserved
individuals of parasites using the DNA-sorb B kit follo-
wing manufacturer’s protocols (kit for DNA extraction,
Central Research Institute of Epidemiology, Russia).
The 28S nuclear ribosomal large subunit rRNA gene
(28S rBNA) was amplified using the following primers
(forward 5-AGCGGAGGAAAAGAAACTAA-Z', reverse
5-TCGGAAGGAACCAGCTACTA-3) and PCR con-



ditions as described in Nadler et al. (2006). The
fragment of the 18S nuclear ribosomal small subunit
rRNA gene (18S rRNA) was amplified using the pri-
mers (forward 5-AGCGGAGGAAAAGAAACTAA-3,
reverse 5-TCGGAAGGAACCAGCTACTA-3’) and PCR
conditions as described in Floyd et al. (2005). Double-
stranded DNA was amplified using BioMaster HS-
Tag PCR-Color (2x) kit (Biolabmix, Novosibirsk,
Russia) according to the manufacturer’s instructions
(http://biolabmix.ru/products/klassicheskaja_pcr/
biomaster_hs-tag_pcr-color__2_/). The PCR products
were purified by adsorption on Agencourt Ampure
XP (Beckman Coulter, Indianapolis, IN, USA) columns
and subjected to Sanger sequencing using the BigDye
Terminator V.31 Cycle Sequencing Kit (Applied Bio-
systems, Waltham, MA, USA) with subsequent unin-
corporated dye removal by the Sephadex G-50 gel
filtration (GE Healthcare, Chicago, IL, USA). The Sanger
products were analyzed on an ABI 3130XL Genetic
Analyzer (Applied Biosystems). The purification and
sequencing of PCR products were performed in the
SB RAS Genomics Core Facility (Novosibirsk, Russia).
Manual editing, alignment of sequences, distances and
phylogenetic analysis were performed with MEGA 7
(Kumar et al., 2016).

Phylogenetic reconstruction was performed using
the maximume-likelihood method with the K2 + G
model of nucleotide substitutions. Test of phylogeny
were calculated using the Bootstrap method with

1000 replications. The nearest-match sequences from
GenBank were used for phylogenetic reconstructions
(Table 2). Newly obtained sequences were deposited
into GenBank (NCBJI) under the following accession
numbers: MZ151867-MZ151869 for large subunit ri-
bosomal RNA gene, MZ150507-MZ150509 for small
subunit ribosomal RNA gene.

Sample preparation, DNA extraction, and
16S rDNA metagenomic sequencing of
microbial communities

Before DNA extraction, parasites, “body” remains
and swim bladder were collected into sterile micro-
centrifuge tubes with lysis buffer (300 pl) for DNA
isolation and mechanically homogenized by pestle for
1 min. Following the kit manufacturer protocols, DNA
was extracted using the DNA-sorb B kit (NextBio,
Russia). The DNA extraction protocol was previously
described in Kashinskaya et al. (2020). DNA from a
sample containing only sterile deionized water was
extracted and included in PCR as a negative control.
Before amplification and sequencing of V3-V4 variable
region of the 16S ribosomal RNA (rRNA) gene,
samples with isolated DNA were mixed in equimolar
concentration depending on the type of analyzed
sample (Kashinskaya et al., 2015). Sequencing of
the V3, V4 hypervariable regions of 16S rRNA genes

Table 2. Nearest-match identification of C. farionis to known sequences in NCBI

database.
GenBank acc. no. Gene Species
JF803919.1 small subunit ribosomal RNA gene (18S) partial C. farionis
MG594291 .1 small subunit ribosomal RNA gene (18S) partial C. farionis
DQ094172.1 small subunit ribosomal RNA gene (18S) partial Ascarophis arctica
MN294781.1 small subunit ribosomal RNA gene (18S) partial Comephoronema werestschagini
MN294783.1 small subunit ribosomal RNA gene (18S) partial Capillospirura ovotrichuria
MG594289.1 small subunit ribosomal RNA gene (18S) partial Capillospirura sp.
JF934733.1 small subunit ribosomal RNA gene (18S) partial Proleptus sp.
DQ442660.1 small subunit ribosomal RNA gene (18S) partial Neoascarophis macrouri
JF803921.1 small subunit ribosomal RNA gene (18S) partial N. longispicula
JF803926.1 small subunit ribosomal RNA gene (18S) partial Heliconema longissimum
JF803949.1 small subunit ribosomal RNA gene (18S) partial H. longissimum
JF803930.1 small subunit ribosomal RNA gene (18S) partial Ascarophis adioryx
MT086834.1 large subunit ribosomal RNA gene (28S) partial C. farionis



was carried out on an lllumina MiSeq sequencing
platform (500 cycles - 2 x 300 paired-end) by Evrogen
(Moscow, Russia) using the primer pair S-D-Bact-
0341-b-S-17, 5-CCTACGGGNGGCWGCAG-3’ and
S-D-Bact-0785-a-A-21, 5-GACTACHVGGGTATCTAAT
CC-3' (Klindworth et al., 2013).

The ampilification conditions and other methods
were applied according to the original manufacturer’s
protocol (smetagenomic-libraryul of reverse primer
(1 pM), 5l of forward primer (1 uM) and 12.5 pl of
2x KAPA HiFi Hotstart ReadyMix (KAPA Biosystems,
Wilmington, MA, USA) in a total volume of 25 puL. The
PCR reaction was performed on a 96-well 0.2 ml PCR
plate (Life Technologies) using the following program:
95°C for 3 min, followed by 25 cycles of 95°C for 30 s,
55°C for 30 s and 72°C for 30 s and a final extension
step at 72°C for 5 min. After producing amplicons, the
libraries were cleaned up and mixed in equimolecular
portions using SequalPrepTM Normalization Plate Kit
(ThermoFisher, Cat # A10510-01) and checked using
capillary electrophoresis. Samples were multiplexed
using a dual-index approach with the Nextera XT Index
kit (llumina Inc., San Diego, CA, USA) according to the
manufacturer’s instructions.

16S rRNA gene sequence

Forward and reverse read pairs were merged and
quality filtered with Mothur 1.31.2 (Schloss et al., 2009).
Any reads with ambiguous sites and homopolymers
of more than eight bp were removed, as well as
sequences shorter that 350 or greater than 500 bp.
QIME 1.91 (Caporaso et al., 2010) was used for
the further processing of the sequences. De novo
(abundance based) chimera detection using USEARCH
6.1 (Edgar, 2010) was applied to identify possible
chimeric sequences (‘identify_chimeric_seqs.py’ with
an option ‘-m usearch61 in QIIME). After chimera
filtering, the QIIME script ‘pick_open_reference_otus.
py’ with default options was used to perform open-
reference OTU picking by UCLUST (Edgar, 2010),
taxonomy assignment (UCLUST), sequence alignment
(PyNAST 1.2.2; Caporaso et al., 2010) and tree-building
(FastTree 2.1.3; Price et al, 2010). This algorithm
involves several steps of both closed-reference and
open-reference OTU picking followed by taxonomy
assignment, where the SILVA core reference alignment
(release 132; Quast et al., 2013) was used as a
reference. Chloroplast, mitochondria and non-bacterial
sequences were removed from further analysis. An
addition, the singletons were removed from feature
table.

The richness (humber of OTU’s and Chaol index)
and diversity estimates (Shannon and Simpson
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index) per sample were calculated using QIIME 1.9.1
(Caporaso et al., 2010). Then, the samples were rarified
to the lowest sequencing effort (1667 sequences) using
QIIME. Such sequencing effort allowed us to include
as many samples as possible in further analyses
without reducing the power of the statistical methods.
Increasing the sequencing effort did not change the
obtained results, but reduced the number of analyzed
samples. Nucleotide sequences were deposited in
the Sequence Read Archive (SRA NCBI), accession
number PRINA727704.

Statistical analyses

All data are presented as a mean + standard error (SE).
For estimating the differences between the richness
and diversity estimates, a non-parametric Kruskal—
Walllis test with Dunn’s multiple comparisons test was
applied. A weighted UniFrac (Lozupone and Knight,
2005) dissimilarity matrix was calculated in QIIME and
used for downstream analyses. The matrix was used
to perform principle coordinates analysis (PCoA)
to visualize differences among groups of samples.
Permutational multivariate analysis of variance using
distance matrices was used as implemented in the
‘adonis’ function of the vegan R package (Oksanen
et al., 2018). Pairwise comparisons for all pairs of
levels of used factors were performed using ‘adonis.
pair’ function of the EcolUtils R package (Salazar,
2018). Analysis of multivariate homogeneity of group
dispersions (variances) to test if one or more groups
is more variable than the others, was performed using
the ‘betadisper’ function of the vegan R-package. In
all the aforementioned tests statistical significance
was determined by 10 000 permutations.

Results

The prevalence and mean intensity of
parasite infestation

Parasitological analysis of 323 individuals of nosed
charr observed at different years (2013, 2014 and
2020) in Lake Kronotskoe has revealed that the
prevalence of C. farionis ranged from 63 to 100%.
The intensity of parasite infestation ranged from
zero to 550 (Table 3). Prevalence levels observed in
different months of 2014 were high and remained
stable during all the sampling time.

Molecular identification of parasites

Four new sequences (two 28S rRNA and two 18S rRNA
sequences) were obtained from C. farionis parasitizing



Table 3. Prevalence, intensity and mean abundance of C. farionis in swim bladder of
three morphs of nosed charr at different sampling times.

Year Month Prevalence, %

Nosed charr N1 (n = 227)?

2013 VI-VIII 69
2014 VI 96
VI 84
Vil 87
IX —P
X 94
Xl 100
Nosed charr N1g (n = 2)
2020 [X-X 100
Nosed charr N2 (n = 57)
2013 VI-VIII 82
2014 VI 63
VI 80
Vil 100
IX 100
X 100
X 100
2020 [X-X 100
Nosed charr N3 (n = 37)
2013 VI-VIII 88
2014 VI -
VI 100
Vil 100
IX 74
X 100
X -
2020 [X-X -

[7P=]

Notes: #“a” and “g

the swim bladder of nosed charr. Two sequences (28S
rRNA and 18S rRNA) obtained from the C. farionis
parasitized in the smallmouth charr were also used in
the analysis. The 28S rRNA fragment with length of 866
base pairs were identical to C. farionis from GenBank
under accession number MT086834.1. According to
the 18S rRNA obtained with sequence length of 756
base pairs a phylogenetic ML-tree was constructed
with Ascarophis adioryx as outgroup taxa (Fig. 2).

Intensity = Mean abundance Number of fish
0-328 83.0 +3.9 13
0-452 144.0 + 15.4 49
0-335 131.0+13.6 50
0-526 150.0 + 18.2 38
0-550 140.0 + 18.2 47
12-508 154.9 + 23.4 30
15-20 16.6 + 5.0 2
0-685 172.0 + 44.8 17
0-274 126.0 + 42.0 8
0-362 179.0 + 38.9 10
43-252 118.0 + 28.8 8

23 23.0 1
130-376 243.0 + 33.1 8
155-466 333.0 +92.0 3

5-45 325+125 2

0-519 205.0 £ 58.2 8
28-225 130.0 + 44.5 4

420 420.0 1

0-466 102.0 + 24.04 23

318 318.0 1

variations of N1 morph are presented together. °No data.

Together with the previously published sequences
obtained from C. farionis, the original sequences
formed a separate clade. The low value of bootstrap
support observed for this clade was due to the low
variability of the 18S rRNA gene. In general, the
C. farionis clade was located on the tree as part of
a common weakly resolved clade with Ascarophis
adioryx, Comephoronema werestschagini, and the
genus Capillospirura.
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Figure 2: 18S rRNA gene tree reconstruction based on ML methods.

The richness and diversity estimates of
microbial communities

Between different sample types

According to Dunn’s post hoc test the number of
observed OTU’s and Chaol value in the microbial
community were significantly (OTU’s: z = -2.2, p =
0.045; Chaot: z = -2.2, p = 0.042) higher in intestine
(812.0 £ 41.7 and 567.0 + 89.8, correspondingly)
than in the microbiota associated with swim bladder
(167.3 £ 33.4 and 296.4 + 75.6, correspondingly).
Significant differences were also observed in the
number of OTU’s between the “body” of nematodes
(810.5 + 46.8) and swim bladder (£ = 2.1, p = 0.025).
No significant differences in richness (number of
observed OTU’s and Chao1) and diversity estimates
(Shannon and Simpson) were found between micro-
biota associated with gut and “body” of nematodes
(p > 0.05). Also, there were no significant differen-
ces in Shannon and Simpson estimates found in
associated microbiota of nematodes in compari-
son with the swim bladder of nosed charr (p > 0.05)
(Fig. 3A).

8

Between different fish morphs

The estimation of the number of OTU’s and Chaot
value of associated microbiota of nematodes and
swim bladder has shown with significance, that the
highest richness (OTU’s: %2 = 8.9, p = 0.003; Chaot:
x2 = 9.3, p = 0.002) was observed in the nematodes
of nosed charr from the morph N2 (345.3 + 34.6
and 638.8 + 66.3, correspondingly), while the lowest
was detected in the morph N1g (188.3 = 20.5 and
288.1 + 26.1, correspondingly) (Fig. 4A). No significant
differences in Shannon and Simpson values were
found in the microbial community of nematodes from
both morphs of nosed charr (p > 0.05).

Associated microbiota of nematodes

Eight, nine and ten phyla were registered in the
associated microbiota from swim bladder of nosed
charr, and the gut and “body” of nematodes, res-
pectively. In all samples the dominant phyla were
Proteobacteria for which abundances ranged from
67.9 to 99.7%. The phyla Actinobacteria, Firmicutes
and Fusobacteria were also found in a significant



>
*
*
*
w

400 - 750 -
n!l)
o
[5 300 -
ol ° °
o g 500
— =
2 200- ©
g
=
Z 100 250 -
S
=
N
. ) ) . ) . —
Body Swim  Gut Body ~ Swim Gy ©
bladder bladder =
[q\]
<
| S
4- - ~
n 0.75-
=
S 3- =
£ S
15 =%
172} R=|
n

0.25-

Body Swim  Gut Boldy Swim G‘ut
bladder bladder

0.4 o

-0.2 0{0 0.2 0.4
PCoA 1 (18.29%)

Figure 3: Diversity analysis of microbial community associated with nematodes Cystidicola
farionis. (A) The richness and diversity estimates of microbial communities. (B) Principal
coordinates analysis (PCoA) for nematode-associated microbiota: red—“body”, green—swim
bladder, blue—gut. The asterisk character indicates significance at p < 0.05.

amount (13.7, 19.3 and 20.2%, correspondingly) of the
associated microbial communities, but their relative
abundances were dependent on the individual hosts.
Thus, Actinobacteria and Firmicutes of both intestine
and “body” were more abundant in the associated
microbiota of individuals 2 and 3 in comparison with
the other fish. Fusobacteria were more abundant
in the associated microbiota of swim bladder than
in microbiota of the gut and “body” of nematodes
(Fig. 5A). At the lowest taxonomical level examined,
the microbiota of gut and “body” of nematodes was
mainly represented by Aeromonas, Pseudomonas,
Shewanella, and Yersinia. The dominant microbiota of
the swim bladder were Acinetobacter, Cetobacterium,
Pseudomonas, Shewanella, Yersinia and unclassified
Enterobacteriaceae (Fig. 5B). The relative abundances
of the main dominant (with abundance more than
3%) of nematode microbiota also varied between
individuals of fish. Thus, Cutibacterium, Lawsonella,
Staphylococcus, and Tumebacillus were more
abundant for both intestine and “body” of nematodes
in individuals 2 and 3 in comparison with other
fish. The differences in the bacterial community of
nematodes parasitizing the swim bladder of nosed
charr also depends on the type of tissue analyzed.

Thus, Paracoccus were registered only in the
microbiota associated with the swim bladder, and
bacteria from the genera Lawsonella, Staphylococcus,
Tumebacillus and unclassified Alicyclobacillaceae
were detected in the microbiota of the intestine and
“body” of nematodes, in comparison with microbiota
of swim bladder.

According to the ADONIS test (data not shown) the
microbiota associated with the gut of nematodes was
not significantly different from microbial communities
of their “body” or swim bladder (p > 0.05), nor bet-
ween different morphs of fish (p = 0.057). But, the
principal coordinates analysis (PCoA) also showed
a clear grouping of gut and “body” of nematodes in
comparison with microbiota associated with the swim
bladder of fish, as well as microbiota of nematodes
from morph N1g and N2 (Figs. 3 and 4B). The lack
of significance of these observations may be due
to the strong inter-individual variation in microbiota
composition.

Discussion

To date, there have been only a few studies that fo-
cused upon the bacterial communities associated with
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Figure 4: Diversity analysis of the microbial community associated with nematodes Cystidicola
farionis parasitizing the swim bladder of two morphs of nosed charr. (A) The richness and
diversity estimates of microbial communities. (B) Principal coordinates analysis (PCoA) for
nematode-associated microbiota: red—morph N1g of nosed charr, blue—morph N2 of nosed
charr. The asterisk character indicates significance at p < 0.05.

fish parasites. Most previous studies have focused on
the morphological and physiological characteristics of
bacteria associated with parasites inhabiting the fish
intestine (Hughes-Stamm et al., 1999; Poddubnaya
and Izvekova, 2005; Korneva and Plotnikov, 2006,
2012; Llewellyn et al., 2017; Gongalves et al., 2020;
Kashinskaya et al., 2020, 2021). For example, using
the methods of transmission and scanning electron
microscopy for examining bacterial diversity, Korneva
and Plotnikov (2006) demonstrated that the intestine
of Esox lucius and the tegument of Triaenophorus
nodulosus were inhabited not only by microbiota of
well-known morphs of bacteria such as various cocci,
bacteria from the Vibrio group, and rod-like bacteria, but
they also documented different morphological forms
of very small bacteria with 0.25 to 0.3 nm in diameter
and spirochaetes (Korneva and Plotnikov, 2006). Other
studies, applying culture-dependent methods, have
focused on determination of the gut bacterial diversity
of fish in different host-parasite system such as pike
Esox lucius (Triaenophorus nodulosus), stone loach
Barbatula barbatula (Proteocephalus torulosus), perch
Perca fluviatilis (Proteocephalus percae), Eurasian
ruffe Gymnocephalus cernuus (Proteocephalus cern-
uae). The dominant microbiota identified from those
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fish was represented by taxa that included oppor-
tunistic pathogens from the genera Aeromonas,
Vibrio, Pseudomonas, Shewanella, Hafnia, Yersinia,
and Carnobacterium (Korneva and Plotnikov, 2012).
Several authors have also discussed that the symbiotic
microbiota from helminths and bacteria from fish
intestine may produce different digestive enzymes,
such as proteases, that participate in the digestive
processes of both the parasite and their host (Izvekova,
2003).

In the present study, the microbiota associated
with the intestinal tract and “body” of C. farionis as
well as microbiota of a swim bladder of the nosed
charr were investigated for the first time, using the
approach of sequencing the V3-V4 region of the
16S rRNA. As shown early, the nematodes parasiti-
zing the swim bladder of fish may cause several
pathological changes of the swim bladder through
physical movements of parasites and excretion of
toxic metabolites (Menconi et al., 2019). Thus it has
been shown, during the swim bladder infestation
by Anguillicola crassus the migration process of
A. crassus larval was characterized by epithelial
hyperplasia and hyperaemia of the swim bladder
wall (Molnar et al., 2016). Despite a higher level of
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C. farionis infestation, parasitological examinations
have revealed no significant pathological changes
of the swim bladder during the sampling period. In
2014 in Lake Kronotskoe the level of prevalence and
intensity of C. farionis infestation was studied during the
entire period of vegetation (from June to November).
It is interesting that during all the months of study the
level of prevalence and intensity remained high. Such
patterns can be apparently related with selective
feeding by the nosed charr on gammarids, which are
infested by the invasive stages of C. farionis (Busarova
et al., 2016). Sokolov and Gordeev have shown that

) Ambiguous taxa of Enterobacteriaceae, (
) Acinetobacter, () Pseudomonas, () unc. Gammaproteobacteria,

) Yersinia, (1) unc. other

the prevalence and intensity of amphipod infestations
by the larvae of these helminths was quite high and
reached 21.6% and 0.29, correspondingly (Sokolov
and Gordeev, 2014; Busarova et al., 2016). Both
morphs of nosed charr (N1g and N2) predominantly
feed on gammarids and are characterized by a
similar high infestation with C. farionis (Esin and
Markevich, 2017). As shown early by isotope analysis,
these morphs were differentiated into peculiar
trophic niches (Esin et al.,, 2020). Based on these
observations, we hypothesized that the associated
microbiota of nematodes of both morphs would be
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different. Our observations are in agreement with their
previous findings. According to sequencing results
the richness estimates of the microbial community
associated with the nematode parasitizing the nosed
charr of the N2 morph were significantly higher than
the microbiota of nematodes parasitizing the N1g
morph of the nosed charr.

The analysis of nucleotide sequences supported
that the nematodes studied belong to the species
C. farionis. We may note that C. farionis has low
variability based on parts of both the 18S and 28S
genes; although identification is supported by the
presence of identical sequences (866 b.p. of 28S) in
Switzerland from Salmo trutta, ltaly (756 b.p. of 18S)
from a hybrid of S. trutta x S. marmorata, and USA
from Coregonus clupeaformis (756 b.p. of 18S).

There is no available information related to mi-
crobiota of fish nematodes. During experimental
Pseudocapillaria tomentosa (Nematoda) infestation
the changes of the gut microbiome of zebrafish was
only discussed (Gaulke et al., 2016). In comparison
to fish, the microbiome research associated with
nematodes isolated from different environments has
become an increasingly popular area of study. Using
the 16S rRNA gene sequencing approaches the mi-
crobiota of Caenorhabditis elegans (Berg et al., 2016;
Dirksen et al., 2016; Samuel et al., 2016), various ma-
rine nematodes (Schuelke et al., 2018; Bellec et al.,
2019), soil-associated nematodes (Baquiran et al,,
2013; Berg et al., 2016; Zheng et al., 2020), a ruminant
parasite (Cortés et al., 2020), and plant parasitic nem-
atodes (Yergaliyev et al., 2020) were investigated. To
date, the most intensively studied model species for
the microbiome research is the nematode C. elegans
(Berg et al., 2016; Dirksen et al., 2016; Samuel et al.,
2016, and others). The functional role of microbiota
associated with a natural isolate of C. elegans was
also analyzed (Zimmermann et al., 2020). According
to a recent study, the microbiota of C. elegans from
natural environments were dominated mostly by En-
terobacteriaceae, Pseudomonaceae, Xanthomono-
daceae, Sphingobacteriaceae, Weeksellaceae, and
Flavobacteriaceae (Berg et al.,, 2016; Dirksen et al.,
2016; Samuel et al., 2016). Microbiota associated
with a shallow-water marine nematode Metoncholai-
mus albidus were mainly dominated by Gamma Pro-
teobacteria (Tiothrix and to Pseudoalteromonas) and
Campylobacterota (Arcobacter, Campylobacter, Sul-
furospirillum, Sulfurimonas and Sulfurovum) (Bellec
et al., 2019). Schuelke with co-authors (2018) have
observed that the microbiota of nematodes from
33 distinct morphological genera from three distinct
geographic areas does not correlate with geograph-
ical patterns, or host phylogeny and was dominat-
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ed by Acidobacteria, Actinobacteria, Bacteroidetes,
Firmicutes, Fusobacteria, Gemmatimonadetes, Planc-
tomycetes and Proteobacteria. Most of these studies
were focused on estimation of microbiota associated
with the gut of nematodes. For this purpose, the
nematode-associated microbiota of the intestinal
tract was often sampled by washing of nematodes in
sterile phosphate-buffered saline, PBS (Hogan et al.,
2019), washing with sterile water (Dirksen et al., 2016;
Schuelke et al., 2018) or subjecting the nematode’s
surface to sodium hypochlorite solution (Zheng et al.,
2017, 2020). In contrast, the alternative approach
such as an inverted micromanipulation microscope
system permits to separate the entire gut and “body”
of nematodes mechanically (Murakami et al., 2019).
In the present study, we used micro surgery instru-
ments, e.g. similar approach was used by Murakami
et al. (2019), as a more relevant method to separate
the gut of nematodes from of other nematode’s parts
for the study of the respective microbial communi-
ties. According to our observation, the microbiota of
the gut and “body” of C. farionis were represented
by similar bacterial dominants such as Aeromonas,
Pseudomonas, Shewanella, and Yersinia; but due to
high intra-individual variability the relative abundances
of these bacteria were different in each individual pool
of samples. Our results are in agreement with anoth-
er study that showed species-specific microbiomes
with a high inter-individual variability in three cryptic
species of marine nematode Litoditis marina from
shallow water (Derycke et al., 2016).

In the present study, we also characterized the
associated microbiota of swim bladder of the nosed charr
during a C. farionis infestation. As discussed previously,
this organ has been considered by several authors to be
sterile (Apun et al., 1999); however, a recent study using
the sequencing of the V4 region of the 16S rRNA gene,
has found bacteria such as Cohnella, Lactococcus
and Mycoplasma associated with the swim bladder of
healthy rainbow trout Oncorhynchus mykiss (Villasante
et al, 2019). According to our data, the dominant
microbial taxa in the swim bladder of nosed char
were Acinetobacter, Cetobacterium, Pajaroellobacter,
Paracoccus, Pseudomonas, Shewanella, and Yersinia.
To date, the method of formation of the bacterial
community associated with the swim bladder has not
yet been elucidated. It is known that in physostomous
fishes, there is a direct connection between the swim
bladder and esophagus via the pneumatic duct. This
pneumatic duct appears during the late embryonic
stage and persists throughout the entire life cycle,
while physoclistous fishes lose this connection after
the first inflation of the swim bladder (Vilasante et al.,
2019). Based on these data, a possible access route of



bacteria to the swim bladder of healthy fish can be via
the pneumatic duct. On the other hand, hypothetically,
during parasite infestations the autochthonous microbial
communities of the swim bladder can compete with
parasite-associated microbiota for ecological niches
and nutrient resources, and thereby, changing the
biochemical environment of the swim bladder habitat.
To confirm or refute of these hypotheses further studies
are needed.

In summary, for the first time the microbial comm-
unity of the nematode gut and “body”, as well as
microbiota of the swim bladder of fish were analyzed
using a next-generation sequencing approach. Our
data has shown that the nematode gut is inhabited
by a diverse microbial community which is domina-
ted by Aeromonas, Pseudomonas, Shewanella, and
Yersinia. High intra-individual variations in the relative
abundances of the dominant nematode-associated
bacteria were registered. The richness estimates of the
nematode-associated microbiota of nosed charr of the
N2 morph were significantly higher in comparison with
the microbial community of nematodes parasitizing the
N1g morph of the nosed charr. Moreover, increasing
our knowledge of gut-associated microbiota of fish
nematode parasites will help to elucidate more details
of microbe-parasite relationships.

Animal ethics

The following information was supplied relating to
ethical approvals (i.e., approving institutional body
and any reference numbers): The present research
has met the requirements guided by the order of
the High and Middle Education Ministry (care for
vertebrate animal included in scientific experiments,
text number 742 from 13-11-1984) and additionally
by the Federal Law of the Russian Federation text
number 498 FL (from 19-12-2018) with regard to the
humane treatment of animals.

Acknowledgments

This work was supported by the Russian Science
Foundation, project no.19-74-00104.

References

Apun, K., Yusof, A. M. and Jugang, K. 1999.
Distribution of bacteria in tropical freshwater fish and
ponds. International Journal of Environmental Health
Research 9:285-92.

Baquiran, J. P, Thater, B., Sedky, S., De Ley, P,
Crowley, D. and Orwin, P. M. 2013. Culture-independent

investigation of the microbiome associated with the
nematode Acrobeloides maximus. PLoS One 8:1-11.

Bellec, L., Bonavita, M.- A. C., Hourdez, S., Jebbar,
M., Tasiemski, A., Durand, L., Gayet, N. and Zeppilli, D.
2019. Chemosynthetic ectosymbionts associated with
a shallow-water marine nematode. Scientific Reports
9:1-14,

Berg, M., Stenuit, B., Ho, J., Wang, A., Parke,
C., Knight, M., Alvarez-Cohen, L. and Shapira, M.
2016. Assembly of the Caenorhabditis elegans gut
microbiota from diverse soil microbial environments.
The ISME Journal 10:1998-2009.

Bisen, P. S., Debnath, M. and Prasad, G. B. 2012.
Microbes: concepts and applications. John Wiley &
Sons, Inc., Hoboken, New Jersey.

Busarova, O. VY., Knudsen, R. and Markevich, G. N.
2016. Parasites fauna of the Lake Kronotskoe charrs
(Salvelinus), Kamchatka. Parazitologiia 50:409-25.

Busarova, O. Y., Markevich, G. N., Knudsen, R. and
Esin, E. V. 2017. Trophic differentiation of the nosed
charr Salvelinus schmidti Viktorovsky, 1978 in Lake
Kronotskoe (Kamchatka). Russian Journal of Marine
Biology 43:57-64.

Bush, A. O., Lafferty, K. D., Lotz, J. M. and
Shostak, A. W. 1997. Parasitology meets ecology on
its own terms: Margolis et al. revisited. The Journal of
Parasitology 83:575-83.

Caporaso, J. G., Bittinger, K., Bushman, F. D.,
DeSantis, T. Z., Andersen, G. L. and Knight, R. 2010.
PyNAST: a flexible tool for aligning sequences to a
template alignment. Bioinformatics 26:266-7.

Cortés, A., Wills, J., Su, X., Hewitt, R. E., Robertson,
J., Scotti, R., Price, D. R. G., Bartley, Y., McNEeilly, T. N.,
Krause, L., Powell, J. J., Nisbet, A. J. and Cantacessi,
C. 2020. Infection with the sheep gastrointestinal
nematode Teladorsagia circumcincta increases luminal
pathobionts. Microbiome 8:1-15.

Cusack, R. and Cone, D. K. 1985. A report of
bacterial microcolonies on the surface of Gyrodactylus
(Monogenea). Journal of Fish Diseases 8:125-7.

Derycke, S., De Meester, N., Rigaux, A., Creer, S., Bk,
H., Thomas, W. K. and Moens, T. 2016. Coexisting cryptic
species of the Litoditis marina complex (Nematoda) show
differential resource use and have distinct microbiomes
with high intraspecific variability. Molecular Ecology
25:2093-110.

Dirksen, P., Marsh, S. A., Braker, |., Heitland,
N., Wagner, S., Nakad, R., Mader, S., Petersen,
C., Kowallik, V., Rosenstiel, P., Félix, M.- A. and
Schulenburg, H. 2016. The native microbiome of the
nematode Caenorhabditis elegans: gateway to a new
host-microbiome model. BMC Biology 14:1-16.

Edgar, R. C. 2010. Search and clustering orders of
magnitude faster than BLAST. Bioinformatics 26:2460—1.

Esin, E. V., Bocharova, E. S., Borisova, E. A. and
Markevich, G. N. 2020. Interaction among morphologi-
cal, trophic and genetic groups in the rapidly radiating

13



Salvelinus fishes from Lake Kronotskoe. Evolutionary
Ecology 34:611-32.

Esin, E. V. and Markevich, G. N. 2017. Charrs of the
genus Salvelinus of the Asian part of the North Pacific:
Origin, evolution and modern diversity. Petropaviovsk-
Kamchatsky: Kamchatpress. In Russian.

Fijan, S. Microorganisms with claimed probiotic
properties: an overview of recent literature 2014. Inter-
national Journal of Environmental Research and Public
Health 11:4745-67.

Floyd, R. M., Rogers, A. D., Lambshead, P. J. D. and
Smith, C. R. 2005. Nematode-specific PCR primers for
the 18S small subunit rRNA gene. Molecular Ecology
Notes 5:611-2.

Gaulke, C. A., Martins, M. L., Watral, V., Kent, M. L. and
Sharpton, T. J. 2016. Parasitic infection by Pseudocapillaria
tomentosa is associated with a longitudinal restructuring
of the zebrafish gut microbiome. BioRxiv. Available at:
https://doi.org/10.1101/076596.

Glendinning, L., Nausch, N., Free, A., Taylor, D. W.
and Mutapi, F. 2014. The microbiota and helminths:
sharing the same niche in the human host. Parasitology
141:1255-71.

Gongalves, A. T., Collipal-Matamal, R., Valenzuela-
Munoz, V., Nuhez-Acuha, G., Valenzuela-Miranda, D.
and Gallardo-Escarate, C. 2020. Nanopore sequencing
of microbial communities reveals the potential role of sea
lice as a reservoir for fish pathogens. Scientific Reports
10:1-12.

Hogan, G., Walker, S., Turnbull, F., Curiao, T,
Morrison, A. A., Flores, Y., Andrews, L., Claesson, M.
J., Tangney, M. and Bartley, D. J. 2019. Microbiome
analysis as a platform R&D tool for parasitic nematode
disease management. The ISME Journal 13:2664-80.

Houlden, A., Hayes, K. S., Bancroft, A. J.,
Worthington, J. J., Wang, P., Grencis, R. K. and Roberts,
l. S. 2015. Chronic Trichuris muris infection in C57BL/6
mice causes significant changes in host microbiota and
metabolome: effects reversed by pathogen clearance.
PLoS ONE 10:1-25.

Hughes-Stamm, S. R., Cribb, T. H. and Jonest, M.
K. 1999. Structure of the tegument and ectocommensal
microorganisms of Gyliauchen nahaensis (Digenea:
Gyliachenidaea), in inhabitant of herbivorous fish of the
great barrier reef, Australia. The Journal of Parasitology
85:1047-52.

Izvekova, G. I. 2003. Proteolytic activity of microflora
associated with the digestive transport surfaces of intestine
of the burbot Lota lota and of Eubothrium rugosum
parasitized in it. Journal of Evolutionary Biochemistry and
Physiology 39:529-36.

lzvekova, G. |. and Lapteva, N. A. 2004. Microflora
Associated with the digestive-transport surfaces of fish
and their parasitic Cestodes. Russian Journal of Ecology
35:176-80.

Kashinskaya, E. N., Belkova, N. L., Izvekova, G. I.,
Simonov, E. P, Andree, K. B., Glupov and Solovyey,

14

M. M. 2015. A comparative study on microbiota from
the gut of Prussian carp (Carassius gibelio) and their
aquatic environmental compartments, using different
molecular methods. Journal Applied Microbiology
119:948-61.

Kashinskaya, E. N., Simonov, E. P, Izvekova, G. 1.,
Parshukov, A. N., Andree, K. B. and Solovyev, M. M.
2020. Composition of the microbial communities in the
gastrointestinal tract of perch (Perca fluviatilis L. 1758)
and cestodes parasitizing the perch digestive tract.
Journal Fish Diseases 43:23-38.

Kashinskaya, E. N., Simonov, E. P, Andree, K. B,
Vlasenko, P. G., Polenogova, O. V., Kiriukhin, B. A. and
Solovyev, M. M. 2021. Microbial community structure in
a host-parasite system: The case of Prussian carp and its
parasitic crustaceans. Journal of Applied Microbiology.
Available at: https://doi.org/10.1111/jam.15071.

Klindworth, A., Pruesse, E., Schweer, T., Peplies, J.,
Quast, C., Horn, M. and Gléckner, F. O. 2013. Evaluation
of general 16S ribosomal RNA gene PCR primers for
classical and next-generation sequencing-based diversity
studies. Nucleic Acids Research 41:1-11.

Knudsen, R., Klemetsen, A. and Staldvik, F. 1996.
Parasites as indicators of individual feeding specialization
in Arctic charr during winter in northern Norway. Journal
of fish biology 48:1256-65.

Knudsen, R., Klemetsen, A., Amundsen, P. -A. and
Hermansen, B. 2006. Incipient speciation through
niche expansion: an example from the Arctic charr
in a subarctic lake. Proceeding of the Royal Society
London B, Biological Science 273:2291-8. Available at:
https://doi.org/10.1098/rspb.2006.3582.

Korneva, Z. V. and Plotnikov, A. O. 2006. Symbiont
microflora colonizing the tegument of Triaenophorus
nodulosus (Cestoda) and intestine of its Host, Pike.
Parazitologiya 40:535-46.

Korneva, Z. V. and Plotnikov, A. O. 2012. Ultrastructure
adaptations of symbiotic bacteria associated with fresh-
water fish and their Cestode parasites. Inland Water
Biology 5:178-83.

Kumar, S., Stecher, G. and Tamura, K. 2016. MEGAT:
Molecular Evolutionary Genetics Analysis Version 7.0
for Bigger Datasets. Molecular Biology and Evolution
33:18701874.

Lankester, M. W. and Smith, J. D. 1980. Host
specificity and distribution of the swim-bladder nema-
todes, Cystidicola farionis Fischer, 1798 and C. cristivomeri
White, 1941 (Habronematoidea), in salmonid fishes of
Ontario. Canadian Journal of Zoology 58:1298-305.

Lathrop, S. K., Bloom, S. M., Rao, S. M., Nutsch,
K., Lio, C. W. Santacruz, N., Peterson, D. A,
Stappenbeck, T. S. and Hsieh, C. S. 2011. Peripheral
education of the immune system by colonic commensal
microbiota. Nature 478:250-4.

Li, R. W, Wu, S., Li, W., Navarro, K., Couch,
R. D., Hill, D. and Urban, J. F. Jr. 2012. Alterations
in the porcine colon microbiota induced by the



gastrointestinal nematode Trichuris suis. Infection and
Immunity 80:2150-7.

Llewellyn, M. S., Leadbeater, S., Garcia, C., Sylvain,
F.- E., Custodio, M., Ang, K. P., Powell, F., Carvalho, G.
R., Creer, S., Elliot, J. and Derome, N. 2017. Parasitism
perturbs the mucosal microbiome of Atlantic Salmon.
Scientific Reports 7:43465.

Lozupone, C. and Knight, R. 2005. UniFrac: a
new phylogenetic method for comparing microbial
communities. Applied and Environmental Microbiology
71:8228-35.

Menconi, V., Pastorino, P., Cavazza, Santi, M.,
Mugetti, D., Zuccaro, G. and Prearo, M. 2019. The
role of live fish trade in the translocation of parasites:
The case of Cystidicola farionis in farmed rainbow
trout (Oncorhynchus mykiss). Aquaculture International
27:1667-71.

Molndr, K., Szakolczai, J. and Vetési, F. 1995.
Histological changes in the swimbladder wall of eels
due to abnormal location of adults and second stage
larvae of Anguillicola crassus. Acta Veterinaria Hungarica
43:125-37.

Moravec, F. 1994. Parasitic nematodes of fresh-
water fishes of Europe Prague: Academia.

Murakami, T., Onouchi, S., Igai, K., Ohkuma, M. and
Hongoh, Y. 2019. Ectosymbiotic bacterial microbiota
densely colonize the surface of thelastomatid nematodes
in the gut of the wood-feeding cockroach Panesthia
angustipennis. FEMS Microbiology Ecology 95:1-10.

Nadler, S. A. Bolotin, E. and Stock, S. P. 2006.
Phylogenetic relationships of Steinernema Travassos,
1927 (Nematoda: Cephalobina: Steinernematidae) based
on nuclear, mitochondrial and morphological data. Sys-
tematic Parasitology 63:161-81.

Oksanen, J., Blanchet, F. G., Friendly, M., Kindt, R.,
Legendre, P., McGlinn, D., Minchin, P. R., O’'Hara, R. B,
Simpson, G. L., Solymos, P., Stevens, M. H. H., Szoecs,
E. and Wagner, H. 2018. vegan: Community Ecology
Package. R package version 2.5-3. Available at: https:/
cran.r-project.org/web/packages/vegan/index.html.

Petersen, C., Dirksen, P, Prahl, S., Strathmann,
E. A. and Schulenburg, H. 2014. The prevalence of
Caenorhabditis elegans across 1.5 years in selected North
German locations: The importance of substrate type, abio-
tic parameters, and Caenorhabditis competitors. BMC
Ecology 14:1-10.

Poddubnaya, L. G. and lzvekova, G. |. 2005.
Detection of bacteria associated with the tegument of
Caryophyllidean Cestodes. Helminthologia 42:9-14.

Price, M. N., Dehal, P. S. and Arkin, A. P. 2010.
FastTree 2— approximately maximum likelihood trees
for large alignments. PLoS ONE 5:1-10.

Quast, C., Pruesse, E., Yimaz, P., Gerken, J.,
Schweer, T., Yarza, P, Peplies, J. and Gléckner, F.
O. 2013. The SILVA ribosomal RNA gene database
project: improved data processing and web-based
tools. Nucleic Acids Research 41:590-6.

Salazar, G. 2018. EcolUtils: Utilities for community
ecologyanalysis. R package version 0.1. Available at:
https://github.com/GuillemSalazar/EcolUtils.

Samuel, B. S., Rowedder, H., Braendle, C., Félix,
M.- A. and Ruvkun, G. 2016. Caenorhabditis elegans
responses to bacteria from its natural habitats. Pro-
ceedings of the National Academy of Sciences of the
United States of America 113: 3941-9.

Schloss, P. D., Westcott, S. L., Ryabin, T., Hall, J.
R., Hartmann, M., Hollister, E. B., Lesniewski, R. A,
Oakley, B. B., Parks, D. H., Robinson, C. J., Sahl,
J. W., Stres, B., Thallinger, G. G., Van Horn, D. J.
and Weber, C. F. 2009. Introducing mothur: Open-
source, platform-independent, community-supported
software for describing and comparing microbial
communities. Applied and Environmental Microbiology
75:7537-41.

Schuelke, T., Pereira, T. J., Hardy, S. M. and Bik,
H. M. 2018. Nematode-associated microbial taxa do
not correlate with host phylogeny, geographic region
or feeding morphology in marine sediment habitats.
Molecular Ecology 27:1930-51.

Sokolov, S. G. and Gordeey, |. I. 2014. Occurrence
of helminths in amphipods Gammarus lacustris Sars,
1863 (Amphipoda: Gammaridae) from Kronotskoe Lake
(Kamchatka). Parazitologiia 48:325-32.

Villasante, A., Ramirez, C., Rodriguez, H., Catalan, N.,
Diaz, O., Rojas, R., Opazo, R. and Romero, J. 2019. In-
depth analysis of swim bladder-associated microbiota in
rainbow trout (Oncorhynchus mykiss). Scientific Reports
9:1-12,

Walk, S. T., Blum, A. M., Ewing, S. A., Weinstock, J.
V. and Young, V. B. 2010. Alteration of the murine gut
microbiota during infection with the parasitic helminth
Heligmosomoides polygyrus. Inflammatory Bowel Dis-
eases 16:1841-9.

Yergaliyev, T. M., Alexander-Shani, R., Dimerets,
H., Pivonia, S., Bird, D. M., Rachmilevitch, S. and
Szitenberg, A. 2020. Bacterial community structure
dynamics in Meloidogyne incognita-infected roots and
its role in worm-microbiome interactions. mSphere
5:e00306-e00320.

Zhang, F., Berg, M., Dierking, K., Félix, M.- A,
Shapira, M., Samuel, B. S. and Schulenburg, H. 2017.
Caenorhabditis elegans as a model for microbiome
research. Frontiers in Microbiology 8:1-10.

Zheng, F., Zhu, D., Chen, Q.- L., Bi, Q.- F,, Yang,
X.- R., O’Connor, P. and Zhu, Y.- G. 2020. The driving
factors of nematode gut microbiota under long-term
fertilization. FEMS Microbiology Ecology 96:fiaa037.

Zimmermann, J., Obeng, N., Yang, W., Pees, B,
Petersen, C., Waschina, S., Kissoyan, K. A., Aidley,
J., Hoeppner, M. P.,, Bunk, B., Sproer, C., Leippe, M.,
Dierking, K., Kaleta, C. and Schulenburg, H. 2020.
The functional repertoire contained within the native
microbiota of the model nematode Caenorhabditis
elegans. The ISME Journal 14:26-38.

15



