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Abstract

Although microtubules in plant cells have been extensively studied, the mechanisms

that regulate the spatial organization of microtubules are poorly understood. We

hypothesize that the interaction between microtubules and cytoplasmic flow plays

an important role in the assembly and orientation of microtubules. To test this

hypothesis, we developed a new computational modeling framework for microtu-

bules based on theory and methods from the fluid–structure interaction. We

employed the immersed boundary method to track the movement of microtubules in

cytoplasmic flow. We also incorporated details of the encounter dynamics when two

microtubules collide with each other. We verified our computational model through

several numerical tests before applying it to the simulation of the microtubule–

cytoplasm interaction in a growing plant cell. Our computational investigation dem-

onstrated that microtubules are primarily oriented in the direction orthogonal to the

axis of cell elongation. We validated the simulation results through a comparison with

the measurement from laboratory experiments. We found that our computational

model, with further calibration, was capable of generating microtubule orientation

patterns that were qualitatively and quantitatively consistent with the experimental

results. The computational model proposed in this study can be naturally extended

to many other cellular systems that involve the interaction between microstructures

and the intracellular fluid.
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1 | INTRODUCTION

Microtubules (MTs) are filamentous intracellular structures that

form part of the cytoskeleton within the cytoplasm. They play a

significant role in the growth of plant cells (Cosgrove, 2005;

Kerssemakers et al., 2006; Nogales, 1999). Each microtubule has a

fast-growing plus end with exposed β-tubulin and a slow-growing

minus end with exposed α-tubulin (Goodson & Jonasson, 2018).

It exhibits a distinct behavior of dynamic instability by

switching between growth and shrinkage during cell expansion

(Brouhard, 2015; Gliksman et al., 1993; Mitchison &

Kirschner, 1984).
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One of the most intriguing properties of microtubules is that they

typically form parallel arrays beneath the inner surface of the plasma

membrane. It has been found that in an elongating wild-type plant

cell, the cortical MT arrays are predominantly arranged orthogonal to

the cell elongation axis (Szymanski & Cosgrove, 2009). Moreover, a

well-known “direct guidance model” (Heath, 1974) postulates that

microtubules guide the deposition of cellulose microfibrils, the major

load-bearing polymers in the cell wall. This hypothesis has been sup-

ported by numerous observations that newly synthesized microfibrils

mirror the orientation of microtubules (Baskin, 2001; Xin et al., 2020).

Thus, the overall assembly and orientation of cortical MT arrays

appear to be essential in regulating the mechanical properties of the

cell wall and in controlling the anisotropic expansion of plant cells

(Kerssemakers et al., 2006). However, the fundamental mechanisms

shaping the spatial organization of microtubules into such specific pat-

terns remain poorly understood.

Computational models have long been providing useful insight

into biology (Murray, 2002). Mathematical modeling of plant cell

growth started many decades ago when Lockhart developed the first

explicit model for cell elongation by connecting turgor pressure and

cell wall extensibility (Lockhart, 1965). Since then, the Lockhart equa-

tion, together with many variations, has become a standard modeling

paradigm for plant cell growth and cell wall mechanics (Geitmann &

Ortega, 2009; Jordan, 2010; Ortega, 1985; Passioura & Fry, 1992;

Ray et al., 1972; Schopfer, 2006; Smithers et al., 2019). There are also

a number of modeling and simulation studies specifically devoted to

microtubule dynamics (Allard et al., 2010; Buxton et al., 2010;

Deinum & Mulder, 2013; Eren et al., 2010; Gudimchuk et al., 2020;

Hamant et al., 2019; Hawkins et al., 2010; Mirabet et al., 2018;

Nedelec & Foethke, 2007; Pallavicini et al., 2017; Shi & Ma, 2010).

These studies have successfully represented the dynamic instability

and treadmilling behavior of a microtubule for its shrinkage at the

minus end and growth at the plus end (Howard & Hyman, 2003;

Wasteneys, 2004). They have also extensively investigated the con-

tact dynamics between two microtubules with three possible collision

outcomes: zippering (when the encounter angle <40�), induced catas-

trophe, and cross-over (when the encounter angle >40�) (Dixit &

Cyr, 2004; Eren et al., 2012; Shi & Ma, 2010).

Although these findings have greatly improved our understanding

in MT dynamics, they have not provided sufficient insight into the

mechanisms that regulate the organization and orientation of microtu-

bules (Chan & Coen, 2020; Deinum & Mulder, 2013; Lei et al., 2014;

Li et al., 2015; Wasteneys, 2004). Particularly, none of these models

have considered the interaction between cytoplasm and microtubules.

Cytoplasm, enclosed by the plasma membrane, mainly consists of

water that takes up over 80% of the cell volume. Microtubules are

immersed in cytoplasm, and their dynamics directly impact each other.

During the period of rapid cell growth, cytoplasm is driven and

accelerated by turgor pressure, pushing outward on the membrane

and exerting forces on microtubules, which could significantly impact

the dynamical behavior of microtubules. We hypothesize that the

interaction between microtubules and cytoplasmic flow plays an

important role in the spatial organization of microtubules. The main

objective of the present work is to test this hypothesis through

computational modeling.

Given the ubiquitous presence of fluids in plants, fluid mechanics

have been modeled and simulated in plant biology (Rand, 1983). There

have been extensive mathematical modeling studies on fluid flow in

plants at macroscales, such as the transpiration stream, water flow

across tissues, and xylem and phloem transport (Dumais &

Forterre, 2012; Forterre, 2013; Gosselin, 2019; Papacek et al., 2018).

However, within a single plant cell, fluid dynamics have been rarely

investigated (Cartwright et al., 2009; Smithers et al., 2019), with very

few published results. For example, a fluid model was proposed to

study cell wall development during plant cell growth (Dyson &

Jensen, 2010). Another fluid study analyzed concentration boundary

layers of osmotically driven flows in plant cells (Jensen et al., 2010). In

addition, cytoplasmic streaming in plant cells has been modeled and

its role in aiding transport and mixing of molecular contents has been

analyzed (Goldstein et al., 2008). To our best knowledge, no study has

been performed for the impact of fluid dynamics on the spatial organi-

zation of microtubules.

The present paper represents an effort toward filling this

knowledge gap. We have developed a new mathematical and com-

putational framework for the cytoplasm–microtubule interaction

within a plant cell, utilizing the notion of fluid–structure interaction

(FSI) where the cytoplasm is treated as a viscous fluid and each

microtubule is treated as a solid structure immersed in the fluid

(Dowell & Hall, 2001). Our findings, based on a two-dimensional

(2D) modeling framework, provide new insight through the angle of

fluid dynamics into the spatial organization and orientation of micro-

tubules. This study could enable subsequent model extension to

three-dimensional (3D) space.

2 | MATERIALS AND METHODS

2.1 | FSI model

Our computational model for the FSI study of microtubules is based

on the immersed boundary method, originally proposed by Peskin to

solve the Navier–Stokes equations with moving boundaries

(Peskin, 2002). This numerical technique solves the fluid equations

with an additional forcing term that represents the effects of the

immersed structure on the fluid motion. The fluid equations are com-

puted in a fixed Eulerian mesh, which avoids expensive mesh-

updating procedures. The immersed structure is represented as a

moving boundary which is tracked on a separate Lagrangian mesh.

The immersed boundary method and its many variants have become

one of the most popular approaches for FSI computation, due to their

efficiency, flexibility and robustness (Griffith & Patankar, 2020; Hou

et al., 2012; Mittal & Iaccarino, 2005).

To facilitate model development and algorithm implementation,

we focus on a 2D setting as an approximation to the real intracellular

scenario, and represent each microtubule as an elastic fiber. In fact, it

has been observed that the motion of microtubules is mostly confined
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to a 2D surface of the cytoplasmic face beneath the plasma mem-

brane (Deinum & Mulder, 2013; Goodson & Jonasson, 2018).

We first describe the formulation of a general 2D FSI model that

can be later applied to the study of the cytoplasm–microtubule

dynamics. Here, we are concerned with the interaction between an

incompressible viscous fluid and M elastic fibers (M≥1) immersed in

the fluid, to be computed by utilizing the immersed boundary method

(Peskin, 2002; Wang & Layton, 2009). We consider the fluid in a two-

dimensional domain Ω. We assume that each fiber has approximately

a zero volume and is represented by a one-dimensional curve (or,

boundary) Γm for 1≤m≤M. The motion of the fluid is described by

the Navier–Stokes equations (Batchelor, 1967), the most fundamental

equations in fluid dynamics:

ρutþρ u �rð Þu¼�rpþμr2uþ
XM
m¼1

fm, ð1Þ

r�u¼0, ð2Þ

where (1) is the momentum equation and (2) is the continuity equa-

tion (also called the incompressibility condition). The variable u is the

velocity vector and p is the pressure. The parameters ρ and μ are the

density and the dynamic viscosity, respectively, of the fluid. The last

term in the momentum equation,
PM

m¼1fm, represents the total force

that the elastic fibers exert on the fluid, which is referred to as the FSI

force.

In the immersed boundary framework, the fluid motion is

described by the Eulerian approach, and Equations (1) and (2) are

solved on a fixed Cartesian mesh. We let x¼ x,yð Þ denote the Eulerian

coordinate in the fluid domain Ω. On the other hand, the structural

motion is tracked by the Lagrangian approach. We let Xm s,tð Þ denote
the position of the mth fiber at time t, where s is a variable to parame-

terize the boundary Γm. Let also Fm s,tð Þ be the force density of the

mth fiber at time t. We then have

fm x,tð Þ¼
ð
Γ
Fm s,tð Þδ x�Xm s,tð Þð Þds, 1≤m≤M, ð3Þ

where δ denotes the Dirac delta function. Equation (3) shows that the

FSI force fm x,tð Þ is singular; that is, it is zero everywhere in the fluid

domain Ω except on the boundary Γm.

Each fiber interacts with the viscous fluid and moves with the

local fluid at the same velocity due to the no-slip condition. We thus

have

∂Xm

∂t
¼ u Xm s,tð Þ,tð Þ¼

ð
Ω
u x,tð Þδ x�Xm s,tð Þð Þdx, 1≤m≤M: ð4Þ

Equations (3) and (4) are used to communicate the force and

velocity information between the fluid and the structure.

We denote the numerical solution for the velocity, the pressure,

and the FSI force from the mth fiber (1≤m≤MÞ as unij , p
n
ij , and fnm,ij,

respectively, at the location xij ¼ xi,yið Þ and time tn. Suppose that K

Lagrangian points (K ≥2) are used to discretize each curve Γm

for1≤m≤M. We let Xn
m,k (k¼1,2,…,K) denote the kth point on Γm at

time tn, and Fnm,k and Un
m,k denote the force density and structural

velocity, respectively, at the point Xn
m,k .

The two integral equations (3) and (4) can then be written as

discrete sums,

fnm,ij ¼
X
k

Fnm,kDh xij�Xn
m,k

� �
Δs, ð5Þ

Un
m,k ¼

X
i, j

unijDh xij�Xn
m,k

� �
Δx2, ð6Þ

where Dh is a discrete approximation to the 2D delta function with

h¼Δx¼Δy. A common choice for the 2D discrete delta function is

Dh x,yð Þ¼ 1

h2
; x

h

� �
; y

h

� �
, ð7Þ

where ; is the one-dimensional discrete delta function derived in

Peskin (2002) and Griffith et al. (2009):

; rð Þ¼

3�2 rj jþ
ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
1þ4 rj j�4r2

p
8

, if 0≤ j r j ≤1;

5�2 rj j�
ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
�7þ12 rj j�4r2

p
8

, if 1≤ j r j ≤2;
0, if rj j≥2:

8>>>>>><
>>>>>>:

ð8Þ

Equation (5) distributes the force from the structure to the fluid

mesh, whereas Equation (6) interpolates the fluid velocity to the struc-

tural points.

2.2 | Force calculation

A fiber can be represented as a sequence of movable nodes, where

the line joining a node to one of its neighboring nodes is called a link.

As the fiber is flexible, it is able to undergo stretching deformation as

well as bending deformation. Such deformations generate the spring

force and the bending force (Battista et al., 2017; Fauci, 1990; Fauci &

Peskin, 1988).

Consider two consecutive nodes XMA ¼ xMA,yMAð Þ and

XSL ¼ xSL,ySLð Þ, which may be referred to as the “master” and “slave”
nodes, respectively. The spring force between these two nodes is

computed as

Fspring ¼ kS 1� RL

XSL�XMAk k
� �

:
xSL�xMAð Þ
ySL�yMAð Þ

" #
, ð9Þ

where kS is the stretching stiffness constant and RL the resting length

between XMA and XSL.
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Consider three consecutive nodes XL ¼ xL,yLð Þ, XM ¼ xM,yMð Þ,
and XR ¼ xR,yRð Þ, which are referred to as the left, middle, and right

nodes, respectively. The bending force that acts on XM is then

calculated as

Fbend ¼ kB xR�xMð Þ yM�yLð Þ� yR�yMð Þ xM�xLð Þ�Cð Þ
� yM�yLð Þþ yR�yMð Þ

xR�xMð Þ� xM�xLð Þ

	 

: ð10Þ

The parameter kB is the bending stiffness constant, and C is the

curvature that can be calculated as

C¼ dLMdRM sinς,

where dLM is the length of the link between XL and XM, dRM is the

length of the link between XM and XR, and ς is the angle at the relaxed

state.

We let Fadd denote any additional force acting on each fiber. For

example, if we take the mass of the fibers into account, then the grav-

itational force

Fg ¼ gΔρ ð11Þ

needs to be considered, where Δρ¼ ρfiber �ρfluid and g is the

gravitational acceleration. Then we have Fadd ¼ Fg . In such a case, it is

typically assumed that Δρ� ρfluid so that the Boussinesq approxima-

tion can be applied; that is, the average density of the fluid–fiber mix-

ture is approximately the same as that of the fluid (Wang &

Layton, 2009).

The overall force density on each fiber is then determined by the

spring force, the bending force, and the additional force:

Fm ¼ FspringþFbendþFadd, ð12Þ

for 1≤m≤M.

2.3 | Numerical procedure

Now, we describe the procedure to implementing the immersed

boundary method for the coupled fluid–fiber system. Given the

numerical solution at time tn, the following steps advance the solution

to time tnþ1:

1. Use Equation (12) to compute the force density on each fiber

based on current boundary positions and deformations.

2. Spread the force from the Lagrangian nodes for the fibers to the

Eulerian lattice points for the fluid using Equation (5).

3. With the FSI force computed from Step 2, solve the Navier–Stokes

equations on the Eulerian grid and update the velocity and pres-

sure. This is typically accomplished by using the projection method

(Brown et al., 2001) where an intermediate velocity u� is first cal-

culated from the momentum equation,

ρ
u� �un
Δt

þρ un �rð Þun ¼�rpnþ μ

2
r2u� þr2un
� �þXM

m¼1

fnm: ð13Þ

The intermediate velocity is then projected into a divergence-free

subspace to compute the new velocity and pressure at time tnþ1,

r2ω¼�r�u�, ð14Þ

unþ1 ¼ u� �Δtrω, ð15Þ

rpnþ1 ¼rpnþrω, ð16Þ

where ω is referred to as the pressure increment and computed from

the Poisson equation (14).

4. Use Equation (6) to compute the structural velocity from the local

fluid velocity. Then update the positions of the structural points on

each fiber:

Xnþ1
m,k ¼Xn

m,kþΔtUnþ1
m,k , 1≤ k ≤K, ð17Þ

for 1 ≤m≤M.

2.4 | Microtubule encounter dynamics

Microtubules constantly encounter and collide with each other during

their movement in a plant cell, which directly impacts their assembly

and organization. Since we are mainly concerned with microtubules as

the fibers in our computational model, we will also incorporate the

detail of the MT encounter dynamics in our FSI study. The interaction

between microtubules has been routinely investigated through fluo-

rescent images. Based on experimental results from time-lapse fluo-

rescence microscopy, three different modes of collision and self-

organization are observed for microtubules (Dixit & Cyr, 2004):

1. Zippering (also called “bundling”): A microtubule collides at a shal-

low angle (<40�) with a pre-existing microtubule. The encountering

microtubule subsequently changes its initial trajectory to align with

the impeding microtubule.

2. Induced catastrophe (also called “collision-induced depolymeriza-

tion”): A microtubule encounters a pre-existing microtubule at a

steep angle (≥40�) and then depolymerizes and shortens after the

collision.

3. Cross-over: An encountering microtubule approaches a pre-

existing microtubule at a steep angle (≥40�) and subsequently

crosses over the impeding microtubule.

Since we are concerned with 2D simulation, the cross-over mode is

not applicable. Meanwhile, prior studies have suggested that zippering

and induced catastrophe may have a larger contribution to MT
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alignment and organization than cross-over does (Deinum &

Mulder, 2013; Eren et al., 2010). We thus focus our attention on the

effects of zippering and induced catastrophe in this work. The two

types of behaviors are distinguished by the angle of collision between

the encountering MT (EMT) and the pre-existing MT (PEMT). The fig-

ure below illustrates the collision between the two microtubules,

where the angle Φ2 can be computed via the law of cosine:

Φ2 ¼ cos�1 l22þ l2EMT �D2

2l2lEMT

 !
, ð18Þ

where lEMT is the length of the EMT and D is the distance between

the tail of the EMT and that of the PEMT. If Φ2 < 40
�, then zippering

will take place. The EMT will subsequently align with the PEMT, and

the two microtubules will become a single one. The length of the com-

bined microtubule will remain the same as that of the PEMT if

lEMT < l2. Otherwise, the length of the microtubule will be increased to

lEMT þ l1: If 40� ≤Φ2 ≤90
� , then catastrophe will take place. In this

case, the EMT will lose a portion of its length, determined by a ran-

dom fractional number generated by our computer program, and

shortens itself after the collision. Additionally, if Φ2 > 90
�, then we

examine the angle Φ1 ¼180� �Φ2 instead and use the length l1

instead of l2 to compute Φ1.

2.5 | Plant materials and growth conditions

ST-YFP transgenic lines were gift from Chris Somerville. ST-YFP, a

commonly used Golgi marker, was created by fusing modified green

fluorescent protein (YFP) to the transmembrane domain and cytosolic

tail of a rat sialyl transferase (Boevink et al., 1998). YFP-TUA5 trans-

genic lines were gift from David Ehrhardt. YFP-TUA5, a marker com-

monly used to monitor microtubule organization, was created by

fusing YFP to the tubulin isoform 5 (Paredez et al., 2006).

All seeds were sterilized with 30% bleach for 15 min, thoroughly

washed with ddH2O, and stored at 4�C for at least 3 days. Etiolated

seedlings were grown on vertical half strength Murashige and Skoog

(MS) plates without sucrose (1/2 � MS salts, 0.8% agar, 0.05%

monohydrate 2-(N-morpholino) ethanesulfonic acid [MES], pH 5.7) in

darkness at 22�C.

For drug treatment, 2.5-day-old etiolated seedlings were carefully

transferred to a fresh made medium with drug and grown vertically

for 30 min in darkness at room temperature. The 2 μM Latrunculin B

medium was prepared by adding Latrunculin B stock (2.5 mM, dis-

solved in DMSO) into half-strength MS plates without sucrose. The

mock medium was prepared by adding same volume of DMSO.

2.6 | Live-cell imaging and analysis

All images and videos were obtained from epidermal cells of 2.5-day-

old etiolated hypocotyls within 0.5–1.5 mm of the apical hook.

Imaging was performed on a Yokogawa CSUX1 spinning disk system

featuring a DMI6000 Leica motorized microscope, a photometrics

QuantEM:512SC CCD camera, a Leica 100 � 1.4 numerical aperture

oil objective, and three laser lines (445/488/561 nm) (Zhu

et al., 2018). Images were processed by Metamorph (Molecular

Devices, CA) and analyzed by Fiji (Tinevez et al., 2017).

For analyses of Golgi velocity, a time series of ST-YFP was

obtained with a 1 s time interval and a duration of 2 min. The average

intensity projection of the 2 min time series images was used to visu-

alize the tracks of ST-YFP. Velocities of ST-YFP were measured by Fiji

using kymographs (Tinevez et al., 2017).

For analyses of microtubule orientation, single frame of YFP-

TUA5 images were obtained from two to three epidermal cells below

the apical hook. Epidermal cell was re-positioned along the elongation

axis. Within the epidermal cell, each microtubule was traced and ana-

lyzed by Fiji. The frequency graph was created using Prism (GraphPad,

MA).

3 | RESULTS

3.1 | Cytoplasmic flow impacts the microtubule
orientation in live cells

To monitor the cytoplasmic flow and to examine how it would impact

the MT orientation, we conducted live-cell imaging experiments using

the Arabidopsis thaliana etiolated seedlings. We analyzed the move-

ment of the ST-YFP fusion proteins at the cortical cytoplasm, which

represents the dynamics of Golgi and Golgi stacks, as a proxy for the

cytoplasmic flow (Boevink et al., 1998). We found that the Golgi

stacks were highly motile with a wide range of speeds (Figure 1a). The

maximum speed could exceed 7 μm/s. The speed of Golgi could

reduce from the maximum speed to a complete stop in a few seconds

as Golgi shifts between saltatory and continuous movement rapidly

(Figure 1b and Movie S1).

We analyzed the MT arrangements under the same growth condi-

tion using YFP-TUA5 transgenic lines, which marked an isoform of

α-tubulin (Kopczak et al., 1992). We found that 48.72% of the micro-

tubules were oriented between 60� and 90� and the median was

59.04� (Figure 1c,d), where a 90� microtubule was regarded as per-

pendicular to the axis of cell elongation.

To manipulate the cytoplasmic flow of the plant cell, we applied

Lat B, which is commonly used to pause the cytoplasmic streaming

(Breuer et al., 2017). The 2.5-day-old etiolated seedlings of ST-YFP

MURSHED ET AL. 5 of 18



F I GU R E 1 Legend on next page.

6 of 18 MURSHED ET AL.



lines were treated with 2 μM Lat B for 30 min. We recorded the

dynamics of Golgi stacks after the Lat B treatment and found it signifi-

cantly reduced the dynamics of Golgi stacks, particularly the saltatory

movement (Figure 1a,b and Movies S2 and S3). We examined the

microtubule orientation under Lat B treatment using YFP-TUA5 lines.

The median orientation angle of microtubules was 15.52� under the

Lat B treatment, because most microtubules (75.89%) were oriented

between 0� and 30�. This is significantly different from microtubules

under the mock treatment where the median orientation angle was

48.78� and where 39.37% of the microtubules were oriented between

60� and 90� (Figure 1c,d). Thus, the in vivo observation indicates that

the cytoplasmic flow plays a significant role in determining the orien-

tation of MT. These results provided experimental measurements to

compare with our computational predictions for the interaction

between microtubules and cytoplasm.

3.2 | Numerical tests verify the computational
model

We first conducted some relatively simple numerical experiments on

fluid–fiber interaction as a way to verify our FSI model and numerical

algorithm. To that end, we set the fiber density to be slightly higher

than the fluid density so that fibers moved downward due to gravity,

where the gravitational force was calculated by Equation (11). Conse-

quently, the flow was predominantly unidirectional (i.e., in the vertical

direction), which made it easier to examine the flow field and the fiber

movement. On the other hand, the essential components of our

computational model that include the nonlinear interaction between

the fluid and fibers and the encounter dynamics between fibers were

fully tested.

For convenience, we assumed that all the variables and parame-

ters are dimensionless. We considered the fluid–structure interaction

of multiple elastic fibers in a box of size 0,1½ �� 0,1½ � containing a vis-

cous fluid. The fibers were generated from the center of the domain

via a logistic growth model:

N tnð Þ¼Nb
Ln

1þ exp �kn tn� t0ð Þð Þ�
Ln
2

	 

, ð19Þ

with Ln ¼2,t0 ¼0, and n¼1,2,…. The parameter Nb is the total

number of fibers we intended to generate in the simulation, and kn is

the rate at which the fibers are generated. In the numerical

implementation, the value of N tnð Þ was rounded to the nearest integer

for the number of fibers at each tn. The initial length of each fiber

was set to 0.05. The initial orientation of each fiber was set by a

random number between 0� and 180�. Each generated fiber

would interact with the fluid and likely collide with other fibers.

Periodic boundary conditions were applied in the vertical direction

and no-slip boundary conditions were applied in the horizontal

direction.

We started by running a numerical experiment in a fluid of den-

sity ρ¼1 and viscosity μ¼0:01 with a small number of fibers Nb ¼15

and kn ¼0:7. We examined a typical set of results for the motion of

the fibers over time (Figure 2). In particular, at t¼0:03125, we

observed the first occurrence of the induced catastrophe. Soon after

that at t¼0:039, a fiber was elongated due to the zippering and

another was shortened due to the induced catastrophe. At the final

time t¼0:125, a number of fibers had disappeared due to multiple

zippering events.

We plotted the fiber life history that depicts the variation in

the length of each fiber over time (Figure 3). The horizontal lines at

the bottom refer to the fibers that have disappeared due to zipper-

ing. For instance, the 10th fiber became zippered to the 13th fiber

so that the 10th fiber disappeared and the 13th fiber was elon-

gated. Some fibers experienced significant changes in their lengths

as a result of either zippering or induced catastrophe, while other

elastic fibers had small changes in their lengths over time, owing to

their movement and deformation that resulted from the interaction

with the fluid. We performed a series of numerical experiments

where a few hundreds of fibers were involved in a fluid of density

ρ¼1 and viscosity μ¼0:1. While it was possible to track each fiber

on an individual basis in the previous example, this became challeng-

ing when a large number of fibers were present. To gain an under-

standing of the essential dynamics in the current numerical tests, we

examined the average length and orientation of the fibers and the fre-

quency of occurrence for zippering and induced catastrophe over time

at the system level. We conducted numerical experiments with Nb

ranging between 100 and 400. In each case, fibers were generated at

the rate kn ¼0:1.

We studied the time evolution of the average length of the fibers

with various Nb (Figure 4). We observed that the average fiber length

experienced dynamical changes over time, due to the effects of

zippering (which tends to increase the average length) and induced

catastrophe (which tends to decrease the average length). A general

pattern, however, was that the average length appeared to

increase over time, indicating that the impact of zippering outweighed

that of catastrophic collision. Such a trend agrees with simulation

F I GU R E 1 Impact of cytoplasmic streaming on the mobility of Golgi and the orientation of microtubules. (a) Representative trajectories of
Golgi under no treatment, mock treatment, and 2 μM Latrunculin B (Lat B) for 30 min. The Z-stacks were obtained from 2 min videos.
Bar = 5 μm. (b) Analyses of the velocity of Golgi under no treatment, mock treatment, and 2 μM Lat B for 30 min. Data were collected from
100 tracks with at least 20 cells from seven seedlings for each condition. Bar represents the mean velocity with SD. (c) Analysis of the MT
orientation under no treatment, mock treatment, and 2 μM Lat B for 30 min. About 4000 reads of microtubules were collected from 40 cells from
seven seedlings for each condition. Bar represents the median angle of the MT orientation. (d) Histograms of the MT orientation angles under no
treatment, mock treatment, and 2 μM Lat B for 30 min.
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results in prior studies based on different computational models

(Allard et al., 2010).

We plotted the histogram, for each run, as a measure of the fre-

quency for the relative angle between two fibers when they encoun-

ter each other (Figure 5). Here, the frequency refers to the number of

relative angles within a certain range. Angles between 0� and 40�

occurred much more frequently than those between 40� and 90�,

with angles lower than 20� dominating. Such a pattern was getting

slightly more pronounced as the value of Nb was increased.

The results indicate that zippering took place much more frequently

than induced catastrophe did. In particular, when Nb ¼400, the

number of occurrences for zippering was about three times that of

induced catastrophe.

We examined the average orientation of the fibers in refer-

ence to the flow direction. In this test, the fibers moved downward

in the vertical direction due to gravity. We thus computed the

angle of each fiber relative to the vertical axis in absolute value,

and then took the average among all the fibers at each time.

We plotted the time evolution of the average fiber orientation for

different values of Nb (Figure 6). In most of these cases, we observed

that the average angle with respect to the vertical axis

decreased over time, indicating that the fibers increasingly align with

the flow direction. Similar results were reported for numerical

simulation of rigid fibers sedimenting in viscous flow (Wang &

Layton, 2009), though our numerical tests here were concerned with

deformable fibers.

F I GU R E 2 Snapshots for the FSI simulation of fibers with Nb ¼15 at different times. In each panel, the horizontal and vertical axes represent
the spatial coordinates, the red circle marks the location of fiber generation, the blue lines depict the fibers, and the small black arrows represent
the fluid velocity field.
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F I GU R E 3 Life history of the fibers
with Nb ¼15. Zippering is seen to occur
multiple times causing a significant
increase in the lengths of a few fibers and
the disappearance of some other fibers.
Vertical lines with the fiber length
dropping to zero indicate zippering.

F I GU R E 4 Average length of the fibers with different values of the fiber number Nb. Results show that the average fiber length generally
grows with time for each choice of Nb. (a) Nb ¼100; (b) Nb ¼200; (c) Nb ¼300; (d) Nb ¼400.
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3.3 | Simulation shows that microtubules are
primarily oriented in the direction transvers to the cell
elongation axis

After we thoroughly tested our computational methods for the fiber

dynamics, we conducted FSI simulation for the microtubules in a live

plant cell. Our simulation setting was based on physically and biologi-

cally meaningful parameters and forces.

We set the computational domain as a rectangle of 1mm�
0:2mm that represented the cross section of an elongated plant cell.

The horizontal direction represented the axis of cell elongation. The

fluid inside the cell (i.e., cytoplasm) was treated as water, with density

ρ¼1000kgm�3 and viscosity μ¼0:001 Pa�s. Each microtubule was

represented as a fiber with an initial length of 5μm. We assumed that

the density of the microtubules was the same as that of water so that

the microtubules were suspending in the fluid. The flow field was ini-

tialized with a constant velocity in the horizontal direction. The initial

flow speed was set as 2.1 μm/s, based on our experimental

measurement (Section 3.1) on the average speed of the cytoplasmic

flow. No-slip conditions were applied at all the four boundary edges

of the domain.

In addition to the spring force and bending force presented in

Equation (12), microtubules in a live plant cell are impacted by the ten-

sile stress through the FSI. The tensile stress, Ftens, for a plant cell is

caused by turgor pressure. The maximal tensile force acts in the direc-

tion perpendicular to the axis of cell elongation (Sampathkumar

et al., 2014). It was found that 1–2mN is within the physiologically

relevant range of the tensile stress (Robinson & Kuhlemeier, 2018). In

our simulation, we considered the effect of the maximal tensile stress

only. We set Fadd ¼ Ftens in Equation (12), where the force Ftens acted

in the vertical direction. We started the simulation with a force magni-

tude of Ftens ¼1mN.

We used the logistic equation (19) to model the initiation of

microtubules (through a nucleation process) in the plant cell. We

started our numerical simulation with Nb ¼100. Similar to Figure 2,

we plotted the snapshots of these microtubules at several initial times,

F I GU R E 5 Histograms for the frequency of the relative angle formed by two fibers when they encounter each other. Results indicate that
zippering occurs more frequently than induced catastrophe. (a) Nb ¼100; (b) Nb ¼200; (c) Nb ¼300; (d) Nb ¼400.
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when the microtubules were concentrated around the center of the

domain (Figure 7). As more microtubules were generated and spread

out to the entire domain, it became challenging to visualize these

microtubules. We thus turned to the study of the MT dynamics at the

system level, with focuses on the frequency of the encountering

angles and the frequency of the MT orientation. As before, a fre-

quency here refers to the number of (encountering or orientation)

angles within a certain range.

For Nb ¼100, we plotted the simulation result for the frequency

of the encountering angles (Figure 8a). We observed that angles

between 0� and 40� still dominated, a pattern similar to that in

Figure 5, indicating a more frequent occurrence of zippering. On the

other hand, angles larger than 40� took a higher percentage in com-

parison to that in Figure 5, indicating that induced catastrophe had a

higher frequency of occurrence in a real plant cell, possibly due to the

impact of the tensile force.

Meanwhile, we plotted the frequency of the MT orientation, mea-

sured in the angle formed by each microtubule with respect to the

horizontal axis (Figure 9a). As can be clearly seen, angles between 80�

and 90� took a dominant role, showing that the vast majority of the

microtubules aligned with the vertical axis that was perpendicular to

the direction of cell elongation. In our previous tests where the flow

was mainly driven by gravity, we found that the average fiber orienta-

tion decreases to 40� or below (Figure 6), an indication that most

fibers tend to align themselves in the vertical direction (i.e., the flow

direction). For our current simulation of MT dynamics, with microtu-

bules suspending and floating in cytoplasm, the flow field was more

complex than being unidirectional. In fact, the fluid flow involved sig-

nificant movement in both the horizontal and vertical directions (see

Section 3.1). The results in Figure 9a, however, showed that the

microtubules were still primarily oriented along the vertical direction,

which corresponded to the direction of the maximum tensile

stress (Sampathkumar et al., 2014; Szymanski & Cosgrove, 2009;

Takatani et al., 2020). The computational results that the microtubules

were primarily oriented in the direction transverse to the cell elonga-

tion axis are consistent with the experimental observations in

Section 3.1.

Next, we conducted the simulation with different numbers of

microtubules and different magnitudes of the tensile force acting on

each microtubule. We plotted the frequency for the encountering

angles with the magnitude of the tensile force Ftens ¼2mN, 5mN, and

10mN (Figure 8b–g). For each case, we examined Nb ¼100 and

F I GU R E 6 Evolution of the average orientation of the fibers in reference to the flow direction. Results show that the average angle with
respect to the vertical axis tends to decrease over time. (a) Nb ¼100; (b) Nb ¼200; (c) Nb ¼300; (d) Nb ¼400.
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Nb ¼200. The results are similar to those in Figure 8a. We also plotted

the frequency for the MT orientation angles under the same settings

(Figure 9b–g). Again, we observed a similar pattern to that in

Figure 9a; that is, the vast majority of microtubules aligned them-

selves in the vertical direction. This pattern was getting more pro-

nounced as either the force magnitude or the number of microtubules

was increased. Nevertheless, even with the presence of a tensile force

(e.g., 10mN) that was significantly larger than normal, a portion of

microtubules always exhibited an orientation angle ranging between

0� and 60�, indicating the impact of fluid flow in directions different

from that of the maximum tensile stress. We emphasize, however,

that the effects of the tensile stress and fluid dynamics are not sepa-

rated. The tensile force is transmitted between microtubules and the

fluid through the FSI, which impacts the motion of the fluid.

Subsequently, the fluid flow impacts the movement of microtubules

because of the no-slip condition, providing a feedback to the MT

dynamics. Although the alignment of microtubules with the

maximal tensile stress direction has been observed in many experi-

mental studies, how this is achieved remains largely unknown

(Sampathkumar et al., 2014, Takatani et al., 2020). Our simulation

results suggest that the fluid (cytoplasm) may serve as a medium to

transmit the force and to regulate the MT alignment. The overall pat-

tern of the MT assembly and orientation is thus shaped by the com-

bined effects of the fluid flow, the tensile force, and the interaction

between microtubules and cytoplasm.

3.4 | Integration of computational modeling and
experimental testing helps to refine the model

To integrate the computational modeling and experimental testing,

we compared datasets generated by the numerical simulations and

biological experiments. The simulation result in the base setting

(Ftens ¼1mN,Nb ¼100) showed that about 64% of the microtubules

were oriented between 60� and 90� (Figure 9a), higher than what was

obtained from the experimental measurement (48.72%, Figure 1d).

Moreover, there were many more microtubules in the experiment

than in the computation that were aligned between 0� and 60�. One

possible reason for this discrepancy was that we utilized a simplistic

treatment of the tensile stress in our computational model. We only

considered the maximal tensile force, which acted in the vertical direc-

tion (perpendicular to the axis of cell elongation). In a real plant cell,

the tensile stress is also present in other directions, which could

impact the orientation of the microtubules.

F I G U R E 7 Snapshots for the FSI simulation of the microtubules
with Nb ¼100 at several initial times. In each panel, the horizontal and
vertical axes represent the spatial coordinates, the blue lines
represent the microtubules, and the small black arrows represent the
fluid velocity field.
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To better represent the effects of the tensile stress, we kept the

magnitude of the maximal tensile force at 1 mN and added a second-

ary tensile force into our computational model, which acted in the

horizontal direction with a magnitude of 0.4 mN. We then ran the

simulation again with Nb ¼100 and presented the result in Figure 10.

We observed that about 49% of the microtubules were oriented

between 60� and 90�, indicating a very good agreement with the per-

centage observed from the experiment.

4 | DISCUSSION

We have developed a mathematical and computational framework to

investigate the interaction between microtubules and cytoplasm

within plant cells, in order to test our hypothesis that such an interac-

tion plays a significant role in regulating the spatial organization of

microtubules. We have utilized the theory, modeling techniques and

numerical algorithms from fluid–structure interaction in this study. In

F I GU R E 8 Frequency of the encountering angles for the microtubules with different values for the magnitude of the tensile force (Ftens) and
the number of microtubules (Nb). Results indicate that zippering occurs more frequently than induced catastrophe. (a) Ftens ¼1mN, Nb ¼100;
(b) Ftens ¼2mN, Nb ¼100; (c) Ftens ¼2mN, Nb ¼200; (d) Ftens ¼5mN, Nb ¼100; (e) Ftens ¼5mN, Nb ¼200; (f) Ftens ¼10mN, Nb ¼100;
(g) Ftens ¼10mN, Nb ¼200.
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F I GU R E 9 Frequency of the orientation angles for the microtubules with different values for the magnitude of the tensile force (Ftens) and
the number of microtubules (Nb). Results show that the microtubules are primarily oriented along the vertical direction, corresponding to the
direction of the maximum tensile stress. (a) Ftens ¼1mN, Nb ¼100; (b) Ftens ¼2mN, Nb ¼100; (c) Ftens ¼2mN, Nb ¼200; (d) Ftens ¼5mN,

Nb ¼100; (e) Ftens ¼5mN, Nb ¼200; (f) Ftens ¼10mN, Nb ¼100; (g) Ftens ¼10mN, Nb ¼200.
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particular, the immersed boundary method is employed to conduct

the FSI simulation for microtubules. Details of the MT encounter

dynamics are also incorporated into our computational study. Results

are presented for multiple fibers interacting with viscous fluid flow as

numerical tests for our model and methods, and for the simulation of

MT dynamics in a real plant cell. The MT simulation results are also

compared to the measurement from laboratory experiments.

Our numerical simulation has explored a range of parameter set-

tings that include the number of microtubules and the magnitude of

the tensile force. We have paid special attention to the orientation of

microtubules and the frequency of zippering and induced catastrophe

in the model output. The numerical tests in Section 3.2 and the MT

simulation in Section 3.3 share several common results, especially in

the frequency of occurrence for zippering and induced catastrophe. It

is found that zippering occurs more frequently than induced catastro-

phe for both scenarios, in spite of the different settings and different

values of the physical parameters such as the density and viscosity.

However, the simulation results for the fiber orientations in these two

scenarios are distinct from each other: the fibers in the numerical tests

tend to align in the direction of the gravity-driven flow, whereas the

microtubules suspending and moving in the more complex cytoplas-

mic flow are primarily oriented in the direction perpendicular to the

axis of cell elongation. This inherent difference is largely due to the

presence of the tensile stress acting on a real plant cell. Nevertheless,

the impacts of the tensile stress (as well as other forces acting on

microtubules) and fluid dynamics are coupled together through the

fluid–structure interaction, which seems to form a stress–microtu-

bule–cytoplasm nexus. Consequently, the overall pattern of the MT

organization and orientation appears to be heavily influenced by the

interconnected microtubule–cytoplasm system and the

communication of forces and velocities between each other. We have

simulated different numbers of microtubules and different magnitudes

of the tensile force within a biologically feasible regime, and all the

computational findings exhibit a consistent pattern. We have also

found that, with additional calibration of the tensile stress computa-

tion, our simulation outcome could lead to a good agreement, both

qualitatively and quantitatively, with the experimental measurement.

We have focused on the impact of fluid dynamics on MT assem-

bly and orientation in the present paper. As such, we have not consid-

ered other intracellular components such as motor proteins, enzymes,

chromosomes, organelles and other endosomes, which also interact

with microtubules and may contribute to their spatial organization as

well. Meanwhile, our model is primarily deterministic and does not

take into account some of the stochastic behaviors, such as treadmill-

ing, of microtubules. These factors might have contributed to the

quantitative differences between our computational and experimental

results on the MT orientation. Nevertheless, our simulation results

suggest that an FSI study incorporating realistic forces and encounter

dynamics would be sufficient to generate some of the essential fea-

tures of MT dynamics within a plant cell. Our modeling framework

can be extended to include those additional intracellular factors and

properties associated with microtubules, but we expect that the quali-

tative outcome would remain the same; that is, fluid dynamics play an

important role in shaping the spatial organization of microtubules.

Cytoplasmic streaming generates active cytoplasmic movement

to execute many functions such as cell locomotion for nutrient uptake

in unicellular organism amoeba, chloroplast movement for light

response in plant cells, information exchange between intracellular

organelles in mammalian and plant cells and pattern formation in Cae-

norhabditis elegans (Goehring et al., 2011; Goldstein & van de

F I GU R E 1 0 Frequency of the
orientation angles for the microtubules
with Nb ¼100. The maximal tensile force
acts in the vertical direction with a
magnitude of 1 mN, and the secondary
tensile force acts in the horizontal
direction with a magnitude of 0.4 mN.
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Meent, 2015). Cytoplasmic streaming is driven by cytoskeleton-

dependent motor proteins—microtubule-based motor protein kinesin

and actin-based motor protein myosin (Tominaga & Ito, 2015). The

fluid dynamics of cytoplasmic streaming itself is presumed to impact

the organization of actin and/or microtubule cytoskeleton. Yet the

detail for the impact of cytoplasmic streaming on the cytoskeleton is

poorly understood. Our results combined computational modeling and

in vivo studies to reveal that microtubule–cytoplasmic interaction is

important for maintaining proper microtubule patterning in Arabidop-

sis epidermal cells. Short treatment of Lat B reduced cytoplasmic flow,

resulted in reduced mobility of Golgi, due to the impairment of actin

cables along which Golgi tracks. Microtubules orientation under Lat B

treatment had a 30� deviation from that of mock treatment. It is

known that actin influences global cellulose synthase distribution and,

therefore, it may impact cellulose microfibril patterning (Gutierrez

et al., 2009). The microtubule reorientation, however, is unlikely

impacted by actin’s role in cellulose synthase trafficking. The feedback

regulation from cellulose microfibril patterning to the organization of

microtubules takes days if not hours. To complement the pharmaco-

logical methods, future experimental studies will focus on disrupting

genes that specifically drive the cytoplasmic streaming without mini-

mal perturbation of the actin cytoskeleton.

This work represents an effort for the computational modeling of

fluid dynamics and MT organization in a plant cell. Although we have

focused on a 2D setting, the modeling techniques and computational

methods can be applied to the 3D space. MT simulation in 3D would

allow us to incorporate more detailed (Ganguly et al., 2012) complex

patterns of cellular fluid dynamics. We plan to pursue this research

direction in our future efforts. In addition, the modeling and

computational methodology based on fluid–structure interaction can

be naturally extended to many other cellular systems where the

intracellular fluid interacts with various microstructures and where

such interaction may be important in shaping the cellular and

molecular dynamics.
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