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ABSTRACT

DNA replication forks are intrinsically asymmetric
and may arrest during the cell cycle upon encoun-
tering modifications in the DNA. We have studied
real time dynamics of three DNA polymerases and
an exonuclease at a single molecule level in the bac-
terium Bacillus subtilis. PolC and DnaE work in a
symmetric manner and show similar dwell times. Af-
ter addition of DNA damage, their static fractions and
dwell times decreased, in agreement with increased
re-establishment of replication forks. Only a minor
fraction of replication forks showed a loss of active
polymerases, indicating relatively robust activity dur-
ing DNA repair. Conversely, PolA, homolog of poly-
merase I and exonuclease ExoR were rarely present
at forks during unperturbed replication but were re-
cruited to replications forks after induction of DNA
damage. Protein dynamics of PolA or ExoR were al-
tered in the absence of each other during exponential
growth and during DNA repair, indicating overlapping
functions. Purified ExoR displayed exonuclease ac-
tivity and preferentially bound to DNA having 5′ over-
hangs in vitro. Our analyses support the idea that
two replicative DNA polymerases work together at
the lagging strand whilst only PolC acts at the lead-
ing strand, and that PolA and ExoR perform inducible
functions at replication forks during DNA repair.

INTRODUCTION

DNA replication is carried out in all organisms by a multi-
protein complex called the replisome (1–3). Owing to the
high level of functional similarity of replication proteins

in different species from bacteria and phages to eukary-
otes, bacterial replication has been used as a model system
(2,4,5). According to text books, DNA replication is driven
by two or three major DNA polymerases in all cells (6).
In eukaryotes, two different polymerases mediate replica-
tion at leading or lagging strand and polymerase I removes
RNA primers at the lagging strand (5). In Escherichia coli
cells, the same polymerase (PolC) acts at both strands, and
polymerase I (PolA) removes RNA hybrids (2,7). The sto-
ichiometry and architecture of the replicative DNA poly-
merase holoenzyme (Pol III) have been well characterized in
the model organism E. coli (8). Although E. coli has served
as a prototype for understanding DNA synthesis in vivo,
and although some E. coli DNA replication features are
conserved across species, the replisomes of many other bac-
terial species have a distinct organization and may operate
differently (9).

The replication machineries in the Gram-positive model
bacterium Bacillus subtilis, in Streptococcus pyogenes and
in Staphylocuccus aureus have also provided useful model
systems for understanding unique aspects of DNA replica-
tion, from both a genetic and biochemical perspective (10–
12). Some features of E. coli replication are conserved (1),
however, genetic studies have demonstrated that both PolC
and DnaE are required for B. subtilis replication (13). In the
absence of DnaE, leading strand DNA synthesis remains
active whilst lagging strand synthesis ceases (14), suggest-
ing that PolC is the leading strand replicase and DnaE the
counterpart at the lagging strand (6). Indeed, only DnaE is
able to extend primase-generated RNA primers at the lag-
ging strand (1,15,16). However, recent in vitro experiments
indicated that PolC also acts at the lagging strand, possibly
by extending stretches synthesized by DnaE, which has rela-
tively slow polymerase activity in vitro (1,14), and would not
be able to keep up with polymerization speed set by the lead-
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ing strand. Interestingly, DnaE lacks proof reading activity,
and is able to bypass DNA lesions in an error-prone manner
(17). Thus, an alternative scenario could be that PolC takes
over a proofreading function at the lagging strand.

Structural characterization and biochemical studies of
several prokaryotic DNA polymerase I (Pol I, or PolA)
enzymes has established an organization into three func-
tional domains: an N-terminal domain associated with a
5′-3′ exonuclease activity, a central domain that mediates
proofreading of the 3′-5′ exonuclease activity and a C-
terminal domain responsible for the polymerase activity
(18). PolC also contains both DNA polymerase and proof-
reading 3′→5′ exonuclease activities in one polypeptide
chain, whereas DnaE has no proofreading activity (19). Al-
though short DNA fragments containing RNA accumu-
late in B. subtilis cells in which PolA has been inactivated
(20), indicating that it removes RNA primers at the lagging
strand similar to Pol I in E. coli, the polA gene is not essen-
tial, suggesting that a protein other than PolA performs the
essential function of primer removal.

In spite of good knowledge on biochemical properties
of the B. subtilis replicative DNA polymerases, the in vivo
composition and architecture of the replisome is little in-
vestigated. Interestingly, genes encoding proteins acting on
the lagging strand have evolved at a significantly higher rate
than those dealing with the leading strand (13,14). All these
features raise the question whether there is a division of
labour between the two replicative DNA polymerases, each
one being devoted to one strand (21), or if the B. subtilis
replisome is more eukaryotic-like in that it relies on a two
DNA polymerase system for chromosomal replication (5),
using two polymerases at both strands.

DNA polymerases also play a key role in various DNA
repair mechanisms, ensuring faithful chromosome replica-
tion and maintenance of their genome integrity (22). This
includes the repair of oxidized, alkylated or deaminated
DNA bases, as well as of DNA crosslinks and UV light-
induced DNA damage (23). This variety of DNA lesions
requires modular repair pathways that carry out damage
recognition, damage removal, repair synthesis and ligation
in sequential steps catalysed by a series of enzymes (24,25).
Additionally, all repair pathway steps need to be precisely
balanced to avoid accumulation of DNA intermediates that
are typically more mutagenic and toxic than the original le-
sion (26). Rapid processing of gapped and nicked interme-
diates is particularly crucial (4) because they provoke lethal
double-strand breaks upon encountering replication forks
(27); a single such break can lead to chromosome loss and
cell death. Base-excision and nucleotide-excision repair re-
move short sections of the damaged DNA, leaving single-
stranded DNA gaps to be filled and sealed by Pol I. In-
deed, single-molecule tracking experiments revealed tran-
sient binding of individual Pol I and ligase molecules in
the presence of DNA methylation damage, allowing base-
excision repair rates to be quantified in live E. coli cells (28).

Given that the less well-understood B. subtilis replisome
appears more eukaryotic-like than the E. coli replisome but
appears to be distinct from both systems, a deeper in vivo
understanding of how DNA polymerase dynamics occur
in B. subtilis is necessary. To quantitatively image how the
replicative DNA polymerases move, bind and unbind to the

replication machinery in B. subtilis and also to address the
question how they deal with induced DNA damage, we ap-
plied single-molecule tracking (8,28,29) to examine the in
vivo behaviour of PolC, DnaE and PolA. We also studied
YpcP, which we term ExoR hereafter, which is homologous
to the exonuclease domain of PolA. In contrast to E. coli
Pol I, PolA is not essential in B. subtilis, which has been
surprising given its evolutional conservation. Interestingly
PolA becomes essential in the absence of ExoR (25,30,31),
indicating that ExoR might be able to take over an essen-
tial function of PolA; whether this occurs at the replication
forks is not known.

Reporting on the dynamics of PolC, DnaE, PolA and
ExoR proteins within live cells and within regard to the
replication machinery, we provide in vivo evidence that
B. subtilis replication forks present unusual features not
known from replication machineries in E. coli and eukary-
otic systems.

MATERIALS AND METHODS

Bacterial strains and growth conditions

The bacterial strains and plasmids used in this study are
listed in Supplementary Table S1, and the nucleotides are
listed in Supplementary Table S2. Escherichia coli strain
XL1-Blue (Stratagene) was used for the construction and
propagation of plasmids and E. coli strain BL21 Star DE3
(Invitrogen) for the heterologous overexpression of pro-
teins. All B. subtilis strains were derived from the wild-type
strain BG214. Cells were grown in Luria-Bertani (LB) rich
medium at 37◦C or 30◦C or in minimal medium containing
S750 salts at 30◦C (32). When needed, antibiotics were added
at the following concentrations (in �g/ml): ampicillin, 100;
chloramphenicol, 5; spectinomycin, 100; kanamycin, 30.
When required, media containing mitomycin C (MMC)
were prepared by adding appropriate volumes of a filter-
sterilized solution 50 ng/ml.

Construction of strains

PolC, DnaE, PolA, ExoR and DnaX were visualized as
a PolC-mV, DnaE-mV, PolA-mV, ExoR-mV and DnaX-
mV fusion proteins expressed at the original locus. The
last 500 bp coding for each gene were integrated into vec-
tor pSG1164-mVenus (33), using ApaI and EcoRI restric-
tion sites, and BG214 cells were transformed with this con-
struct, selecting for cm resistance (leading to strains Sup-
plementary Table S1). For colocalization studies, DnaX-
CFP was integrated at amyE locus by the use of the plas-
mid pSG1192 and expression was controlled by xylose addi-
tion (34). To investigate colocalization of PolC, DnaE, PolA
and ExoR, the resulting strains PG3306, PG3307, PG3308
and PG3309 (see Supplementary Table S1) was transformed
with chromosomal DNA of strains leading to the expres-
sion of PolC-mV, DnaE-mV, PolA-mV and ExoR-mV to
DnaX-CFP. A strain with mV-tagged PolA or ExoR in
an polA or exoR deletion background strains was gener-
ated by transformation of competent ΔypcP::kan trpC2 or
ΔpolA::kan trpC2 cells, obtained from the Bacillus Genetic
Stock Center (Columbus, Ohio) (35), with chromosomal
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DNA from a strain expressing either PolA-mV or ExoR-
mV.

For expression of soluble 6xHis-ExoR, the coding se-
quence lacking the first 10 codons was amplified by poly-
merase chain reaction using chromosomal DNA from B.
subtilis wild-type strain BG214. The fragment was further
integrated in the expression vector pET28a (Novagen) by
EcoRI and XhoI restriction ligation and brought into the
expression host E. coli BL21 (DE3) giving rise to the strain
pET28a::exoRHisTag.

Protein purification

Protein purification was performed in two consecutive steps.
The purification of (His)6-ExoR initially began with affin-
ity chromatography using an ÄKTA Prime apparatus (GE
Healthcare) and Nickel-Sepharose columns (HisTrap HP 1
ml, GE Healthcare) and was continued by size-exclusion
chromatography using an ÄKTA FPLC apparatus (GE
Healthcare) and a gel filtration column (Superdex 75 16/60
GL, GE Healthcare). For details, see Supplementary Mate-
rial.

Fluorescence microscopy

For fluorescence microscopy, B. subtilis cells were grown in
S750 minimal medium at 30◦C under shaking conditions un-
til exponential growth. Conventional light microscopy was
performed using a Zeiss Observer Z1 (Carl Zeiss) with an
oil immersion objective (100 × magnification, 1.45 numeri-
cal aperture, alpha Plan-FLUAR, Carl Zeiss) and a CCD
camera (CoolSNAP EZ, Photometrics). Data were pro-
cessed using Metamorph 7.5.5.0 software (Molecular De-
vices, Sunnyvale, CA, USA).

Single molecule microscopy and tracking

In contrast to the wide-field illumination used in conven-
tional epifluorescence microscopy, the excitation laser beam
used in our setup is directed to underfill the back aperture of
the objective lens, generating a concentrated parallel illumi-
nation profile at the level of the sample, leading to a strong
excitation followed by rapid bleaching of the fluorophores.
When only a few unbleached molecules are present, their
movement can be tracked. In addition, freshly synthesized
and folded fluorophores become visible when the sample is
excited again. When an observed molecule is bleached in a
single step during the imaging, it is assumed to be a single
molecule (8,36). Image acquisition was done continuously
during laser excitation with the electron-multiplying CCD
(EMCCD) camera iXon Ultra (Andor Technology, Belfast,
UK). A total of 1500 frames were taken per movie, with an
exposure time of 20 ms (23 frames per second [fps]). The
microscope used in the process was an Olympus IX71, with
a × 100 objective (UAPON 100 × OTIRF; numerical aper-
ture [NA], 1.49; oil immersion). A 514-nm laser diode was
used as excitation source, and the band corresponding to
the fluorophore was filtered out. Of note, cells continued to
grow after imaging, showing that there is little to no photo-
damage during imaging, whilst cells stop growing when ex-
posed to blue light (below 480 nm). Acquired streams were

loaded into Fiji ImageJ (37). Automated tracking of single
molecules was done using the ImageJ plugin MtrackJ, or
u-track 2.1.3 (38).

Diffusion analysis of single-molecule tracks

Tracking analysis was done with u-track-2.1.3, which was
specifically written for Matlab (MathWorks, Natick, MA,
USA). Only trajectories consisting of a minimum of five
frames were considered tracks and included for further
analysis. A widely accepted method to analyse the diffusive
behaviour of molecules is by using the mean squared dis-
placement (MSD)-versus-time-lag curve (39,40). This pro-
vides an estimate of the diffusion coefficient as well as of
the kind of motion, e.g. diffusive, subdiffusive or directed.
However, the method requires that within a complete tra-
jectory there be only one type of homogeneous motion and
that the trajectory is preferably of infinite length. To distin-
guish immobile and mobile molecules from each other, we
compare the frame-to-frame displacement of all molecules
in x and the y directions. Using a Gaussian mixture model
(GMM) to fit the probability density distribution function
of all frame-to-frame displacements, determine the stan-
dard deviations �1 and �2, as well as the percentages F1
and F2 of the slow and the fast subfractions of molecules,
respectively. Finally, the diffusion constants were calculated
according Di = σ 2

2�t , (i = 1, 2) where Δt is the time interval
between subsequent imaging frames.

Generation of heat maps, analyses of molecule dwell
times, and visualization of slow and fast tracks in a stan-
dardized cell are based on a custom-written Matlab script
(SMTracker) that is available on request (41). SMTracker
can use particle tracking tools u-track (38) and TrackMate
(42) and computes the x- and y-coordinates of molecular
trajectories relative to the geometry of each cell, as obtained
by the cell segmentation tools MicrobeTracker (39) or Oufti
(43).

Statistical data analysis

The goodness of fits of the GMMs was assessed us-
ing probability–probability plots (pp-plots) (Supplemen-
tary Figure S5). Errors on the fitted parameters are given
as 95% confidence intervals, which were derived from the
Jacobian matrix of the nonlinear optimization process us-
ing the MATLAB™ function nlparci. To compare fraction
sizes and diffusion constants under different conditions and
between different proteins, statistical hypothesis-testing was
performed using a Kolmogorov–Smirnov 2-sample test to
the step size distributions. Differences in dwell times distri-
bution were tested and scored using Student’s t-test in the
cases where Levene test for equality of variances was not
rejected. To assess the most likely number of populations
for each fit, we applied the Bayesian Information Criterion
(BIC), as detailed in (41). As usual, *, ** and *** stands for
P-values lower than 0.1, 0.05 and 0.01, respectively, whilst
n.s. stands for statistically not significant. Statistical hypoth-
esis testing and plotting was performed using SMTracker
(41) and MATLAB™ custom written scripts.
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RESULTS

PolA and ExoR do not visibly assemble at the replication
forks during exponential growth, but after induction of DNA
damage

Cell biological studies have shown that B. subtilis DNA
polymerases do not move through the cytoplasm whilst
actively replicating DNA, in contrast to the E. coli repli-
some (44). Rather, the B. subtilis replisome has been shown
to reside in a more restricted location through which tem-
plate DNA is pulled in, and newly synthesized DNA is ex-
truded towards the cell poles, which has been suggested to
facilitate chromosome segregation (45). Therefore, the posi-
tion of replication forks can be determined using epifluores-
cence microscopy and fluorescent protein fusions to com-
ponents of the machinery. In order to address the ques-
tion whether PolA and ExoR are also components of the
replisome, we generated mVenus (mV) fusions to the C-
terminus of ExoR and to the three DNA polymerases PolA,
PolC and DnaE, which were integrated at the original gene
locus on the chromosome. Thereby, solely fusion proteins
are expressed under the control of the original promoter,
ensuring the expression of wild-type levels for all proteins
(Supplementary Table S1). Presence of full-length proteins
(and no free mVenus or degradation products) was ver-
ified using Western blotting (Supplementary Figure S1).
PolC-mV and DnaE-mV fully complemented the wild-type
copies, whilst PolA-mV and ExoR-mV showed slightly re-
duced survival in response to treatment with 40 �g/ml mito-
mycin C (MMC), but not to 50 ng/ml (Supplementary Fig-
ure S2A). Because PolA-mV and ExoR-mV expressing cells
were much more viable than the corresponding mutant cells
(Supplementary Figure S2), both fusion proteins retain al-
most full functionality compared to the wild-type proteins.

Epifluorescence experiments showed that whilst PolC-
mV and DnaE-mV colocalized with DnaX-CFP, a compo-
nent of the clamp-loader complex, and thus visibly accu-
mulated at the forks, neither PolA-mV nor ExoR-mV pro-
vided detectable foci during exponential growth (Figure 1).
In order to find out if either of the proteins might be visible
at forks in the absence of the other, we moved the FP fu-
sions into the corresponding deletion background. Neither
of the two proteins showed foci associated with DnaX-CFP
but were visually localized throughout the cells (Figure 1),
showing that there is no obvious visual complementation.

We used chemical (mitomycin C, MMC) and physical
(UV irradiation) damage to assess if (i) the DNA III-type
polymerases PolC and DnaE remain bound to forks dur-
ing DNA damage repair, and if (ii) PolA or ExoR might be
recruited to the forks under these conditions. Figure 2 and
Supplementary Figure S3 show that replication forks were
maintained, as judged by the continued presence of single
or two fluorescent DnaX-CFP foci per cells, and forks re-
tained both, PolC and DnaE. Quantification of foci showed
that 100 DnaX-CFP foci colocalized with 96 PolC-mV or 92
DnaE-mV foci after MMC treatment, showing that in spite
of running into DNA interstrand crosslinks, or base dimers,
replication forks rarely disassemble in vivo, or visibly lose
replicative polymerases.

Interestingly, cells contained multiple PolA-mV or ExoR-
mV foci, both after treatment with MMC or after UV ir-
radiation. In many cells, one or two foci (out of up to 10
foci in total) colocalized with DnaX-CFP, suggesting that
both proteins might get recruited to forks during replication
stress/DNA repair. We will come back to this point below.
Clearly though, most PolA-mV or ExoR-mV foci did not
colocalize with replication forks after damage induction,
indicating that PolA and ExoR act at many chromosomal
sites to remove DNA crosslinks and base modifications, in-
dependently from replication forks.

DnaE and PolC show similar dynamics at the single molecule
level

We wished to further investigate (i) if ExoR shows a similar
subcellular pattern of movement as PolA, (ii) if PolA plays
its essential function at B. subtilis replication forks, (iii) if
ExoR might complement a function of PolA at the forks
and (iv) how PolA behaves relative to PolC and DnaE. Epi-
fluorescence fails to visualize very short events of molecules
resting at a subcellular site (dwell time) and cannot detect
mobile/diffusive molecules. We therefore employed single
molecule tracking (SMT), which can follow the movement
of single mVenus-fused proteins. We are using YFP-type
SMT, in which most mVenus fusions are bleached until
few molecules remain that can be tracked. We prefer this
technique over PALM tracking, because blue light (as re-
quired for PALM tracking of fluorophores PAmCherry or
mEOS) arrests the B. subtilis cell cycle (unpublished results)
and in our hands, B. subtilis cells show very high red auto-
fluorescence under intensive excitation with 561 nm in cells
lacking any FP fusion, which is not the case for 514 nm ex-
citation required for mVenus excitation. DNA polymerase-
mV fusions and ExoR-mV were tracked with 20 ms streams
(50 fps), which yielded characteristic patterns of movement
shown Supplementary Movies S1 and 2. Supplementary
Figure S4: molecules could be static for several frames (Sup-
plementary Figure S4A), which is defined as movement of
<230 nm (Supplementary Figure S4D and E) or were mo-
bile (Supplementary Figure S4F). The presence of at least
two distinct fractions of stationary and mobile molecules
can be seen in Supplementary Movies S1 and 2. No more
than three signals per cell were allowed to ensure correct
tracking, and single molecules were identified due to one
step bleaching events (Supplementary Figure S4B and G).
In order to obtain 2D patterns of movement, tracks ob-
tained from many cells were projected into a standardized
3 × 1 �m large cell (Supplementary Figure S4D and I).

We used a GMM to fit the probability density distribu-
tion function of all displacements from frame to frame. A
single, freely diffusive population of molecules would be ex-
plained by a single Gaussian distribution {see e.g. PfkA
enzyme in (46)}. However, for polymerases, a superposi-
tion of two Gaussians (red curves in Figure 3 and Figure
4) was necessary to fit to the experimental displacement
distributions. This was verified using pp plots (Supplemen-
tary Figure S5), where experimental data fit better to a two-
population model than to a single population model. The
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Figure 1. Localization of polymerases during exponential growth. Subcellular localization by epifluorescence in representative untreated live Bacillus
subtilis cells. The overlay panels show DnaX-CFP in red and PolC-mV, DnaE-mV, PolA-mV and ExoR-mV in green. Scale bar: 2 �m.

Figure 2. Altered localization patterns after induction of DNA damage. Localization by epifluorescence in representative live Bacillus subtilis cells after
induction of DNA damage with MMC. The overlay panels show DnaX-CFP in red and PolC-mV, DnaE-mV, PolA-mV, and ExoR-mV in green. Note
that DnaX-CFP foci rarely colocalize with PolA-mV or ExoR-mV foci. Scale bar: 2 �m.

algorithm infers two diffusion constants, D1 and D2, cor-
responding to one fraction of immobile and another frac-
tion of mobile molecules (Figure 3). In case of DNA poly-
merases, D1 would refer to the active, tightly DNA bound
molecules and D2 to molecules being in the diffusive state.
From fitting the variances and respective areas under the
two Gaussians, we then determined the diffusion constants
and relative fractions of molecules in the mobile and immo-
bile states. The changes in the width of the step size distribu-
tions are a convenient visual tool to see if molecules become
more static (the distribution becomes narrower) or more dy-
namic (wider distribution). The size of the bubbles indicates
the fraction sizes, and the lower bubble corresponds to the

static fraction having a lower diffusion constant (shown on
the y-axis).

Interestingly, PolC and DnaE showed relatively simi-
lar dynamics: for PolC 55% of the molecules were in a
slow/static mode with D1,static = 0.120 ± 0.021 �m2/s com-
pared to 51% of DnaE molecules with D1,static = 0.069 ±
0.007 �m2/s. 45% PolC molecules moved quickly, likely in
a feely diffusive mode, with D2,mobile = 0.930 ± 0.160 �m2/s
and 49% for DnaE with D2,mobile = 0.790 ± 0.080 �m2/s
(Figure 3, Table 1). This distribution cannot be explained
with PolC being exclusively engaged in continuous leading
strand synthesis, because only one out of the ten or more
proteins per cell would be engaged in a static mode.
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Figure 3. Diffusion patterns of DNA polymerases. GMM analyses of frame-to-frame displacements in x- and y-directions. (A) PolC-mV (B) DnaE-mV.
Red lines represent the sum of the two Gaussian distributions. Dotted and dashed lines represent the single Gaussian distributions corresponding to the
static and mobile fractions. Bubble plots show a comparison of fraction sizes (size of the bubble) and diffusion constants (y-axis), between different growth
conditions: distribution in untreated cells (dark blue circles), in MMC-treated (yellow) and in UV-treated (light blue circles) cells. Step size distributions
reveal two populations for each protein, a mobile (upper circles) and a static (lower circles) fraction.
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Figure 4. Diffusion patterns of PolA and of ExoR. GMM analyses of frame-to-frame displacements in x- and y-directions. (A) PolA-mV, (B) ExoR-mV,
(C) PolA-mV �exoR (D) ExoR-mV �polA. See Figure 3 for explanations.

PolA and ExoR dynamics change similarly after induction of
DNA damage

Intriguingly, PolA and ExoR showed considerably different
patterns of movement compared to PolC and DnaE: in the
absence of DNA damage, PolA and ExoR consisted of a
much smaller static fraction, and predominantly of mobile
molecules, with PolA diffusing with a constant of D1,static

= 0.060 ± 0.005 �m2/s (6%) and ExoR D1,static = 0.100 ±
0.006 �m2/s (15%) (Table 1, Figure 4A and C). These exper-
iments reveal that PolC and DnaE have similar static frac-
tions, whilst PolA and ExoR show only small fractions that
would correspond to a DNA-bound state under exponen-
tial growth conditions. This picture changed markedly for

PolA and for ExoR, when DNA damage was induced (Fig-
ure 4A and C, Table 1). Here, the static fractions of both
of PolA as well as ExoR molecules increased (PolA: 31%
static with D1,static = 0.060 ± 0.005 �m2/s and ExoR: 28%
static with D1,static = 0.100 ± 0.006 �m2/s) after MMC-
treatment. Following UV-treatment, 5% PolA enzymes re-
mained static (D1,static = 0.060 ± 0.005 �m2/s) or 18% of
ExoR (D1,static = 0.100 ± 0.006 �m2/s), which is only a
moderate increase for ExoR. In agreement with the epi-
fluorescence data, PolC and DnaE showed minor changes
in their mobility upon addition of MMC or treatment
with UV: 42% of PolC molecules (D1,static = 0.120 ± 0.021
�m2/s) and 49% of DnaE D1,static = 0.069 ± 0.007 �m2/s)
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Table 1. Diffusion constants and percentages of static and mobile molecule fractions

Strain # cells # tracks D1
a F1

b D2
c F2

d

No Damage
PolC-mV 37 147 0.120 ± 0.021 55 ± 7.8 0.930 ± 0.160 45 ± 7.8
DnaE-mV 44 515 0.069 ± 0.007 51 ± 3.7 0.790 ± 0.080 49 ± 3.7
PolA-mV 40 3806 0.060 ± 0.005 6 ± 0.59 0.640 ± 0.006 94 ± 0.5
ExoR-mV 40 5217 0.100 ± 0.006 15 ± 1.1 0.650 ± 0.010 85 ± 1.1
DnaX-mV 29 1706 0.029 ± 0.002 46 ± 2.2 0.230 ± 0.008 54 ± 2.2
�exoR PolA-mV 29 2021 0.062 ± 0.003 22 ± 1.4 0.590 ± 0.017 78 ± 1.4
�polA ExoR-mV 58 2770 0.079 ± 0.006 29 ± 2.3 0.580 ± 0.025 71 ± 2.3
MMC-treated
PolC-mV 33 245 0.120 ± 0.021 42 ± 7.6 0.930 ± 0.160 58 ± 7.6
DnaE-mV 44 278 0.069 ± 0.007 49 ± 4.0 0.790 ± 0.080 51 ± 4.0
PolA-mV 24 713 0.060 ± 0.005 31 ± 1.2 0.640 ± 0.006 69 ± 1.2
ExoR-mV 29 3160 0.100 ± 0.006 28 ± 1.4 0.650 ± 0.010 72 ± 1.4
DnaX-mV 32 2209 0.029 ± 0.002 33 ± 2.2 0.230 ± 0.008 67 ± 2.2
�exoR PolA-mV 38 869 0.062 ± 0.003 46 ± 1.6 0.590 ± 0.017 54 ± 1.6
�polA ExoR-mV 30 1082 0.079 ± 0.006 45 ± 2.6 0.580 ± 0.025 55 ± 2.6
UV-treated
PolC-mV 31 170 0.120 ± 0.021 49 ± 7.6 0.930 ± 0.160 51 ± 7.6
DnaE-mV 39 395 0.069 ± 0.007 40 ± 3.8 0.790 ± 0.080 60 ± 3.8
PolA-mV 37 1517 0.060 ± 0.005 5 ± 0.66 0.640 ± 0.006 95 ± 0.6
ExoR-mV 29 4272 0.100 ± 0.006 18 ± 1.2 0.650 ± 0.010 82 ± 1.2
DnaX-mV 35 1834 0.029 ± 0.002 26 ± 2.1 0.230 ± 0.008 74 ± 2.1
�exoR PolA-mV 34 2799 0.062 ± 0.003 42 ± 1.4 0.590 ± 0.017 58 ± 1.4
�polA ExoR-mV 34 926 0.079 ± 0.006 40 ± 2.5 0.580 ± 0.025 60 ± 2.5

aD1, diffusion constant of static fraction (�m2·s−1).
bF1, percentage of static molecules (%).
cD2, diffusion constant of mobile fraction (�m2·s−1).
dF2, percentage of mobile molecules (%)

were static (MMC-treatment) and 49% of PolC (D1,static =
0.120 ± 0.021 �m2/s) and 40% of DnaE (D1,static = 0.069
± 0.007 �m2/s) after UV-irradiation (Figure 3A and B, Ta-
ble 1), showing that there is only a moderate shift in the
static fractions (i.e. replication fork bound molecules) of
replicative DNA polymerase molecules during DNA dam-
age repair under our experimental conditions (addition of
50 �g/ml of MMC leads to cell death in 25% of the cells,
(47)). Thus, PolC and DnaE do not strongly change their
diffusive/bound distribution after addition of MMC or af-
ter UV treatment (Figure 3), whilst the distribution of PolA
and of ExoR changes in a strong and similar manner (Fig-
ure 4).

PolA and ExoR influence each other’s dynamics during non-
perturbed growth and after DNA damage induction

In order to investigate if PolA and ExoR change their dy-
namics when the other protein is missing, we performed
SMT in a strain expressing PolA-mV and lacking ExoR, or
vice versa. Interestingly, we observed significant differences
between their mobilities: in the absence of ExoR, PolA-mV
had a strongly increased static fraction (Figure 5B, blue and
green circles), at the expense of the dynamic fraction (Fig-
ure 5A). This is also true for UV irradiation (Figure 5B,
blue and green diamonds) and for addition of MMC (blue
and green squares). For ExoR-mV, the diffusion constants
of the static fractions were lower in the absence of PolA un-
der all conditions (Figure 5B) and the static fractions were
much higher (Figure 5B), with the opposite effect on the dy-
namic fractions (Figure 5A). These experiments show that
PolA and ExoR have a considerable effect on each other,

and suggest that their DNA-bound mode is increased when
the other is missing. This is similar to e.g. ATPase RarA, in-
volved in replication restart during DNA repair that shows
large differences in dynamic/static (DNA-bound) fraction
in mutant backgrounds lacking proteins involved in homol-
ogous recombination (48,49).

PolC and DnaE show similar dwell times at the forks

Diffusion analyses show that PolC and DnaE have similar
static and dynamic fractions, but they do not allow con-
clusions about exchange rates of molecules at the replica-
tion forks. To analyse this, we firstly investigated DnaX as
a marker for the forks, with the rationale that DnaX dwell
times at forks should be longer than those of DnaE, because
the latter is expected to be exchanged with every new prim-
ing event, whilst this is likely not the case for DnaX. Fig-
ure 6 shows that DnaX has a similarly large static fraction
(46% with D1,static = 0.029 ± 0.002 �m2/s) than PolC and
DnaE (Table 1). We next scored the number of molecules
in PolC-mV, DnaE-mV and DnaX-mV expressing cells that
are immobile for a certain number of consecutive acquisi-
tion times, deduced from the probability that a molecule will
remain inside a radius of 135 nm (1.35 pixels, three times
our localization error) within a time frame t. Dwell times
are estimated using an exponential decay mixture model,
and the best result we obtained for all proteins employed
a two-component model (see Supplementary Figure S6 for
an example of PolA-mV), resulting in two distinct average
dwell times, � 1 and � 2 (Supplementary Table S3), indicative
of molecules having short dwell times (every freely diffusing
molecule will stop once in a whilst) and of molecules bind-
ing somewhere in the cell: in this case to replication forks,



Nucleic Acids Research, 2019, Vol. 47, No. 16 8529

Figure 5. Scatter plot and significance test results from dynamics and fraction sizes of polymerases. Scatter plot showing the relationship between the
diffusion coefficients (Di) of PolA-mV, ExoR-mV, �polA ExoR-mV and �exoR PolA-mV (y-axis) and comparison of fraction sizes (x-axis), of (A) fast
and (B) slow-diffusing populations. (C) Results of the hypothesis testing to the differences in the fraction sizes of all proteins in terms of P-value: As usual,
*, ** and *** stand for P-values lower than 0.1, 0.05 and 0.01, respectively, whilst n.s. stands for statistically not significant. The most relevant comparisons
are highlighted in red.

which is the average dwell time of importance here. PolC
and DnaE molecules dwelled on average PolC = 0.106 ±
0.007 s, and DnaE = 0.163 ± 0.012 s) (Supplementary Ta-
ble S3 and Figure 7B), showing that they indeed come on
and off the forks in a similar temporal manner. This can
also be seen when their dwell times are compared with those
of DnaX = 0.199 ± 0.006 s (Supplementary Table S3), be-
cause DnaX would be expected to stay longer at the forks
compared to a lagging strand polymerase. Please note that
determined dwell times are strong underestimates of actual
dwell times in the cell, because of molecule bleaching dur-
ing the acquisition. However, average dwell times are pro-
portional between fusions and between different conditions,
as all proteins were fused to the same fluorescent protein
(mVenus, which has an average bleaching time of about 1.2
s (50)).

In agreement with some PolC and DnaE molecules leav-
ing stalled forks in response to DNA damage, average dwell
times became significantly shorter after addition of MMC
for PolC from 0.106 ± 0.007 s to 0.095 ± 0.006 s (no change
after UV irradiation, 0.11 ± 0.008 s), and for DnaE from
0.163 ± 0.012 s to 0.117 ± 0.009 s (MMC), or to 1.18 ±
0.005 after UV treatment) (Figure 7B). Interestingly, al-
though DnaX continued to remain at replication forks ir-
respective of the induction of DNA damage (Figure 2 and

Supplementary Figure S3), its dwell times became much
lower (Figure 7B and Supplementary Table S3), revealing
a higher subunit turnover of the clamp loader complex dur-
ing the response to DNA damage.

For PolA and ExoR, average dwell times increased
markedly, from 0.081 ± 0.001 s during exponential growth
to 0.104 ± 0.007 s/0.096 ± 0.006 s after MMC/UV treat-
ment for PolA (Supplementary Table S3), and in a very sim-
ilar manner for ExoR (Figure 7B), revealing strongly in-
creased DNA binding in response to DNA damage. These
experiments not only verify that we can accurately detect
changes in dwell times for DNA polymerases at the forks,
but also underline our findings that PolA and ExoR be-
come strongly DNA-bound, at many sites on the chromo-
some, during DNA repair. Average dwell times of PolA and
ExoR increased in a statistically significant manner when
one of the enzymes was missing (Supplementary Table S3).
For ExoR and for PolA, dwell times were higher during ex-
ponential growth and during repair of UV-induced dam-
age in the absence of each other, and for ExoR mildly dur-
ing MMC induced damage (Figure 7B). These changes cor-
roborate with the increase in the fraction of DNA-bound
molecules (Figure 6B), supporting the idea that the two pro-
teins affect each other’s function in vivo and confer overlap-
ping essential function(s).
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Figure 6. Diffusion patterns of DnaX-mV compared to PolC-mV and DnaE-mV. (A) GMM analyses of frame-to-frame displacements in x- and y-
directions of DnaX-mV, PolC-mV and DnaE-mV. Black lines represent the sum of the two Gaussian distributions. Dotted red and blue lines represent the
single Gaussian distributions corresponding to the static and mobile fractions. (B) Bar plot with error bars shown illustrates fractions sizes in untreated
cells and their error according to the 95% confidence intervals of the fit. Inside in white, each Diffusion coefficient in �m·s−2. As usual, *, ** and *** stands
for p-values lower than 0.1, 0.05 and 0.01 respectively, whilst n.s. stands for statistically not significant according to a two-sample Kolmogorov–Smirnov
significance test on the step size distributions. Note that the same diffusion constants for DnaE and PolC were chosen (these do not differ markedly from
the actual diffusion constants), which slightly adapts the sizes of static and dynamic fractions, but allows for a direct comparison between the fraction sizes
of the two proteins.

PolA and ExoR are recruited to replication forks upon addi-
tion of DNA damage

From Figure 1, it appeared that PolA and ExoR are located
throughout the cells, and are not associated with the nu-
cleoids, whilst PolC and DnaE formed nucleoid-associated
foci. In order to clarify if not even single PolA molecules are
associated with the replication forks for short intervals, we
tracked PolA-mV and ExoR-mV relative to DnaX-CFP. To
understand how the motion varies with position within the
cell, we developed a tool that allows to visualize the motion
of tracked molecules relative to a defined position in the cell,
in this case the replication fork (or one of the two visible
DnaX-CFP foci), and mapped the step sizes of PolA-mV
and ExoR-mV as a function of distance from the replisome
DnaX-CFP. We first acquired the location of DnaX-CFP

using 445 nm stream acquisition, which reveals the local-
ization of static CFP molecules and then tracked mVenus
fusion molecules in the same cells; representative examples
of cells growing exponentially or having been treated with
MMC or UV are shown in Figure 8A. Less than 5% of
PolA-mV molecules showed static localization close to/at
DnaX foci, corresponding to 85% of replication forks that
did not show PolA-mV tracks. However, more than 90% of
forks showed static PolA-mV tracks after addition of MMC
or after UV treatment (Figure 8B), revealing that PolA be-
comes efficiently recruited to stalled replication forks. Very
similarly, few to no ExoR molecules arrested at DnaX-CFP
foci during unperturbed growth, whilst they clearly halted
at forks after DNA damage induction (Figure 8B). The fact
that most positions corresponding to a replisome show the
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Figure 7. Dwell times. (A) Relative differences of each strain once applied MMC and UV treatment respect to no treatment. (B) Average residence times
(± standard error of the mean) of PolC-mV, DnaE-mV, PolA-mV, ExoR-mV, ExoR-mV �polA and PolA-mV �exoR strains, before and after treatment
with MMC or UV. Dwell times are estimated using an exponential decay model. Histograms show events of resting fitted by a two-component exponential
function. *, ** and *** stand for P-values lower than 0.1, 0.05 and 0.01, respectively, whilst n.s. stands for statistically not significant changes on the dwell
times distributions.

presence of a considerable number of static PolA or ExoR
molecules rules out that absence of PolA from forks dur-
ing exponential growth is due to our inability to visual-
ize all PolA molecules at a single molecule level, and sup-
porting the findings from epifluorescence experiments that
both proteins arrest at replication forks as well as at many
chromosomal sites away from the replisome, during repair
events. The fact that very few PolA or ExoR molecules ar-
rest close to forks can be seen in Figure 8B, upper panels,
whilst the recruitment to one, two or three visible forks can
be seen in damaged cells (Figure 8B, middle and lower pan-
els). Additionally, both PolA and ExoR become more stat-
ically positioned and less mobile after induction of DNA
damage, which can be seen from the mostly flat trajecto-
ries, which is in agreement with GMM analyses. Thirdly,
a histogram of the distance of trajectories to the nearest
DnaX focus (Figure 8C) visualizes the strong overall shift of
molecule localization towards replication forks. Therefore,
PolA is not recruited to replication forks during exponential
growth in a similar manner as PolC or DnaE, questioning
whether it plays a significant role during unperturbed repli-

cation. If PolA was to remove RNA/DNA hybrids at the
lagging strand, we would have expected to see a considerable
fraction of PolA molecules at the forks. Similarly, ExoR is
also transiently recruited to replication forks during active
DNA repair, but rarely present during exponential growth.

Heat maps can help to detect significant changes in bind-
ing patterns between different cellular states. Therefore, all
localization events from hundreds of cells were plotted into
a standardized 3 × 1 �m large cell. Supplementary Figure
S7 shows that whilst PolC and DnaE mostly reside on the
central part of the cells that is occupied by the nucleoid,
PolA and ExoR are observed more diffusely throughout the
cell without clear accumulations, except when DNA dam-
age is induced; here, many more foci reside at places within
the central part (i.e. the nucleoids) of the cells.

ExoR is a magnesium-dependent exonuclease and shows high-
est binding affinity to 5′ overhangs in dsDNA

ExoR is a small conserved protein of previously unknown
function, and its sequence similarity is restricted to the N-
terminal domain of PolA, which contains a 3′→5′ exonucle-
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Figure 8. Localization of PolA and ExoR relative to replication forks. A) Location of DnaX-CFP and overlaid tracks from PolA-mV or from ExoR-mV
in representative Bacillus subtilis cells untreated and after induction of DNA damage with MMC or UV light as indicated. (B) Distance of PolA-mV or
ExoR-mV tracks relative to a DnaX-CFP focus, which is positioned at ‘0 �m’. Panels correspond to those in (A), such that the position of a second or third
DnaX-CFP focus can be inferred after induction of DNA damage by the additional accumulation of static tracks far from the ‘0’ position. (C) Histogram
showing the distances of PolA-mV and ExoR-mV trajectories to the location of DnaX-CFP in 50 cells, treated or untreated.

ase motif shown to be functional in Streptococcus pneumo-
niae and E. coli (25,51,52). We performed structure mod-
elling (53) based on the homology of ExoR to known ex-
opolymerases, and found that ExoR can be superimposed
with the exonuclease domain of Pol I (Supplementary Fig-
ure S8), revealing a close structural relation. For biochem-
ical characterization, a 6His-ExoR construct was purified
to homogeneity by Nickel-Sepharose affinity chromatogra-
phy followed by size-exclusion chromatography (see ‘Ma-
terials and Methods’ section and Supplementary Figure
S9). ExoR showed magnesium-dependent nuclease activity
on double stranded DNA (Supplementary Figure S10), in
agreement with its proposed structure. We wished to gain
insight into preferred substrates of ExoR, and therefore per-
formed DNA binding assays, in the absence of magnesium.
Linear DNA fragments carrying regions of 68 bp or less
(dsDNA, ssDNA and RNA) were mixed, and increasing
amounts of ExoR of 0 to 750 nM molar excess with respect
to DNA were added to the different substrates. As shown in
the EMSA assays in Figure 9, well-defined complexes were
detected even at the lowest amount of ExoR used. Defined
and single shifted bands were observed on all dsDNA, ss-
DNA and RNA molecules, indicating a distinct number of
ExoR molecules interacting with the substrate, similarly to
all polymerases containing the C-terminal exonuclease do-
main (54). ExoR had a clear preference for dsDNA with a
5′ overhang (Figure 9A) over 3′ overhangs (Figure 9E), over
blunt end dsDNA (Figure 9D). Interestingly, it bound more

readily to an ssDNA template (Figure 9B) than to the cor-
responding dsDNA, and also to ssRNA (Figure 9C), whilst
affinity to a DNA/RNA hybrid with a 5′ overhang was
higher than to ssRNA or dsDNA (Figure 9F). Figure 9G
shows a plot of the measured relative intensity of the bands
in each gel, showing the highest affinity of ExoR for the 5′
overhang substrates. These results clearly show binding of
ExoR to dsDNA is influenced by the DNA structure and
support the idea that ExoR could extend single stranded
gaps in DNA. Previous functional genomics studies have
suggested that DNA polymerase I (PolA) is essential in S.
pneumoniae (52), E. coli (51) and Salmonella enterica (55)
but not in B. subtilis (56), S. aureus (57) or Haemophilus in-
fluenzae (58), but that a double exoR polA deletion is lethal.
Our data suggest that exonuclease activity of either PolA or
of ExoR must be present in B. subtilis to overcome damage-
induced replication stress.

DISCUSSION

Many critical cell-cycle processes are achieved by multien-
zyme complexes, in which the timely interplay of compo-
nents is crucial for the correct functioning of the machinery.
This is especially true for replication forks, where the syn-
thesis of two DNA strands occurs in parallel, however in a
continuous and discontinuous manner for leading and lag-
ging strand. The molecular mechanism of DNA synthesis
has been intensively investigated in vitro (59,60), revealing
distinct mechanisms of leading and lagging strand synthe-
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Figure 9. DNA binding of ExoR. EMSAs showing ExoR binding to different nucleotide substrates. ExoR binding specifically to dsDNA panels A, D and
E or ssDNA (panel B), or to RNA (panel C and F). EMSAs were performed with increasing amounts (0–750 nM) of purified ExoR and fragments of
68 bp, containing either DNA or RNA, generated by annealing of custom-made oligonucleotides. Samples were mixed with loading buffer and analysed
through 6% (v/v) native polyacrylamide gels. Lanes labelled ‘0’ show the control substrate in the absence of protein. ExoR shows highest binding affinity
to 5′ overhangs in dsDNA (panel A). Lines below each panel represent DNA in blue or RNA in red. (G) Plot of the measurement of the relative intensities
of the two bands in the EMSA gels for each DNA/RNA substrate.

sis. The advent of SMT has made it possible to visualize
the dynamics of single enzymes in real time, i.e. follow dif-
fusion and binding/unbinding events in millisecond inter-
vals, and with high spatial precision (down to 20 nm resolu-
tion). We have applied SMT to study B. subtilis replication
forks to study the dynamics of two replicative polymerases,
a subunit of the clamp loader complex (DnaX), polymerase
I (PolA) and a putative exonuclease, ExoR (YpcP).

Our experiments document that PolC and DnaE are re-
cruited to and released from the replisome in a time scale of
few seconds, with both polymerases exchanging with sim-
ilar kinetics, but slower than DnaX, a part of the clamp
loader complex (Supplementary Figure S11). If PolC was
exclusively involved in leading strand synthesis, we would
have expected much longer dwell times than those of DnaE
and a much lower fraction of proteins being involved in
replication. Thus, our findings are in agreement with genetic
and biochemical experiments showing that PolC and DnaE
work together at the lagging strand. Because only DnaE can
extend RNA primers but is a relatively slow and error-prone
enzyme in vitro (1,14,61), PolC must take over DNA exten-
sions made by DnaE. It had been speculated that DnaE only
briefly carries out primer extension, and leaves elongation
to PolC, which has proofreading activity. Our findings that
PolC and DnaE exchange in a similar manner support the
idea that DnaE is involved in both, RNA primer extension
as well as in elongation, which becomes less error-prone in
the presence of PolC, which directly interacts with DnaE
(62). Our data show that PolC and DnaE operate with bal-

anced dynamics at replication forks, supporting the find-
ings of coordinated activity at the lagging strand (bearing
in mind that leading strand activity and exchange of PolC
will hardly affect the measured in vivo exchange rates).

The measured slow polymerase activity of DnaE at the
lagging strand is increased in the presence of DnaN and of
PolC (62), so PolC has been proposed to speed up lagging
strand synthesis to keep up with the fast speed of leading
strand synthesis. The current model of a hand-over of short
DnaE-generated extension of RNA primers (generated by
primase) to PolC for rapid further extension (Supplemen-
tary Figure S11) is supported by our in vivo experiments.
Interestingly, in vitro single molecule experiments with E.
coli replication forks have shown that leading strand poly-
merase activity comprises stochastic stopping and slowing
down events, so lagging strand synthesis can catch up, and
furthermore that DNA helicase can adapt its activity to
slowed-down synthesis at the lagging strand (63).

A second important finding is an apparent stability of
replication forks in response to the induction of chemical
damage to DNA, which is thought to lead to stalling of
replication forks. We found that only about 20% of PolC
and DnaE are displaced from the forks during repair, un-
der a condition where 25% of the cells die (47). Although
we have no direct measure for how many replication forks
are blocked under our experimental conditions, our results
suggest that the replication machinery is relatively robust
against chemical insults, and that in response to condi-
tions leading to severe loss of viability, 20% of forks will
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exchange PolC and/or DnaE for translesion DNA poly-
merases, which can polymerize over non-canonical base
pairs that are induced by e.g. UV irradiation (64). Interest-
ingly, DnaE can also operate in an error-prone mode (17),
and may even switch template, to a stalled leading strand to
bypass lesions (65). We would like to point out that in case
the fluorescent protein fusions generated for this study were
not fully functional, we would have expected high loss of
PolC and DnaE from the forks, but the opposite was true,
strongly suggesting that our observations closely reflect ac-
tual processes in vivo.

A third major conceptual insight from our study is the
scarce presence of polymerase I (PolA) at replication forks
during normal replication (Supplementary Figure S11). If
PolA were to remove RNA hybrids left in Okazaki frag-
ments like Pol I in E. coli cells, we would have expected
a behaviour of PolA at least partially similar to that of
DnaE. However, we found that few PolA molecules dwell
at the replication machinery during exponential growth,
and a vast majority is either statically positioned at vari-
ous sites on the chromosome of diffusing through the cell.
Conversely, PolA become significantly enriched at forks af-
ter induction of DNA damage, be it caused by chemical or
physical (UV) insult. These data strongly suggest that an en-
zyme other than PolA removes RNA primers at the lagging
strand, and that PolA performs an inducible repair function
at stalled forks.

A fourth important contribution of our study is the find-
ing that similar to PolA, ExoR showed a considerably dif-
ferent pattern of movement and binding events in response
to DNA damage. Whilst during exponential growth, ExoR
was mostly diffusive or occasionally arrested at random
places on the nucleoids, engaged in repair processes that oc-
cur due to spontaneous lesions, the protein was recruited to
replication forks after damage induction, concomitant with
a strong increase in average dwell time and in the fraction
of immobile molecules. Heat maps of PolA and of ExoR
showed a higher concentration on the nucleoids during un-
perturbed growth, suggesting that many molecules are en-
gaged in a DNA-scanning mode for DNA lesions. After in-
duction of interstrand crosslinks, or to a minor degree after
UV irradiation, both proteins showed an increase in stati-
cally positioned molecules on the nucleoids, including repli-
cation forks (Supplementary Figure S11). Our data suggest
that ExoR and PolA perform a redundant essential func-
tion at the replication forks, which becomes more heavily
required when DNA damage has occurred. To better char-
acterize the previously poorly characterized protein ExoR
(YpcP), which likely has a similar structure as the exonu-
clease domain of Pol I/PolA, we purified ExoR to shows
that it indeed has DNA nuclease activity, dependent on the
presence of magnesium and has highest affinity to dsDNA
with 5′ overhangs but can also binds to DNA/RNA hy-
brids. These experiments indicate that ExoR could work at
DNA nicks or remove excess ssDNA during homologous
recombination. Because ExoR and PolA differ significantly
in their bound/mobile fractions or in their average dwell
times in the absence of each other, the proteins appear to act
in a partially redundant but interconnected manner. Based
on the conservation of ExoR between Gram-positive and

Gram-negative bacteria, ExoR could play an important role
in DNA repair in a large variety of bacteria.

DnaE has been suggested to be involved in DNA repair
(61) in addition to its vital contribution to the elongation
phase of the lagging strand (14). However, if DnaE had
a substantial role in DNA repair following damage with
MMC or UV, we would have expected to observe increased
dwells for DnaE. Because DnaE becomes less static in re-
sponse to DNA damage, our findings suggest that the con-
tribution of DnaE to DNA repair synthesis is only minor,
compared to that of PolA.

In toto, we provide in vivo evidence that B. subtilis replica-
tion forks present interesting features of dynamics of repli-
cation proteins, which suggest that forks operate differently
from the E. coli or eukaryotic systems, with a possible sce-
nario being depicted in Supplementary Figure S11. It will
be interesting to study the molecular basis of the division
of labour at the lagging strand between the two replicative
polymerases, and the exact function of ExoR at replication
forks.

SUPPLEMENTARY DATA

Supplementary Data are available at NAR Online.
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