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Abstract:
Clinical manifestations of severe COVID-19 include coagulopathies that are exacerbated by the
formation of neutrophil extracellular traps (NETs). Here, we report that pulmonary lymphatic

vessels, which traffic neutrophils and other immune cells to the lung-draining lymph node (LDLN),
can also be blocked by fibrin clots in severe COVID-19. Immunostained tissue sections from COVID-19
decedents revealed widespread lymphatic clotting not only in the lung, but notably in the LDLN,
where the extent of clotting correlated with the presence of abnormal, regressed, or missing
germinal centers. it strongly correlated with the presence of intralymphatic NETs. In mice, TNF«x
induced intralymphatic fibrin clots, and this could be inhibited by DNAse 1, which degrades NETs.
In vitro, TNFI induced lymphatic endothelial cell upregulation of ICAM-1 and CXCL8 among other
neutrophil-recruiting factors as well as thrombomodulin downregulation. Furthermore, in decedents,
lymphatic clotting in LDLNs. In a separate cohort of hospitalized patients, serum levels of MPO-DNA
(a NET marker) inversely correlated with antiviral antibody titers, but D-dimer levels, indicative
of blood thrombosis, did not correlate with either. In fact, patients with high MPO-DNA but low D-
dimer levels generated poor anti-viral antibody titers. This study introduces lymphatic coagulation
in lungs and LDLNs as a clinical manifestation of severe COVID-19 and suggests the involvement of
NETosis of lymphatic-trafficking neutrophils. It further suggests that lymphatic clotting may
correlate with impaired formation or maintenance of germinal centers necessary for robust antiviral
antibody responses, although further studies are needed to determine whether and how lymphatic
coagulation impacts adaptive immune responses.
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Abstract

Clinical manifestations of severe COVID-19 include coagulopathies that are exacerbated by the
formation of neutrophil extracellular traps (NETs). Here, we report that pulmonary lymphatic
vessels, which traffic neutrophils and other immune cells to the lung-draining lymph node
(LDLN), can also be blocked by fibrin clots in severe COVID-19. Immunostained tissue sections
from COVID-19 decedents revealed widespread lymphatic clotting not only in the lung, but
notably in the LDLN, where the extent of clotting correlated with the presence of abnormal,
regressed, or missing germinal centers. it strongly correlated with the presence of intralymphatic
NETs. In mice, TNFo induced intralymphatic fibrin clots, and this could be inhibited by DNAse
1, which degrades NETs. In vitro, TNFa induced lymphatic endothelial cell upregulation of
ICAM-1 and CXCLS8 among other neutrophil-recruiting factors as well as thrombomodulin
downregulation. Furthermore, in decedents, lymphatic clotting in LDLNS. In a separate cohort of
hospitalized patients, serum levels of MPO-DNA (a NET marker) inversely correlated with
antiviral antibody titers, but D-dimer levels, indicative of blood thrombosis, did not correlate
with either. In fact, patients with high MPO-DNA but low D-dimer levels generated poor anti-
viral antibody titers. This study introduces lymphatic coagulation in lungs and LDLNs as a
clinical manifestation of severe COVID-19 and suggests the involvement of NETosis of
lymphatic-trafficking neutrophils. It further suggests that lymphatic clotting may correlate with
impaired formation or maintenance of germinal centers necessary for robust antiviral antibody
responses, although further studies are needed to determine whether and how lymphatic
coagulation impacts adaptive immune responses.

Key points
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Lymphatic clotting in lung-draining lymph nodes of COVID-19 decedents correlate with
intralymphatic NETosis

Patients with severe COVID-19 with low antiviral antibody titers have high serum levels of
NETosis biomarkers
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Introduction

SARS-CoV-2 infection has caused over 6 million deaths worldwide', from respiratory
failure, septic shock, multi-organ failure, and other consequences of severe pulmonary infection®.
Coagulopathies are among the most widely reported clinical correlates of disease severity and
include venous and arterial thromboses, microvascular occlusions, disseminated intravascular
coagulation, and bleeding disorders™*; approximately 20-50% of hospitalized COVID-19
patients exhibit blood coagulation test abnormalities, including elevated D-dimer levels,
thrombocytopenia, and prolonged prothrombin time>°. In addition to these standard indicators of
coagulation, elevated serum levels of neutrophil extracellular trap (NET) markers have also been
reported in hospitalized COVID-19 patients®®, and both NET levels and elevated circulating
neutrophil-to-lymphocyte ratios were among the first reported predictors of disease severity” ',
Intravascular NETs form when neutrophils adhere to and become activated by injured
endothelium, expelling their DNA into large ‘nets’ that trap platelets to initiate clot formation
and inhibit fibrinolysis, activate factor XII, and induce DNA-mediated thrombin generation to

6,12,13

further promote coagulation . Immunothromboses containing NETs have been observed in

blood vessels in COVID-19 autopsy sections'*.

Fibrin clots can also occur in lymphatic vessels, and have been reported in lymphedema,

15,16

lymphatic filariasis, lymphangiectasia, and cancer ™, although experimental studies are scarce.

In general, lymph coagulates slower than blood, consistent with the lack of platelets, lower levels
of Factors VIII and V, and higher levels of fibrinolytic factors'’. However, neutrophils can enter

1724

inflamed lymphatic vessels and migrate to the draining lymph nodes " ", with their entry and

migration facilitated by lymphatic endothelial cells (LECs) that upregulate adhesion molecules
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and secrete neutrophil chemoattractants like CXCL8 when inflamed'"'**’. LECs may also
activate neutrophils to form NETs since CXCLS is a potent driver of NETosis> .

Considering that NETs contain extracellular DNA, histones, and tissue factor'? that may
initiate coagulation in the absence of platelets, we hypothesized that lymphatic clotting is a
clinical feature of severe COVID-19 disease and is promoted by lymphatic-associated NETosis.
If so, this may have particular significance because a subset of severe COVID-19 patients have
been reported to exhibit an impaired adaptive immune response, marked by regressed germinal

72, Transport of immune cells and viral

centers (GCs) and extrafollicular B cell activation
antigens to the LN is a key step in the adaptive immune response, and blockages in lymphatic

vessels may therefore impair downstream aspects of adaptive immunity including GC formation

and antibody production.

Here, we examined the relationship between NETs, lymphatic vessels, and fibrin
coagulation in severe COVID-19 using autopsy sections of lung and lung-draining lymph node
(LDLN). We found widespread fibrin lymphatic clotting that was correlated with both
intralymphatic NETs and abnormal GC architecture in LDLNs. LEC:s in clotted vessels also
exhibited downregulated thrombomodulin, which was also downregulated in LECs in vitro by
TNFo. In a separate cohort of COVID-19 patients, we found an inverse correlation between
MPO-DNA, a NETosis marker, and antiviral antibody titers; furthermore, patients who failed to
generate antibodies were more likely to have high MPO-DNA. In the ear skin of mice, we could
demonstrate that lymphatic clotting could be induced by local injection of TNFo in a NET-
dependent manner. Together, these findings suggest that COVID-19-associated coagulation is
not limited solely to blood vasculature, but extends to the lymphatic vasculature, where it may be

driven by NETs rather than platelet activation. Because lymphatic vessels are responsible for the
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transport of antigen and immune cells to the LN and GCs are a key part of the humoral immune
response, lymphatic clotting and intralymphatic NETosis may have important consequences
relating to antiviral antibody production in patients with severe COVID-19 or other viral

infections.
Methods

Standard procedures of cell culture, qPCR, ELISA, and immunostaining are described in the
Supplemental Methods.
Human Tissue Procurement
Postmortem tissues from lungs and LDLNs were obtained from 16 patients who died from
SARS-CoV-2 infection and 9 control patients who died prior to the pandemic, including 3 who
died of HINI1, at the University of Chicago Medical Center (Tables S1-S2). Patient
demographics were representative of the patient population at UCMC. All policies were
reviewed and approved by UChicago’s infection control, and autopsy procedures followed CAP
and CDC guidelines™. The study was conducted in accordance with the Declaration of Helsinki.
Due to metastatic cancer involvement, LDLNs from 3 COVID-19 patients and one control were
excluded from analysis. Non-COVID-19 lung controls were obtained from the Gift of Hope
Regional Organ Bank of Illinois (ROBI). All tissues were formalin-fixed and paraffin-embedded
prior to sectioning.

Serum samples from hospitalized COVID-19 patients were obtained from the UChicago
COVID-19 biobank study (IRB 20-0520) as described earlier’'. Daily SpO2/FiO2 ratios were
calculated by averaging all clinical measurements available per patient per day. The lowest daily

SpO2/Fi02 ratio during a patient’s initial hospitalization was used to assign disease severity.
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Quantification of lymphatic clotting, neutrophils, and NETs

To quantify neutrophil and NET density in patient lungs and LDLNs, sections were
imaged and analyzed after thresholding using Fiji’s particle analyzer plugin. Intralymphatic
fibrin and NETs were quantified manually in whole-slide tiled images (20x); each vessel was
assigned a clotting score (0=no fibrin, 1=fibrin along the luminal surface only, 2=partially clotted
(<10%), 3=partially clotted (>10%), 4=fully clotted) and NET score (0=no NETs, 1=NETs along
the lumen only, 2=NETs integrated into clot). Scores for all vessels in each LDLN were

averaged to give fibrin clotting and NET scores for each patient.

LN Scoring

Quality of GC structures and overall LN architecture were assessed from slides stained with
H&E or immunostained for CD3, CD20, CD83 and GL7. GCs were analyzed by follicle size,
ratio of tingible body macrophages (TBM) versus medium- and large-body cells within the
follicle, degree of hyalinization, overall LN architecture integrity, and distribution of activated T
and B cells. LNs were assigned an H&E score (O=primary follicles only as in a naive setting,
I=robust GCs, 2=weak GCs, 3=lack of GCs in infection setting, 4=regressed GCs, and 5=no
apparent follicles). They were also assigned a lymphocyte distribution score (O=small follicles
only with distinct zones, 1=large follicles with distinct zones, 2=mixed follicle size, slight loss of
integrity, 3=small follicles only in infection setting, 4=mixed follicle size, moderate loss of
integrity, and 5=diffuse B cell zone, complete loss of integrity). Lastly, LNs were assigned a GC
activation score (O=predominantly primary follicles, activation markers absent from follicle,
naive setting; 1=predominantly reactive GCs, activation markers present within follicle, either

naive or infection setting; 2=follicular activation with minor abnormalities in follicle structure,
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little or no extrafollicular activation; 3=predominantly small primary follicles in infection setting,
lack of GC response determined by decreased activation markers; 4=moderate abnormalities in
follicle activation pattern (including extensive cell drop-off), can include strong follicle
activation with extrafollicular activation; 5=extensive extrafollicular B cell activation, poor
overall follicle formation/activation). Scores for each patient were summed to create an overall

GC abnormality score.

Animals
All procedures were approved by the University of Chicago (ACUP 72414). C57Bl/6 mice
(Jackson Laboratories) were used between 6-10 weeks of age. Intravital immunofluorescence

was performed as described previously™.

In vivo labeling of fibrin

40 ml of 10 mg/ml fibrinogen (F8630-1G; Sigma-Aldrich) in PBS was reacted with 1.6 ml of 4
mg/ml FITC or AF-647 (ThermoFisher Scientific) for 1h. Fibrinogen was dialyzed 4x in 4L
PBS. 100ul of labeled fibrinogen was injected intravenously into mouse tail veins 15-30 min

after treatment expected to induce intralymphatic coagulation (thrombin or cytokine injection).

Thrombomodulin and NETosis blocking in vivo
Thrombin inactivation was achieved by reacting of thrombin (50 ul of 1 U/ul) with 1 mM p-
amidinophenylmethylsulfonyl fluoride (p-APMSF, Millipore Corp.) for 2h. 0.5 pl inactive

thrombin was injected i.d., alone or with 10 ng/ul TNFa or 10 pg/ul IL-1B (both from Peprotech)
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into the dorsal ear dermis. To degrade NETs, mice were injected i.p. with 500 IU DNAse 1

(Sigma-Aldrich) in 0.5 ml immediately after i.d. injections of TNFa.

Statistics and Reproducibility

All statistical analyses and linear regressions were performed using GraphPad Prism. One-way
ANOVA with Tukey multiple comparisons post-test used to determine p values for multiple
groups, unless otherwise noted. For comparison between two groups, Mann-Whitney U-tests and

Student’s t-tests were used as noted in figure legends.

Results
I ntralymphatic fibrin clots are prevalent in lungs and LDLNs of COVID-19 decedents

93 ’4’6, we first asked

Since pulmonary coagulation is a key clinical feature of severe COVID-1
whether lymphatic vessels in patient lungs also contained fibrin clots by immunostaining lung
tissue sections from 16 COVID-19 decedents (Table S1) and 8 controls (Table S2). As expected,
we found abundant evidence of intravascular and interstitial coagulation, and interestingly, many
intact lymphatic vessels also contained fibrin clots (Fig. 1). However, the lung lymphatic vessels
were frequently severely damaged and interstitial fibrin widespread, precluding meaningful
quantification.

Surprisingly, when analyzing the LDLNs, we found more extensive lymphatic clotting
within intact lymphatic vessels (Fig. 2A-B), particularly in the subcapsular sinus (Fig. S1). In
contrast, fibrin-containing lymphatics were rare in LDLNS of patients who died of causes

unrelated to viral infection (Fig. 2C, Table S2). However, in three patients who died of severe

HINI influenza, lymphatic clotting in the LDLN was similar to the COVID-19 decedents (Fig.
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2D). We then analyzed every lymphatic vessel in each tile-scanned LDLN image, assigning each
vessel a fibrin score based on the extent of blockage (Fig. 2E). The LDLNs of COVID-19
decedents had higher fractions of lymphatic vessels that were mostly or fully clotted (fibrin score
of 3-4) compared to those of controls (Fig. 2F), while both COVID-19 and HIN1 LDLNs had
substantially higher fibrin scores than controls (Fig. 2G). This suggests that lymphatic clotting in
LDLNs may be a common clinical feature of severe pulmonary viral infection, where clotting in

the subcapsular sinus may block lymph entry into the LN.

Lymphatic clotting correlates with abnormal or missing germinal centersin LDLNs

It has been documented that dysregulated adaptive immune responses and impaired GC
formation can occur in severe cases of COVID-19%"2®. Since lymphatic clotting would likely
disrupt the entry and exit of fluid, antigens, and APCs to and from the LDLN, we asked whether
the lymphatic clotting we observed COVID-19 decedent LDLNs could be correlated to this
phenomenon. To test this, we created scoring criteria: (i) “H&E score” for GC architecture, (ii)
“GC activation score” based on immunostaining for GL7 (B cell activation marker) and CD83
(light zone marker), (ii1) “lymphocyte distribution score” based on staining for B and T cell
markers, and (iv) an overall “GC abnormality score” reflecting the sum of (i)-(iii).

By H&E, most LDLNs from COVID-19 decedents, unlike controls, showed regressed
GCs and abnormal follicle architecture based on the increased presence of TBMs and lack of a
mantle zone (Fig. 3A-B), while H&E scoring showed significant differences among COVID-19
and HIN1 LDLNs compared to controls (Fig. S2A-B). When considering GC activation,
COVID-19 LDLNSs also exhibited increased extrafollicular activation based on GL7 staining and

were more likely to show diffuse regions of B cell activation compared to controls, whose



10

11

12

13

14

15

16

17

18

19

20

21

22

23

activation patterns were contained within discrete oval-shaped follicles (Fig. S2C-D). CD83 and
GL7 staining overall was decreased within COVID-19 follicles, potentially indicating follicular
regression or a failure to develop a strong GC reaction (Fig. 3C). There was a significant
difference in the GC activation scores between COVID-19 and control decedents, and between
HINI and control decedents (Fig. S2C-D). Lastly, we found that while the lymphocyte
distribution scores were not significantly different in LDLNs between COVID-19, HIN1 and
control groups (Fig. S2E-F), some COVID-19 LDLNs exhibited poor distinctions between B and
T cell zones, with diffuse lymphocyte mixing not present in controls (Fig. 3D).

Interestingly, the summed GC abnormality scores showed significant differences between
COVID-19 and HIN1 LDLNs compared to controls (Fig. 3E) and positively correlated with the
degree of lymphatic clotting in the LDLN (Fig. 3F). Together, these data suggest that fibrin-
blocked lymphatics in the LNs may potentially contribute to the abnormal GC architecture
observed by us and others in COVID-19, although further experimental studies are necessary to

determine causation.

Lymphatic clotting correlates with intralymphatic NETs and downregulated thrombomodulin
in the LDLNs of COVID-19 decedents

In blood vessels, NETs contribute to immunothrombosis in COVID-19 through neutrophil-
platelet interactions'?; although platelets are absent in lymph, NETSs can also promote clotting in
a platelet-independent manner'2. To gain insight into possible mechanisms of lymphatic clotting,
we stained LDLN sections for NETs as well as thrombomodulin, which is known to be
downregulated by TNFo in blood vessels to promote clotting there'®. Interestingly, we found that

in fibrin-filled lymphatic vessels, NETs were often incorporated into the fibrin clots (Fig. 4A).
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On average, clotted vessels contained more NETs than open or unclotted vessels in COVID-19
LDLNs as well as in control and HIN1 LDLNs (Fig. 4B). In addition, when vessels were scored
for NETs (0=no NETs, 1=NETs along lymphatic lumen, 2=NETs incorporated into clot), the
average score correlated with the percentage of lymphatics containing clots as well as the GC
abnormality score (Fig. 4C-D, Fig. S3).

Interestingly, decedents with higher neutrophil densities in the lung had higher
percentages of clotted lymphatic vessels in the LDLN (Fig. 4E-F), while NET counts in the lungs
did not correlate with the percentage of clotted lymphatic vessels in the LDLN (Fig. 4G). This
suggests that lymphatic clots seen in the LDLN did not originate from dislodged upstream clots
in the lung, but rather from neutrophils trafficking out of the lung and NETosing in the LDLN
lymphatics. In addition, neutrophil and NET counts were not globally increased in COVID-19
LDLNs compared to controls (Fig. S4) so the correlation between lymphatic clotting and NETs
appears to be specific to intralymphatic NETs rather than overall NETs in the LDLN.

We next stained LDLN sections for fibrin, podoplanin and thrombomodulin (Fig. S5A-
B). Interestingly, within each tissue, clotted vessels had decreased thrombomodulin expression
compared to open vessels (Fig. S5C). This trend was observed within every patient except one
(Fig. S5C) and suggests that inflammation-induced downregulation of lymphatic

thrombomodulin may contribute to lymphatic clotting.

In vitro, LECs secrete CXCLS8, upregulate | CAM-1, and downregulate thrombomodulin in
responseto TNF «
Because the increased presence of NETs was specific to clotted vessels, we asked

whether inflamed LECs may be recruiting neutrophils and inducing NETosis. In culture, LECs

11
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responded to TNFo treatment by increasing their secretion of CXCL8 and expression of ICAM-1
(Fig. S6A-B); these were not affected by IL6 or IFNy. TNFa also led to increased transcription
of the neutrophil chemoattractants CCL2, CCL3 and CCL5 (Fig. S6C) as well as CXCLI1,
CXCL2 and CXLC3. Interestingly, thrombomodulin mRNA also decreased after treatment with

TNFo as well as IL6, GM-CSF, and IFNy (Fig. S6D). Together, these results suggest that LECs
directly respond to inflammatory cytokines associated with COVID-19, especially TNFa., in

ways that promote neutrophil attraction, NETosis, and fibrin formation.

High NET levelsin patient serum correlate with lower levels of anti-RBD antibody titers

In a separate patient cohort, serum was collected at various timepoints from patients with
SARS-CoV-2 infection, while control serum was obtained from non-hypertensive donors prior to
the pandemic (Table S4). COVID-19 patients with co-morbidities such as active cancer, organ
transplant, or immunosuppression that would impact NET levels or the anti-SARS-CoV-2
antibody response were excluded, as well as patients who had received convalescent plasma.

Using ELISA, we measured levels of the NET marker MPO-DNA and IgG antibody
titers against the receptor-binding domain (RBD) of COVID-19’s Spike protein. Consistent with
other studies, COVID-19 patient serum contained higher levels of MPO-DNA than controls (Fig.
5A); interestingly, these were not correlated with levels of D-dimer, a common marker of blood
thrombosis (Fig. 5B). Next, we compared serum MPO-DNA levels with anti-RBD antibody
titers and found a significant negative correlation between the two (Fig. 5C). In addition, when
categorized by having low (2-4), moderate (4.5-5.5), or high (6-8) anti-RBD titers, the MPO-
DNA levels in serum from patients with low anti-RBD titers were significantly higher than those

in serum from patients with high anti-RBD titers (Fig. 5D). All patients with low anti-RBD titers

12
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had mid-high levels of serum MPO-DNA (Fig. SE). When categorized by having low (<0.33),
mid (>0.33 and <0.5) or high (>0.5) serum MPO-DNA levels, anti-RBD titers were significantly
lower in the high and mid MPO-DNA groups compared to the low MPO-DNA group (Fig. 5F).
Interestingly, most patients with high levels of MPO-DNA but low levels of D-dimer had low
anti-RBD antibody levels (Fig. 5B-C). All patients with low serum MPO-DNA levels had
moderate or high anti-RBD antibody titers, and patients with moderate to high serum MPO-DNA
levels had higher proportions of low anti-RBD titers (Fig. 5G). Because there was no correlation
between serum MPO-DNA and D-dimer, it’s possible that the relationship between MPO-DNA
and anti-RBD titers is independent of blood clotting and may be due to lymphatic clotting
instead.

While NET levels negatively correlated with anti-RBD titers, there was no significant
correlation between NET levels and the SpO2/FiO2 ratio, a marker of disease severity where
lower SpO2/Fi0O2 ratios indicate more severe disease (Fig. S7A). While more patients with mild
disease had low NET levels, patients across all severity levels also exhibited mid-high NET
levels, and consistent with earlier reports of severe COVID-19 patients®*, most patients in our

cohort had high NET levels (Fig. S7B,C).

In mice, locally injected TNF o drives NET-dependent lymphatic clotting

Finally, we sought to determine whether lymphatic clotting could be induced in mouse skin.
Under steady-state conditions in mouse ear skin, lymphatic endothelium stained strongly for
thrombomodulin but not von Willebrand factor relative to blood (Fig. 6A). We then injected
TNFa locally in the mouse ear, and using fluorescently labeled fibrinogen injected i.v. to

visualize fibrin clot formation, we could observe fibrin clots in lymphatic vessels (Fig. 6B-C).
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These clots were mostly found in collecting vessels around junctions and valves. Addition of
both TNFa and IL-1[ did not increase the extent or kinetics of clotting (Fig. 3C). Clotting in
lymphatic collectors could also be induced with i.d. injections of inactivated thrombin, which
competitively inhibits thrombomodulin (Fig. 6C). While lymphatic clots were relatively sparse,
each mouse (n=9) exhibited some level of lymphatic occlusion, and clot formation was sufficient
to prevent lymphatic drainage from lymphatics efferent to clotted collectors (Fig. S8A-B).

To test whether NETs are involved in TNFo-induced lymphatic clotting, we used DNAse
1 (injected i.p.) to degrade NETs immediately after i.d. TNFa injection (Fig. 6D). Whole-mount
staining for LYVE-1 and citrullinated histone 3 (H3cit), a specific marker of NETosis, revealed
that many of the clots within lymphatic vessels contained NETs (Fig. 6E). Importantly, we found
substantially fewer lymphatic clots in the ears of mice that received DNAse 1 (Fig. 6E-F),

suggesting that NETs play important roles in TNFo-induced lymphatic clotting.

Discussion

Our findings demonstrate that lymphatic coagulation, particularly in the LDLN, is a clinical
feature of fatal COVID-19. Furthermore, we found that fibrin-filled lymphatic vessels were more
likely to contain intralymphatic NETs, and lymphatic clotting in the LDLN correlated with
abnormal or missing GCs, while serum NET levels negatively correlated with anti-RBD
antibody titers. Since elevated NETs and regressed GCs have both been independently reported
in severe COVID-19%**"** our findings suggest a possible link between the two.

36-38

Lymph coagulation was first recognized over a century ago™ ~, yet has received little

research attention'. It has been described in lymphatic-related diseases'>>**, but otherwise,
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clinical evidence of pathological lymph clotting is rare. We speculate that this is because the
effects of lymphatic clots are likely less detectable, and less acute, than those of blood clots.

133738 L ymph lacks

When isolated, lymph clots ~2-5x slower than corresponding plasma
platelets, and contains lower concentrations of clotting factors and higher levels of fibrinolytic
factors than blood**™’. So, how are lymphatic clots initiated? Early studies used chemically-
induced damage to vital organs to trigger lymphatic ‘thrombosis’ in LN sinuses, and found that
clots originated from areas of severely damaged endothelium, leading to the speculation that an
intact lymphatic endothelium prevents clotting®®. However, we observed lymphatic clotting even
in intact vessels.

NETs are among many factors that help initiate blood coagulation, and have been
observed in the lungs and blood of COVID-19 patients”*'*. Inflammatory cytokine-stimulated
blood endothelial cells attract neutrophils and can induce NETosis to initiate clot formation®®, so
we hypothesized that NETosis may also initiate lymphatic clotting. In response to inflammation
or infection, neutrophils are among the first immune cells to reach the LN after encountering
virus in the lung; they rapidly enter afferent lymphatics by inducing endothelial junctional

18,20,23,24

retraction' " before entering the LN through the subcapsular sinus . Neutrophil

recruitment to the LN is TNFa-dependent'®'->%

, which is upregulated and correlated to disease
severity in COVID-19* and directly stimulates LECs to modulate expression of chemokines,
adhesion molecules, and clotting factors'>***°. We found that in vitro, TNFo-stimulation of
LECs upregulated secretion of CXCLS8 and expression of ICAM-1(Fig. S4), both of which are
necessary for recruitment of neutrophils to lymphatic vasculature'*?.

In addition to recruiting neutrophils, CXCLS also stimulates NETosis*>***". In blood,

DNA and histones in NETs trap platelets to promote clotting™, but are also sources of tissue
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factor” and impair protein C activation, so may promote clotting independently of platelets.
Inflamed LECs may selectively recruit neutrophils and stimulate NET formation, in turn
promoting lymphatic clotting. In our in vivo studies, degrading NETs with DNAse 1 injections
almost completely eradicated lymphatic clots, indicating that NETosis is a key factor in this
pathway.

Interestingly, there is evidence that LN neutrophils in particular can impact adaptive
immune responses. Neutrophils, along with macrophages, facilitate antigen capture and

18,2254 They can also activate or

presentation in the lymphatic system and carry antigen to the LN
inhibit T and B cell immunity'®. Promoting lymphatic clotting through NETosis and therefore
impairing antigen and immune cell transport to the LN could be another way neutrophils affect
adaptive immunity, and our data showing that serum NET levels negatively correlate with anti-
RBD antibody titers indicates that NETs likely do play a role in regulating adaptive immune
responses in COVID-19.

Alternatively, lymphatic clotting could play a role in the innate immune response — the
primary role of neutrophils is to limit the spread of pathogens throughout the body, and
neutrophil depletion can lead to systemic spread of bacterial infection through the lymphatic
system”. NETosis-induced lymphatic clotting may be another way neutrophils coordinate innate
and adaptive immunity by preventing the spread of pathogens throughout the lymphatic system.

Lymphatic vessels are responsible for fluid, solute, and immune cell trafficking to the
LN, and GCs require persistent antigen presentation via follicular dendritic cells>, so it wasn’t
surprising to find strong correlations between lymphatic clotting and dysfunctional follicles/GCs

in the LDLN. Abnormal GC architecture and declining neutralizing antibody titers have been

described in a subset of COVID-19 patients'**"**>"% While our data only demonstrate a
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correlative relationship between clotted LDLN lymphatics and abnormal GC architecture, and
NETosis and low anti-RBD antibody titers, one might speculate that blocked lymph flow to and
within the LN may impair the progression of adaptive immune responses, although there likely
co-exist many contributing mechanisms to GC dysfunction in COVID-19%". In future studies it
would be important to determine if lymphatic clotting is present in non-lung-draining LNs as
well, since dysregulated/missing GCs have been reported in multiple regional LNs in COVID-
19, but these were not available in this study.

Our findings have both basic and translational relevance to COVID-19. Although

3637 the mechanisms by which they form

lymphatic clots were first observed over a century ago
remain elusive. Our data support a new hypothesis that NETosis is a key initiator in lymphatic
clotting and highlight the need to further study the consequences of blocked lymph flow in the
LN. Translationally, blood coagulopathies, NETosis, and GC dysfunction have all been
independently described in COVID-19°"**"% but our data suggest a new hypothesis that ties
them together to suggest therapeutic strategies. Targeting NETs with DNasel could help restore
lymph flow to normalize LN architecture. In conclusion, our data suggest that treatments

designed to mitigate TNFo inflammation and degrade NETs may reduce lymphatic clotting and

benefit COVID-19 patients.
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Fig. 1. Fibrin clots in lymphatic vessels in lungs of COVID-19 decedents. Representative
immunofluorescence images of lung sections showing fibrin (green) and podoplanin” lymphatic
endothelial cells (red) with 488 autofluorescence (gray) to show tissue structure. Yellow arrows
indicate clotted lymphatic vessels and white arrows indicate damaged lymphatic endothelium.
Scale bars = 100 um.

Fig. 2. Lymphatic clotting is widespread in lung-draining lymph nodes of COVID-19
decedents. (A) Representative immunofluorescence image showing a large lymphatic clot in a
lung-draining LN (LDLN) section with fibrin (green) and podoplanin (red), with inset (A(i))
highlighting the fibrillar structure of the fibrin clot in 488 autofluorescence (gray)). (B-D)
Representative images showing intralymphatic fibrin clots in LDLNSs of (B) COVID-19
decedents, (C) control decedents without viral infections, and (D) HIN1 decedents, with arrows
indicating partially or fully clotted vessels and arrowheads indicating open vessels. Scale bars in
A-D = 100 um. (E) Lymphatic clotting score rubric showing examples for each score. 0: no
fibrin (fully open), 1: fibrin confined to endothelium, 2: minimal intralymphatic fibrin (<20% of
vessel lumen), 3: partially occluded (>20% of lumen), 4: fully occluded. (F) Percentage of
clotted lymphatic vessels (with a fibrin score of 3-4) in LDLNs from COVID-19, control, and
HIN1 decedents; each dot shows the average from 3 sections of each patient. (G) Average
lymphatic fibrin score in each LDLN. Bars in F-G represent median *+ 95% confidence interval;
*p <0.05, **p < 0.01 by one-way ANOVA with Tukey multiple comparisons post-test.

Fig. 3: Abnormal germinal center architecture in LDLNs of COVID-19 decedents
correlates with lymphatic clotting in LDLN. (A-D) Representative images from stained
LDLNs comparing features of normal (left), regressed (middle), and otherwise abnormal (right)
germinal center (GC) follicles of COVID-19 and control decedents. (A) H&E-stained tiled
images where the abnormal (right) lacks secondary follicle formation altogether. (B) Zoomed-in
H&E-stained images showing (left) a normal secondary follicle, (middle) a regressed follicle
lacking a mantle zone and containing TBMs (black arrows), and (right) complete lack of follicle
architecture. (C) Representative immunofluorescence images showing lymphocyte activation in
control (left) and COVID-19 (middle, right) LDLNs; CD83 (cyan), GL7 (red) and CD20
(green). (Left) shows strong follicle formation and activation, (middle) shows decreased follicle
size and density, and (right) shows abnormal follicle structure and extensive extrafollicular
activation. (D) Representative immunofluorescence images of T (CD3, red) and B cell (CD20,
green) zone integrity in COVID-19 LDLNSs. (Left) shows dense B cells and distinct T/B
separation, while (middle) shows decreased follicle size and density, and (right) shows
decreased cellularity and poor T/B zone integrity. (E) Average GC abnormality scores for
LDLNs of COVID-19, HINI and control decedents. Dashed line represents the median for each
group and dotted lines represent the first and third quartiles. ***p <0.001, one-way ANOVA
test with Tukey multiple comparisons test. (F) Linear regression correlations of GC abnormality
score vs. % clotted lymphatic vessels in LDLNs from COVID-19 (black), HIN1 (blue), and
control (red) decedents. Scale bars in A, 500 um; B-D, 100 yum.

Fig. 4: Lymph clotting in LDLNSs correlates with intralymphatic NETs in the LDLN and
neutrophil load in the lungs of COVID-19 decedents. (A) Representative tiled
immunofluorescence image of COVID-19 LDLN showing NETs (H3cit, red) integrated into
fibrin clots (green) within a large lymphatic vessel (PDPN, blue) near the subcapsular sinus. (B)
Percentage of clotted (fibrin score 3-4) or open (fibrin score 0-2) lymphatic vessels that contain
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NETs in LDLNs from control (red), COVID-19 (black), and HIN1 (blue) decedents. Dashed line
represents the median for each group and dotted lines represent the first and third quartiles. **p <
0.01 by two-tailed paired Student’s t-test. (C-D) Correlation of average NET score (rubric shown
Fig. S3) with % clotted lymphatic vessels (C) and GC abnormality score (D) in each LDLN. (E)
Representative tiled immunofluorescence images from lung (left) and matching LDLN (right)
from two different COVID-19 patients showing relationship between neutrophil density in the
lung with lymphatic clotting and intralymphatic NETs in the LDLN. In Patient A (top), a low
density of neutrophils and NETs (MPO, yellow; H3cit, red) in the lung (left) corresponded to a
LDLN (right) with mostly open lymphatic vessels (fibrin, green; PDPN, blue; H3cit, red); while
in Patient B (bottom), high levels of neutrophils in the lung corresponded to extensive
intralymphatic fibrin clots and high levels of intralymphatic NETs in the LDLNs. (E-F) The
density of neutrophils in the lungs correlates with lymphatic clotting in the LDLN of COVID-19
decedents. Linear regression correlations of (F) % clotted LDLN lymphatic vessels (fibrin score
3-4) vs. lung neutrophil density and (G) % clotted LDLN lymphatic vessels vs. lung NETs
density. Scale bars in A, E =100 yum.

Fig. 5: In serum from hospitalized COVID-19 patients, levels of NET markers did not
correlate with disease severity or d-dimer levels but did correlate with lower anti-RBD
antibody titers. (A) Serum levels of MPO-DNA from hospitalized COVID-19 and control
patients, normalized to NET-standard. (B) Scatter plot of D-dimer vs. MPO-DNA levels in
patient serum showing no correlation between the two (R* = 0.0217, p = 0.29 from linear
regression analysis). Dotted horizontal lines indicate low (<0.5 ug/ml FEU), mid (between 0.5
and 2 ug/mL FEU) and high (> 2 ug/mL FEU) D-dimer levels. Dotted vertical lines indicate low
(<0.33), mid (0.33-0.5) and high (>0.5) levels of MPO-DNA. Dot colors indicate patients with
low (red), mid (orange) or high (green) anti-RBD titers. (C) Scatter plot of anti-RBD antibody
titers vs MPO-DNA levels in patient serum (R* = 0.1487, p = 0.0043 from linear regression
analysis). Dotted horizontal lines indicate low (<4), mid (4.5-5.5), and high (>6) anti-RBD
antibody titers and dotted vertical lines are as in (B). Dot colors indicate patients with high (red),
mid (orange) or low (green) levels of D-dimer. (D) Average MPO-DNA levels from patients
with low (2-4), mid (4.5-5.5), or high (6-8) titers of anti-RBD antibodies. (E) Proportion of
patients in each anti-RBD titer group (low, mid or high) that had low, mid, or high MPO-DNA
levels. (F) Average anti-RBD titers from patients with low (<0.33), mid (0.33-0.5) or high (>0.5)
MPO-DNA levels. (G) Proportion of patients in each MPO-DNA group (low, mid or high) that
had low, mid or high anti-RBD titers. In (A,D,F), dashed line represents the median for each
group and dotted lines represent the first and third quartiles. In (A), **p < 0.01 by unpaired two-
tailed t-test and in (D,F), *p < 0.05, **p < 0.01 by one-way ANOVA test with Tukey’s multiple
comparisons test.

Fig. 6: Local injection of TNFa or inactivated thrombin induces NET-dependent
intralymphatic fibrin coagulation and blocks lymphatic drainage in mouse skin. (A)
Representative immunofluorescence images of thrombomodulin (thrmod, red), CD31 (green),
tissue factor (TF, green), and von Willebrand factor (von Willnbrd, red) staining in mouse ears.
Arrows point to collecting lymphatics that contain unique morphological features (i.e., valves
with uneven vessel diameters). Left: Thrombomodulin expression overlaps with CD31 and is
also present in some interstitial and perivascular cells and nerve fibers (n). Middle: Both blood
and lymphatic vessels express thrombomodulin, but only blood vessels express tissue factor.
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Tissue factor expression in lymphatics is limited to perivascular cells and adipocytes (a). Right:
In contrast to blood vessels, lymphatic vessels did not express von Willebrand factor. Scale bars
= 50 um. (B) Schematic of experimental design: Intradermal injection of clot initiators (Cls)
TNFo, TNFo and IL-1, or inactivated thrombin, on day 0 was followed by intravenous
injection of FITC-labeled fibrinogen 30 min later. 6h after the first injection, the procedure was
repeated. The mice were perfused and fixed after 20h. (C) Representative confocal whole-mount
images of lymphatic collectors occluded by fibrin (green) clots after treatment with TNFo (left),
TNFo and IL-18, (middle), or inactivated thrombin (right). Basement membrane (BM, gray) is
represented by collagen-1V staining. Scale bars = 50 um. (D) Schematic of experimental design:
Intradermal injection of clot initiator (TNFa) and intraperitoneal injection of DNAse 1 on day 0
was followed by intravenous injection of 647-labeled fibrinogen 30 minutes later. 6h after the
first injection the procedure was repeated, and the mice were perfused and fixed after 20h.
Control mice received TNFo but not DNAse 1 injections. (E) Representative whole-mount
immunofluorescence staining images of lymphatic vessels and clots in the mouse ear in control
mice (left) and mice that received DNAse 1 injections (right) (LY VE-1, white; H3cit, red;
fibrinogen, green). White arrows indicate lymphatic clots (left inset: LY VE-1 and H3cit channels
of clot containing NETs, right inset: LY VE-1 and H3cit channels of clot outside of a lymphatic
with no NETs) and yellow arrows indicate clots outside of lymphatics, likely in a blood vessel.
Scale bar = 100 um. (F) Averaged number of lymphatic clots in the left and right ear dorsal
dermis for each mouse injected i.d. with TNFo (n=5) and each mouse injected with both TNFo
and DNAse-1 (n=5). Bars and error bars represent median and 95% confidence interval. ***p <
0.001 by unpaired two-tailed t-test.

26






HINA

COVID  Confral

HiMN

g
B
!
=
>
]
O

Figure 2
Autofluor




4
n

T i i e W Vi L ' '-'_ =5 s g e = J L e - 7 -'I ey SR 5 . 1 = % " 3
a ‘" ! ki 2 oL ] [ i o el ' 5 1 a '1,.r L Fad " 1 _| "y i b -' o o £ L, &yl Lh o " - 1# ALK Al . ‘.. -
. Ll =i LR T = T X P L P o - L P e W e =] ey )

ST R

L Y
2 "-p-:T:‘;-.:‘_l-

LR -.j"\"'" .
rd s Ol P W

;H.'w-

rr'. ‘_

vl !

AN P s et PO S TR Yy LA
Tab iy gt | ek f;:!;"-__" J;ﬁ,-i.'. ﬁg -{;ﬂ“iﬁsﬁ;ﬂﬁ?
YRR et . SRR it R Cp bk St Ty e

C
=
O
©
2
O
<
O
O

M Follicle Integrity O

N
o

-

N
i
n

GC score
=
GC score
o

N

40 60 80
% clotted lymph vessels




10
ty score

Lung NETs (#mm?)

GC abnormali
Lung neutrophils (#mm?)

- o = -
o w b ) ™

= . . NT1Q1 Ul S|9SSaA
ydwaA| panojo %

o
0 o ) ™~

N1Q7] Ul S|9SSOA
ydwaAj panojo %

o
i
0

60 8

40

% clotted lymph vessels

i ~
-

@ Control

o
o
1

S IM sjessaA ydwaAj o, |
() SL3IN UM siessen ydwik v 1USNEd

o
n




0
O
O

| |
. an: Mid :High 10 ani Mid iHigh 1.5
£ o | L
p—
£ L 20 | o . w8 | £
o) el | & 2 & @ | b @ s
! ! = | | © 1.0
- E I @ | il - I I : c "
< B ® i el atEes My ¥ =
<Zl: = 5 ® o_{. ]'_0 High E ¥ _,x‘%;_\ Mid g
- A — ————_————T -------- I ---------------
Q B | o Poine W & 4 boo | sestr—_Le c
Q E |*e” 1910 %e £ i 43 & 05
= B 0.5 —0———F-s—fere—-0-—2_. , -
E n| & | | v Low I I ® =
: : : : R?=0.1487
| I p =0.0043

0.0 033 0.5 1.0 0.0 033 0.5 1.0 | High Mid Low
MPO-DNA (norm) MPO-DNA (norm) anti-RBD titer
E . . F B Lowanti
Anti-RBD Titer =3 LowMPO-DNA Serum MPO-DNA = o aniied

=l High MPO-DNA 10
High Mid Low

3 High anti-RBD

Low Mid High

o)

anti-RBD titer

Low Mid  High
MPO-DNA (norm)

n=15 n=19 n=20



B 0 30min 6h 6h 30 min

, | _ _, _ | ,. | '
.d. Cl i.v. FITC-fibrinogen i.d. Cl i.v. FITC-fibrinogen Image, perfuse & fix

Inactivated thrombin

o
W L
RS- = [ SN e
i
B
"

D 0 30 min 6h 6h 30 min

i.d. Cl i.v. 647-fibrinogen i.d. Cl i.v. 647-fibrinogen Image, perfuse & fix

.p. DNAse 1 I.p. DNAse 1

m

E Control

Lymphatic clots / ear

I
Control DNAse 1




	Cover Page
	Article File
	Figure 1
	Figure 2
	Figure 3
	Figure 4
	Figure 5
	Figure 6

