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Mitochondria are key determinants of cellular health. However, the functional role of
mitochondria varies from cell to cell depending on the relative demands for energy
distribution, metabolite biosynthesis, and/or signaling. In order to support the specific
needs of different cell types, mitochondrial functional capacity can be optimized in part
by modulating mitochondrial structure across several different spatial scales. Here we
discuss the functional implications of altering mitochondrial structure with an emphasis
on the physiological trade-offs associated with different mitochondrial configurations.
Within a mitochondrion, increasing the amount of cristae in the inner membrane
improves capacity for energy conversion and free radical-mediated signaling but may
come at the expense of matrix space where enzymes critical for metabolite biosynthesis
and signaling reside. Electrically isolating individual cristae could provide a protective
mechanism to limit the spread of dysfunction within a mitochondrion but may also slow
the response time to an increase in cellular energy demand. For individual mitochondria,
those with relatively greater surface areas can facilitate interactions with the cytosol
or other organelles but may be more costly to remove through mitophagy due to
the need for larger phagophore membranes. At the network scale, a large, stable
mitochondrial reticulum can provide a structural pathway for energy distribution and
communication across long distances yet also enable rapid spreading of localized
dysfunction. Highly dynamic mitochondrial networks allow for frequent content mixing
and communication but require constant cellular remodeling to accommodate the
movement of mitochondria. The formation of contact sites between mitochondria and
several other organelles provides a mechanism for specialized communication and
direct content transfer between organelles. However, increasing the number of contact
sites between mitochondria and any given organelle reduces the mitochondrial surface
area available for contact sites with other organelles as well as for metabolite exchange
with cytosol. Though the precise mechanisms guiding the coordinated multi-scale
mitochondrial configurations observed in different cell types have yet to be elucidated,
it is clear that mitochondrial structure is tailored at every level to optimize mitochondrial
function to meet specific cellular demands.

Keywords: mitochondria, energetics, cristae, mitochondrial dynamics, mitochondrial networks, organelle
interaction

Frontiers in Physiology | www.frontiersin.org 1 November 2020 | Volume 11 | Article 541040

https://www.frontiersin.org/journals/physiology
https://www.frontiersin.org/journals/physiology#editorial-board
https://www.frontiersin.org/journals/physiology#editorial-board
https://doi.org/10.3389/fphys.2020.541040
http://creativecommons.org/licenses/by/4.0/
https://doi.org/10.3389/fphys.2020.541040
http://crossmark.crossref.org/dialog/?doi=10.3389/fphys.2020.541040&domain=pdf&date_stamp=2020-11-11
https://www.frontiersin.org/articles/10.3389/fphys.2020.541040/full
https://www.frontiersin.org/journals/physiology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/physiology#articles


fphys-11-541040 November 5, 2020 Time: 14:15 # 2

Glancy et al. Functional Impact of Mitochondrial Structure

INTRODUCTION

Mitochondria are no longer known simply as the powerhouse
of the cell as they have now been shown to play a key part
in several cellular processes including metabolite biosynthesis
and signaling beyond their classical role in energy metabolism.
However, the relative mitochondrial contribution to each of
these different cellular processes is determined by the specific
demands placed on the cell. For example, the primary function
of striated muscle cells is to generate force through muscle
contraction. As a result, the main role of mitochondria
in striated muscle cells is to convert fuel into the energy
needed to sustain this relatively high energy demand task. In
contrast, the liver plays a much larger role in the synthesis
of proteins, carbohydrates, and lipids, among other products.
In support of this increased cellular synthesis demand, the
mitochondria in the liver have a relatively greater capacity for
metabolite biosynthesis and lower energy conversion capabilities
compared to striated muscle mitochondria (Johnson et al.,
2007; Phillips et al., 2012). While it is becoming increasingly
well established that mitochondrial protein composition can
vary largely among different cell types (Mootha et al., 2003;
Johnson et al., 2007; Pagliarini et al., 2008; Calvo et al.,
2016; Benador et al., 2018), how mitochondrial structural
alterations contribute to the wide range of mitochondrial
functional capacities observed in different cells is less well
understood. Therefore, the aim of this review is to discuss
current knowledge of how mitochondrial structure can be
modulated and coordinated across different spatial scales to
support cells facing diverse functional demands. Highlighting
how mitochondrial structure is tightly regulated within a
cell, we focus on the functional trade-offs associated with
structural alterations within a mitochondrion, at the single
organelle and mitochondrial network levels, and between
mitochondria and other organelles which contribute to cellular
functional specificity.

Abbreviations: ATGL, adipose triglyceride lipase; ATP, adenosine triphosphate;
BAP31, β-cell receptor associate protein 31; BAT, brown adipose tissue;
Ca2+, calcium; Drp1, dynamin related protein 1; ER, endoplasmic reticulum;
ERMES, endoplasmic reticulum-mitochondrial encounter site; ETC, electron
transport chain; FA, fatty acid; Fis1, mitochondrial fission 1 protein; GTP,
guanosine triphosphate; HUVEC, human umbilical vein endothelial cells; IMJ,
intermitochondrial junction; IMM, inner mitochondrial membrane; IP3R,
inositol-1,4,5-triphosphate receptors; LD, lipid droplet; MCU, mitochondrial
calcium uniporter; MECA, mitochondria-endoplasmic reticulum-cortex anchor
complex; MEF, mouse embryonic fibroblast; Mff, mitochondrial fission factor;
Mfn1/2, mitofusin 1/2; MICOS, mitochondrial contact site and cristae organizing
system; Mid49/51, mitochondrial dynamics proteins of 49/51 kDa; Miro,
mitochondrial rho gtpase protein; MT, microtubule; mtDNA, mitochondrial
deoxyribonucleic acid; mtPA-GFP, mitochondrial photoactivatable green
fluorescent protein; OMM, outer mitochondrial membrane; Opa1, optic
atrophy protein 1; ORP5/8, oxysterol binding protein related protein 5/8;
PE, phosphatidylethanolamine; PLIN, perilipin; PM, plasma membrane;
PS, phosphatidylserine; PTPIP51, protein tyrosine phosphatase interacting
protein 51; ROS, reactive oxygen species; RyR, ryanodine receptor; SERCA,
sarco/endoplasmic reticulum calcium atpase; SR, sarcoplasmic reticulum; TAG,
triacylglycerol; TCA, tricarboxylic acid cycle; TBC1D15, TBC1 domain family
member 15; TRPML1, transient receptor potential cation channel, mucolipin
subfamily 1; TT, transverse tubule; VDAC, voltage dependent anion channel;
VPS13, vacuolar protein sorting 13.

INTERNAL MITOCHONDRIAL
STRUCTURE

Within the mitochondrial outer membrane lies a tortuous
mitochondrial inner membrane which can be further separated
into an inner boundary membrane running parallel to the
outer membrane and the cristae folds protruding into the
mitochondrial matrix (Harmon et al., 1974; Frey and Mannella,
2000; Mannella et al., 2013; Cogliati et al., 2016; Tobias
et al., 2018). The cristae, rather than the inner boundary
membrane, are reported to contain the majority of electron
transport chain (ETC) complexes and ATP synthase dimers
which, respectively, generate and consume the protonmotive
force across the membrane to produce ATP (Gilkerson et al.,
2003; Davies et al., 2012; Wilkens et al., 2013; Cogliati et al.,
2016). Thus, mitochondria with relatively more cristae are likely
to have greater capacities for energy conversion compared with
those with less cristae (Figure 1, top). The ETC complexes are
also the primary mitochondrial site of reactive oxygen species
(ROS) production (Chandel et al., 2000; Chandel, 2014; Brand,
2016; Wong et al., 2017), implying that cristae membrane
volume may also determine capacity for ROS signaling. The
trade-off associated with increasing the relative mitochondrial
volume occupied by cristae, however, is a concomitant reduction
in mitochondrial matrix volume. This necessary volumetric
exchange has been well described, for example, during postnatal
development in both the heart and liver (Smith and Page, 1977;
Kanamura et al., 1985). In the rabbit heart three days before
birth, the matrix makes up 48% of mitochondrial volume while
the inner boundary membrane + cristae take up 39%. However,
two days after birth, the transition to more aerobic metabolism
results in a redistribution of mitochondrial volume where the
inner membrane + cristae occupy more volume than the matrix
(47 vs. 42%, respectively) (Smith and Page, 1977). The postnatal
transition is slightly altered in the liver and also depends on which
region of the liver is assessed; relative matrix volume decreases
from 81% to 75% throughout maturation in the perihepatic
regions whereas matrix volume decreases from 81% to 75% in
the five days after birth in the periportal regions but returns
back to 81% by adulthood (Kanamura et al., 1985). Note also
that the liver matrix volume is nearly twice that of the heart in
these two studies. While acutely condensing the mitochondrial
matrix space in response to an energetic challenge would
increase matrix metabolite concentrations and propel the energy
conversion process temporarily (Hackenbrock, 1966), long term
reduction of matrix space means less room available to be
occupied by matrix enzymes and mitochondrial DNA nucleoids,
suggesting lower capacity for mitochondrial matrix functions
as well as mitochondrial DNA transmission and replication.
Metabolites generated by the tricarboxylic acid (TCA) cycle
in the matrix have recently been identified as important
regulators of gene activity (Chandel, 2014; Martínez-Reyes and
Chandel, 2020), and the matrix is home to key reactions
within several essential biosynthesis pathways often involving
extramitochondrial components including purine nucleotide,
amino acids, glucose, heme, urea, fatty acids, and cholesterol
synthesis (Frezza, 2017; Spinelli and Haigis, 2018). Thus, in cells
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FIGURE 1 | Functional consequences of different mitochondrial ultrastructure configurations. Top: the relative proportion of mitochondrial volume occupied by
cristae or the matrix dictates space available to perform different functions. Scanning electron micrograph (SEM) of a liver mitochondrion from (Bochimoto et al.,
2017). Middle right: the relative proportion of flat and curved cristae regions determines the space available for different oxidative phosphorylation enzymes. SEM of
brown adipose tissue (Cinti, 2018) and heart mitochondria (Kanzaki et al., 2010) on the left and right, respectively. Middle left: mitochondrial nucleoids share the
matrix space with enzymes and metabolites. Cryo-electron tomogram of a heart mitochondrion showing cristae (cyan) and nucleoids (green) from (Kanzaki et al.,
2010; Kukat et al., 2015). Bottom left: the rate of cristae dynamics determines the frequency of remodeling and content sharing. Cristae remodeling in HeLa cells
shown from (Kondadi et al., 2020). Bottom right: the relative electrical connectivity of cristae regulates distribution rate. Depolarization of some but not all HeLa cell
cristae from (Wolf et al., 2019). All figures reproduced with permission.

with greater demand for biosynthesis and signaling, maintaining
a larger matrix relative to cristae volume may be advantageous.
Indeed, the larger matrix volume in the liver relative to the
heart mentioned above is consistent with that liver mitochondria
contain less ETC protein content and activity compared to the
heart across several species (Phillips et al., 2012), reflecting the
relative demands for synthesis and energy conversion among
these cell types and demonstrating the close relationship between
mitochondrial ultrastructure and function.

Cristae Shape
Individual cristae can take several different shapes which are
regulated in part by the mitochondrial contact site and cristae
organizing system (MICOS) and Opa1 (Olichon et al., 2002;
Frezza et al., 2006; Harner et al., 2011; Kondadi et al., 2020). The
structural differences observed between lamellar cristae which

are more disk or sheet-like in nature and tubular cristae which
are more cylindrical may offer distinct functional advantages and
disadvantages (Figure 1, middle right). As mentioned above, ETC
complexes and ATP synthase dimers are each located primarily
within the cristae. However, electron cryotomography studies
have suggested that ATP synthase dimers are preferentially
located in and perhaps even help form the more curved regions
of the cristae such as the tips (Davies et al., 2012; Mühleip
et al., 2016), whereas the ETC complexes are located in less
curved regions such as the stalks (Vogel et al., 2006; Ikon and
Ryan, 2017). These results suggest that the relative curvature
of the cristae may regulate the ratio of ETC complexes to
ATP synthase within a mitochondrion. Indeed, mitochondria
from brown adipose tissue, which are well known for high
energy dissipation capacity through uncoupling, have lamellar
cristae which appear to extend across the entire width of
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the mitochondrion (Lever and Chappell, 1958; Inoué and Koike,
1989; Perkins et al., 1998). By extending across the entire
organelle and minimizing the curved regions of the cristae,
brown fat mitochondria thus have less available space to place
ATP synthase dimers, while still maintaining a large region for
placement of ETC complexes. In contrast, in heart and skeletal
muscle mitochondria where energetic efficiency is critical to
sustaining muscle contraction, the lamellar cristae display much
more curvature than in brown adipose tissue despite similar
cristae densities (Kang et al., 2009; Picard et al., 2015; de-Lima-
Junior et al., 2019). In each case, cristae structure appears to be
tuned to support the energetic needs of the respective cells.

Cristae Dynamics
Investigations into mitochondrial cristae morphology have
traditionally required the use of electron microscopy on fixed
specimens to achieve the resolution necessary to observe these
structures which are often 30 nm or less in diameter (Palade,
1953; Frey and Mannella, 2000; Mannella, 2006; Hoppel et al.,
2009; Zick et al., 2009; Picard et al., 2015). As a result, cristae
have traditionally been thought of as stable structures despite the
widespread observations of individual mitochondria as dynamic
structures over the past two decades (Nunnari et al., 1997;
Bleazard et al., 1999; Karbowski et al., 2004; Szabadkai et al.,
2004; Twig et al., 2008b; Molina et al., 2009; Lewis et al.,
2016). However, recent technological advances have brought
the resolution of the light microscope down into the tens of
nanometer range which has finally permitted observation of
cristae structures in live cells (Dlasková et al., 2018, 2019; Ježek
and Dlasková, 2019; Jakobs et al., 2020; Figure 1 bottom left).
Application of these super-resolution microscopy techniques to
mitochondria from several types of cell culture systems have
indeed revealed that cristae are dynamic structures capable of
both fission and fusion-type events similar to those which occur
at the organelle level (Huang et al., 2018; Stephan et al., 2019;
Wang et al., 2019). Earlier this year, cristae dynamics in cultured
HeLa and HEK293T cells were shown to be regulated by MICOS
proteins MIC13, which was required for both cristae junction
and cristae membrane dynamics, and MIC60, which appeared to
act as a docking site for cristae junctions (Kondadi et al., 2020).
Further, cristae dynamics events were classified in this work as
either transverse, Y-type, and X-type where the events occurred
perpendicular to the mitochondrial short axis, or through
transient Y or X-shaped structures, respectively (see Figure 9 in
Kondadi et al., 2020 for examples). As investigations into cristae
dynamics are only in their infant stages at present, the functional
significance of these events has yet to be tested in physiological
systems. It remains to be understood how the frequency of
cristae dynamics is modulated across differentiated cell types,
in response to different stimuli or under various pathological
conditions. If the range of cristae dynamics frequencies across cell
types and physiological conditions is parallel to that of individual
mitochondrial dynamics, there may be some mitochondria with
highly dynamic cristae like those observed thus far in cell culture,
while other mitochondria may have more stable cristae structures
similar to the relatively low mitochondrial dynamics rates
reported in mature striated muscles (Eisner et al., 2014, 2017).

Gaining a better understanding of how remodeling cristae
shapes through these dynamics events may affect the placement
and function of ETC complexes as well as the ATP synthase
would also provide keen insight into how the structural
changes associated with cristae dynamics are related directly to
mitochondrial function.

Cristae Energetics
It has long been assumed that the protonmotive force generated
across the mitochondrial inner membrane is uniform throughout
the entire organelle thereby making a single mitochondrion
akin to a single cell battery. Indeed, it has been proposed
that elongated mitochondria can act as a power cable to
distribute the electrical component of the protonmotive force, the
membrane potential, across long cellular distances (Skulachev,
1969, 1977, 1990; Patel et al., 2016). In support of this power
cable hypothesis, localized depolarization of mitochondria within
a cell has been shown to result in rapid depolarization of
mitochondria over 10 µm away in cultured fibroblasts and
neonatal cardiomyocytes (Amchenkova et al., 1988), and more
recently in freshly isolated skeletal and cardiac myocytes from
mice (Glancy et al., 2015, 2017; Bleck et al., 2018). However,
owing again to the advancements in super-resolution microscopy
allowing visualization of cristae structures in live cells, recent
data suggest that it is also possible for individual cristae to
be electrically isolated within a mitochondrion (Wolf et al.,
2019). Using fluorescent lipophilic cation dyes which accumulate
in proportion to the mitochondrial membrane potential in a
variety of cultured cell types, it was reported that individual
cristae can maintain different membrane potentials within a
single mitochondrion and that the cristae maintain a higher
membrane potential than the inner boundary membrane in a
MICOS and Opa1 dependent manner. Further, the functional
consequences of electrical isolation of individual cristae were
tested by depolarizing one end of a single, elongated fibroblast
mitochondrion and observing whether the remainder of the
mitochondrion depolarized instantaneously (within 0.15 s) or in
a wave-like manner. Indeed, the majority of the mitochondria
depolarized in a wave-like manner as would be predicted if cristae
were functionally independent. However, it is important to note
that 20% of the mitochondria tested in this study depolarized
instantaneously which supports the single cell battery model of
mitochondrial function. These mixed results coupled together
with the similarly instantaneous mitochondrial depolarizations
observed in striated muscle mitochondria (Glancy et al., 2015,
2017; Bleck et al., 2018) suggest that electrical isolation of
individual cristae is the result of one possible structural
configuration, whereas an electrically united mitochondrion
is another possible configuration (Figure 1, bottom right).
The full functional consequences of maintaining cristae as
energetically independent units are not yet understood though
electrical isolation would inherently slow the spread of any
potential dysfunction and provide more time to mount a
protective response. On the other hand, as shown with the
above mentioned wave-like depolarizations down the length
of a mitochondrion, electrically isolating the cristae delays the
distribution of membrane potential electrical energy to regions
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where cellular work has suddenly increased thereby resulting in
greater ATP supply and demand mismatches as well as relatively
lower capacity for membrane potential-dependent metabolites
(e.g., glutamate/aspartate) and ion (e.g., Ca2+) exchange. Thus,
it may be advantageous for a relatively large cell which faces
rapid changes in energy demand, such as the skeletal muscle,
to maintain a uniform membrane potential throughout the
entire mitochondrion in order to more optimally respond to
cellular energy demands.

INDIVIDUAL MITOCHONDRIAL
STRUCTURE

In a cell, mitochondrial shapes and dynamics are finely tuned
by fusion and fission proteins whose molecular actions are
dependent on the presence of GTP. Mitochondrial elongation
is initiated by a gradual merge of the outer mitochondrial
membranes (OMM) of two individual mitochondria, for which
mitofusin (Mfn) proteins, Mfn1 and Mfn2, are required.
Afterward, the inner mitochondrial membranes (IMM) are
fully joined by the action of OPA1, and the cristae from
separate mitochondria are formed into a new crista structure
wherein mtDNA, ions, and other small molecules can be
shared. On the contrary, a single elongated mitochondrion
can be fragmented into smaller structures through recruiting a
group of proteins including a dynamin-like protein Drp1 and
its associated proteins such as Mff, Fis1, and Mid49/51. For
detailed molecular mechanisms behind mitochondrial fusion
and fission systems, see (Detmer and Chan, 2007; Westermann,
2010; Friedman and Nunnari, 2014; Chan, 2019; Dorn, 2019).
In addition to modulating mitochondrial structure, these
mitochondrial dynamics proteins also play a critical role in
maintaining mitochondrial quality control (Twig et al., 2008b).
It is often difficult to separate the effects of altering the quality
control systems from the effects of alterations in shape, and
therefore, the functional changes associated with manipulations
of mitochondrial dynamics proteins discussed below may
indeed be more related to modulating the mitochondrial
quality control systems than to specific changes in individual
mitochondrial shape.

Mitochondrial fusion-mediated elongation is accomplished
by the cooperative action of outer (e.g., Mfn1/2) and inner
(e.g., OPA1) membrane machineries, by which mitochondrial
function and homeostasis are maintained (Chan, 2012; Youle
and van der Bliek, 2012). Mitochondrial fusion contributes to
establish mtDNA stability, as lack of fusion proteins (e.g., double-
deletion of Mfn1/2) significantly impaired mtDNA quantity and
quality controls in skeletal muscle (Chen et al., 2010). Recently,
it was also shown that mitochondrial fusion is important
for the regulation of both mtDNA replication machinery and
mtDNA nucleoid distribution (Ramos et al., 2019). In the
Mfn-defective muscles, mitochondrial oxygen consumption and
ATP production were notably downregulated (Chen et al.,
2010), indirectly suggesting a connection between mitochondrial
structure and oxidative function. In addition, it has been
identified that OPA1 associated-mitochondrial tubulation is

important for mitochondrial quality control (Ishihara et al., 2006;
Quintana-Cabrera et al., 2018). Upon complex III inhibition,
for example, overexpression of OPA1 protects mitochondrial
oxidative capacity through stabilizing ATP synthase function
(Quintana-Cabrera et al., 2018).

Mitochondrial fission plays a significant role in both
mitochondrial oxidative function (Favaro et al., 2019) and initial
apoptotic signaling (Youle and Karbowski, 2005). Dysregulation
of Drp1, a key player for the mitochondrial fission machinery,
was shown to lead to elongated mitochondria, which appeared
to enhance cellular resistance against the induction of cell
death signaling (Cribbs and Strack, 2007). Given that Drp1-
associated mitochondrial segmentation is dependent on the
action of calcineurin, a protein phosphatase 3 (Cribbs and
Strack, 2007), several studies have explored possible linkages
between mitochondrial dynamics and calcium handling. For
example, in the Drp1-deleted mouse muscle, it was observed that
an electrical stimulation-induced calcium response was largely
diminished, while swollen mitochondria showed increased
calcium uptake along with upregulation of the mitochondrial
calcium uniporter (MCU) (Favaro et al., 2019). In addition
to skeletal muscle, mitochondrial fission also affects cellular
and physiological functions in other tissues. For example, beta
cell-specific deletion of Drp1 resulted in not only impaired
mitochondrial morphology but also abnormal insulin secretion,
although oxygen consumption rate was not significantly affected
(Hennings et al., 2018).

The mitochondrial dynamics system is also known for
regulating the response to various physiological challenges.
Upon starvation, mitochondria form tubular, elongated
structures, which have been identified to protect cells from
autophagosomal degradation (Gomes et al., 2011) and
promote cristae remodeling, mtDNA sharing, and delayed
apoptotic signaling (Rambold et al., 2011). These mitochondrial
elongation-associated quality controls are dependent on fusion
machinery. For example, in mitochondrial fusion impaired cells
(i.e., OPA1 KO MEFs), mitochondrial protein abundances for
Tom20, Hsp60, and Complex V are significantly down-regulated
following serum starvation (Rambold et al., 2011). On the
other hand, overnutrition such as hyperglycemia is linked not
only with mitochondrial fragmentation (Yu et al., 2019), but
also with mitochondrial dysfunction (Bonnard et al., 2008).
A hyperglycemia-associated mitochondrial shape transition
occurs along with ROS production, which is reversible with
a promotion of mitochondrial fusion proteins such as Mfn2
(Yu et al., 2006). Meanwhile, calcineurin-dependent Drp1
dephosphorylation has been shown to move the balance of
mitochondrial dynamics toward greater fission (Cereghetti
et al., 2008). In the calcineurin-ablated skeletal muscle of
mice, elongated mitochondria are more prevalent and they
are protected from high-fat diet-associated mitochondrial
dysregulation, suggesting an essential role of calcineurin-
dependent mitochondrial remodeling upon nutritional
challenges (Pfluger et al., 2015).

Mitochondrial morphology and function are both notably
altered during cellular development and senescence. Recently,
it was shown that proliferating cells accomplish increased
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mitochondrial oxidative capacity not by mitochondrial
biogenesis but by mitochondrial elongation (Yao et al., 2019).
As compared to quiescent cells whose morphology is relatively
short and fragmented, proliferating cells have more tubular
mitochondria, as well as an upregulation of mitochondrial
fusion protein abundance (Yao et al., 2019). On the other hand,
cellular aging has been also characterized by mitochondrial
elongation, although the exact underlying mechanism is not
clear yet. In skeletal muscle of old animals, mitochondria
located in intermyofibrillar structures are more elongated and
branched compared to younger muscles due to an increase in
mitochondrial fusion (Leduc-Gaudet et al., 2015). Furthermore,
it has been well documented that aging is often associated with
reduced mitochondrial function and vitality, and aged tissues
including skeletal muscles have severely impaired mitochondrial
energetics, biogenesis, and quality controls, as well as imbalanced
oxidative stress (Shigenaga et al., 1994; Lopez-Otin et al., 2013).

In addition to aging, pathological conditions have also shown
significantly altered mitochondrial dynamics and morphology,
as well as mitochondrial dysfunction (Tsushima et al., 2018).
For instance, it has been well documented that dysregulated
mitochondrial fusion plays a critical role for Charcot-Marie
Tooth disease type 2 A, the inherited neurodegenerative disease
(Franco et al., 2016; Zhou et al., 2019). Huntington’s disease,
another neurological disorder, is also characterized by highly
upregulated Drp1-associated fission, as well as fragmented
mitochondrial formation (Shirendeb et al., 2012). Meanwhile,
given that mitochondrial shapes in cancer cells are more
fragmented and associated with poor mitochondrial capacity
(Anderson et al., 2018), cancer treatments have been targeted to
fix mitochondrial dynamics and dysfunction through promoting
mitochondrial elongation (Anderson et al., 2018; Yu et al.,
2019). Hence, the irregular mitochondrial shapes and functions
observed in various pathological settings have been recognized
as a key leading factor for various diseases, as well as a target
system for the pharmaceutical treatment, but more research
will be needed to clearly define causal relationships between
disease-associated mitochondrial remodeling and pathological
symptoms.

Additionally, it is important to note that mitochondrial
shape can also be regulated independently of mitochondrial
fission/fusion proteins. Dysfunctional mitochondria have been
shown to be disconnected from the mitochondrial networks
found in skeletal muscle cells in a manner inconsistent
with mitochondrial fission (Glancy et al., 2017). Localized
depolarization caused elongated, branching mitochondria to
become more condensed and spherical in nature, although the
number of mitochondria decreased and the size of mitochondria
increased, respectively. These results may be related to the
Miro1 dependent mitochondrial shape transition also recently
described where, upon cytosolic calcium stress, tubular
mitochondrial structures became more fragmented independent
of the mitochondrial fission process (Nemani et al., 2018).

Irregular Mitochondrial Shapes
Several studies have displayed “ring” or “donut”-like
mitochondrial structures in different cell types, which seems

to be associated with mitochondrial oxidative stress (Liu and
Hajnoczky, 2011; Ahmad et al., 2013). For instance, rotenone
(complex I inhibitor)- and antimycin (complex III inhibitor)-
induced ROS resulted in a mitochondrial structural transition
from tubular to donut- or blob-shaped formation, and the
ROS-associated mitochondrial donut formations were found to
be transient and reversible (Ahmad et al., 2013). Nevertheless,
using a combined imaging technique with light and electron
microscopy, it was suggest that in response to a loss of membrane
potential, many ring-shaped mitochondria did not have “true
through holes” but instead had “vase-shaped cavities” (Miyazono
et al., 2018). Meanwhile, donut-shaped mitochondria were
recently observed by 3D electron microscopy in skeletal muscle
of healthy adult mice (Bleck et al., 2018), showing that glycolytic
muscle fibers have more donut-like mitochondrial structures
as compared to oxidative muscle fibers. Additionally, the
glycolytic muscle mitochondrial donut holes were found to be
filled with sarcoplasmic reticulum and cytosol, while the holes
in oxidative fibers were filled with lipid droplets, suggesting
a yet to be defined functional role for mitochondrial donuts
(Bleck et al., 2018). Although it is still unclear how and why
mitochondria form this specific shape, it has been suggested that
donut size is critical for adjusting the bending energy that is a
main barrier for mitochondrial donut formations and could be
counterbalanced with stress-inducible mitochondrial osmotic
pressure (Long et al., 2015).

Two or more individual mitochondria can communicate with
each other via thin, tubular connections called mitochondrial
nanotunnels, although free-ended extruding mitochondrial
nanotunnels are also observed (Vincent et al., 2017). With
mitochondrial matrix specific-photoactivable fluorescent
proteins (e.g., mtPA-GFP), it was shown that the tube-like
structures projected from a mitochondrion can be connected
with distant (∼8 µm) mitochondria in matured cardiomyocytes
(Huang et al., 2013). Several studies have sought to understand
the underlying mechanisms linked with the incidence of
mitochondrial nanotunneling formations. Mitochondrial
nanotunnels spanning at various distance (i.e., ∼1 to over 5 µm)
have been shown to contribute to the transfer of mitochondrial
matrix contents and are dependent on SR-mediated calcium
signaling (Lavorato et al., 2017). In a study based on 3D electron
tomograms, it was proposed that these nanotunnels may be
formed by pulling and/or extending actions by microtubules, as
many nanotunnels are arranged along with microtubules in close
distance and they also have parallel cristae orientation (Lavorato
et al., 2017). Also, it was shown that Miro2, a major protein for
mitochondrial trafficking along the microtubules, is required in
the mitochondrial nanotunneling formations in cardiomyocytes
(Cao et al., 2019). Additionally, more prevalent mitochondrial
nanotunneling structures were observed in skeletal muscles of
mitochondrial disease patients (Vincent et al., 2019).

Individual Mitochondrial Structure and
Function Across Different Tissues
Tissue-specific mitochondrial morphologies have been identified
and suggested to be important for particular tissue functionality
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and vitality (Scalettar et al., 1991; Hara et al., 2014; Glancy
et al., 2015; Brandt et al., 2017; Figure 2), yet the underlying
mechanisms and causalities are still unclear. For example,
in the liver, individual mitochondrial structures are seen as
compact, spherical shapes (Scalettar et al., 1991; Brandt et al.,
2017). However, upon cellular stress, liver mitochondria change
their spherical morphologies into either donut- or c-shaped
formation (Ding et al., 2012), and aged liver tissues also show
various empty spaces in the center of mitochondria (Brandt
et al., 2017). In the brain, several investigations have revealed
how mitochondrial morphology and function are related. For
instance, mitochondria in the white matter of the mature mouse
brain are elongated, tubular structures, but during the aging
process, there is a reduction in mitochondrial number and an
increase in length within these central tissues (Stahon et al.,
2016). In this study, they also claimed that aging-related oxidative
stress and impaired energy production may be linked with the
alteration of mitochondrial morphologies in the brain tissues
(Stahon et al., 2016). Meanwhile, it has been also suggested
that mitochondrial morphology plays a key role for cognitive
function. In the prefrontal cortex of monkey, both aging and
deleted estrogen effects (i.e., ovariectomized) resulted in many
donut-shaped mitochondrial formations at the presynaptic area
where the size of active zones, as well as the number of
docked vesicles, are smaller than in the brain of young or non-
ovariectomized animals (Hara et al., 2014). Skeletal muscles have
unique mitochondrial structures which are highly elongated and
branched and contribute to the formation of a mitochondrial
reticulum (Bubenzer, 1966; Bakeeva et al., 1978; Ogata and
Yamasaki, 1985; Kirkwood et al., 1986; Glancy et al., 2015).
It has been also reported that mitochondrial morphology is
significantly related to muscle oxidative and calcium cycling
capacities, as oxidative muscle fibers have larger volumes of
individual mitochondria than glycolytic muscle fibers while
glycolytic fibers have increased relative surface areas which allows
for better exchange of calcium and other ions or metabolites
with the cytosol (Bleck et al., 2018). Those observations suggest
that mitochondrial structures are tightly linked with tissue
quality and function.

MITOCHONDRIAL NETWORK
STRUCTURE

In cells, mitochondria can exist as either punctate, individual
mitochondria or branched, highly connected architectures (Bleck
et al., 2018; Valente et al., 2019) termed the mitochondrial
network or reticulum (Figure 3). For example, mitochondria
in vascular smooth muscles are ovoid or rod-shaped (Nixon
et al., 1994; McCarron et al., 2013). On the other hand,
the endothelium contains a tubular mitochondrial network
(Shenouda et al., 2011). The importance of mitochondrial
networks and connectivity in energy generation and signaling,
as well as the significance of crosstalk between mitochondrial
networks and other organelles, is being increasingly recognized.
Mitochondrial network disruption causes mitochondrial
dysfunction and has been implicated in multiple disorders

(Annesley and Fisher, 2019), though some cell types, such as
the smooth muscles mentioned above, normally operate in the
absence of a mitochondrial network. Mitochondrial networks are
complex, cell-type specific configurations that vary depending on
cellular function and energy needs.

The mitochondrial reticulum enables flow of ions, proteins,
metabolites, and mtDNA as well as efficient conduction of energy.
The relatively stable, highly connected nature of mitochondria
in both cardiac and skeletal muscles near the sarcolemma and
between the myofibrils have been shown to support distribution
of the electrical energy of the mitochondrial membrane potential
rapidly throughout the cell (Amchenkova et al., 1988; Glancy
et al., 2015, 2017; Bleck et al., 2018). However, just as cristae and
individual mitochondria can be highly dynamic as discussed
above, the electrical connectivity of mitochondrial networks
also appears capable of dynamic responses to changing cellular
environments. Localized dysfunction within mitochondrial
networks induced by spatially controlled mitochondrial
depolarization was found to result in rapid (5-10 s) disconnection
of damaged mitochondria from the remainder of the network in
striated muscle cells (Glancy et al., 2017). Seemingly, in contrast
to these results, hypoxia and nutrient stress were found to lead to
heterogeneous mitochondrial membrane potentials throughout
the cardiac cell and localized ROS bursts led to synchronized,
cell-wide oscillations in membrane potential and other energetic
intermediates (Romashko et al., 1998; Aon et al., 2003, 2004;
Juhaszova et al., 2004). However, these oscillations occurred
∼45 s after stress which is much slower than the network
disconnection kinetics demonstrated for cardiac cells above.
Further, more recent work by the same group (Kurz et al., 2010)
showed that these spatio-temporal oscillations of membrane
potential occurred in synchronized clusters of many neighboring
mitochondria, leading to the conclusion that local coupling
between neighboring mitochondria is dynamic in nature.

Furthermore, in response to external stimuli, cells can also
alter their functional state via changes in mitochondrial network
configuration. In yeast, there is an increase in mitochondrial
networks and mitochondrial protein contents when yeast
cells are in transition from a non-respiratory to respiratory
state (Ohlmeier et al., 2004; Rafelski, 2013). Similarly, live
cell imaging in HeLa cells revealed that change in energy
substrates from glycolytic to oxidative is accompanied by both
tubule branching and thinning in the mitochondrial networks
(Rossignol et al., 2004).

Functional Significance of Mitochondrial
Network Structure
Mitochondrial network arrangement and the position of each
mitochondrion in various cell types and tissues depend on the
physiology and energy demand of the cell. In some cell types,
mitochondria behave as dynamic networks, frequently changing
network shape and subcellular distribution (Amchenkova
et al., 1988; Bereiter-Hahn, 1990; Yaffe, 1999; Skulachev, 2001;
Westermann and Prokisch, 2002). In cardiac and skeletal muscles
of vertebrates, mitochondria are arranged into a highly organized,
relatively stable mitochondrial reticulum (Bakeeva et al., 1978;
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FIGURE 2 | Functional consequences of different individual mitochondrial structures. Top: individual mitochondrial volume determines the relative capacity for
function but displaces other structures. Middle: Elongated or compact mitochondrial shapes determine the surface area available for interactions relative to
mitochondrial volume. Bottom: irregular mitochondrial shapes allow for communication and interaction across various cellular distances. All heart and skeletal
muscle mitochondrial 3D renderings shown were created from raw data available within (Glancy et al., 2017; Bleck et al., 2018).

Ogata and Yamasaki, 1985; Kirkwood et al., 1986; Weibel and
Kayar, 1988; Glancy et al., 2015; Bleck et al., 2018). Likely
in pancreatic cells and HL-1 cells with a cardiac phenotype,
yeast cells show a dynamic mitochondria reticulum of branched
tubules surrounding the nucleus (Hermann and Shaw, 1998;
Egner et al., 2002; Karbowski and Youle, 2003). In neurons, where
there is high energetic demands, there is a constant movement of
mitochondria from cell body to synaptic sites with heterogeneous
mitochondrial networks (Ligon and Steward, 2000; Miller
and Sheetz, 2004; Miller et al., 2006). On the other hand,
mitochondria in hepatocytes are more uniformly distributed
throughout the whole cell (Brandt et al., 1974). In vitro culture of
HL-1 cells with differentiated cardiac phenotype reveals a regular
mitochondrial arrangement dissimilar to the native cardiac tissue
mitochondrial structure, wherein dynamic dense mitochondrial
reticulum undergo continual displacement and reorganization
(short spheres or long filamentous mitochondria) (Kuznetsov
et al., 2006; Pelloux et al., 2006). These pieces of evidence
strongly suggest the functional and physiological relevance of
mitochondrial network organization in cells and tissues.

Mitochondrial network morphology is not only specific to
cell types but also demonstrates intracellular heterogeneity.
Within a cell, mitochondria positioned at different site-specific
regions display different morphology and biochemical properties
(Romashko et al., 1998; Kuznetsov et al., 1998, 2004a, 2006;
Collins et al., 2002; Collins and Bootman, 2003; Glancy
et al., 2015; Benador et al., 2018; Porat-Shliom et al., 2019;
Willingham et al., 2019). For example, mitochondrial populations
close to the plasma membrane play an important role in
functional coupling of ATP guided ion channels (e.g., Ca2+

entry) (Lawrie et al., 1996). Perinuclear mitochondrial networks
regulate gene transcription by increasing ROS in the nucleus
under hypoxia in intact lungs and cultured pulmonary artery
endothelial cells (Al-Mehdi et al., 2012). In pancreatic acinar
cells, mitochondria are organized into three functionally distinct
groups located at the peripheral basolateral region near the
plasma membrane, surrounding the nucleus, and between
the granular area and basolateral region (Park et al., 2001).
Specific subsets of mitochondrial networks and mitochondrial
populations within cell types display dissimilar responses to
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FIGURE 3 | Functional consequences of different mitochondrial network structures. Top left: the size of the mitochondrial network determines the relative
mitochondrial functional capacity within the cell. Shown are individual mitochondria (various colors) within oxidative (left) and glycolytic (right) muscle mitochondrial
networks from (Bleck et al., 2018). Top right: Connectivity of mitochondrial networks enables rapid distribution. Mitochondrial networks from healthy (left) and
diabetic (right) pancreatic β-cells are shown from (Ježek and Dlasková, 2019). Bottom left: mitochondrial networks can be dynamic or relatively stable. Mitochondria
in axons (left from Misgeld et al., 2007) and H9c2 cells (middle from Eisner et al., 2014) are highly dynamic, while skeletal muscle mitochondria (right from Eisner
et al., 2014) are relatively stable. Bottom right: regional variations in mitochondrial distribution allows for subcellular specification of mitochondrial function. Neurons
(left from Gao et al., 2019) and salivary acinar cells (right from Porat-Shliom et al., 2019) both display regional heterogeneity of mitochondrial networks. All images
reproduced with permission.

substrates and inhibitors, as well as varied resistance or sensitive
to oxidative stress, apoptosis or pathology (Romashko et al.,
1998; Kuznetsov et al., 2004b; Chen et al., 2005; Willingham
et al., 2019). A wide spectrum of cells (hepatocytes, HUVEC,
astrocytes, HL-1 cells, fibroblasts and cultured human carcinoma
cells) and tissues (cardiac, skeletal muscles and liver) display
heterogeneous mitochondrial networks (Collins et al., 2002;
Kuznetsov et al., 2004a, 2006; Bleck et al., 2018; Glancy, 2020).
These findings highlight the extent of mitochondrial network
complexity and diversity, which is likely involved in the diverse
responses to various environmental stress and pathological
processes across cell types.

Mitochondrial Network Remodeling and
Maintenance
The remodeling of dynamic mitochondrial networks depending
on the changing physiological states of the cells or tissues is

achieved by mitochondrial biogenesis, transport, and mitophagy,
as well as by fusion and fission (Westermann, 2011; Labbe et al.,
2014). Maintenance of mitochondrial network architecture via
fusion and fission is important for proper mitochondrial and
cellular function (Chen and Chan, 2005). In vitro experiments
using digitonin-permeabilized cells fueled with substrates for
ETC complexes I, II, and IV revealed that mitochondrial
fragmentation caused by deficiency or absence of fusion factors
like OPA1 and MFN1/2 results in significant reduction in
mitochondrial respiratory capacity (Chen et al., 2005). On the
other hand, yeast double mutants of genes responsible for fission
and fusion showed interconnected mitochondrial networks as
seen in wild-type cells (Sesaki and Jensen, 1999). Thus, although
imbalance in fusion and fission can affect mitochondrial network
configuration and function, fusion and fission factors are not
solely responsible for mitochondrial network formation and
maintenance. Several accessory proteins interact with core
fusion and fission machinery to maintain mitochondrial network

Frontiers in Physiology | www.frontiersin.org 9 November 2020 | Volume 11 | Article 541040

https://www.frontiersin.org/journals/physiology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/physiology#articles


fphys-11-541040 November 5, 2020 Time: 14:15 # 10

Glancy et al. Functional Impact of Mitochondrial Structure

configurations (Cid-Castro et al., 2018; Yu and Pekkurnaz, 2018).
Further, mitochondria are tethered to cytoskeletal elements and
other organelles (Anesti and Scorrano, 2006; Schorr and van
der Laan, 2018) (and discussed in detail below) and these
interactions are crucial in determining mitochondrial network
organization and function within the cell. Thus, the maintenance
and functioning of mitochondrial networks not only involve the
components of mitochondrial biogenesis, mitophagy, fusion, and
fission, but are also regulated by various other factors. Further
investigation is needed to identify the cellular factors that govern
the formation and maintenance of mitochondrial networks.

Mitochondrial Network Dysfunction
Characterizing the link between defects in mitochondrial
network organization and mitochondrial dysfunction
is particularly important in the context of aging and
pathophysiological conditions. Recently, studies have explored
the effect of mutations in mtDNA on mitochondrial network
formation in human muscles and found that mitochondrial
networks with mutant mtDNA form highly branched networks
with increased nanotunnels between mitochondria (Vincent
et al., 2019). In patients with mutations in respiratory-chain
subunits, defective energy production was accompanied by
mitochondrial network fragmentation in fibroblasts (Capaldi
et al., 2004; Koopman et al., 2005). Interestingly, in fibroblasts,
the inhibition of oxidative phosphorylation through respiratory
chain complex I using rotenone perturbed mitochondrial
network structure (Benard et al., 2007). Increased mutational
heteroplasmy and mitochondrial stress also led to fragmentation
in the mitochondrial network, whereas metabolic starvation
induced increased fusion and mitochondrial tubulation (Gomes
and Scorrano, 2011; Rambold et al., 2011).

Within mitochondrial networks, structural connectivity and
energy conversion are interlinked; knockdown of fission
factor, Drp1, in HeLa cells resulted in mitochondria that
produced lesser energy (Benard et al., 2007). Mutations in
genes responsible for mitochondrial fusion or fission affect
mitochondrial network organization and also inhibit energy
metabolism (Amati-Bonneau et al., 2005; Pich et al., 2005). In
neurons, inhibition of mitochondrial fusion by OPA1 knock-out
causes mitochondrial network fragmentation that is associated
with mitophagy and defects in axonal transport (Twig et al.,
2008a; Gomes and Scorrano, 2011). Ablation of mitochondrial
fusion and fission leads to severe defects in mitochondrial
function and metabolism in cardiac or skeletal muscles (Song
et al., 2017). Studies in model organisms like Drosophila
indicate that fragmented mitochondria resulting from loss of
fusion factors are dysfunctional and negatively affect muscle
physiology (Rai et al., 2014). Mitochondrial inflammatory
myopathy caused by ablation of Opa1 in muscles is characterized
by fragmented mitochondria (Rodriguez-Nuevo et al., 2018).
In human skeletal muscles, mutation in fusion protein, Opa1,
leads to abnormal mitochondrial morphology associated with
reduced oxidative phosphorylation and ATP production (Lodi
et al., 2004). However, as mentioned above, more work is
needed to unravel whether the specific functional effects observed
in mitochondrial dynamics knockdown models are due to

alterations in the mitochondrial quality control system or to
changes in mitochondrial structural configuration.

MITOCHONDRIA-ORGANELLE
INTERACTIONS

Because mitochondria serve critical roles in energy conversion,
calcium cycling, lipid synthesis, and autophagy, it is imperative
that mitochondria coordinate cellular processes with other
organelles. While mitochondria-organelle contact sites have been
observed for decades, recent advancements in cellular imaging
techniques have revealed a complex organelle interactome
in which mitochondria form functional contact sites with
multiple organelles including the endoplasmic reticulum,
lipid droplets, plasma membrane, microtubules, lysosomes,
and endosomes. Mitochondria-organelle interactions facilitate
cellular communication through the exchange of lipids, Ca2+,
and other metabolites, and regulate mitochondrial metabolism,
division, and biosynthesis through specialized (inter-organelle)
structure-function relationships (Figure 4). The specific function
of mitochondria-organelle interactions is regulated by the
physical structure of the contact site, and studies across multiple
models have found that the landscape of mitochondrial-
organelle interactions is specialized according to cell type and
adaptable to changes in cellular energy homeostasis. Moreover,
mitochondria in contact with other organelles exhibit distinct
protein expression profiles and functional capacities providing
another mechanism by which structure-function relationships
influence mitochondrial biology.

Mitochondria-Endoplasmic Reticulum
Contacts
The endoplasmic reticulum (ER) supports many cellular
processes and closely works with the mitochondria to
synchronize several biosynthesis and cell signaling pathways.
Contact sites between mitochondria and the ER have been
reported for decades across many cell types (Morre et al.,
1971; Vance, 1990), and these interactions have been shown to
largely support lipid synthesis and calcium transport. However,
advances in live cell imaging strategies have revealed unique
structure-function relationships of mitochondria-ER contact
sites (Rizzuto et al., 1998; Friedman et al., 2011; Lewis et al.,
2016; Valm et al., 2017; Guo et al., 2018), and recent studies
have demonstrated how interactions between mitochondria
and ER can regulate more complex cellular processes such as
mitochondrial dynamics and DNA replication (Friedman et al.,
2011; Lewis et al., 2016).

Mitochondria contact the ER more than any other organelle in
the cell (Valm et al., 2017), and in cells with high calcium cycling
demands, such as skeletal muscle, over 97% of the mitochondria
are in contact with the ER (Bleck et al., 2018). Moreover,
despite constant remodeling of the ER network (Nixon-Abell
et al., 2016; Guo et al., 2018), studies in primate fibroblasts
have demonstrated that contact sites between mitochondria
are maintained during organelle trafficking and cellular stress
(Friedman et al., 2010, 2011; Valm et al., 2017) and that
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FIGURE 4 | Structure-Function relationships of the Mitochondrial Interactome. Mitochondria-organelle interactions support cellular communication and facilitate
many different processes related to energy metabolism, biosynthesis, and mitochondrial division through specialized structure-function relationships, and the
topology of the overall mitochondrial-organelle can be specialized according to cell type and adaptable to changes in cellular energy homeostasis. The specific
functions of mitochondria-organelle interactions are regulated by the transmembrane channels and tethering proteins that comprise the physical structure of the
interorganelle contact site. Intermitochondrial junction (IMJ); Voltage-dependent anion channel (VDAC); Adenosine Triphosphate (ATP); Mitofusin 1 (MFN1); Mitofusin
2 (MFN2); Perilipin 5 (PLIN5); Phosphatidylserine (PS); Phosphatidylethanolamine (PE); Fatty acid (FA); Oxysterol-binding protein–related protein 5/8 (ORP5/8);
Protein tyrosine phosphatase-interacting protein 51 (PTPIP51); Inositol-1,4,5-trisphosphate receptors (IP3R); β-cell receptor-associated protein 31 (Bap31);
Mitochondrial fission 1 protein (Fis1); Dynamin related protein 1 (DRP1); Mitochondria fission factor (Mff); Ryanodine receptor (RyR); Sarco/endoplasmic reticulum
Ca2+-ATPase (SERCA).

the perseverance of mitochondria-ER contact sites during
mitochondrial trafficking can itself serve as a mechanism
by which ER remodeling occurs (Friedman et al., 2010;

Guo et al., 2018). The tight connections formed between ER
and mitochondria are maintained by tethering proteins such as
protein tyrosine phosphatase-interacting protein 51 (PTPIP51)
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(De Vos et al., 2012), Mfn2 (de Brito and Scorrano, 2008),
and Fis1 (Iwasawa et al., 2011) that are expressed on the outer
membrane of mitochondria in contact with the ER. While
mitochondria-ER interactions are abundant across many cell
types, specific structure-function relationships at the site of
contact can alter the biological function of these interactions in
different cell types and conditions.

The proximity of the mitochondria and ER membranes
allows for rapid, controlled exchange of ions between these
organelles, and the role of mitochondria-ER interactions in
cellular Ca2+ signaling has been historically appreciated (Giorgi
et al., 2018). Structurally, Ca2+ exchange at the mitochondria-
ER contact sites is enabled by voltage-dependent anion channels
(VDACs) and mitochondrial-calcium uniporter (MCU) on the
outer and inner membrane of the mitochondria, respectively, as
well as the inositol-1,4,5-trisphosphate receptors (IP3R) and the
sarcoplasmic reticulum ATPase (SERCA) expressed on the outer
membrane of the ER (Szabadkai et al., 2006; Chami et al., 2008).
Upon activation, IP3R releases Ca2+ from the ER, creating a
localized bolus of Ca2+ within the cytosol at the surface of the
ER. While the affinity of VDAC to Ca2+ is relatively low, the
tight tethering of mitochondria to the ER holds the membranes
in close proximity and therefore mitochondrial VDACs are
exposed to high regional Ca2+ concentrations during IP3R
activation, which enables mitochondrial Ca2+ uptake (Rizzuto
et al., 1993, 1998; Rapizzi et al., 2002). While IP3R activation
is regulated by many cellular signaling pathways, the exchange
of Ca2+ between the mitochondria and ER can be regulated
by the physical characteristics of mitochondria-ER contact sites.
Specifically, studies in cultured HeLa cells and myotubes have
shown that increasing either VDAC expression or cytosolic-
facing domain of IP3R in these cells is associated with a greater
and more rapid increases in mitochondrial Ca2+ concentration
immediately following stimulated ER Ca2+ release (Rizzuto
et al., 1998). Moreover, studies evaluating the effect of tethering
distance between mitochondria and ER in basophils found that
mitochondrial Ca2+ could be enhanced by pulling the organelles
closer together using synthetic linkers (Csordas et al., 2006),
demonstrating how the spatial dynamics of mitochondria-ER
contact sites can directly modulate interorganelle Ca2+ flux
within these microdomains.

Calcium signaling is pivotal to cellular communication, and
therefore the structure-function relationships of mitochondria-
ER contact sites can serve as a regulatory mechanism for many
cellular processes. For example, mitochondria can initiate
apoptosis through the release/activation of cytochromes,
caspases, DNase, and other apoptosis inducing factors
(Hajnoczky et al., 1999), and experiments in mammalian
cell lines have demonstrated how the structure and function
of mitochondria-ER contact sites can regulate these pathways
through Ca2+ exchange. Experiments in HeLa cells and
basophils have demonstrated that exposure to apoptotic stimuli
increases mitochondria-ER contact and decreases the distance
between these organelles at the sites of interaction, resulting
in increased Ca2+ uptake (Hajnoczky et al., 1999; Pinton
et al., 2001; Csordas et al., 2006; Bravo et al., 2011). Apoptotic
interactions between mitochondria and ER are stabilized and

activated by FIS1-Bap31 tethering complex and IP3R-VDAC
Ca2+ exchange (Iwasawa et al., 2011). Moreover, imaging studies
in HeLa cells have found that increases in mitochondrial Ca2+

uptake following apoptotic stimuli can induce mitochondrial
swelling and fragmenting of the mitochondrial network (Pinton
et al., 2001). So, although mitochondrial-ER contact sites
can provide Ca2+ buffer system under normal conditions,
changes in these contact sites during periods of cell stress
may cause large increases in mitochondrial Ca2+,which can
lead to mitochondrial permeability and the induction of
apoptotic pathways.

In striated muscle cells, mitochondria-ER Ca2+ exchange is
also associated with the transient release of Ca2+ from the
sarcoplasmic reticulum (SR) during muscle contraction, but in
this system, the Ca2+ extrusion from the SR is regulated by
the ryanodine receptors (RyR). The RyR is expressed on the
outer membrane of the SR and is activated in either a Ca2+

(heart) or voltage (skeletal muscle) dependent manner following
action potential propagation down the T-tubule (TT) system.
Mitochondria-ER contact sties in striated muscle cells localize
mitochondria to the dyad and triad SR-TT structures in heart
and skeletal muscle, respectively, creating a mitochondria-SR-TT
microdomain (Franzini-Armstrong et al., 1998, 2005). Therefore,
similar to the IP3R-mediated Ca2+ release, mitochondrial
VDAC is activated during muscle contraction by transient
increases in Ca2+ concentrations within the mitochondria-SR-
TT microdomains. Indeed, mitochondrial Ca2+ uptake has been
shown to increase flux through multiple metabolic pathways,
including oxidative phosphorylation, and the coupling of muscle
contraction with mitochondrial Ca2+ striated muscles may
provide a feedforward mechanism to support increases in cellular
energy demand during muscle contraction (Murphy et al.,
1990; Territo et al., 2000; Wust et al., 2011; Glancy et al.,
2013). Furthermore, diastole and skeletal muscle relaxation
require ATP-dependent Ca2+ reuptake into the SR, and the
colocalization of mitochondria and SR provides rapid diffusion
cellular free energy to SERCA at the surface of the SR (Territo
et al., 2000; Franzini-Armstrong et al., 2005; Bleck et al., 2018).

Cellular lipid homeostasis is also supported by specialized
phospholipid synthesis and trafficking mechanisms at
the mitochondria-ER contact sites. Mitochondria cannot
independently synthesize specific phospholipids such as
phosphatidylserine (PS) and phosphatidic acid that serve as
precursors for phosphatidylethanolamine (PE) and cardiolipin,
respectively, and therefore rely on the ER-mediated biosynthesis
of these lipids. While high resolution images have revealed that
mitochondria-ER contact sites are not coupled to the ribosome
secretory pathway (Csordas et al., 2006), mitochondria-ER
contact sites provide efficient, non-vesicular lipid transport
between these organelle (Vance, 1990; Vance and Tasseva,
2013). In yeast, studies have demonstrated the role of ER-
mitochondria encounter site (ERMES) as the major player in
mitochondria-lipid transport (Kornmann et al., 2009; Toulmay
and Prinz, 2012; Schauder et al., 2014), but the ERMES complex
are not evolutionarily conserved in mammalian cells. Studies
in HeLa cells have found that the phospholipid exchanging
proteins ORP5 and ORP8 localize to mitochondria-ER contact

Frontiers in Physiology | www.frontiersin.org 12 November 2020 | Volume 11 | Article 541040

https://www.frontiersin.org/journals/physiology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/physiology#articles


fphys-11-541040 November 5, 2020 Time: 14:15 # 13

Glancy et al. Functional Impact of Mitochondrial Structure

sites and associate with PTPIP5 (Chung et al., 2015; Galmes
et al., 2016) and that ORP5/8 depletion results in alterations in
mitochondrial ultrastructure including robust declines in cristae
formation as well as reductions in energetic capacity (Galmes
et al., 2016). Notwithstanding, these studies did not directly
evaluate lipid trafficking, and the mechanisms of phospholipid
transfer between the mitochondria and ER in mammalian cells
remain unknown. In addition to supporting PE and cardiolipin
biosynthesis, lipid trafficking between the mitochondria and ER
also facilitates autophagosome formation (Hailey et al., 2010;
Gomes et al., 2011; Rambold et al., 2011, 2015; Gomez-Suaga
et al., 2017; Nguyen et al., 2017). Studies in mammalian cell lines
have found that, during periods of starvation, autophagosomes
form at mitochondria-ER contact sites in an Mfn2-dependant
manner (Hailey et al., 2010). Further experiments using a
fluorescently labeled PS analog determined that ER-derived
PS was shuttled from the ER into the mitochondria where it
was subsequently converted into PE and used to construct the
membranes of newly formed autophagosomes (Hailey et al.,
2010). Interestingly, autophagosomes are not associated with
mitochondria-ER contact sites during periods of ER-stress
and may even attenuate autophagy under basal conditions,
suggesting that the role of mitochondria-ER lipid trafficking
in the formation of autophagosomes is specific to autophagic
pathways activated during periods of nutrient deprivation
(Hailey et al., 2010; Stoica et al., 2014; Gomez-Suaga et al., 2017).

In addition to ion and lipid trafficking, mitochondria-
ER interactions can facilitate mitochondrial dynamics and
events and studies in yeast and mammalian fibroblasts have
found that more 80% of mitochondrial fission events occur
at mitochondria-ER contact sites (Friedman et al., 2011; Guo
et al., 2018). Live cell experiments have revealed that the
mitochondria-ER contact sites associated with mitochondrial
division are defined by unique physical interactions between
these organelle where the ER tubules cross over and constrict
the mitochondria (Friedman et al., 2011; Guo et al., 2018).
In yeast, ER tubules nearly circumscribe mitochondria and
constricted the diameter of the mitochondria by more than
30% (Friedman et al., 2011). While the 3D spatial dynamics
of mitochondria-ER division is less understood, time course
imaging studies in mammalian cell lines have demonstrated that
mitochondrial-ER contact sites are maintained throughout the
division of mitochondria at the site of ER-mediated constriction.
Furthermore, mitochondria-ER interactions associated with
mitochondrial division are spatially coupled to nucleoids
with actively replicating mtDNA in mammalian systems,
suggesting that these contact sites coordinate divisions at
the outer and inner mitochondrial membranes (Lewis et al.,
2016). While mitochondrial division proteins Drp1 and Mff
colocalize to mitochondria-ER interactions and are necessary
for mitochondrial division, experiments in primate fibroblasts
depleted of Drp1 and Mff found that these proteins are not
required for ER-mediated mitochondrial constriction (Friedman
et al., 2011; Lewis et al., 2016). Moreover, constriction of
mitochondria by ER is also associated with mitochondrial
fusion, and studies in mammalian cells have found that fusion
events at mitochondria-ER contact sites occur more often

as 43% faster compared to mitochondrial fusion events not
associated with ER (Guo et al., 2018). Although the role of
mitochondria-ER interactions in mitochondrial kinetics remains
elusive, the preponderance of evidence suggests that constriction
of mitochondria by ER facilitates fission and fusion events by
decreasing the mitochondrial surface area at this interface and
thereby enabling the actions of the division machinery and
expediting the coalescence of mitochondrial membranes.

Mitochondria-Lipid Droplet Contacts
Mitochondria metabolize, synthesize, and structurally
incorporate lipids, and it is therefore not surprising that
mitochondria-lipid droplet interactions are predominant
across numerous cell types including fibroblasts, striated
muscles, brown fat, and others. While mitochondria-lipid
droplet interactions represent a significant portion of the
organelle interactome, these interactions are dynamic and
the frequency and function of mitochondria-lipid droplet
interactions vary across cell types and metabolic states.
Lipid droplets serve as cellular storage for fatty acids (FAs)
in the form of triacylglycerides (TAGs), but the biological
function of mitochondria-lipid interactions may support
either metabolism or synthesis of TAGs depending on the
cell type and metabolic status. For example, in cells with high
energy demands, mitochondria-lipid interactions support
cellular energy homeostasis by breaking TAGs down into
FAs and importing them into the mitochondria to be used
in FA-oxidation (Tarnopolsky et al., 2007; Shaw et al., 2008;
Wang et al., 2011; Cabodevilla et al., 2013; Herms et al.,
2015; Rambold et al., 2015; Bleck et al., 2018). Alternatively,
other mitochondria-lipid interactions are designed to power
ATP-dependent TAG synthesis with mitochondrial oxidative
phosphorylation (Benador et al., 2018). Lipid droplets can also
protect mitochondria from FA toxicity by buffering FAs from the
cytosol and the interactions between these organelle can adapt to
periods of metabolic stress (Herms et al., 2015; Rambold et al.,
2015; Nguyen et al., 2017).

Depending on the function of mitochondria-lipid droplet
interactions, the frequency and structure of these contact
sites can be modulated to sustain energy homeostasis across
different cell type and metabolic states. Studies evaluating lipid-
organelle interactions in primate fibroblasts have found that
20% of the lipid droplets form contact sites with mitochondria
and demonstrated that these interactions directly facilitate the
transport of FAs from LDs into mitochondria for FA-oxidation
(Valm et al., 2017). Moreover, functional experiments of FA
metabolism in these fibroblasts demonstrated that the level of
interaction between lipid droplets and mitochondria can increase
∼10% following nutrient deprivation to sustain the increased
reliance on FA metabolism (Valm et al., 2017). Mitochondria-
lipid droplet interactions also support FA metabolism in
striated muscles cells, and high resolution electron microscopy
images of murine striated muscles have shown that 20-50%
of the mitochondria are in contact with lipid droplets and
that the distribution of these interactions across muscle cell
types is directly related to energetic capacity (Bleck et al.,
2018). Specifically, mitochondria-lipid droplet interactions are
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more than twice as prevalent in cardiomyocytes compared
to cells from slow-twitch oxidative skeletal muscle cells;
whereas essentially no mitochondria-lipid interactions are found
in cells from fast-twitch glycolytic muscles (Bleck et al.,
2018). Similarly, studies evaluating lipid droplet interactions
in human skeletal muscle cells have found that 50-75% of
the lipid droplets interact with mitochondria and reported
a 12-21% increase in mitochondria-lipid droplet interactions
following exercise (Tarnopolsky et al., 2007). In other cell
types, mitochondria-lipid droplet interactions support lipid
synthesis, and the transmission of stored energy between
these organelles is reversed. In tissues such as brown adipose
tissues (BAT), 75% of the mitochondria are in contact
with lipid droplets, but functional experiments in murine
BAT cells demonstrated these contact sites support ATP-
mediated TAG biosynthesis (Benador et al., 2018). Furthermore,
increasing FA oxidation with cold exposure reduced the
proportion of mitochondria touching lipid droplets by more
than half and increases in mitochondria-lipid droplet interactions
were associated with robust increases in lipid droplet size
(Benador et al., 2018).

While altering the frequency of contact sites between
mitochondria and lipids provides a mechanism for throttling
cellular FA flux, the precise functions of mitochondria-lipid
interactions are determined by the protein expression and
morphology of the mitochondria participating in these points of
contact. Although less is known about mitochondrial tethering
mechanisms associated with lipids compared to the ER, it has
been shown that mitochondria express tethering proteins such
as Plin5 and Mfn2 on the OMM at lipid sites (Granneman
et al., 2011; Wang et al., 2011; Bosma et al., 2012, 2013; Benador
et al., 2018), and increases in the expression of these tethers
are associated with increased mitochondria-lipid interactions.
In addition, mitochondria-lipid contact sites that support the
import of FA into the mitochondria are comprised of specific
machinery required for TAG metabolism such as adipose
triglyceride lipase (ATGL) (Smirnova et al., 2006; Rambold et al.,
2015), and some studies suggest that simultaneous TAG synthesis
and ATGL-mediated lipolysis can regulate FA flux and therefore
protect mitochondria from FA toxicity during starvation and
periods of autophagy (Nguyen et al., 2017).

Mitochondria in contact with lipid droplets also exhibit
distinct morphology that supports the function of the interaction.
In mature muscle cells, large, elongated mitochondria wrap
around the lipid droplets to increase surface area of contact
between the organelle (Tarnopolsky et al., 2007; Shaw et al., 2008;
Wang et al., 2011; Bleck et al., 2018) and are highly connected
to surrounding mitochondria. Similarly, studies in MEFs have
found that increases in FA metabolism are associated with the
formation of fused, tubular networks of mitochondria (Gomes
et al., 2011; Rambold et al., 2011, 2015) and these connected
networks directly enable for the distribution of LD-derived
FAs throughout the mitochondria during periods of increased
reliance on beta-oxidation. In BAT, mitochondria in contact
with lipid droplets are also significantly larger and elongated,
but in keeping with the TAG synthesis role of mitochondria-
lipid droplet contacts in this tissue, functional studies found

that mitochondria attached to lipid droplets actually have lower
capacity to metabolize FAs and higher ATP production rates
(Benador et al., 2018). Together, these experiments demonstrate
how the regularity, structure, and function of mitochondria-
lipid interactions can regulate cell-type specificity and subcellular
specialization of mitochondrial function.

Mitochondria-Microtubule and Plasma
Membrane Contacts
Mitochondrial motility and spatial distribution within cells can
be enabled, in part, through interactions with the microtubules
(MT) and plasma membranes (PM). The capacity to transport
and spatially distribute mitochondria within the cell allows
for localized regulation of metabolism and calcium buffering
as well as proper distribution of mitochondria during cell
division. Long-distance transport of mitochondria is largely
supported by mitochondria-MT interactions where anterograde
and retrograde movement of mitochondria along microtubules is
powered by kinesin and dynein motors (Morris and Hollenbeck,
1995; Pilling et al., 2006). In higher eukaryotes, mitochondria-
MT interactions are comprised of a motor/adaptor complex in
which the mitochondrial outer membrane protein Miro interacts
with the kinesin motor Kinesin-1 through the adaptor protein
Milton (Stowers et al., 2002; Guo et al., 2005; Glater et al.,
2006; Wang and Schwarz, 2009). Long-distance mitochondrial
transport is particularly critical in large, asymmetric cells with
highly specialized subregions. In neurons, mitochondria are
transported down axons along MTs to provide cellular free
energy and calcium buffering support at sites of synaptic
transmission and neurite growth (Morris and Hollenbeck, 1993,
1995; Chada and Hollenbeck, 2003, 2004), resulting in greater
energy demands in neurite mitochondria compared to the cell
body (Willingham et al., 2019). Indeed, the importance of
mitochondrial-MT interactions in neural biology and pathology
has been widely recognized (Saxton and Hollenbeck, 2012),
and studies have demonstrated that altering mitochondria-MT
interactions through deletion of the Miro1 adaptor protein
in mice arrests mitochondrial motility and results in severe
neurological disease (Nguyen et al., 2014). Mitochondria-
MT interactions have also been shown to regulate cytosolic
Ca2+ concentrations, and functional studies across multiple
mammalian cell lines have found that mitochondrial movement
along MTs is inhibited by increases in Ca2+ concentrations
(Quintana et al., 2006, 2007; Wang and Schwarz, 2009), providing
a mechanism to target mitochondria to cellular subregions
with high cytosolic Ca2+ concentrations. Similarly, studies in
T cells have demonstrated that mitochondria-MT interactions
act to mobilize mitochondria to the plasma membrane at sites
of high Ca2+ influx and support the function of critical ion
channels by buffering excess Ca2+ within the microdomain
of the immunological synapse (Quintana et al., 2006, 2007).
Imaging studies in multiple different mammalian cells lines have
also found that mitochondria-MT interactions also facilitate the
localization of mitochondria to the plasma membrane prior to
and throughout cell division (Hu et al., 2008; Lawrence and
Mandato, 2013).
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While mitochondria-MT interactions are often in close
proximity with PM (Quintana et al., 2006, 2007; Hu et al.,
2008; Lawrence and Mandato, 2013), the physical mechanisms
underlying mitochondria-PM interactions in mammalian cells
remain largely unknown. Indeed, mitochondria-PM interactions
have been observed in non-dividing mammalian cells, suggesting
that mitochondria-PM interactions have important functional
implications that extend beyond mitochondria inheritance
in dividing cells. For example, in vivo imaging studies of
mouse salivary glands demonstrated that a subpopulation of
highly fused mitochondria localize to the basolateral plasma
membrane, indicating that mitochondria-PM interactions
may also support subcellular distribution and functional
specialization of mitochondria in non-dividing mammalian
cells as well (Porat-Shliom et al., 2019). Although further
experiments found that over half of the mitochondria in salivary
glands were less than 2 µM from the plasma membrane and
exhibited high spatiotemporal stability (Porat-Shliom et al.,
2019), a precise mechanism of mitochondria-PM contact has
been not identified. Mitochondria-PM interactions have been
extensively characterized in yeast, and studies have revealed a
specialized anchoring mechanism at mitochondria-PM contact
sites that enable the proportionate distribution of mitochondria
in dividing yeast cells. During cell division in yeast, mitochondria
become fused, and the elongated mitochondria localize to the
periphery of the cell where they are tightly fastened to the
PM in conjunction with the ER and form the mitochondria-
ER-cortex anchor (MECA) complex (Lackner et al., 2013). As
with other mitochondria-organelle interactions, the MECA is
supported by specialized tethers, and live cell imaging studies
have revealed that the tethering proteins Num1 and Mdm36 are
critical to the formation of the MECA and the distribution of
mitochondria during cell division (Klecker et al., 2013; Lackner
et al., 2013). Nonetheless, MECA is not conserved in higher
eukaryotes, and the specific tethering systems responsible for
linking mitochondria to the PM in differentiated cell types
has not yet been characterized in mammals, although a recent
study evaluating mitochondria-PM interactions in mammalian
stem cells reported a potential tethering role for MFN1
(Wu et al., 2019).

Mitochondria-Lysosome/Endosome
Interactions
Lysosomes and endosomes interact with mitochondria to carry
out cellular processes related to biosynthesis, intracellular
trafficking, and degradation (Zhao et al., 2012; Daniele et al.,
2014; Wong et al., 2018, 2019; Yamano et al., 2018; Cioni
et al., 2019; Munoz-Braceras et al., 2019). Interactions between
these organelles have been observed in many cells types from
yeast to cardiomyocytes (Zhao et al., 2012; Daniele et al.,
2014; Elbaz-Alon et al., 2014; Honscher et al., 2014; Wong
et al., 2018, 2019; Yamano et al., 2018; Cioni et al., 2019;
Munoz-Braceras et al., 2019), and studies have found that 15-
30% of the lysosomes in mammalian cells are in contact with
mitochondria (Valm et al., 2017; Wong et al., 2018). Lysosomes
are primarily tethered to the mitochondria by the lysosomal

membrane protein Rab7 (Zhang et al., 2005; Zhao et al., 2012;
Wong et al., 2018; Yamano et al., 2018; Cioni et al., 2019; Munoz-
Braceras et al., 2019; Wong et al., 2019). Depending on the
nature of the interaction, mitochondria-lysosome interactions
are supported by different proteins on the outer mitochondrial
membrane such as MFN2 (Zhao et al., 2012; Daniele et al.,
2014), the vacuolar protein sorting 13 (Vps13) (John Peter et al.,
2017; Munoz-Braceras et al., 2019), or FIS1. Because lysosomal
degradation pathways are critical to removing cellular debris,
mitochondria-lysosome interactions have been largely studied
in the context of autophagic pathways that remove damaged
and/or malfunctional mitochondria (Youle and Narendra, 2011;
Yamano et al., 2014, 2018; Pickrell and Youle, 2015; Das et al.,
2016; Fermie et al., 2018). For example, Rab7-MFN2-mediated
interactions between mitochondria and lysosomes facilitate the
formation of autophagosome-lysosomes, and experiments in
cultured cardiomyocytes have demonstrated increased Rab7-
MFN2 interactivity during starvation-induced autophagy (Zhao
et al., 2012). In addition, studies in mammalian cell lines have also
shown that Vps13 colocalized to mitochondria-lysosome contact
sites and that Rab7-Vps13 interactions modulate autophagy by
facilitating the lysosomal degradation (Munoz-Braceras et al.,
2015, 2019). As highlighted below, emerging evidence has
demonstrated that mitochondria also form functional, non-
autophagic interactions with lysosomes and endosomes in
healthy cells (Han et al., 2017; Chen et al., 2018; Fermie et al.,
2018; Wong et al., 2018, 2019).

Rab7 is a GTP-bound protein, and therefore, mitochondrial-
lysosome interactivity can be modulated by GTPase activity at
the mitochondria-lysosome contact site. The outer mitochondrial
membrane protein Fis1 recruits the GTPase TBC1D15 to
the organelle contact site which subsequently untethers the
organelles via GTP hydrolysis (Zhang et al., 2005; Onoue et al.,
2013; Chen et al., 2018; Wong et al., 2018; Yamano et al., 2018).
Recent live cell imaging studies in HeLa cells have demonstrated
that lysosomes interact with mitochondria via ∼80% of all
mitochondrial fission events and that Fis1/TBC1D15-mediated
Rab7 GTPase activity functions to modulate mitochondria-
lysosome interactions during fission (Wong et al., 2018).
Specifically, inhibition of TBC1D15-mediated Rab7 GTPase
activity significantly reduces mitochondrial fission and results
in elongated, overly fused mitochondrial networks (Wong et al.,
2018). These experiments also found that both ER and lysosomes
interact with mitochondria at sites of fission, indicating multi-
organelle coordination of membrane fission. In addition, studies
in other mammalian cell lines have reported reduced glucose
metabolism in Rab7 knockdown and TBC1D15 knockout cells
(Ding et al., 2017; Wu et al., 2019), but the metabolic function of
TBC1D15-mediated Rab7 GTPase activity remains unclear and
further investigation is warranted.

Mitochondria may also interact with endosomes and
lysosomes to facilitate interorganelle ion transfer (Sheftel et al.,
2007; Das et al., 2016; Hamdi et al., 2016) and localized protein
synthesis (Cioni et al., 2019). Similar to lysosomes, endosomes
dynamically interact with mitochondria in healthy cells, and
functional studies in red blood cells suggest that mitochondria-
endosome interactions may enable iron transfer from iron-rich

Frontiers in Physiology | www.frontiersin.org 15 November 2020 | Volume 11 | Article 541040

https://www.frontiersin.org/journals/physiology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/physiology#articles


fphys-11-541040 November 5, 2020 Time: 14:15 # 16

Glancy et al. Functional Impact of Mitochondrial Structure

endosomes to mitochondria (Sheftel et al., 2007; Das et al.,
2016; Hamdi et al., 2016). Indeed, the direct transfer of iron
from endosomes to mitochondria could function to support
mitochondrial iron-sulfur cluster biosynthesis and energy
metabolism (Braymer and Lill, 2017). However, the precise
components of the mitochondria-endosome contact site are
unclear and the mechanism by which mitochondria-endosome
iron exchange occurs has not been established. Interorganelle ion
exchange has also been postulated as a function of mitochondria-
lysosome interactions. Like mitochondria, lysosomes can act
as intracellular Ca2+ storage centers, and studies in cultured
mammalian cell lines have demonstrated that activation of
the lysosomal membrane channel TRPML1 causes release of
lysosomal Ca2+ (Zhang et al., 2016). Interestingly, TRPML1-
activation was found to be induced by increases in cytosolic ROS
(Zhang et al., 2016), thereby providing a direct link between
lysosomal Ca2+ release and mitochondria function (Brand,
2016). Furthermore, applications of high-resolution 3D electron
microscopy have also identified mitochondria-SR-lysosome
microdomains in cardiomyocytes (Aston et al., 2017), suggesting
that mitochondria-lysosome interactions may facilitate Ca2+

buffering/signaling pathways in striated muscle. However,
the function of mitochondria-SR-lysosome interactions in
muscle cells remains unclear. In addition, interactions between
mitochondria and late-endosomes/lysosomes can also support
subcellular localization of protein synthesis. For example,
Rab7a-mediated interactions between mitochondria and late-
endosomes have been shown to coordinate the translation and
placement of mitochondrial membrane proteins at specific
subcellular locations (Cioni et al., 2019). These experiments,
performed in retinal ganglion cells, demonstrated that nuclear
encoded mRNA is transported down axons on late-endosomes
that localize to mitochondria where protein synthesis ultimately
occurs (Cioni et al., 2019). Taken together, the current data
indicate that mitochondria interact with lysosomes and
endosomes to support a multitude of processes in healthy cells
that extend far beyond the lysosomal degradation pathways
associated with autophagy.

Mitochondria-Mitochondria Contact
Sites
Mitochondria can also form specific contacts with other adjacent
mitochondria via intermitochondrial junctions (IMJs) that are
featured by high electron density in electron microscopy images
(Bakeeva et al., 1983; Davidowitz et al., 1984; Duvert et al.,
1985; Picard et al., 2015; Glancy et al., 2017), though specific
IMJ tethering proteins have not yet been elucidated. At IMJs,
mitochondrial cristae orientation is often well aligned with the
cristae of neighboring mitochondria, and it has been suggested
that this trans-mitochondrial cristae coordination may allow
for more efficient content transfer and communication (Picard
et al., 2015). Formation of IMJs appears to be related to cellular
energy demand as tissues facing high energy demands, such
as heart and skeletal muscle, have more IMJs than other less
demanding tissues (Picard et al., 2015). Additionally, it was
shown that mitochondria coupled with IMJs are more elongated

and larger compared to non-connected mitochondria in mouse
heart cells where IMJs often link many mitochondria together
along the longitudinal axis of the cardiomyocyte (Glancy et al.,
2017). It was also noted that IMJs may play an important
role for both cellular energy distribution and protection from
spreading dysfunction throughout the mitochondrial network
(Glancy et al., 2017). Moreover, outer mitochondrial membrane
protein mitoNEET was recently shown to be critical for IMJ
formation as well as mitochondrial respiratory function (Vernay
et al., 2017). Nevertheless, more studies are warranted to better
understand underlying mechanisms and functional implications
of IMJ formation.

Topology of the Mitochondria-Organelle
Interactome
The diversity of functions exhibited across the various
mitochondria-organelle contact sites demonstrates the complex
role of subcellular architecture in cell-type specialization.
Although the importance of structure-function relationships
within the mitochondrial-organelle interactome is just beginning
to be uncovered, it is clear that mitochondria-organelle
interactions are a key determinant of cell function. Because of
the finite surface area of mitochondrial outer membrane within
the given cell, establishing contact sites physically reduces the
potential for interactions with other organelles as well as with
the cytosol, which may limit other functionalities. Thus, the
topology of the mitochondria-organelle interactome must be
optimized to accommodate the specific functions of a cell. This
trade-off is well represented in the interactivity of mitochondria
in striated muscles where interactions with lipid droplets and
SR are evidently tuned to meet the Ca2+ cycling capacities
of various muscle types (Bleck et al., 2018). However, the
preponderance of evidence related to mitochondria-organelle
interactions is derived from yeast and basic cell biology models
that are limited in their ability to provide information related
to physiological cell-type specialization of the mitochondrial
interactome. Undoubtedly, studies evaluating cellular responses
to metabolic and autophagic stressors have demonstrated the
robust plasticity of the mitochondria-organelle interactome
and revealed potential mechanisms by which cells might
alter mitochondria-organelle interactions to achieve tissue-
specific functionalities, but the extent to which mitochondrial
interactivity is customized according to cell type remains
unknown. Future studies evaluating the physiological regulation
of the mitochondria-organelle interactome may provide new
insights into cell-type specialization of mitochondrial function
and novel mechanism of pathological mitochondrial dysfunction.

MULTISCALE COORDINATION OF
MITOCHONDRIAL STRUCTURE AND
FUNCTION

As discussed above, physiological modulation of mitochondrial
structure in support of the functional specificity of a cell can
occur at several different spatial scales. While there have been
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many studies and subsequent reviews focusing on mitochondrial
structure at each individual level, there have been relatively
fewer which investigate how mitochondrial structure may be
coordinated across scales within a cell (Lewis et al., 2016; Yang
and Svitkina, 2019; Qin et al., 2020) and even less looking at
how this coordination is modulated within physiological systems
(Sood et al., 2014; Bleck et al., 2018; Ježek and Dlasková,
2019). In healthy pancreatic β-cells, dynamic networks are
formed of many elongated, tubular mitochondria containing
relatively flat, lamellar cristae and nucleoids distributed along
their length (Ježek and Dlasková, 2019). However, in diabetic
β-cell models, mitochondria become fragmented, form spherical
shapes, and disconnect from the network (Dlasková et al., 2010).
In addition, there is a loss of cristae and nucleoids begin to
form clusters (Anello et al., 2005; Ježek and Dlasková, 2019).
Moreover, diabetic β-cells from human donors were found to
have fewer interactions between mitochondria (VDAC1) and ER
(IP3R2) (Thivolet et al., 2017). Each of the above mitochondrial
structure modifications in the diabetic β-cell suggests a loss in
intracellular communication and signaling capacity (Figures 1-
3) and highlights the consistency of the functional impact of
the multi-scale mitochondrial structural response under these
pathological conditions.

Multi-scale coordination of mitochondrial structure-function
relationships can also occur on an acute timescale. Using a
postprandial model in mice, mitochondrial morphology across
spatial scales was compared in hepatocytes 2 and 5 h after
feeding in order to relate energetic and biosynthetic function
under conditions of varying anabolic/catabolic states in the
liver (Sood et al., 2014). As mTORC1 activity fell during
the later postprandial stage, there were a greater number of
mitochondria which were smaller in size and more compact in
shape though overall mitochondrial volume did not appear to
change consistent with a fragmentation of the mitochondrial
network rather than an acute change in the rate of mitochondrial
biogenesis or mitophagy. Also similar to the β-cell diabetic
response above, there was a loss of cristae density and cristae
number in the later postprandial state with a concomitant loss in
energy conversion capacity. However, unlike the diabetic β-cell,
hepatocytes in the late postprandial state increased interactions
between mitochondria and ER by more than doubling the
length of mitochondria-ER contact sites along the perimeter of
the mitochondrion. While this increase in interactions between
mitochondria and ER was dependent on MFN2, the lack of
information on the other tethering proteins involved makes
it difficult to interpret the specific functional implications of
the increased contact sites (Figure 4). It is tempting, however,
to speculate that the increased mitochondria-ER contact sites

may have facilitated the demonstrated fragmentation of the
mitochondrial network (Sood et al., 2014). Either way, it appears
that physiological remodeling of mitochondrial structures
can be coordinated across several spatial scales to support
functional specificity within the cell as either an acute or
chronic adaptation.

CONCLUSION

Mitochondria are remarkable organelles capable of remodeling
their structural organization, sometimes in a nearly continuous
fashion, in order to optimize mitochondrial function in
support of cellular demands. As discussed above, the structural
configuration of mitochondria can be regulated at several
different levels to specifically tune mitochondria to the needs of
the cell in which they reside. In a physiological setting, altering
mitochondrial structure is associated with various functional
trade-offs at each spatial scale. Indeed, the morphology within
the interior of mitochondria, particularly the relative proportion
and shape of mitochondrial cristae, determines the space available
for enzymes involved in different functional pathways. While the
overall volume of an individual mitochondrion is reflective of
its internal functional capacity, the shape of a mitochondrion
plays a large role in its ability to interact with the surrounding
cellular environment. Moreover, cells can form mitochondrial
networks with varying sizes, shapes, and dynamics each of which
contribute to the overall functional capacity of mitochondria
within the cell. Additionally, interactions between mitochondria
and other organelles are modulated by distinct tethering proteins
which regulate the specific functional coupling that occurs
at these organelle contact sites. Finally, emerging evidence
suggests that mitochondrial functional specificity of cells within
tissues occurs through coordinated, multi-scale regulation of
mitochondrial structure.
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Dlasková, A., Engstová, H., Špaček, T., Kahancová, A., Pavluch, V., Smolková,
K., et al. (2018). 3D super-resolution microscopy reflects mitochondrial cristae
alternations and mtDNA nucleoid size and distribution. Biochim. Biophys. Acta
(BBA) Bioenerget. 1859, 829–844. doi: 10.1016/j.bbabio.2018.04.013
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