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B I O P H Y S I C S

Tissue stiffness mapping by light sheet elastography
Min Zhu1†, Kaiwen Zhang1,2†, Evan C. Thomas1, Ran Xu1,3, Brian Ciruna1,3,  
Sevan Hopyan1,3,4*, Yu Sun2,5,6*

Tissue stiffness plays a crucial role in regulating morphogenesis. The ability to measure and monitor the dynamic 
progression of tissue stiffness is important for generating and testing mechanistic hypotheses. Methods to mea-
sure tissue properties in vivo have been emerging but present challenges with spatial and temporal resolution 
especially in 3D, by their reliance on highly specialized equipment, and/or due to their invasive nature. Here, we 
introduce light sheet elastography, a noninvasive method that couples low-frequency shear waves with light 
sheet fluorescence microscopy by adapting commercially available instruments. With this method, we achieved in 
toto stiffness mapping of organ-stage mouse and zebrafish embryos at cellular resolution. Versatility of the meth-
od enabled time-lapse stiffness mapping during tissue remodeling and of the beating embryonic heart. This 
method expands the spectrum of tools available to biologists and presents opportunities for uncovering the me-
chanical basis of morphogenesis.

INTRODUCTION
Morphogenesis involves complex coordination of biochemical and 
biophysical signals. Stiffness, a key mechanical property of tissue, 
plays a multifaceted role by modulating cell behaviors (1–3) and in-
teracting with biochemical mediators (4–6). A holistic understand-
ing of how the distributions and dynamic changes in tissue stiffness 
contribute to development requires new measurement tools.

Atomic force microscopy (AFM) indentation is a widely used 
method for measuring two-dimensional (2D) stiffness at the tissue 
surface (7). To measure the stiffness of deeper tissue layers, surgical 
removal of the surface layer is required (2). The few state-of-the-art 
untethered methods permitting in vivo measurement of 3D tissue 
stiffness require the injection of magnetic beads or droplets (mag-
netic tweezers) (3,  8–10) or silica beads (optical tweezers) (11). 
These methods are cumbersome, cause potential damage especially 
to sensitive tissues such as the developing brain and heart, and are 
limited in spatial resolution that relies on the positions of the depos-
ited beads. Morphogenesis unfolds over time, and invasive tech-
niques fail to capture the temporal dynamics of stiffness, thereby 
limiting current studies to endpoint analyses. An ideal method 
would be noninvasive, permit high spatial and temporal resolution, 
and be sufficiently versatile for a substantial proportion of biologists 
using commercially available equipment.

Elastography is a noninvasive approach that consists of an actua-
tion component to introduce local tissue deformation and an imag-
ing tool to record the response of the tissue to quantify stiffness (12). 
In terms of actuation principles, current elastography techniques 
can be categorized into optical and mechanical modes. In Brillouin 
microscopy (13, 14), the frequency shift of incident laser Brillouin 
scattering (i.e., Brillouin frequency shift in gigahertz) is used as a 

proxy for tissue stiffness (i.e., longitudinal modulus) assuming known 
refractive indices. The relationship between Brillouin microscopy 
measured longitudinal modulus and elastic modulus (a common 
metric of tissue stiffness), however, remains unclear. A phenomeno-
logical positive correlation between the two quantities (15–17) and 
no correlation (18) were both reported when benchmarked against 
AFM indentation. This is potentially due to the fact that Brillouin 
microscopy naturally couples mechanical and optical properties of 
each location in a tissue (13, 18). In terms of measurement speed, 
the acquisition speed of Brillouin microscopy is typically 20 to 500 ms 
per pixel (i.e., 20 to 500 s for capturing a 1000 by 1000 image) (14). 
To solve the reliance on known refractive indices of different loca-
tions in a tissue, Brillouin microscopy has been used together 
with optical diffraction tomography (19), which further lengthens 
its acquisition time. Moreover, Brillouin frequency shift has been 
reported to be 10-fold more sensitive to water content than to stiff-
ness (20,  21). Interpreting Brillouin microscopy results in tissues 
with varying hydration levels requires caution (13). Therefore, de-
spite its capability of offering subcellular resolution, Brillouin mi-
croscopy is suboptimal for stiffness mapping of 3D tissue comprising 
multiple slices.

For mechanically actuated elastography, compression optical co-
herence elastography (C-OCE) and wave-based elastography have 
been developed (22). C-OCE, which is based on local strain imaging 
under axial (depth) compression (23–25), relies on known refractive 
indices and has reduced accuracy and sensitivity when measuring 
tissues lacking mechanical stiffness contrast (22, 26). For quantitative 
stiffness measurement, uniform stress is assumed, which introduces 
errors in mapping geometrically complex tissues with variable stress 
(22, 25). C-OCE also has limited axial resolution for strain measure-
ment (~300 μm) in tissues (25). In wave-based elastography, the 
propagation speed of a shear wave is proportional to tissue stiffness 
(27). This approach has been applied clinically using ultrasound elas-
tography and 2D/3D magnetic resonance elastography for diagnos-
ing stiffness-related diseases such as liver fibrosis (28, 29). Switching 
the imaging modality to optical microscopy has improved spatial 
resolution. However, a high actuation frequency in the kilohertz 
range has been required to enhance local phase contrast for generat-
ing an observable phase shift to calculate shear wave propagation 
speed. This requirement arises from limited displacement tracking 
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under bright-field imaging with particle imaging velocimetry (30). 
Capturing sample response to such high-frequency actuation makes 
it incompatible with confocal or light sheet imaging and obviates 3D 
stiffness mapping. The high frequency actuation also leads to rapid 
amplitude attenuation, impeding whole embryo penetration.

To tackle these limitations, we developed a method for mapping 
stiffness by coupling mechanical actuation with light sheet fluores-
cence microscopy (table S1). A standard piezoelectric device was 
used to propagate shear waves through organ-stage mouse embryos 
(~3 mm). The shear wave displaced cells that were individually visu-
alized by a transgenic far-red nuclear reporter H2B-miRFP703 (31) 
that offered high-contrast and deep tissue imaging. Application of a 
customized pattern-guided cell motion tracking program enabled 
accurate reconstruction of local displacement patterns and distin-
guished phase shifts as low as 0.0023 rad at a low actuation frequency 
(≤10 Hz). We achieved whole embryo shear wave penetration and 
in toto tissue stiffness mapping at cellular (15 μm) resolution with 
time-lapse capability. Stiffness of the beating embryonic heart dur-
ing ventricular contraction and relaxation was also mapped for the 
first time.

RESULTS
Light sheet elastography device
To optimize live imaging for mouse embryos, our device was built 
on a standard light sheet fluorescence microscope that provides high 
spatiotemporal resolution and minimizes photobleaching. Simulta-
neous planar laser excitation and acquisition enabled by light sheet 
microscopy mitigated the confounding delay for specimen scanning 
(illuminating) by confocal microscopes. The light sheet elastogra-
phy (LSE) device consisted of a standard piezoelectric actuator 
(P-840.20, Physik Instrumente) that vibrated with displacement of 
up to ~30 μm perpendicular to a capillary tube housing an agarose 
plug. Piezoelectric actuation by a sinusoidal signal generated a shear 
wave through the agarose plug and the embryo embedded within 
it (Materials and Methods). A mounting stage was secured to the 
microscope sample stage by permanent magnets (Fig. 1, A and B).

Dynamic phase analysis
Under ideal pure shear actuation as illustrated in Fig. 1C and movie 
S1, the local shear modulus G relates to local phase difference by (27)

where ρ is the density, cs is the shear wave propagation speed, f  is the 
actuation frequency, and Δφ∕ Δy is the Y phase gradient. The rela-
tionship was based on the principle that a forward-propagating 
wave passes specified point locations with a phase delay. For two 
points along the path of a shear wave that are in close proximity such 
that the material in between them can be considered homogeneous, 
the difference in the local phases at the two points was used to cal-
culate the stiffness of the material between the two points. The local 
shear modulus G is related to elastic modulus E (a common metric 
for describing tissue stiffness) by

where υ is the Poisson’s ratio which is typically 0.5 for soft tis-
sue (9, 32).

In addition to the phase arising from pure shear wave propaga-
tion, other potential contributors to the phase of the extruded aga-
rose gel are the phase inherited from the glass capillary above the 
gel, the damping effect of the culture medium, and the geometry 
(i.e., diameter and extrusion length) of the gel (Fig. 1D and Supple-
mentary Note).

To validate the phase-stiffness equation and evaluate the effect 
of potential contributing factors, we conducted shear wave actua-
tion on 1% agarose gel that contained fluorescent beads. By track-
ing the displacement of the beads and fitting with the sinusoidal 
equation to decouple phase values (Materials and Methods), we 
obtained a local phase map of 1% agarose gel (Fig. 1E). The phase 
map decays linearly along Y due to shear wave propagation with an 
average Y phase gradient of 51.8 rad/m (Fig. 1F). In addition to the 
Y phase, the phase also shows a linear symmetric decay along X 
with a ruffle fold that is inherited from the agarose gel inside the 
glass capillary (Fig. 1G). The decay and ruffle fold resulted from 
wave propagation in the poroelastic material arising from the glass-
gel boundary and wave interference, respectively (fig. S1A and 
Supplementary Note) (33). Inside the glass capillary, the agarose gel 
phase map exhibited the same X phase pattern as the extruded part 
without Y phase decay (fig. S1, B to D). This X phase pattern was 
experimentally determined to be independent of Z location, glass 
capillary diameter, and agarose gel concentration (fig. S1, E to G). 
The X phase speed (i.e., wave propagation speed) remained con-
stant across different actuation frequencies, suggesting that the 
wave was nondispersive (fig. S1H).

The extruded gel was found to be critically damped (i.e., damp-
ing ratio close to 1) by Dulbecco’s modified Eagle’s medium (DMEM; 
fig. S2A and Supplementary Note). The critical damping effect filters 
out undesired wave reflection and mitigates its contribution to the 
local phase under forced oscillation (27). DMEM damping arose 
from the added mass of the fluid that was displaced by the agarose 
gel and viscous fluid shear. From experimental and numerical simu-
lation results, DMEM damping was dominated by mass damping 
(fig. S2, B to F). Replacing the culture medium with fluids of differ-
ent viscosities did not affect the phase result, as they all had a similar 
density to water. The critical damping effect extended to agarose gels 
of different elastic moduli and diameters (fig. S2, G and H). We fur-
ther verified that the rotational bending and deflection induced by 
the agarose gel’s geometry were minimal and can be disregarded for 
phase analysis (fig. S2, I to L, and Supplementary Note). By per-
forming actuation at different frequencies, Y phase speed was found 
to be constant (i.e., nondispersive) as depicted in fig. S2M, indicat-
ing the predominantly elastic behavior of the agarose gel. The elastic 
behavior of agarose gel was recapitulated by AFM indentation (fig. 
S3A and Materials and Methods).

Hence, the phase in the extruded agarose gel was solved according to

where kx and ks are the X and Y wave numbers, respectively (Sup-
plementary Note). Using our customized dynamic phase program 
(code link in Materials and Methods), the partial derivative of 
phase with respect to Y was computed, and the stiffness of 1% 
agarose gel was decoupled (Fig. 1H) and determined to be 4.1 kPa 
on average for this gel sample. To validate LSE-measured stiffness, 
we compared the stiffness of 0.75 to 3% agarose gels quantified by 
LSE and by AFM indentation (fig. S3, B and C). LSE-measured 

G = ρcs
2 = ρ

(

2πf

Δφ∕Δy

)2

(1)

E = 2(1+υ)G (2)

φ = φx + φy = kx ⋅ ∣x ∣ + ksy = −2.25f ∣x ∣ +
�φ

�y
y (3)
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stiffness values of agarose gel agreed well with AFM indentation 
results for gel concentrations ranging from 0.75 to 2% (i.e., <~10 kPa) 
with differences less than 7.4%. For 3% agarose gel, LSE-measured 
values deviated from AFM indentation results by 20.9%. This dis-
crepancy occurred because the frame rate of the Zeiss Z.1 light 
sheet microscope at 1000 × 1000 pixels was unable to capture the 

rapid propagation of shear waves to decouple the Y phase gradient 
in the stiff gel. For measuring stiff samples, the LSE pixel setting 
can be lowered to increase the frame rate. For 3% agarose gel, low-
ering the pixel setting from 1000 × 1000 to 250 × 250 enabled LSE 
to reproduce AFM indentation results (within 7.2% difference and 
reduced variance) at the cost of a smaller field of view.
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Fig. 1. Light sheet elastography. (A) 3D structure of the LSE device. (B) Experimental setup of LSE. (C) Schematic illustrating ideal pure shear wave propagation causing 
a phase delay along the Y axis. (D) Schematic describing potential contributors to the local phase. (E) 3D rendered phase map of 1% agarose gel under 10-Hz actuation. 
(F) YZ projection of the phase map shown in (E) showing linear phase decay induced by shear wave propagation along the Y axis. (G) Inherited glass capillary phase along 
the X axis. (H) Stiffness map of 1% agarose gel. The spatial variation reflects the heterogeneous distribution of agarose fibers during sample preparation (Materials and 
Methods). Color-coded scale showing elastic modulus and its corresponding Y phase gradient under 10-Hz actuation.
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To simulate a heterogeneous stiffness environment, we also con-
ducted validation on gradient agarose gels with spatially varying 
stiffness (fig. S3D and Materials and Methods). For 1 to 2% gradient 
agarose gel, LSE measured continuous points and resolved the stiff-
ness gradient to within 7.7% difference compared to AFM indenta-
tion (fig. S3, E and F).

In toto tissue stiffness mapping
To achieve maximum imaging penetration depth, we performed 
tissue stiffness mapping of an E9.25 (embryonic day 9.25) mouse 
embryo using a transgenic mouse strain harboring a far-red nuclear 
reporter H2B-miRFP703 (31). This mouse line has been useful in 
various live imaging studies as it allows clear visualization through-
out tissue with minimal phototoxicity (3, 6, 34). To track the fast 
moving, densely populated nuclei under shear wave propagation, 
we developed a motion tracking program using a subpixel image 
registration algorithm (figs. S4, A to D, and S5A; movie S2; and 
code link in Materials and Methods) (35), capable of resolving a 
phase shift as small as 0.0023 rad (Materials and Methods). At 
E9.25, the mouse embryonic heart regularly beats at ~2 Hz (Fig. 
2A and movie S3) with an amplitude that extends to ~200 μm away 
from the heart (fig. S5B). To compensate for the heartbeat, we 
chose our actuation frequency to be distinct from that of the beat-
ing frequency and eliminated the heartbeat signal using bandpass 
filtering (fig. S5A). The time resolution of LSE (i.e., number of 
frames required for a stable phase reading) was determined to be 7 
frames (0.12 s) (fig. S5C). The spatial resolution was calculated as 
a function of the time resolution, actuation frequency, and sample 
stiffness considering a minimum signal-to-noise ratio of 3 (Mate-
rials and Methods). Within the stiffness range of most embryonic 
tissues (a few hundred pascals), neighboring cells’ phase difference 
could be resolved by LSE yielding cellular resolution (<15 μm) for 
stiffness mapping (fig. S5, D to F, and Supplementary Note). The 
cellular spatial resolution and subsecond temporal resolution of 
LSE are comparable to those of existing optical elastography methods 
(30, 36, 37) but were achieved at a much lower frame rate (~50 Hz) 
compared to the multikilohertz frequency of those methods. The 
spatiotemporal resolution of LSE can be further improved by in-
creasing the imaging frame rate of the light sheet microscope. No 
notable changes in cell apoptosis were observed after LSE actua-
tion as examined by LysoTracker staining (fig. S5G and Materials 
and Methods).

The stiffness of E9.25 mouse embryos was mapped by stitching 
sagittal plane tiles as shown in Fig. 2 (B and C). The void areas in 
the stiffness map are cavities filled with intraembryonic fluid. 
Since shear waves do not propagate through fluid (38), cavities do 
not affect stiffness mapping results. The E9.25 embryo exhibited a 
stiff forebrain, hindbrain, and somites with comparatively soft mid-
brain and optic vesicle regions. We compared LSE with established 
in vivo stiffness measurement methods. LSE results agreed well 
with previously reported values for the E9.25 mandibular arch, 
mouse forelimb bud, and the tailbud of 16 hours postfertilization 
(hpf) zebrafish harboring an mScarlet nuclear reporter (39) that 
were measured using AFM indentation (7,  40) and magnetic 
tweezers (3, 8, 10) but with greater spatial detail (Fig. 2, D and E, 
and fig. S5, H and I).

Cell packing density and extracellular matrix (ECM) composi-
tion are regarded as two major contributing factors of tissue stiffness 

(3, 6, 41). Both parameters vary spatially during development. By 
crossing the nuclear reporter H2B-miRFP703 strain with our en-
dogenous fibronectin (FN; a major ECM protein) reporter strain 
(Fn-mScarlet) (6), we explored the potential contributions of these 
two factors to stiffness (Fig. 2F and Materials and Methods). Some 
regions of high stiffness by LSE such as the hindbrain and somites 
corresponded spatially to high cell packing density, whereas others 
in the mandibular arch and forelimb bud matched FN gradients 
(Fig. 2G). It will be interesting to determine how different determi-
nants of tissue stiffness affect morphogenesis.

Time-lapse tissue stiffness mapping
The noninvasive nature of LSE enabled time-lapse tissue stiffness 
mapping. We previously discovered an anteriorly biased tissue stiff-
ness gradient in the mouse E9.25 forelimb bud by taking single time 
point measurements per embryo (3). In contrast, LSE enabled time-
lapse stiffness mapping over a 3-hour period. During that period, 
the stiffness gradient evolved such that the anterior bias expanded 
toward the central region (Fig. 2H). That progression is consistent 
with an anterior to central transition of the distal peak of the limb 
bud as it expands between E9.25 and E9.5 (3, 6). The ability to ob-
serve live changes in tissue stiffness may be useful for defining the 
basis of morphogenetic movements.

The noninvasive nature of LSE also allowed for stiffness mapping 
of mechanosensitive tissues such as the beating embryonic heart 
that cannot be achieved by existing methods. Experiments con-
firmed that 10-Hz LSE actuation for 1.7 s (i.e., 100 frames) did not 
induce any heartbeat frequency change or arrhythmia (Fig. 3A). An 
important aspect of measuring heart stiffness is that shear wave 
propagation speed is affected by tissue stress (42). To differentiate 
heart stiffness during ventricular relaxation and contraction, we first 
measured the time weighted average (>10 heartbeats) of E9.25 heart 
stiffness as shown in Fig. 3 (B and C). A time resolution of 0.12 s 
(i.e., 7 frames) allowed us to isolate stiffness during ventricular re-
laxation as shown in Fig. 3D. Heart stiffness during ventricular con-
traction was decoupled according to

and was 23.2% higher than in the relaxed state (Fig. 3, E and F). 
Whether the heartbeat increases or decreases, the apparent stiffness 
depends on tissue stress which is determined by the superposition 
of contractile stress upon initial stress in the relaxed state. An anal-
ogy would be stretching (increase) or releasing (decrease) a pre-
stressed rubber band. Since LSE can distinguish contributions of 
contractile stress to stiffness throughout the cardiac cycle, the meth-
od can potentially identify the precise functional consequences of 
deleterious mutations.

The formation of trabeculae is a key step in cardiac develop-
ment, and disorders of that process lead to cardiomyopathy and 
embryonic lethality (43,  44). According to image-based simula-
tions, trabeculae act like structural supports that enhance cardiac 
wall deformability, reduce fluid pressure stresses, and homogenize 
wall stiffness (45). Their formation is mechanosensitive, but emerg-
ing models of trabeculation that invoke tissue properties have thus 
far been based largely on inference from imaging and theory (46–49). 

Eheart =
Erelax ⋅ trelax + Econtract ⋅ tcontract

trelax + tcontract
(4)
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As proof of principle of the value of LSE, we mapped trabecular 
stiffness to generate a morphogenetic hypothesis (Fig. 4, A to C). 
An apical to basal stiffness gradient was observed within each tra-
becula of the E9.25 left ventricle. The stiffness gradient was found to 
correspond to FN density (Fig. 4, D and E), raising the possibility 
that myocardial cells move up the stiffness gradient, a process akin 
to durotaxis, to raise the structure from the cardiac wall (Fig. 3F). 
An increasing number of trabecular cells would increase the pro-
duction of ECM proteins, potentially feeding back positively upon 
cell movement into trabeculae until the degree of their stiffness pre-
cludes further cell migration similar to what has been observed in 
limb bud mesoderm (6). These and other models can be rigorously 
tested by combining live imaging and genetic approaches with LSE.

DISCUSSION
Noninvasively mapping 3D tissue stiffness by LSE offers the poten-
tial for a panoramic view of tissue stiffness among various embryos 
at different stages of development at a spatiotemporal resolution of 
15 μm and 0.12 s. Higher temporal resolution can be achieved by 
increasing the image frame rate at the cost of the field of view. Higher 
spatial resolution can be achieved in soft tissues, by lowering time 
resolution or increasing actuation frequency, provided the imaging 
frame rate is sufficient for precise displacement tracking. With a readily 
replicable setup, LSE is amenable for integration with a standard 

light sheet microscope or a custom-built affordable light sheet mi-
croscope (50). The noninvasive nature of this method also enables 
tissue stiffness mapping over time during development. LSE com-
bined with live imaging of molecular reporters permits simultane-
ous visualization of biomechanical and biochemical interactions in 
vivo, offering the potential to resolve “chicken-and-egg” questions 
in morphogenesis. Temporal progression of tissue stiffness also pro-
vides valuable inputs for computational modeling and simulation of 
morphogenetic events. The limitations of LSE stem from the Zeiss Z.1 
microscope specifications. The Zeiss Z.1 can accommodate a sam-
ple up to a 1-ml syringe with an inner diameter of 4.76 mm, and its 
frame rate is limited by a minimum exposure time of 7 ms. While 
this frame rate is sufficient for mapping embryonic tissue stiffness, a 
higher frame rate is needed for applications requiring subcellular 
resolution or imaging of stiff adult tissues which could potentially be 
achieved by switching to a lattice light sheet microscope or a cus-
tomized high-speed light sheet microscope, respectively (51).

The major limitation of LSE lies in the laser penetration depth of 
the H2B-miRFP703 reporter, which is ~500 μm (34, 52). Although 
deeper penetration could be achieved by switching to multiphoton 
imaging, the imaging speed would be compromised, resulting in a 
trade-off between penetration depth and spatiotemporal resolution. 
In our application of LSE, we relied on live fluorescent reporters 
with high local contrast to achieve precise displacement tracking for 
phase analysis. For animal models in which transgenic fluorescent 
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reporters are not available, vital fluorescent dyes, pigment cells that 
have high local contrast under bright-field imaging, differential in-
terference contrast microscopy, or phase contrast imaging where 
they are available may be possible alternatives for performing LSE.

In cardiac research, tissue stiffness has been invoked but not 
measured directly in vivo due to a lack of quantification tools. LSE’s 
ability to map stiffness throughout the cardiac cycle and during the 
morphogenesis of various organ primordia opens avenues for pro-
posing and testing hypotheses concerning development and con-
genital disease in vivo or in vitro using organoid models (53). 
LSE is compatible with imaging-based mechanical strain mapping 
(7, 54). Since the product of stiffness and strain yields stress, cardiac 
tissue stress can be spatiotemporally monitored by computing the 
product of the stiffness and strain maps. The fast-imaging speed of 
light sheet microscopy also permits the capture of cardiac conduc-
tion velocity (tens of centimeters per second) (55). LSE therefore 
offers the potential for comprehensive cardiac mechanical assess-
ment by simultaneously quantifying cardiac stiffness, stress, and 
conduction velocity.

An opportune potential application is that LSE makes it possible 
to register single-cell transcriptomic and proteomic datasets spatially 
with physical properties. Another is that, aside from measurements, 
actuation of LSE with higher energy offers the potential to manipu-
late shear stress. Since shear stress can activate signaling cascades 
that affect morphogenesis (56, 57) and disease progression (58, 59), 
LSE can be actuated to test mechanotransduction hypotheses. Our 
hope is that LSE will render a subset of mechanobiology experiments 
technically accessible for standard biology labs at low cost.

MATERIALS AND METHODS
Animal strains
Analysis was performed using the mouse strain R26-CAG-H2B-
miRFP703 [The Jackson Laboratory: Gt(ROSA)26Sorem1.1(CAG-RFP*)Jrt/J] 
and Fn-mScarlet (6), outbred to CD1. The zebrafish analysis was 
performed using Tg(ubi:loxp:mScarlet-nls:loxp:QFGal4) (39), out-
bred to Tübingen. All animal experiments were performed in accor-
dance with Canadian Council on Animal Care (CCAC) guidelines, 
and protocols (1000059338) were approved by the Hospital for Sick 
Children Research Institute Animal Care Committee.

LSE device
The piezoelectric actuator used in this work is P-840.20 (Physik 
Instrumente). It was attached to the light sheet microscope (Zeiss 
Lightsheet Z.1) via a mounting stage that was 3D printed using acry-
lonitrile butadiene styrene. Three permanent magnets (McMASTER-
CARR, lot 5862k178) were used to secure the mounting stage to the 
Z.1 motorized sample stage. The glass capillary and plunger are stan-
dard components for the Z.1. Customized glass capillary holders 
were 3D printed from resin to connect the glass capillary and actua-
tor. A simple sinusoidal waveform, generated by a function generator 
(B&K Precision, lot 4053B) and amplified by a custom-made voltage 
amplifier, was used to drive the piezoelectric actuator. The custom-
made voltage amplifier provides a maximum voltage output of 100 V, 
enabling a travel range of up to 30 μm for the piezoelectric actuator. 
The design files of the mounting stage, the glass capillary holder, and 
the voltage amplifier are available for download at https://github.
com/MinZhuUOTSickKids/light_sheet_elastography.
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Agarose gel validation
To validate LSE, we performed stiffness mapping of 0.75 to 3% low 
melting point agarose gel (Thermo Fisher Scientific, lot 16520050) in 
DMEM without phenol red and compared the results to those ob-
tained with AFM indentation. The agarose gel solution contained 
5% fluorescent beads of 2 μm in diameter (1:200; Sigma-Aldrich, lot 
L3030 and L4655). The gradient agarose gel was prepared using a 
diffusion-based method (60) by mixing agarose of two different per-
centages containing green and red fluorescent beads, respectively. A 
2% agarose gel was aspirated into a glass capillary and solidified at 
room temperature, while a 1% agarose gel solution was kept in a 
microcentrifuge tube at 95°C. The glass capillary, containing the 2% 
agarose gel, was submerged 2 mm into the tube for 20 s, followed by 
aspiration of the 1% agarose gel. The glass capillary was then main-
tained in a vertical orientation for agarose gel solidification. Once 
the agarose solidified, the glass capillary was submerged into the im-
aging chamber containing DMEM without phenol red, and the 
agarose plug was partially extruded from the glass capillary. The 
temperature of the imaging chamber was maintained at 37°C with 
5% CO2. Upon actuation, the displacements of the fluorescent beads 
were tracked using Imaris (Bitplane) and fitted in MATLAB (Math-
Works) to obtain the phase map. The stiffness map of the agarose gel 
was resolved from the phase map by computing the phase decay 
along Y axis.

The stiffness of the same batch agarose gel was also evaluated by 
AFM (Bruker BioScope Catalyst) mounted on an inverted micro-
scope (Nikon Eclipse-Ti) at 37°C with 5% CO2. For the average stiff-
ness validation experiment (fig. S3, A to C), the same batch of 
agarose was poured into a petri dish for AFM indentation. For the 
gradient gel validation, the gel sample used in LSE was transferred 
to a petri dish and immobilized by pinning it to the adjacent 4% 
agarose gel blocks using pulled glass needles, as shown in fig. S3F. A 
spherical probe tip with a diameter of 32 μm was used for all inden-
tations performed. The spherical tip was made by assembling a bo-
rosilicate glass microsphere onto a tipless AFM cantilever using 
epoxy glue. After assembly, the diameter of the probe tip was mea-
sured under a scanning electron microscope (Hitachi 4000). The 
spring constant of the cantilever was calibrated by measuring the 
power spectral density of the unloaded cantilever thermal noise 
fluctuation. For average stiffness validation, AFM indentation was 
performed at multiple locations spanning the entire surface of the 
agarose gel. For gradient gel validation, AFM indentation was per-
formed at 200-μm intervals along the gradient direction. The linear 
regime of the approach curve of each indentation was fitted with the 
hertz model for a spherical tip to obtain stiffness values (61).

Time-lapse tissue stiffness mapping
Dissected embryos were suspended in a solution of DMEM without 
phenol red containing 12.5% filtered rat serum, 1% low-melt aga-
rose (Thermo Fisher Scientific, lot 16520050), and 1% fluorescent 
beads (1:500; Sigma-Aldrich, lot L3030) that were used for drift 
compensation within a glass capillary. The 1% agarose gel was pre-
pared by diluting 4% agarose gel to 1% with DMEM and rat serum 
to reach the gelling temperature while preserving the stability of 
the culture medium. Once the agarose solidified, the capillary was 
submerged into an imaging chamber containing DMEM without 
phenol red, and the agarose plug was partially extruded from the 
glass capillary tube until the portion containing the embryo was 
completely outside of the tube. The temperature of the imaging 

chamber was maintained at 37°C with 5% CO2. Images were ac-
quired for 3 to 4 hours at 5-min intervals.

Pattern-guided cell motion tracking program
The tracking function in Imaris (Bitplane) is not applicable to the 
densely populated and fast-moving cells in the LSE embryo dataset 
as shown in movie S2. On the basis of Python, we developed a 
pattern-guided cell motion tracking program for tracking these 
cells, using a subpixel image registration algorithm (35). The algo-
rithm compares two images and computes the pixel translation be-
tween them by maximizing intensity correlation with respect to 
translation in the two directions.

To evaluate the tracking accuracy, randomly distributed 24 Gauss-
ian blobs of one pixel width each were generated and oscillated with 
an amplitude similar to LSE actuation (i.e., 15 μm) for 128 time 
points. The synthetic data were imported into our tracking program, 
and tracking accuracy was quantified by calculating the difference be-
tween the real and tracked positions with respect to how far each 
point moved between each pair of neighboring time points. The track-
ing accuracy was determined to be 0.35 pixels permitting the detec-
tion of phase shifts as small as 0.0023 rad.

With a user interface, our program allows the selection of a work-
ing area to track the average motion. It then tracks selected points 
within the working area by comparing small areas around each point 
over time. The points themselves and size of the areas around the 
points to be tracked are user selectable. The output is the positions of 
the selected points at each time point. The tracking program and 
synthetic data generator are available for download at https://github.
com/MinZhuUOTSickKids/light_sheet_elastography.

Spatiotemporal resolution of LSE
The time resolution was determined by fitting varying numbers of 
frames to the sinusoidal function Acos(ωt+φ). We fitted 3 to 100 
frames at an interval of 1 frame. The phase reading was found to 
stabilize after seven frames (fig. S5C). To evaluate the spatial resolu-
tion of LSE, we quantified the phase root mean square (RMS) level 
as a measure of noise, as shown in fig. S5D. The phase RMS is in-
versely related to time resolution by a power law relation.

Considering a signal-to-noise ratio of 3, the minimum phase 
shift (0.0023 rad at 100 frames as shown in fig. S5D) that can be dif-
ferentiated by LSE versus time resolution is

By rewriting the shear modulus-phase shift equation

and substituting values in the equation, the spatial resolution of LSE 
(Δy) in microns is

Thus, the spatial resolution at 10-Hz actuation is shown in fig. S5E.

Apoptosis detection
LysoTracker Red DND-99 (Thermo Fisher Scientific, lot L7528) was 
diluted to 2 μM in DMEM containing 50% rat serum. Embryos were 

Δφ = 3φRMS = 0.07425treso
−0.7597 (5)
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placed in media and incubated in a roller culture apparatus for 1 hour. 
The temperature was maintained at 37°C with 5% CO2. Embryos 
were washed three times with phosphate-buffered saline (PBS) after 
staining to remove LysoTracker surplus and then fixed overnight in 
4% paraformaldehyde in PBS followed by three washes for 5 min 
in PBS. Images were acquired using the light sheet microscope 
(Zeiss Lightsheet Z.1) at ×20 magnification, and analysis was per-
formed using Imaris.

Supplementary Materials
The PDF file includes:
Supplementary Note
Table S1
Legends for movies S1 to S3
Figs. S1 to S5
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Other Supplementary Material for this manuscript includes the following:
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