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Cell-crawling migration plays an essential role in com-
plex biological phenomena. It is now generally believed 
that many processes essential to such migration are 
­regulated by microtubules in many cells, including fibro-
blasts and neurons. However, keratocytes treated with 
nocodazole, which is an inhibitor of microtubule polym-
erization – and even keratocyte fragments that contain 
no microtubules – migrate at the same velocity and with 
the same directionality as normal keratocytes. In this 
study, we discovered that not only these migration prop-
erties, but also the molecular dynamics that regulate 
such properties, such as the retrograde flow rate of actin 
filaments, distributions of vinculin and myosin II, and 
traction forces, are also the same in nocodazole-treated 
keratocytes as those in untreated keratocytes. These 
results suggest that microtubules are not in fact required 
for crawling migration of keratocytes, either in terms 
of migrating properties or of intracellular molecular 
dynamics.
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Cell-crawling migration plays an essential role in com-
plex biological phenomena, including development [1–3], 
wound healing [4,5], immune system function [6] and can-
cer metastasis [7]. It is at present generally believed that 
extension of the leading edge that is induced by actin poly
merization (AP) [8,9] and retraction of the rear by acto
myosin contraction [10,11] are the driving forces of cell- 

crawling migration. Microtubules have been thought to play 
an essential role in cell migration since observations of the 
inhibition of fibroblast migration by the application of col­
cemid, a microtubule depolymerizing drug [12]. It is now 
generally believed that numerous processes essential to AP 
and actomyosin contraction are regulated by microtubules, 
and depend on distinct modes of microtubule dynamics 
[13,14]. In the front of the cell, the small Rho GTPase Rac1 
is thought to coordinate Arp2/3 and formin-dependent actin 
nucleation [15]; and in the rear, RhoA activates myosin II 
through Rho kinase (ROCK) activation and generates con-
tractility [16]. Microtubule polymerization activates Rac1 
[17] through the activation of TIAM1 [18] or STEF (TIAM2) 
[19], while microtubule depolymerization promotes RhoA 
activation [20–22] through the activation of GEF-H1 (Lfc) 
[23].

Fish epidermal keratocytes are a widely used cell type in 
the study of the mechanics of cell crawling migration. They 
have a spindle-shaped cell body and a large crescent-shaped 
lamellipodium filled with actin filaments (F-actin). They do 
not change their overall shape during crawling migration 
[24], indicating that the rate of leading-edge expansion is 
highly organized in time and space. Migrating keratocytes 
rarely generate cytoplasmic fragments spontaneously in cul-
ture [25]. Fragmentation can be induced in almost every 
cells by treatment with the protein kinase inhibitor stauros-
porine [26]. Cytoplasmic fragments maintain their migratory 
behavior for more than 1 hour in a pattern indistinguishable 
from that of intact cells, in spite of the fragments containing 
no nuclei, microtubules or centrioles [25,26]. Keratocytes 
treated with nocodazole also migrate at the same velocity 
and with the same directionality as untreated cells [25]. 
These observations suggest that microtubules are not neces-
sarily required for crawling migration of keratocytes, at least 
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dissolved in DMSO and then diluted 20 times with Ginzburg 
Fish Ringer’s solution (111.3 mM NaCl, 3.35 mM KCl, 
2.7 mM CaCl2 and 2.3 mM NaHCO3, pH 7.6) including 
0.5 mM MgSO4, resulting in final concentrations of 10 µM 
Alexa phalloidin and 5% DMSO. Two microliters of this 
electroporation medium was sucked into a commercially 
available 10-µl short tip of an auto-pipette. The tip was then 
inserted into the electroporation cuvette. The electroporation 
area of the cuvette is a 5×5×0.1 mm region with a pair of 
aluminum sheet electrodes placed on two of its sides. The 
cuvette was attached to the coverslip to which the cells had 
adhered by manually lowering the auto-pipette. Immediately 
after discharge of electroporation medium into the space 
enclosed by the cuvette, electric field pulses of 300 V/cm 
amplitude and 30 ms duration were applied three times from 
a 10,000-µF capacitor to the medium between the electrodes.

Fixed cell staining
Fixed cell staining was performed according to the meth-

ods described previously [29,30] with minor modifications. 
Briefly, cells were fixed with 4% paraformaldehyde for 
15 min, permeabilized with 0.1% Triton X-100 for 10 min, 
and blocked with 0.2% gelatin for 30 min. The cells were 
then incubated with primary antibody: mouse monoclonal 
α-tubulin (1:4,000 dilution, T5168, Sigma-Aldrich) and 
Alexa Fluor 488 phalloidin (0.33 U/ml, A12379; Life 
Technologies) for 60 min. After several washes with 0.2% 
gelatin, the cells were incubated with secondary antibody: 
Alexa Fluor 546 Anti-mouse IgG (1:2,000 dilution, A-11030, 
Life Technologies) for 60 min. The fixation and staining were 
all carried out at room temperature. In the vinculin stain 
tests, mouse monoclonal vinculin (1:800 dilution, V9131, 
Sigma-Aldrich) and Alexa Fluor 546 Anti-mouse IgG 
(1:2,000 dilution, A-11030, Life Technologies) were used 
as the primary and secondary antibody, respectively. In the 
myosin IIA stain tests, the cells were permeabilized with 
0.02% Triton X-100. Rabbit polyclonal myosin IIA (1:200 
dilution, M8064, Sigma-Aldrich) and Alexa Fluor 546 
Anti-rabbit IgG (1:2,000 dilution, A-11071, Life Technolo-
gies) were then used as primary and secondary antibody, 
respectively.

Microscopy
Fluorescence images of live and fixed cells were detected 

using an inverted microscope (Ti; Nikon, Tokyo, Japan) 
equipped with a laser confocal scanner unit (CSU-X1; 
Yokogawa, Tokyo, Japan) and an EM CCD camera (DU897; 
Andor, Belfast, UK) through a 100× objective lens (CFI Apo 
TIRF 100×H/1.49; Nikon).

Traction force microscopy
Traction force microscopy was performed according to 

the methods described previously [31,32] with minor modi-
fications. A type of polydimethylsiloxane (PDMS) (CY52-
276A and B; Dow Corning Toray, Tokyo, Japan) was used as 

from the viewpoint of migration properties.
In this study, we compared not only the migration prop

erties such as velocity, directionality and the shape of the 
leading edge, but also the molecular dynamics that regulate 
migration, such as retrograde F-actin flow (RF) rate, distri-
butions of focal adhesions and myosin II, and traction forces 
between keratocytes treated with or without nocodazole. 
There was no significant difference in any of them, suggest-
ing that microtubules are not required for crawling migration 
of keratocytes, and are not an essential part of intracellular 
molecular dynamics.

Materials and methods
Cell culture

Keratocytes from the scales of the Central American 
cichlid (Theraps nicaraguense) were cultured as described 
previously [27,28]. Briefly, fish scales were extracted and 
washed in culture medium – Leibovitz’s Medium (L-15, 
L5520; Sigma-Aldrich, St Louis, MO) supplemented with 
10% fetal calf serum (Nichirei, Tokyo, Japan) and antibiotic/
antimycotic solution (09366-44; Nacalai tesque, Kyoto, 
Japan). The scales were placed external side up on the bot-
tom of a chamber, the floor of which comprised a coverslip, 
then covered with another small coverslip and allowed to 
adhere to the bottom coverslip for 1 h at room temperature. 
Then, after removal of the upper coverslip, culture medium 
was added to the chamber and the scales were kept at room 
temperature again overnight to allow the cells to spread from 
the scale. Cells were washed briefly with Dulbecco’s phos-
phate-buffered saline without Ca2+ and Mg2+ (PBS--) and 
then treated with 0.5 g/l trypsin and 0.53 mM EDTA in PBS 
(trypsin-EDTA, 32778-34; Nacalai tesque, Kyoto, Japan) for 
30–60 seconds. The trypsin was quenched with a ten-fold 
excess of culture medium.

Nocodazole treatment
Nocodazole (487928; Calbiochem, San Diego, CA) was 

dissolved at 10 mg/ml in DMSO and then diluted 1,000 times 
with the culture medium. This nocodazole medium was 
applied to the chamber, to whose bottom cells had adhered, 
just after the removal of the medium in which they had been 
immersed beforehand. After 30 min, cells in the chamber 
were used for experiments without removal of nocodazole 
and will henceforth be referred to as “nocodazole-treated 
cells.” The cells treated with only 0.1% DMSO were used in 
the control experiments and will henceforth be referred to as 
“untreated cells.”

Loading of Alexa phalloidin into live keratocytes  
for speckle staining of F-actin

Alexa Fluor 546 phalloidin was introduced into live 
migrating keratocytes directly, using a previously described 
small-volume electroporator [27]. Briefly, Alexa Fluor 546 
phalloidin (A22283; Life Technologies, Carlsbad, CA) was 
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cells, as shown in a previous study [25].
Next, to compare the cell shapes quantitatively, we defined 

the “curvature radius” and “center angle” of the leading edge 
(Fig. 1G). A circular arc was traced along the leading edge of 
the cell. The two points at which the arc departed from the 
leading edge were connected to the center (o in Fig. 1G) of 
the arc by straight lines. The lengths of the two lines and the 
angle between them were defined as the “curvature radius” 
and “center angle,” respectively. Keratocytes do not con-
stantly maintain the same shape while migrating [36,37]. 
Thus, we randomly selected bilaterally symmetric cells from 
images of all the migrating cells and measured their curva-
ture radii and center angles (Fig. 1H–K). There proved to be 
no significant difference either in curvature radius (p=0.440, 
Fig 1H and I) or in center angle (p=0.411, Fig. 1J and K) 
between the untreated and nocodazole-treated cells.

Graded radial expansion of leading edge  
in the nocodazole-treated keratocytes

To reveal how the disruption of microtubules affected the 
molecular dynamics related to cell migration, we compared 
the rates of leading edge expansion and RF in untreated and 
nocodazole-treated cells. F-actin in the nocodazole-treated 
cells was stained by Alexa Fluor 546 phalloidin in a speckled 
fashion (Fig. 2A). Many small bright dots are clearly seen 
throughout the cells. To perform a quantitative analysis, the 
directions of “Middle” and “Side” in the cell were defined 
(Fig. 2B). Three dashed straight lines, by which the center 
angle was divided into four equal parts, were drawn. The 
directions of the middle and the right-hand dashed lines 
were defined as Middle and Side, respectively. From the 
sequential fluorescence images, rectangles, 12 µm in height 
and 2.7 µm in width, along the Middle and Side directions 
(“m” and “s” in Fig. 2A) were cropped and aligned sequen-
tially to construct kymographs (Fig. 2C and D). In the kymo-
graphs, the leading edge moved forward (dashed arrow in 
Fig. 2C and D), while the dots show retrograde movement 
(arrow in Fig. 2C and D). The expansion rate of the leading 
edge (left columns in Fig. 2E and H) and the RF rate (left 
columns in Fig. 2F and I) were estimated from the kymo-
graphs. AP rates (left columns in Fig. 2G and J) were calcu-
lated as their sum. These values were also measured in the 
untreated cells (right columns in Fig. 2E–J). There was no 
significant difference in any of the rates at the Middle and 
Side between nocodazole-treated and untreated cells.

Vinculin distribution in the nocodazole-treated 
keratocytes

Distributions of vinculin, a focal adhesion protein, in the 
untreated and the nocodazole-treated cells visualized by 
immunofluorescent staining are shown in Figure 3A and 
B. The relative fluorescence intensities of vinculin in the 
untreated and the nocodazole-treated cells were calculated 
by dividing the intensity at each point (a in Fig. 3C inset) 
around the cell perimeter by the maximum one in the cell. 

the material for the elastic sheet. CY52-276A and B were 
mixed at 6:10 in weight. A 40–45 mg aliquot of the mixture 
was spread on a 22×22 mm coverslip (No. 0, Matsunami, 
Osaka, Japan). After the mixture had hardened, the solidified 
substrata were kept in a hermetically sealed case with a 
50-µl aliquot of liquid silane (3-aminopropyl triethoxy
silane, Sigma-Aldrich) at 70°C for 1 hour, to attach the 
silane to the surface of the silicon substrata by vapor deposi-
tion. A round chamber, 16 mm in diameter × 2 mm in depth, 
was then assembled using the coated coverslip to form 
the bottom of the chamber. Red fluorescent carboxylate-
modified microspheres (20 nm in diameter; peak excitation 
and emission wavelengths of 580 and 605 nm respectively; 
F-8786, Life Technologies) were attached to the surface of 
the substrata using the binding between the amino group in 
the silane and the carboxyl group in the microspheres.

The Young’s Moduli of the elastic substrata were mea-
sured using the method of Lo and colleagues [33]. Briefly, a 
steel ball (0.5 mm diameter, 7.8 kg/dm3) was placed on a sub-
stratum embedded with fluorescent beads. Young’s Modulus 
was calculated as Y=3(1–p2)f 2/4d3/2r1/2, where f is the force 
exerted on the sheet, d is the indentation, r is the radius of the 
steel ball, and p is the Poisson ratio [assumed to be 0.5 [34]]. 
Typical values of the Young’s modulus was 13.8 kPa.

The image data were analyzed using ImageJ (http://rsbweb.
nih.gov/ij). Images of fluorescent beads were first aligned to 
correct any experimental drift using StackReg, an ImageJ 
plug-in. The displacement field and the traction force field 
were then calculated using two plug-ins, PIV and FTTC 
[35]. The regularization parameter was set at 3×10–10 for all 
traction force reconstructions.

Results
Microtubule distribution, migration and cell shape  
of the nocodazole-treated keratocytes

To test whether microtubules were completely disrupted 
by the treatment with 10-µM nocodazole for 30 min, the 
cells were fixed immediately after the treatment. Tubulin 
and F-actin were then stained. Although microtubules are 
seen only in the cell body of the untreated cell (Fig. 1A), 
many small dots of tubulin were seen over the whole region 
of the nocodazole-treated cell (Fig. 1B). However, there 
were no significant differences in F-actin distribution be-
tween the untreated (Fig. 1C) and treated cells (Fig. 1D). 
These results indicate that microtubules are disrupted by 
the nocodazole treatment. We then compared the migra
tion of untreated (Fig. 1E, Supplementary Movie S1) and 
nocodazole-treated cells (Fig. 1F, Supplementary Movie 
S2). Not only untreated cells, which were exposed to 0.1% 
DMSO, but also nocodazole-treated cells, which were ex-
posed to 10 µg/ml nocodazole and 0.1% DMSO, continued 
their migration. There proved to be no significant difference, 
either in the migration velocity (Fig. 1L) or in the direction-
ality (Fig. 1M) between untreated and nocodazole-treated 
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sions. The ratio of the area of the regions to the whole cell 
area was then calculated (Fig. 3D). There was no significant 
difference in the vinculin distribution between the untreated 
and the nocodazole-treated cells, suggesting that the distri-
bution of focal adhesions is not affected by disruption of the 
microtubules.

The blue and red lines in Figure 3C, which respectively indi-
cate the untreated and the nocodazole-treated cells, almost 
completely overlap each other. The regions in which the flu-
orescence intensity of vinculin exceeded 30% of the maxi-
mum intensity in the cell were limited to the rear left and the 
right ends of the cell (the green ellipses in Fig. 3A and B). 
We concluded these areas to be the region of rear focal adhe-

Figure 1 Nocodazole disrupts microtubules but does not affect migration or cell shape. (A) α-Tubulin in an untreated cell. (B) α-Tubulin in a 
nocodazole-treated cell. (C and D) F-actin in cells, the same as A and B, respectively. (E and F) DIC images of the untreated cell (E) and the 
nocodazole-treated cell (F). A, C & E, and B, D & F are typical of 19 and 17 cells, respectively. (G) Definition of “curvature radius” and “center 
angle” of the leading edge. See text for full details. (H and I) Frequency distributions of curvature radius of the untreated cells (H) and nocodazole-
treated cells (I). (J and K) Frequency distributions of the center angle of the untreated cells (J) and nocodazole-treated cells (K). (L and M) Migration 
velocity (L) and directionality (M) of the untreated cells (left) and the nocodazole-treated cells (right). Directionality was defined as the displace-
ment over 30 min divided by the total path length of the cell. Noc and Un in each panel mean nocodazole-treated cells and untreated cells, respec-
tively.
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defined in Figure 2B. The top and the bottom of α are on the 
leading edge and on the top of the cell body, respectively. β 
was on the line from the center (o in Fig. 4C) of the arc to the 
right edge of the cell body. The top and the bottom of β are 
respectively on the leading edge and on the edge of the cell 
body. The width of both rectangles was 5 µm. Myosin II 
density in α and β was calculated by dividing the area where 
fluorescence intensity exceeded 40% of the maximum inten-
sity in the cell by the area of the rectangles. The density ratio 

Myosin IIA distribution in the nocodazole-treated 
keratocytes

The distribution of myosin IIA in the untreated and 
nocodazole-treated cells, visualized by immunofluorescent 
staining, is shown in Figure 4A and B. In both cells, myosin 
IIA appears to have accumulated mainly near the left and the 
right edges of the cell body in the lamellipodium. To com-
pare the accumulation quantitatively, two rectangles, α and 
β, were defined (Fig. 4C). α was in the Middle direction as 

Figure 2 Nocodazole does not affect the rates of leading edge extension, RF and AP. (A) Single fluorescence image of a migrating nocodazole-
treated cell selected from consecutive images. The image is typical of 13 cells. (B) Definition of the directions of “Middle” and “Side.” See text for 
full details. Kymographs (C and D) were constructed from image strips (white rectangles labeled respectively as m and s in A) taken from con
secutive images. Forward movement of the cell edge is indicated in the kymographs with dotted arrows, and RF is indicated with arrows. (E–G) 
Expansion rate of the leading edge (E), the RF rate (F) and the AP rate (G) at the Middle of nocodazole-treated cells (left columns) and of untreated 
cells (right columns). (H–J) Expansion rate of the leading edge (H), the RF rate (I) and the AP rate (J) at the Side of nocodazole-treated cells (left 
columns) and of untreated cells (right columns). The values of left columns in E and F, and H and I were estimated from the kymographs (C and D). 
Those in G and J were calculated as the sum of those in E and F, and H and I, respectively. Noc and Un in each panel mean nocodazole-treated cells 
and untreated cells, respectively. The p-values were calculated using Student’s t-test.
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Figure 3 Distribution of vinculin in untreated cells and nocodazole-treated cells. (A and B) Immunofluorescence staining of vinculin in an 
untreated cell (A) and a nocodazole-treated cell (B). The images A and B are typical of 47 and 41 cells, respectively. (C) Averaged relative fluores-
cence intensities of vinculin in the untreated cells (blue) and the nocodazole-treated ones (red). The values were calculated by dividing the intensity 
at each point (a in inset) around the cell perimeter by the maximum intensity within the cell. (D) The ratio of the area of rear focal adhesions to the 
whole cell area. Left: untreated cells. Right: nocodazole-treated cells. The focal adhesion-region (green ellipses in A and B) was defined as that at 
which the fluorescent intensity of vinculin was higher than 30% of the maximum intensity in the cell. Noc and Un in each panel mean nocodazole-
treated cells and untreated cells, respectively.

Figure 4 Distribution of myosin IIA in untreated and nocodazole-treated cells. (A and B) Immunofluorescence staining of myosin IIA in an 
untreated (A) and a nocodazole-treated cell (B). Green arrows: stress fibers. Images A and B are typical of 22 and 17 cells, respectively. (C) Defini-
tion of two regions, α and β, to compare the accumulation of myosin IIA quantitatively. See text for full details. (D) Density ratio of myosin II, 
calculated by dividing the density in β by that in α in C. Left: untreated cells; Right: nocodazole-treated cells. The density of myosin II was calcu-
lated by dividing the area in which fluorescence intensity was higher than 40% of the maximum intensity within the cell by the area of α or β. Noc 
and Un in each panel mean nocodazole-treated cells and untreated cells, respectively.
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forces in the untreated and the nocodazole-treated cells were 
calculated by dividing the force at each point (a in Fig. 5E 
inset) around the cell perimeter by the maximum force 
within the cell. The blue and red lines in Figure 5E, which 
indicate the untreated and the nocodazole-treated cells, 
respectively, almost completely overlap each other. Figure 
5F shows the maximum traction force in the cells. There 
is no significant difference between the untreated and the 
nocodazole-treated cells, suggesting that traction forces are 
similarly not affected by disruption of the microtubules in 
keratocytes.

Discussion
In this study, nocodazole treatment did not affect the 

migration velocity, directionality or shape of the leading 
edge (Fig. 1), RF rate (Fig. 2), distribution of vinculin (Fig. 
3) or myosin II (Fig. 4), or the traction forces (Fig. 5), in 
spite of it having depolymerized the microtubules (Fig. 1B). 
As a source of traction forces, stress fibers can be seen in 

of myosin II was then calculated by dividing the density in β 
by that in α. There proved to be no significant difference in 
the density ratio of myosin II between the untreated and the 
nocodazole-treated cells (Fig. 4D), suggesting that the dis­
tribution of myosin II is not affected by the disruption of 
microtubules.

Traction forces exerted by the nocodazole-treated 
keratocytes

Contractile forces exerted by the stress fibers (the green 
arrows in Fig. 4A and B) appear to be transmitted to the sub-
stratum as traction forces through focal adhesions in the left 
and right ends of the cell (ellipses in Fig. 3A and B). Next, 
we measured the traction forces exerted by the untreated 
(Fig. 5A, B and Supplementary Movie S3) and nocodazole-
treated cells (Fig. 5C, D and Supplementary Movie S4). In 
the untreated cell, traction forces were exerted mainly at the 
left and right ends of the cell (Fig. 5B) as revealed in previ-
ous studies [38–42]. In the nocodazole-treated cell too, trac-
tion forces were exerted there (Fig. 5D). The relative traction 

Figure 5 Traction forces exerted by untreated cells and nocodazole-treated cells. (A and B) An untreated cell (A) and its traction forces (B). (C 
and D) A nocodazole-treated cell (C) and its traction forces (D). Direction and length of white arrows in B and D respectively indicate the direction 
and the relative magnitude of traction forces at the base of the arrows. The images A & B and C & D are typical of 19 and 20 cells, respectively. (E) 
Average relative traction forces in untreated cells (blue) and nocodazole-treated cells (red). These values were calculated by dividing the force at 
each point (a in inset) around the cell perimeter by the maximum force in the cell. (F) Maximum traction forces in untreated cells (left) and 
nocodazole-treated cells (right). Noc and Un in each panel mean nocodazole-treated cells and untreated cells, respectively.
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rons. In the present study, however, we suggest microtubules 
are not required for crawling migration of keratocytes, and 
are not an essential part of intracellular molecular dynamics.
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both untreated and nocodazole-treated keratocytes (Fig. 4A 
and B). These results suggest that microtubules do not 
regulate the intracellular molecular dynamics of crawling 
migration of keratocytes.

What are the minimal required processes for cell migra-
tion? Simplified physical model of a crawling cell [43] sug-
gests that only actin polymerization and focal adhesions are 
required for the most simple crawling migration. To gener-
ate variations of shapes of migrating cells including the 
crescent-shape of keratocytes, contraction of actomyosin is 
also required. In the model, cellular motility exploits auton-
omous physical mechanisms whose operation does not need 
continuous regulatory effort by microtubules.

In fact, in all cell types, actin polymerization and acto
myosin contraction do not require microtubules per se [13]. 
Then, what is the role of microtubules in cell migration? It 
may be to manage the overall organization and positioning 
of multiple activities within the cell whose actin-rich region 
is apart from the cell body [44]. Microtubule dynamics are 
responsible for the forward translocation of neuronal growth 
cones [45]. In nerve cells, the actin-rich region is limited to 
the peripheral zone of the growth cone. The growth cone is 
separated from the cell body by an axon. Microtubules 
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