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Objective: This study was designed to investigate the effects of temperature and storage time
on the evolution of bacterial communities in swine manure.

Methods: Manure was stored at ~20°C, 4°C, 20°C, or 37°C and sampled at 7-day intervals
over 28 days of storage, for a total of 5 time points. To assess the bacterial species present, 16S
ribosomal RNA gene sequences were analyzed using pyrosequencing.

Results: After normalization, 113,934 sequence reads were obtained, with an average length
of 466.6:+4.4 bp. The diversity indices of the communities reduced as temperature and storage
time increased, and the slopes of rarefaction curves decreased from the second week in
samples stored at —20°C and 4°C. These results indicate that the richness of the bacterial
community in the manure reduced as temperature and storage time increased. Firmicutes
were the dominant phylum in all samples examined, ranging from 89.3% to 98.8% of total
reads, followed by Actinobacteria, which accounted for 0.6% to 7.9%. A change in community
composition was observed in samples stored at 37°C during the first 7 days, indicating that
temperature plays an important role in determining the microbiota of swine manure.
Clostridium, Turicibacter, Streptococcus, and Lactobacillus within Firmicutes, and Corynebacterium
within Actinobacteria were the most dominant genera in fresh manure and all stored samples.
Conclusion: Based on our findings, we propose Clostridium as an indicator genus of swine
manure decomposition in an anaerobic environment. The proportions of dominant genera
changed in samples stored at 20°C and 37°C during the fourth week. Based on these results,
it was concluded that the microbial communities of swine manure change rapidly as storage
time and temperature increase.

Keywords: Firmicutes; Heatmap Analysis; Microbial Community; Pyrosequencing;
Swine Manure; UniFrac Distance

INTRODUCTION

The various microorganisms that are present in swine slurry, such as Bacillus, Clostridium,
and Lactobacillus, play a vital role in the decomposition of manure. These organisms live
in a partially anaerobic environment and therefore utilize a variety of potential substrates,
including proteins and non-starch polysaccharides [1]. The pH of swine manure is relatively
stable because of low lactate concentration, and microbial activity is mainly affected by the
buffering capacity of ammonia nitrogen [2]. Therefore, environmental conditions, such as
temperature, moisture, and oxygen availability determine the rate and extent of microbial-
mediated substrate conversion into various compounds [3].

Fecal bacteria are often used as an indicator of fecal contamination in aqueous and solid
samples. Consequently, traditional biological methods used to detect fecal pollution have
relied on bacterial indicators. Total coliforms, Escherichia coli (E coli), fecal streptococci,
enterococci, Clostridium perfringens (C. perfringens), and bifidobacteria have all been sug-
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gested to be key fecal indicator microorganisms [4]. Of these,
E. coli is considered the most accurate indicator of contami-
nation by human and animal waste, as 90% to 100% of the
isolated coliform microorganisms from human and animal
feces are E. coli [5]. Detailed characterization of the intestinal
microbiota of the swine intestine using anaerobic culturing
techniques has revealed that the major bacterial groups pres-
ent are Streptococcus, Lactobacillus, Prevotella, Selenomonas,
Mitsuokella, Megasphaera, Clostridium, Eubacterium, Bacte-
roides, Fusobacterium, Acidaminococcus, and Enterobacteriaceae
[6]. These studies highlight potential enteric viruses and in-
dicator organisms commonly found in fecal samples from
watershed animals that could serve as an indicator of fecal
contamination.

Bacterial diversity and dynamics have been found to alter
in swine manure during the acidification process [7,8]. These
studies primarily identified microbes using polymerase chain
reaction (PCR)-denaturing gradient gel electrophoresis (DGGE)
[7]. The species most typically identified based DGGE anal-
ysis are Acinetobacter Iwoffii, Alcaligenes spp., Bacteroides spp.,
Botryosphaeria dothidea, Comamonas spp., Pseudomonas spp.,
and Hydrogenophaga spp. Tracking pathogenic or fecal indi-
cators in animal waste through the application of cell culture
has also been reported [8]. Thorough analysis of microbial
population dynamics using molecular methods may lead to
a better understanding of the metabolic transformations that
occur in manure [9]. Various molecular markers have been
developed for the identification and quantification of eubac-
teria from the swine intestinal tract, including specific 16S
rRNA gene sequences [10]. Gourmelon et al [11] identified
and quantified the Bacteroides-Prevotella group in different
preserved manure samples by using specific markers (PF163F/
Bac708R for Bacteroidales). Using Lab 158 probe and Bac
303 probe, microaerophilic species, lactobacilli (e.g., L. amy-
lovorus), and Bacteroides fragilis have been detected in piglet
feces [12].

However, the diversity and evolution of microorganisms
during the process of swine manure decomposition have not
been well studied. To address this, the present study inves-
tigated the evolution of microorganism communities that
associate with the decomposition of pig manure over different
time periods and at various temperatures using pyrosequenc-
ing to identify the specific organisms responsible for each
phase of decomposition.

MATERIALS AND METHODS

Manure samples

Swine manure samples (approximately 10 kg) were collected
from the scraper-type experimental porker farm of the National
Institute of Animal Science, Korea. The collected manure was
homogenized by passing it through a 2 mmx2 mm sieve and
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was squeezed with gauze to remove remaining debris. Forty
milliliters of the homogenate was transferred into a 50-mL
Falcon tube (C2602, MTC Bio, Metuchen, NJ, USA). In total,
51 samples were prepared, including 48 samples that were
divided into 4 temperature treatment groups (n = 12 each)
and were stored at —20°C, 4°C, 20°C, or 37°C. Samples at
-20°C and 4°C were stored in a combined freezer/refriger-
ator (SR6449M; Samsung, Suwon, Korea). Samples at 20°C
and 37°C were stored in an incubator (VS-1203P; Vision Sci-
entific, Daejeon, Korea). For 4 weeks, at the end of each week,
3 samples were collected for each condition. Three of the 51
samples were analyzed immediately (time point 0, referred to
as “fresh manure samples”). Each sample was analyzed by
pyrosequencing in triplicate.

Pyrosequencing

Metagenomic DNA was extracted from treated swine manure
samples using a Fast DNA spin kit for soil (MP Biomedicals,
Santa Ana, CA, USA). The extracted DNA was purified using
a PowerClean DNA Clean-up Kit (Mo Bio, Carlsbad, CA,
USA), according to the manufacturer’s instructions. A frag-
ment of the bacterial 16S rRNA gene (V1-V3 region) was
amplified from each purified DNA sample using bacterial fu-
sion primers [13]. Each amplification mixture (50 uL) consisted
of 10x Taq buffer, ANTP mixture (TaKaRa, Shiga, Japan), 10
uM each primer, 2 U of Taq polymerase (Ex Tag; TaKaRa, Ja-
pan) and 2 uL of the DNA template. The reactions were carried
out in a C1000 Touch thermocycler (Bio-Rad, Hercules, CA,
USA) [14]. Amplified products were confirmed by gel elec-
trophoresis on a GelDoc system (Bio-Rad, USA) and then
purified using a QIAquick PCR Purification Kit (Qiagen,
Valencia, CA, USA). Purified amplicons from 17 distinct dif-
ferent samples stored at different temperatures and times (fresh
sample and 16 conditions) were pooled at the same concen-
tration. Fragments shorter than the target region were removed
using an AMPure Bead Kit (Agencourt Bioscience, Beverly,
MA, USA). Purified products were amplified on sequencing
beads by emulsion PCR. Beads were recovered from emul-
sion PCR and DNA was sequenced using a GS Junior system
(Roche, Branford, CT, USA), following the manufacturer’s
instructions. Pyrosequencing was conducted at Chunlab Inc.
(Seoul, Korea).

Data analysis

Pyrosequencing data were analyzed using a previously de-
scribed protocol [13,14]. Raw sequencing reads were sorted
by their unique barcodes and primer sequences were trimmed
using the HMMER 3.0 package [15]. Low-quality reads (av-
erage quality score <25 or read length <300 bp) were filtered
and removed from further analysis. Sequencing errors were
corrected by read clustering, and representative sequences
were used for taxonomic identification. Each representative
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read was assigned a taxonomic position based on the highest
pairwise similarity value using the EzTaxon-e database [16].
Chimeric sequences were removed using UCHIME [17]. Ran-
dom subsampling was used to normalize read numbers in the
samples as different read numbers were obtained for each
sample, which can affect statistical calculations. Statistical
estimations of the Chaol index, Shannon diversity index, and
Good’s coverage were performed at 3% dissimilarity, using
mothur [18]. Relationships between samples were evaluated
by principal coordinate analysis (PCoA) using the Fast Uni-
Frac distance [19]. The significance of differences in bacterial
communities among samples was calculated using Libshuff
analysis, while the similarity coefficients of Bray—-Curtis, Jac-
card abundance, and Sorenson abundance were obtained using
mothur. The pyrosequencing read data obtained in this study
are deposited at the European Molecular Biology Laboratory
(EMBL).

RESULTS AND DISCUSSION

The present study assessed, for the first time, the effects of in-
cubation time and temperature on the evolution of bacterial
communities in swine manure using 16S rRNA gene pyro-
sequencing. In total, data from 51 distinct samples, including
fresh manure, were analyzed and compared. The estimated
diversity indices obtained after normalization are shown in
Table 1. In total, 113,934 reads, with an average length of
466.6+4.4 bp, were obtained. The minimum and maximum
coverage was 76% and 84%, respectively. The number of op-
erational taxonomic units (OTUs) was greater than 1,000 in
the original manure, although a similarly high number of OTUs

Table 1. Summary of estimated diversity indices after normalization
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was obtained only for the -20°C and 4°C samples during the
first week of storage.

The diversity indices decreased with increasing tempera-
ture. Samples stored for 4 weeks at 20°C, and for all times when
stored at 37°C, had lower diversity indices than the original
sample. The lowest diversity index (3.36) was obtained for
samples stored at 37°C for 2 weeks. To establish the number
of species as a function of sample number, we plotted rarefac-
tion curves, which showed a trend similar to that of the diversity
indices (Figure 1). The rarefaction curves also revealed that
the number of species initially increased rapidly as the most
common species were found, but then plateaued as only the
rarest species remained to be sampled [20]. The slopes of the
curves decreased from the second week for samples stored
at -20°C and 4°C, and the differences became more pronoun-
ced as the incubation time increased. The slopes significantly
changed in the samples incubated at 20°C and 37°C. These
results indicated that the richness of the bacterial community
in the manure was reduced as storage temperature and time
increased.

The compositions of the bacterial communities in each sam-
ple group were compared at the phylum and genus levels using
double circle charts (Figure 2). Firmicutes was the dominant
phylum in all samples (ranging from 89.3% to 98.8% of total
reads), while Actinobacteria was the second dominant group
in most of the samples (0.6% to 7.9%). The proportion of
Proteobacteria increased in the samples stored for 4 weeks at
37°C (to 6.4%). However, the phylum-level composition of
samples incubated at —20°C was similar to that in the original
swine manure. For the samples stored at 4°C, the relative abun-
dance of Actinobacteria increased after 3 weeks, while that of

samples Analyzed Normalized  Average length  Observed C_hao? Shannpn Good's
reads reads (bp) 0TUs estimation diversity coverage
Fresh manure 3,999 3,900 470.4 1,028 10,719.50 4.26 0.76
-20°C 1 week 5,897 3,900 472.7 1,035 8,890.25 4.34 0.77
2 weeks 5,183 3,900 469.8 941 7,312.02 4.08 0.79
3 weeks 4,260 3,900 4711 1,003 7,988.18 4.22 0.77
4 weeks 5758 3,900 471.3 906 7,082.94 4.03 0.79
4°C 1 week 6,863 3,900 471.2 1,038 7,900.97 439 0.77
2 weeks 5829 3,900 469.4 916 6,176.25 4.07 0.80
3 weeks 6,605 3,900 468.3 909 5709.10 4.19 0.80
4 weeks 6,986 3,900 468.0 900 5,231.29 4.10 0.80
20°C 1 week 6,111 3,900 465.8 896 6,117.16 4.04 0.80
2 weeks 7,975 3,900 464.8 938 6,425.77 3.92 0.79
3 weeks 1,371 3,900 465.1 928 5,847.08 4.18 0.80
4 weeks 8,146 3,900 461.3 859 7,838.17 3.83 0.81
37°C 1 week 8,266 3,900 461.7 845 6,137.56 3.82 0.81
2 weeks 8,761 3,900 459.0 722 4,823.63 3.36 0.84
3 weeks 7,881 3,900 461.7 927 5,543.28 4.00 0.80
4 weeks 8,043 3,900 461.3 944 5327.99 3.96 0.79

OUT, operational taxonomic unit.
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Figure 1. Rarefaction curves of the pyrosequenced bacterial communities present in swine manure. Rarefaction curves of the bacterial communities present in swine
manure were compared across various storage temperatures (-20°C, 4°C, 20°C, and 37°C) and periods (0 h, 1 week, 2 weeks, 3 weeks, and 4 weeks) after normalizing
the read numbers in each sample. Blue line represent the time point 0, red line represent 1st week, green line represent 2nd weeks, violet line represent 3rd weeks, and

sky-blue line represent 4th weeks.

Firmicutes decreased. This indicated that the composition of
a bacterial community can change even at relatively low tem-
peratures. The composition of the community began to alter
starting from the first week when incubated at 37°C, suggest-
ing that temperature is an important factor that affects the
microbiota in swine manure. The genera Clostridium, Turici-
bacter, Streptococcus, and Lactobacillus within Firmicutes, as
well as Corynebacterium within Actinobacteria were domi-
nant in the fresh manure and in most of the stored samples.
The proportions of dominant genera changed in the samples
stored for 4 weeks at 20°C and in all samples stored at 37°C.
The proportion of Clostridium in the samples stored for 4
weeks at 20°C was higher than that in the other samples, while
the ratio of Streptococcus to Lactobacillus decreased. Similar
changes in genus composition were observed after 1 week
in samples incubated at 37°C. The proportions of Streptococcus
and Lactobacillus were reduced to 0.1% and 0.2% within the
first two weeks at 37°C (12.2% and 11.0% in the fresh manure
sample, respectively), while the proportion of Turicibacter
increased by 19.7% and 23.7% after 1 and 2 weeks of storage,
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respectively. However, the abundance of Turicibacter decreased
(to 14.6%) in the samples stored at 37°C from the third week,
whereas uncultured bacteria, such as Bacillus and Turicibacter,
increased after 3 to 4 weeks of storage. The relative abundance
of Pusillimonas within Proteobacteria increased (3.5% of the
total reads) after 4 weeks of storage at 37°C.

Detailed information on the influenced bacteria was ob-
tained at the species level by heatmap analysis (Figure 3). The
swine manure stored at the conditions of different tempera-
ture and time were dominated by order Clostridiales and family
Clostridiaceae. The profile of fresh manure was similar to those
of samples stored at —20°C and 4°C. The relative abundances
of each species changed in samples stored at 20°C, and dif-
ferences in the bacterial communities were observed in samples
incubated at 20°C for 4 weeks, and in all samples incubated
at 37°C. The relative abundances of Streptococcus alactolyticus,
L. amylovorus, Corynebacterium xerosis, unclassified Lacto-
bacillus, unclassified Streptococcus, Lactobacillus reuteri, and
unclassified Atopostipes decreased as the incubation temper-
ature and time increased. Streptococcus, Lactobacillus played
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Figure 2. Bacterial community compositions. Bacterial community composition in each sample at the phylum and genus levels is shown using double circle charts. Inner

circle represent phylum composition; outer circle represent genus composition.

an important role at the beginning of degradation of swine
manure at low temperature. The proportions of T. sanguinis,
Clostridium disporicum, Clostridium baratii, Terrisporobacter
mayombei, Clostridium lituseburense, Clostridium beijerinckii,
Clostridium celatum, Clostridium puniceum, and various un-
cultured Clostridium, Turibacter, and Bacillus increased in
the samples incubated for 4 weeks at 20°C and in all samples
incubated at 37°C. The bacterial communities of samples in-
cubated at 37°C for 1 and 2 weeks were different from those
in the samples incubated for 3 and 4 weeks. The relative abun-
dances of T. sanguinis and unclassified bacteria similar to
unclassified rumen bacterial clones EF436397 and AM500775
decreased from the third week of incubation at 37°C, whereas
unclassified Turicibacter and Bacillus increased. Pusillimonas
soli and unclassified Pusillimonas increased in the samples that
were incubated for 4 weeks. Of these particular species, Clos-
tridium disporicum has been associated with the production
of skatole (3-methylindole) [20], and most Clostridium spp.
produce strong odors.

The differences in and relations among bacterial commu-

nities in swine manure under each treatment are shown in
PCoA plots generated using Fast UniFrac distances (Figure
4). The bacterial communities of samples incubated at 20°C
and 37°C were significantly different from the fresh manure.
However, the UniFrac distances between fresh manure and
samples incubated at ~20°C and 4°C were smaller than those
between the fresh manure and samples incubated at 20°C and
37°C. The difference between bacterial communities in the
samples stored at 20°C as compared to fresh manure was the
largest at 4 weeks. The UniFrac distances between bacterial
communities in the samples incubated at 37°C were also greater
than those between samples incubated at other temperatures.
These distances increased with increased storage time at 37°C.
In summary, this part of the study revealed that the microbial
communities during manure decomposition changed rapidly
as storage time and temperature increased, especially for
manure that featured a predominance of Firmicutes and Ac-
tinobacteria.

In this study, Firmicutes were the dominant phylum in all
samples examined, ranging from 89.3% to 98.8% of total reads,
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Figure 3. Heatmap analysis. Heatmap analysis of each sample according to incubation time and temperature. The color code indicates the differences in the relative
abundance from the mean, ranging from red (negative) through black (the mean) to the green (positive). uc, unclassified.

followed by Actinobacteria, which accounted for 0.6% to 7.9%.
This finding is similar to those of Haakensen et al [21], who
reported that Firmicutes are typically associated with animal
manure and occur as contaminants that arise during food and
brewing processes. Clostridium, Turicibacter, Streptococcus,
and Lactobacillus within Firmicutes, and Corynebacterium
within Actinobacteria were the most dominant genera in the
fresh manure and stored samples. Clostridium [22], Strepto-
coccus [23,24], and Lactobacillus [25,26] within Firmicutes
have been considered indicators of animal fecal pollution in
previous studies [27]. Turicibacter and Corynebacterium are
newly suggested indicators. Clostridium is considered an in-
dicator genus of swine manure decomposition and causes of
manure odor in an anaerobic environment. Previous studies
have indicated that swine fecal microbial communities ap-
pear to be anaerobic as the swine digestive tract is dominated

1378 www.ajas.info

by fermentative bacteria, such as low-G+C-content gram-
positive bacteria belonging to the Eubacterium-Clostridium
and Lactobacillus-Streptococcus groups, and gram-negative
Bacteroides [27]. C. perfringens and its spores have been con-
sidered an important indicator of fecal pollution. Although
the spores of C. perfringens are relatively easy to detect, they
are also particularly robust and more tolerant to environ-
mental effects than other traditional enteric indicators, making
them ideal indicators of fecal contamination [22]. Streptococcus
bovis is considered an indicator of bovine fecal pollution [23],
but it is also commonly found in non-bovine ruminants and
feces from other animals, including dogs, cats, horses, pigs,
and various birds. The World Health Organization [24] rec-
ommends the use of fecal streptococci as an indicator of fecal
pollution (WHO [24]). Additionally, Enterococcus spp. occur
at high densities in animal feces. The enterococci are a sub-
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Figure 4. UniFrac distance-based clustering of bacterial communities associated
with different storage time and temperature. Principal coordinates (PCoA) plots
using weighted UniFrac distances for samples incubated under different
conditions. The following UniFrac analysis were based on the operational
taxonomic unit (OTU) data, with the first three principal coordinates. The fresh
original manure sample as the control was included in this analysis. Blue line
represent the original fresh manure, red line represent the manure stored in
—20°C, green line represent the manure stored in 4°C, violet line represent the
manure stored in 20°C, and plum line represent the manure stored in 37°C.
Circle represent 1st week, triangle represent 2nd weeks, square represent 3rd
weeks, and rhombus represent 4th weeks.

group of the fecal streptococcus group and consist of a number
of species, including E. faecalis, E. faecium, S. gallinarum, and
S. avium. Because of the high prevalence and abundance of
L. amylovorus in piglet feces, researchers have proposed that
this species may serve as a novel marker for pig fecal contam-
ination [25]. Finally, Marti et al [26] examined 163 samples,
including 48 pig and 87 other animal fecal samples, in addition
to 28 human fecal samples, demonstrating that L. amylovorus
was present in 100% of the swine fecal samples.

Kim [28] analyzed pH, NH,-N (%), and volatile fatty acids
in samples of swine slurry collected from a farm over a course
of 7 weeks. The analyses revealed changes from the initial
concentrations of fatty acids in the first 4 weeks (acetic acid
[880>2479 ppm], propionic acid [290->550 ppm], butyric
acid [216-235 ppm], valeric acid [30->68 ppm], iso-butyric
acid [1575249 ppm], and iso-valeric acid [210->349 ppm]).
The highest concentrations (5,673, 1,155, 1,075, 94, 469, 540
ppm, respectively) were observed in the 6th week. The pH
did not change significantly, from 6.86 to 7.29, during the
period. In addition, NH,-N (%) did not significantly change
from the initial concentration of 0.33. In other words, there

AJAS

were no significant differences in the physicochemical prop-
erties (pH or NH,-N [%]) of the swine slurry throughout
storage.

In the current study, a decrease in bacterial community
diversity was found to occur early, within the first 7 days, for
samples stored at 37°C. However, the diversity loss occurred
at a slower rate (after 4 weeks) in samples stored at 20°C. Based
on the results obtained in the present study, it may be con-
cluded that temperature plays an important role in the evolution
of microbial communities in swine manure. Through con-
trolling the temperature and storage period of manure and
subsequently affecting the microbial communities, it may be
possible to better control the odors typically generated by
manure.
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