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ABSTRACT: Chromatin organization plays a key role in gene
regulation throughout the cell cycle. Understanding the dynamics
governing the accessibility of chromatin is crucial for insight into
mechanisms of gene regulation, DNA replication, and cell division.
Extensive research has been done to track chromatin dynamics to
explain how cells function and how diseases develop, in the hope
of this knowledge leading to future therapeutics utilizing proteins
or drugs that modify the accessibility or expression of disease-
related genes. Traditional methods for studying the movement of
chromatin throughout the cell relied on cross-linking spatially
adjacent sections or hybridizing fluorescent probes to chromoso-
mal loci and then constructing dynamic models from the static
data collected at different time points. While these traditional methods are fruitful in understanding fundamental aspects of
chromatin organization, they are limited by their invasive sample preparation protocols and diffraction-limited microscope
resolution. These limitations have been challenged by modern methods based on high- or super-resolution microscopy and specific
labeling techniques derived from gene targeting tools. These modern methods are more sensitive and less invasive than traditional
methods, therefore allowing researchers to track chromosomal organization, compactness, and even the distance or rate of chromatin
domain movement in detail and real time. This review highlights a selection of recently developed methods of chromatin tracking
and their applications in fixed and live cells.
KEYWORDS: chromatin tracking, chromosome conformation capture, FISH, STORM, telomere, CRISPR, live-cell imaging, centromere,
chromatin compaction

■ INTRODUCTION
In eukaryotes, DNA in the nucleus is organized into a protein−
DNA complex known as chromatin. Chromatin regulation and
modification has been implicated to serve as a “signaling hub”
for regulation of gene expression, and errors in chromatin
packing have been correlated to downstream errors in
expression and regulation.1 The simplest structural unit of
chromatin, the nucleosome, is comprised of two copies of each
histone (H2A, H2B, H3, and H4) wrapped in approximately
150 base pairs (bp) of dsDNA.1−3 The formation of
nucleosomes gives a minimum chromatin diameter of
approximately 10 nm2. Nucleosomes were once thought to
be static, but recent studies have shown that they are dynamic.
Nucleosomal dynamic changes involve differences in chroma-
tin compactness, accessibility, and various complex interactions
with other proteins. It has been shown that DNA
spontaneously unwraps itself from the histones4−7 and that
this unwrapping is influenced by the ionic conditions of the
solvent.8,9 Furthermore, modifications of the histones
themselves have been shown to affect protein−DNA
interactions. For example, lysine acetylation at site-specific

residues can modulate interactions between the histone and
the DNA as well as potentially recruit reader proteins.10−12

Once the DNA is coiled around a histone octamer,
chromatin can adopt multiple conformations depending on
environmental conditions. At physiological conditions, the
nucleosomes have an increased propensity for self-interaction.
Interactions between nucleosomes are mediated by histones
H4 and H2A, which have been shown to lead to nucleosome
stacking and the subsequent formation of 30 nm fibers.13,14

These 30 nm fibers can then be further condensed into larger
loops until the chromatin is arranged into fully condensed
chromosomes during cell division.13,14 While evidence for
chromatin fibers in vivo has been seen in some nuclei in early
literature,13,15,16 visualization of these structures has proved
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difficult due to the small diameter of chromatin and the high
density of DNA in the nucleus. The 10−30 nm diameter of the
chromatin is beyond the 250−300 nm diffraction limit of
commonly used dye and oil immersion objectives. During the
interphase, the loosely packed chromatins spread within the
nucleus; therefore the chromatin has a low contrast against the
rest of the DNA in the nucleus.
Evidence of chromatin fibers has been collected using

different methods, such as electron microscopy,17 scanning
force microscopy,18 and atomic force microscopy.19 The
chromatin undergoes dynamic unpacking and condensation
during different phases of the cell cycle. The dynamic
environment emphasizes the importance of understanding
how chromatin organizes and moves through the cell as the
cell cycle turns and its role in genomic organization. With the
advent of super-resolution microscopy coupled with computer
simulations, it has been shown that chromatin fibers form
clusters of heterogeneous nucleosome groups.20 The associa-
tion of the nucleosomes in a heterogeneous matter cannot be
studied using classical cross-linking methods that impart static
information and instead requires methods that can elucidate
the organization of higher order chromatin structure. Classical
methods of understanding the organization of chromatin relied
on either reconstructive methods from cross-linking or
fluorescence-based direct visualization. Two of the most
popular classical methods of studying higher order structures
of chromatin are chromosome conformation capture (3C) and
fluorescence in situ hybridization (FISH) based techniques. A
summary of the advantages and disadvantages of selected
classical and newer methods discussed in this review can be
found in Table 1.

■ EARLIER METHODS

Chromosome Conformation Capture (3C)

Chromosome conformation capture (3C) techniques have
been used to identify wide-ranging chromosomal contacts (see
recent review by Kim and Dekker21). Chromosomal contacts,
that is, interactions between two or more distal regions either
within or between chromosomes, have been implicated in
disease, aging progression, and gene regulation and expres-
sion.22,23 For example, changes in the contacts between
chromosomes in various cell types have been associated with
autism spectrum disorders, obesity, and macrocephaly.22 The
long-ranged nature of chromosomal contacts and their overall
stability make them an excellent target for 3C-based
techniques. As shown in Figure 1-1, 3C-based techniques
rely on cross-linking existing chromosomal contacts through
the covalent bonds generated by chemical regents such as
formaldehyde (see review by Hoffman et al.24). The cross-
linked chromatins are then digested with restriction enzymes
and ligated. The cross-links are later removed so that DNA
sequences in close proximity can be sequenced and
reconstructed. The contacts can then be turned into molecular
models that can be validated with other techniques such as
DNA-FISH, RNA-seq, and ChIP-seq, as well as computer
simulations, to connect chromatin contacts with gene
expression. In studying chromosomal folding, for example,
3C was used to show that the third chromosome of yeast
(Saccharomyces cerevisiae) was a 3D contorted ring.25 However,
because 3C involves PCR to detect ligated fragments and thus
requires specific primers, it requires prior knowledge of existing
contacts.
To overcome the limitation of 3C, methods based on 3C

were developed to use a universal primer for all the fragments.
For example, 5C, or chromosome conformation capture

Table 1. Overview of Advantages and Disadvantages of Selected Techniques for Chromatin Trackinga

technique advantages disadvantages reference

3C-based techniques • high level of detail • cannot be used for dynamic
information

review: 21; selected works: 22,
25−30

• high throughput • resource intensive
• versatile • time-consuming

FISH and IF-FISH • low detection limit • time-consuming reviews: 31, 35, 36; selected
works: 39−41

• can stain short sequences • applicable mainly in metaphase
• stable fluorescence • requires high RNA load
• versatile

STORM/pathSTORM • highly sensitive • requires cell fixation reviews: 56, 57; selected
works: 63, 65, 68

• high resolution • time and resource intensive
• can be used with ultrathin (700 nm) sections of tissue

CRISPR-based
techniques

• can label repetitive or nonrepetitive sequences • can require high sgRNA load reviews: 100, 101, 164;
selected works: 113, 114,
117, 123, 126

• can be modulated to reduce background fluorescence • size of complex can potentially
disturb natural motion of
chromatin

• highly modifiable • requires stable cell lines for
endogenous expression of
protein

• can be multicolor
• machinery can be induced or introduced to cell using more mild
conditions than FISH, can be used to monitor chromatin in real
time

a3C = chromosome conformation capture. FISH/IF-FISH = fluorescence/immunofluorescence in situ hybridization. STORM/pathSTORM =
stochastic optical reconstruction microscopy/pathological STORM. CRISPR = clustered regularly interspaced palindromic repeats.
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carbon copy, utilizes universal primers that are ligated to all
sequence fragments over typically no more than a megabase
(Mb).26 5C was used to provide evidence for topological-
associated domains (TADs) and has also been used to study X-
chromosome inactivation in mice.27 5C can interrogate over
250 000 possible chromosomal contacts in parallel with a mean
resolution of 10−20 kb.27 Another particularly popular variant
of 3C is Hi-C, which uses universal primers and high
throughput sequencing to reveal all possible pairs of sequence
fragments. The workflow of Hi-C requires the cross-linking
and digestion of DNA as done in 3C. The main difference in
Hi-C comes in the generation of a 5′ overhang from the
digestion product.28 To this overhang biotinylated oligonu-
cleotides are annealed and ligated to produce blunt ended
DNA. Once biotinylated, the sequences can be selected via
streptavidin−biotin binding and used to create a library for
next-generation sequencing. Once the DNA has been
sequenced, a model of the chromosome can be reconstructed

to evaluate the structure. Because each DNA fragment is
individually aligned to the genome, Hi-C can detect all possible
chromosomal contacts. The resulting contact maps of
reconstructed chromosomes show that the same regions across
chromosomes were either along the surface of the
chromosome or buried within the chromosome.
Hi-C was integral to our understanding of which regions of

chromatin were expression-active (A) or expression-inactive
(B), dividing chromatins into so-called A/B compart-
ments.28,29 This technique has also revealed that the general
topology of the genome is conserved across cells, that is, A or B
compartments always stay together and that the A compart-
ment is always separate from the B compartment. The
disappearance of A and B compartments has been noted
during anaphase and telophase; however, the component genes
located in each compartment do not switch between
compartments.30 Hi-C has also revealed how complex the
orientation of chromatin is inside the nucleolus, with an outer

Figure 1. Overview of selected chromatin tracking techniques showing general features of each technique. (1) 3C-based techniques focus on cross-
linking chromosomal contacts, digesting chromatin, and ligating the resulting chromatin fragments. The cross-links are then reversed, and then
sequencing is performed on the chromatin fragments, which can be done in a variety of ways. (2) FISH and immuno-FISH rely on local
denaturation of chromatin target and then hybridization of various moieties that are either fluorescently labeled or recruit fluorescently labeled
antibodies. (3) STORM relies on the blinking of dyes and their localization to reconstruct the structure of the genomic target at a super-resolution.
(4) The CRISPR system requires Cas9, sgRNA, and a PAM motif (A). CRISPR-based imaging techniques invariably require some component of
the system to be fluorescent, whether it is the dCas9 (B), a split fluorophore (C), or fluorescent proteins specific to a motif on the sgRNA (D).
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B ring, an inner A ring, and an internal B region that surrounds
a hollow nucleolus. Hi-C also allows for the understanding of
complex fold formation, with “snapshots” taken at various time
intervals via arresting cells at various stages in the cell cycle.30

Overall, 3C-based techniques provide a high level of detailed
structural information on chromosomal conformation, identify
conserved regions of expression, and identify potential disease
targets. However, despite its pros, 3C techniques retain a few
important limitations. As every 3C variation relies on fixation
of the DNA using cross-linking, 3C and related techniques can
only be used to get static information, and thus dynamic
information can only be inferred. In addition, these techniques
are resource- and time-intensive, with preparation and
execution lasting several days. Perhaps most importantly, 3C-
based techniques can be limited over the range of chromatin to
be analyzed and often rely on preestablished knowledge of at
least some of the contacts within a given structure, requiring
precise primer design.
Immunofluorescence (IF) and Fluorescence In Situ
Hybridization (FISH)

Fluorescence in situ hybridization (FISH) and immunofluor-
escence (IF) are methods of structure determination that do
not rely on digestion of chromatin but use hybridization or
binding of fluorescent probes to the targeted genomic locus. In
contrast to 3C-based methods, FISH does not require fixation
and DNA digestion and therefore leaves the target DNA
relatively intact.31,32 However, it should be noted that FISH
does require local DNA denaturation to allow hybridization of
the probe. The most popular method of DNA denaturation is
heating the sample to 65−70 °C, and a chemical fixation step is
often added to the heat denaturation to preserve the structure
(see a standard protocol from Young et al.33). FISH has been
used extensively to track genomic targets using fluorescently
labeled probes, typically consisting of either DNA or peptide
nucleic acid (PNA). FISH probes are complementary to the
genomic target of interest and hybridize to the target sequence
once transfected into the cell or during heat denaturation of
the genomic DNA32,34 (see Figure 1-2A). IF of chromatin uses
antibodies that recognize chromatin proteins, typically histone
proteins or other heterochromatin markers, to achieve
immunostaining of the chromatin locus15,35 (Figure 1-2B).
Antibodies can also be designed to bind to backbone modified
oligonucleotide probes, such as hapten-modified probes
(Figure 1-2C). The primary antibody can either be directly
labeled with fluorophores or recognized by a fluorescently
labeled secondary antibody.35 Once hybridized or bound to
the target sequence or protein, the fluorescence of the probe or
antibody can be detected using various microscopy techniques,
most commonly wide-field or confocal microscopy, and
notably the recently developed STORM (stochastic optical
reconstruction microscopy; see Recent Methods for Improving
Imaging Resolution). FISH and IF allow for the determination
of how target DNA localizes to different parts of the cell. FISH
and IF can also be used to track the colocalization of multiple
genomic targets and in this way can be used to extract distance
information between a pair of genomic loci. By measuring the
distance between two or more FISH or IF signals, changes in
chromatin length or compactness can be monitored. However,
due to the low fluorescent intensity of individual probes under
most diffraction-limited fluorescent microscopes, FISH relies
on redundant sequences to allow for hybridization of multiple
probes to increase signal intensity. Therefore, highly repetitive

regions of the chromatin were the major targets of chromatin
structural study using FISH, and multiple fluorophore-carrying
antibodies are preferred in IF.
FISH’s suitability for labeling redundant sequences makes it

ideal for studying the telomeric region of the chromosome.
The telomeres of mammalian organisms are comprised of 10−
15 kb of TTAGGG repeats with a 3′ single-stranded overhang
that is between 50 and 300 nucleotides long.36,37 Telomere
length has long been shown to vary depending on the cell type,
age of the cell, and various other factors.36−38 The
heterogeneous length of telomeres and their attrition have
been correlated to cells entering senescence; thus monitoring
the length of telomeres throughout the cell cycle presents a
promising area of study that FISH is well-suited for. To this
end, work has been done to relate telomere length
quantification to gender, age, and even cognitive impairment.39

Work by Canela et al.39 reports a rate of telomere attrition of
71−72 bp/year using high-throughput quantitative FISH (HT
Q-FISH) on peripheral blood lymphocytes. Interestingly, their
work revealed a geographic discrepancy wherein French
subjects had a slower rate of telomere attrition (54 bp/year)
than age-matched Italian subjects (60 bp/year), possibly
suggesting a combination of environmental and genetic factors
in influencing telomeric length. Other studies have used FISH
to suggest that endogenous telomerase is necessary for
maintaining critically short telomeres.40 Röth et al.40 blocked
endogenous telomerase expression in human T cells and saw a
decreased lifespan along with cytogenetic abnormalities,
including chromosomes completely lacking telomeric regions.
More recently, FISH was used to monitor alternative
lengthening of telomeres (ALT) in the homology-directed
synthesis of telomeres.41 This group found that, using FISH,
they could monitor double-stranded DNA break (DSB)
responses in ALT positive and negative cells. TRF1-Fok1
expression induced kilobase long DSBs that extended into the
subtelomeric region which resulted, surprisingly, in 4-fold
increases in average telomere foci size in ALT positive cell lines
that did not have active telomerase. The DSB responses lead to
increasing numbers of subtelomeric FISH signals to cluster at
what would be a telomere, indicating that DSB responses
provide a stimulus for telomere clustering. Indeed, this
movement and clustering were tracked by chromosome-
orientation FISH (CO-FISH) to interrogate telomere
chromatid exchanges and revealed that the forces driving
telomere movement were connected to ALT telomere
recombination.
The denaturation step in the popular FISH protocol may

impact or destroy the DNA double helix and cause artifacts
due to interactions between the DNA and the denaturing
agent, which are typically chaotropic.42 The disruption to the
local secondary structure can be minimized by various
methods including RASER-FISH, which uses local exonuclease
digestion to allow for direct hybridization of the FISH probe to
the target locus;43 FISH conducted at low temperature;44 and
GOLD-FISH, which uses helicase activity at specific genomic
loci to unwind DNA allowing for hybridization of the probe.45

These methods, particularly low temperature FISH and
GOLD-FISH, do not have the harsh denaturation step and
largely leave the DNA intact. In low temperature FISH,
hybridization of the DNA probe takes place entirely at 37 °C
over a long period of time to ensure optimal hybridization of
the probe to the target DNA.44 In this way, the gentler
conditions mean that cells would not have to be fixed.
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To eliminate the need for DNA denaturation, triplex
forming oligonucleotides (TFOs) or polyamides have been
used as tools for gene targeting and more recently chromatin
tracking.46,47 TFOs are short (under 30 nt) nucleic acids that
are designed to be major groove binders of A-form or B-form
dsDNA, preferentially in oligopurine or oligopyrimidine
tracts.48 While canonical dsDNA is held together through
Watson−Crick base pairing, TFOs bind to the duplex through
Hoogsteen base pairing between the pyrimidine bases on the
TFO and the oligopurine tract in the target gene. Under
neutral pH (pH 7), only thymines in the TFO can form
Hoogsteen pairs with the adenine in the target.49 However, in
acidic conditions, protonation of cytosine on the TFO allows
the cytosine to form Hoogsteen pairs with guanines in the
target.50,51 The special requirement of oligopurine tracts means
TFO can only be used to track targets with this specific
pattern, which require special consideration for the target
selection.52 TFOs and FISH have shared principles of
hybridizing nucleic acids to a genomic target and their ability
to be fluorescently labeled. However, FISH techniques require
local denaturation as the probes compete with the genomic
sequence for the complementary strand, which can affect local
chromatin dynamics. Using TFOs eliminates the denaturation
requirement as they do not replace one strand in the dsDNA;
therefore, it is proposed to be a less disrupting method for live-
cell imaging. However, introduction of TFOs into cells can still
be challenging.46 The most common TFOs are PNAs (see
above) which have commonly been used for tracking
chromatin dynamics.53

Quick Summary of Earlier Methods
Earlier methods have been used to accomplish fundamental
understandings of chromosome structure and organization, as
well as to provide a basis for tracking chromatin localization.
These techniques are now most commonly used in
conjunction with or to validate newer methods. While these
standard techniques have, on their own, contributed much to
our understanding of chromatin dynamics, regulation, and
organization, much is left to be solved on how chromatin can
be more effectively labeled, studied, and utilized. Most earlier
fluorescent-based imaging methods have relied on usage with
wide-field and confocal microscopies, which have limited
resolution due to the diffraction limit.54,55 The more recent
methods overcome this limitation by using super-resolution
microscopy and newer labeling methods that are applicable for
diffraction-limited microscopes, as detailed in the next sections.

■ RECENT METHODS FOR IMPROVING IMAGING
RESOLUTION

STORM and STORM Derivatives
The main challenge left by Hi-C and traditional fluorescent
microscopy methods (FISH and IF) is the lack of description
of chromatin physical structure in a cell at the resolution of the
kilobase (kb) to megabase (Mb) scale. STochastic Optical
Reconstruction Microscopy (STORM) has emerged in recent
years as the new standard in super-resolution microscopy.56−59

With a spatial resolution of 20−50 nm, STORM offers a level
of detail 10-fold higher than traditional fluorescent microscopy
while still employing the relatively simple setup and sample
preparation of FISH and IF.57,60 STORM relies on the random
blinking of photoswitchable fluorophores. The fluorescent
signal of each fluorophore in individual images within the full
movie is used to calculate the spatial coordinate of the

fluorophore; then the spatial coordinates of all the
fluorophores are used to reconstruct the shape or traces of
the targeted structure or molecule (see Figure 1-3). The
applications of STORM and its derivatives range from imaging
of individual microtubules to tracking to colocalization of
histone proteins to identifying the effects of differing gene
regulation.56,58,61 The major drawbacks of STORM come from
the requirements of specific photoswitchable fluorophore and
imaging buffers that are toxic to cells. Also, as each
reconstructed STORM image is comprised of a long movie
with hundreds of thousands of individual high-resolution
images or more, this method can easily create large volumes of
data.56

Oligopaint and Multiplexing STORM. STORM is most
typically used in conjunction with FISH to track chromatin in
cultured cells because STORM can resolve the fluorescent
signal of probes beyond the diffraction limit. The high
resolution means that subtle rearrangements of chromatin
organization can be more closely followed. However, like the
conventional diffraction-limited FISH, STORM requires multi-
ple fluorescent dyes to locate at the same locus of interest
because STORM relies on the random blinking of multiple dye
molecules. To satisfy the multidye requirement and to allow
imaging of nontandem repeat regions of the genome, special
designs of FISH probes have been developed to label a long
tread of nonrepetitive sequences with the same dye. The
simplest approach is to create a pool of FISH probes that each
bind to a unique sequence of the target gene and all carry the
same type of fluorescent dye. A more advanced approach,
named Oligopaint, uses two sets of oligonucleotide probes,
primary and secondary, to allow multiple dye molecules to
localize at the same gene and complex reconstruction of
different sections with different sets of dyes. In general, the
primary probes contain genomic and nongenomic sequences.
Each probe in a set of primary probe “pool” contains a unique
sequence in the genomic part, which is complementary to a
unique, nonrepetitive part of the target gene. Primary probes in
the same pool contain the same nongenomic sequence which
binds to the labeled secondary probes. Each of the primary
probes may contain one or more shared nongenomic
sequences, to allow the binding of one or more secondary
probes.62−64 With the two-probe set design, Oligopaint allows
multicolor labeling of the same or different genomic loci. The
secondary probes of Oligopaint can be hybridized to the
sample sequentially, as the dye in the first secondary probe is
photobleached before the next secondary probe is introduced.
This approach allows different parts of the same or different
target gene to be differentiated and decoded, which gives the
multiplexing capability of FISH-based STORM.
Bintu et al.65 combined the multiplexing capability of FISH

with STORM to track the rearrangement of chromatin at the
TAD and subTAD levels. Multiplexing using FISH involves
using nonfluorescent primary probes to anneal to the target
sequence and then introducing fluorescent readout probes
(secondary probes) that anneal to the primary probes. The
readout probes are imaged and then quenched between rounds
of hybridization to identify different regions of target
sequence.66 Using 12 000−25 000 primary probes, they were
able to label several Mb of human chromosome 21 into
consecutive 30 kb segments. Each probe was hybridized to 20
nucleotides (nt) of target sequence within each 30 kb fragment
to facilitate multiplexed FISH. After hybridization of the
primary probes to the target sequence, dye-labeled readout
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probes are hybridized to the primary probes. The dye-labeled
probes are then imaged through STORM. After imaging, the
dye-labeled probes are either extinguished or removed, and
another readout probe is introduced to hybridize to the
primary probes of the next 30 kb fragment. This process is
continued until all several Mb of the target sequence are
imaged. The STORM image readout can then be used to
reconstruct a super-resolution image of the target sequence
with several pseudocolors, with each pseudocolor correspond-
ing to a unique 30 kb fragment, as seen in Figure 2A.

Combining FISH and STORM in this way results in
conformation maps with less than 50 nm error in probe
localization and less than 5% error in physical size when
validated against established methods such as Hi-C (see
earlier).
Bintu et al. utilized the multiplex FISH and STORM

approach to study the arrangement of chromosomal
interactions into TAD-like structures. Whereas other methods

of studying TADs have suggested that TAD-involved regions
of chromatin are conserved between cells, this group noted
that chromatin regions involved in TADs varied between cells.
Using STORM, they were able to quantify the boundaries of
these TAD-like regions and noted substantial differences in
domain boundaries between individual cells and an overall
preference to form at positions known to be bound by
CCCTC-binding factor (CTCF) and cohesin. CTCF and
cohesin are known to regulate the 3D structure of chromatin
by binding DNA strands together and anchoring the chromatin
to cellular structures such as the nuclear lamina.67 Interest-
ingly, the authors note the resilience of TAD-like structures
even in cohesin depleted cells.
The combination of FISH and STORM was also used to

study known TADs within chromosome 21 across various
stages of the cell cycle. While the variations in TAD domain
boundaries were negligible between G1, S, and G2 phases,
there were moderate changes in the strength of TAD
organization, suggesting that the transition from G1 to G2
may weaken TADs.
pathSTORM. While most STORM studies are conducted

with a single layer of cells, a particular derivative of STORM,
pathSTORM, has been utilized to visualize higher order
chromatin structure in fixed pathological tissue, hence the
name. pathSTORM, for pathological STORM, obtains high-
quality super-resolution images of chromatin by reducing the
background, increasing the selectivity of fluorophore emittance
to further lower the background, and improving localization
methods for overlapping fluorophores in pathological tissue.68

In normal STORM, it becomes difficult to adequately
reconstruct the target locus in cell tissue due to buildup of
signal.56 pathSTORM takes several considerations to limit
background fluorescence while still being able to image the
target locus throughout the tissue sample, largely due to sparse
distribution of single fluorophores with nanometer precision.
Although it still requires sample fixation and FISH or IF prior
to imaging, pathSTORM has the added benefit of being able to
image ultrathin (700 nm) sections of tissue instead of single-
layer cultured cells. pathSTORM of tissue sections has been
used to detect disrupted higher order folding in early
carcinogenesis in mice that undergo intestinal tumorigenesis.
While IF staining the chromatin with Alexa Fluor 647-
conjugated secondary antibodies to visualize various histone
markers associated with heterochromatin in intestinal epithelial
cell nuclei, conventional wide-field fluorescence images showed
large, dense regions of heterochromatin in all tissue types
tested. The super-resolution images revealed that these dense
regions are the result of nucleosome nanoclusters as seen in
Figure 2B. These nanoclusters were determined to be large and
clustered in wild-type healthy mice but smaller and further
apart in early stage tumorigenic mice. In later stages of cancer,
the observed structural changes became more pronounced,
displaying fragmentation of heterochromatin clusters and the
loss of higher order compaction. This loss of compaction may
indicate that disruption of higher order structure is necessary
for malignancy of precursor lesions.
pathSTORM shows that the change in chromatin nano-

clusters is not limited to intestinal tumorigenesis. Such clusters
have also been seen in human fibroblast nuclei (hFb). In the
reports by Ricci et al.,20 cells were arrested in the interphase
between G1 and S to observe the clustering of H3 and H2B,
two key components of the nucleosome, in order to visualize
the compactness of chromatin. Treating cells with Trichostatin

Figure 2. Oligopaint and pathSTORM. (A) Reconstructed 3D
STORM images obtained through Oligopaint of 41 consecutive 30 kb
chromatin segments in a 1.2 Mb region of chromosome 21
(Chr21:28Mb−29.2Mb), each represented in pseudocolors. Reprin-
ted in part with permission from ref 65. Copyright 2018 Bintu et al.
(B) (a, g) H&E-stained pathology images and (d, j) pathSTORM
images of H3K9me3-bound heterochromatin in healthy (right) and
early stage tumorigenesis (left) tissue in 6 week ApcMin/+ mice.
Scale bar, 10 μm. (b, h) Wide-field fluorescence images and (e, k)
corresponding pathSTORM images of heterochromatin from a single
nucleus. (c, i) and (f, l) Zoom-in regions of (b, h) and (e, k).
Reprinted in part with permission from ref 68. Copyright 2020 Xu et
al.
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A, an inhibitor of histone deacetylase enzyme, has been shown
to lead to decondensation of chromatin through changes in the
binding capacity of the histones to DNA.69 Tracking the
density of the chromatin nanoclusters through changes in the
signals of H3 and H2B revealed dimmer spots that were more
dispersed in the nucleus. Thus, after treatment with
Trichostatin A, hFb exhibited the expected loss in chromatin
compactness. Going further, tracking chromatin in pluripotent
stem cells through STORM reveals that more chromatin
clusters correlate with lower pluripotency.20 It could thus be
argued that higher levels of chromatin structure limit the
accessibility of DNA that would be necessary for various
differentiation routes for the stem cell. In general, FISH- or IF-
based STORM provides super-resolution images that can
resolve subtle changes in chromatin organization that tradi-
tional fluorescent microscopy cannot. However, the sample
fixation and long image acquisition time of STORM make live-
cell chromatin tracing with STORM challenging.
PALM

Similar to STORM, PhotoActivated Localization Microscopy,
or PALM, has proven to be a versatile super-resolution imaging
technique. With a similar resolution to STORM, PALM has
been used to visualize cellular structures in biological samples
within a few nanometers. PALM is notable for its use of
photoactivatable fluorescent proteins, such as photoactivatable
green fluorescent protein (PA-GFP). These fluorescent
proteins can be expressed endogenously, thus making PALM
suitable for live-cell imaging as no denaturation step is
necessary.70 However, whereas STORM relies on the blinking
of fluorescent molecules, PALM instead confines the life of the
fluorophore within a limited time interval and requires
continuous emission of light from the fluorophore, until it
eventually photobleaches. In this way, subsets of the sample are
illuminated, which allows for localizing the fluorophore with
high precision. The main advantage of PALM over STORM is
that PALM can use fluorescent proteins that are expressed in
the cell. Therefore, super-resolution live-cell imaging has
become possible. PALM has been used in a number of
applications from tracking the organization of focal adhesions
in live cells71 and chemotaxis networks in E. coli72 to
quantitatively tracking individual fluorophores.73,74

Deep Learning Based Super-Resolution Imaging

Both STORM and PALM belong to the family of single-
molecule localization microscopy, which reconstructs the
coordinate of an individual molecule from its emission signal
in different frames of microscope movies. The coordinate
reconstruction process requires heavy computational calcu-
lation, which is time and energy consuming and can be prone
to artifacts if calculation parameters are not properly evaluated
(see recent review by Liu et al.75). Multiple research groups
have been working on improving the localization of
fluorophores and thus the precision of the reconstructed
images. One such development utilizes deep learning to predict
super-resolution images from fluorescence emitters, such as
DeepSTORM76 and Deep-PALM.77 In Deep-PALM of live-
cell chromatin imaging, the locations of fluorophores in the
next time point or frame are predicted using a convolutional
neural network (CNN) trained on labeling densities. It is
noteworthy that the labeling density of the fluorophore has a
direct effect on the specificity of CNN analysis. Too high of a
labeling density lowers the localization specificity, while too
low of a labeling density does not allow for accurate

reconstruction of the target locus. Due to the predictive
nature of Deep-PALM, it improves live-cell-imaging outcomes
because an accurate representation of structural motion can be
constructed from fewer emitters over a shorter excitation
period, which lowers the chance of inducing phototoxicity in
the cells as well as lowering the need for high protein
expression. However, because the reconstructed image is a
summation of the individual predictions, there is a trade-off
between prolonged acquisition time and motion blur.71 Barth
et al. were able to find a balance between emitter sampling and
motion blur buildup at a time resolution of 360 ms, allowing
for more data collection while retaining the resolution of
data.77 Imaging histone protein H2B fused to photoactivable
red fluorescent protein (PA-tagRFP) in live cells revealed a
clear nuclear periphery with variable density in the nuclear
interior that varied over the imaging time span, shown in
Figure 5A. Changes in the density of chromatin observed with
Deep-PALM corroborate observations of chromatin density
seen with other techniques discussed in this review.20,61,78

Even at the periphery, conformational changes were observed
for approximately 1 s, with a spatial resolution of 63 ± 2 nm.
Notably, Deep-PALM has been used to identify the

dynamics of chromatin “blobs” or clustered nucleosomes as
they shift in shape over approximately 1 s.79 Each blob is
thought to consist of less than 30 nucleosomes that transiently
interact with each other and may have as of yet unknown
function. Using Deep-PALM, researchers sought to determine
whether chromatin dynamics within a chromatin blob
influences the organization of said blobs using Granger
causality. Granger causality determines whether one variable
as part of a time series can be used to predict another.80

Determining the Granger causality of the chromatin dynamics
using Deep-PALM revealed that chromatin dynamics
(described as the instantaneous flow or velocity of a blob) is
a key determinant of nanoscale chromatin organization in
terms of nearest neighbor distance and blob area. Nearest
neighbor distance refers to the distance from a defined point
(in this case a specific chromatin blob) to its nearest
neighboring point (in this case the next closest chromatin
blob).81 Fluctuations in the chromatin dynamics change the
nearest neighbor distance; thus it can be inferred that blob
creation and condensation are actively driven processes rather
than a randomly diffusive process. Overall, Deep-PALM
represents a powerful technique for coupling chromatin
structure and organization with their dynamics, but it is
limited by the labeling density of the fluorescent proteins used.
Fluorescence Lifetime Imaging Microscopy−Fo ̈rster
Resonance Energy Transfer (FLIM−FRET)
Fluorescence lifetime imaging microscopy (FLIM) has
emerged as a sophisticated method of tracking a fluorescently
modified substrate by tracking the fluorescence lifetime of the
fluorophore. Typically, the lifetime of the fluorophore is on the
order of pico- to nanoseconds and retains a high sensitivity to
not only its environment but also to the state of the molecule it
is bound to (see review by Datta et al.82). Depending on the
fluorophore, FLIM can be used in conjunction with another
highly sensitive imaging technique known as Förster resonance
energy transfer (FRET). In FRET, two fluorophores are used
that can transfer energy from a donor fluorophore to an
acceptor fluorophore. The distance between the two
determines the degree of energy transfer, where the closer
the two fluorophores are the greater the energy transfer and
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thus the greater the fluorescence intensity of the acceptor.83−85

When FRET occurs, the fluorescent lifetime of the donor will
also be reduced because the energy is transferred to the
acceptor. Depending on the FRET dye pair used, the
sensitivity of the distance measurement provides nanometer
resolution.85,86 Combining the two techniques gives FLIM−
FRET, where first the donor fluorophore is excited by laser
light and the lifetime of the donor is measured by FLIM, and if
the donor comes close (1−10 nm) to the acceptor fluorophore
while being excited, the acceptor starts to fluoresce, and is
quantified.
FLIM−FRET has been applied to numerous biological

systems owing to its relative simplicity and high specificity of
signal (see refs 82 and 87). For example, FLIM−FRET has
been used to monitor changes in chromatin compaction in
Caenorhabditis elegans in vivo at the nanoscale.88 Germline C.
elegans was grown that stably expressed GFP-H2B and
mCherry-H2B fusion proteins, referred to as the 2FPs-H2B
strain. The fluorescent protein attachment sites used in this
system set the two fluorescent proteins far apart, so no FRET
could occur if both GFP-H2B and mCherry-H2B were
incorporated in a single nucleosome. FLIM was measured
and revealed that the fluorescence lifetime (τ) of 2FPs-H2B
was lower (2.3 ns) than that of germline C. elegans only
expressing GFP-H2B (τ = 2.6 ns), as shown in Figure 4D1,D2.
This decrease can be attributed to FRET from GFP to
mCherry when the sample is illuminated under GFP excitation.
Monitoring the FRET signal in pachytene stage cells (the stage
with highly structured chromatin in preparation for crossing
over, recombination, etc.),89 FLIM−FRET revealed four
different classes of energy transfer: sublow, low, intermediate,
and high FRET as shown in Figure 4D3. These classes can be
translated into heat maps that demonstrate the differing levels
of chromatin compaction. The heat maps show that, even in
highly structured chromatin, compaction at the nanoscale is
heterogeneous. It could be assumed based on the FRET
principle that high levels of FRET would lead to low levels of
FLIM, but what was seen is that, while regions of high FRET/
low FLIM exist, there are significant areas of intermediate and
low FRET that correspond to low FLIM. Plotting the GFP-
H2B intensity and GFP-H2B lifetime in 2FPs-H2B cells gave a
negative linear relationship (r = −0.263) between the two.
This may suggest that the decrease in GFP-H2B lifetime is not
solely due to FRET with mCherry and might be related to the
local chromatin environment affecting the fluorescence life-
time. Thus, FRET signals of pachytene stage cells reflect not
only clustered chromatin but also the local packing state of
chromatin. FLIM−FRET can also be used to study the effects
of depleting various factors involved in activating or
deactivating chromatin on compaction. Silencing certain
PTM histones and condensin proteins changes the distribution
of observed FRET, which may reflect changes in chromatin
morphology. Because of its sensitivity and precision, FLIM−
FRET provides a reliable method to study nanometer changes
in chromatin compaction. However, for usage in vivo, it is
important to note that achieving high enough levels of stable
fluorophore expression can be challenging and is, at present,
best suited for small, transparent model organisms, such as C.
elegans. Dissection of tissue for imaging provides clearer FRET
images, at the obvious expense of losing dynamic information.
Going forward, generation of more stable fluorophores and
better expression systems may serve to alleviate present
concerns of signal intensity.

SIM
Structured illumination microscopy (SIM) has emerged as
perhaps the most easily implemented method for super-
resolution imaging due to its applicability of use with biological
samples already prepared for conventional fluorescence
imaging. Whereas STORM and PALM require fluorophores
that can go through dark and fluorescent states (blinking or
photobleaching) during the experiment, SIM prefers fluo-
rophores to be resistant to photobleaching during image
recording.90 The “structured illumination” in the name refers
to the use of patterned illumination, which was originally used
to probe surface features.90,91 When patterns are multiplicative
superimposed, moire ́ patterns or moire ́ fringes are produced.
Analyzing the moire ́ patterns generated by different illumina-
tion patterns at the same sample allows reconstruction of the
sample pattern, which is the distribution of desired targets.
This technique primarily focuses on improving the lateral and
axial resolutions of fluorescence microscopy. To create high-
resolution images with SIM, the sample is imaged using
different illumination phases of the excitation light until the
whole sample is illuminated with all phases. The signals
collected at each illumination phase are then analyzed to
extract the Fourier components that are used to reconstruct a
high-resolution image; see the review by Heintzmann and
Huser.92

There are multiple ways to structurally illuminate a sample,
and each has its own advantages and disadvantages. SIM is
capable of operating in either a 2D or 3D functionality. In 2D-
SIM, the most common methods utilize two beams of
excitation light that produce different fields of illumination.
One version, TIRF-SIM, utilizes an evanescent field of light or
standing light pattern generated by interfering two laser beams
at an angle beyond that of total internal reflection. This
method can generate multiple images with unique illumination
patterns that can be used to reconstruct the sample image at
high resolution.93,94 However, the illumination area generated
this way is shallow, generally no more than 200 nm deep from
the total internal reflection interface while using commonly
visible light sources. This can limit applicability toward
imaging a deeper cellular structure. Another version of 2D-
SIM, two-beam SIM, circumvents the shallow illumination area
issue by interfering two beams below the total internal
reflection angle. This widens the possible viewing area, at the
cost of increasing background noise and reduced spatial
resolution. Three-beam SIM, or 3D-SIM, retains the two
beams mentioned previously but adds a third, central beam to
create a 3D excitation pattern. The third beam is typically
circularly polarized light, to ensure similar contrast ratios
between its vertical light and the other two beams’ horizontal
light.
Regardless of illumination mode, SIM does not require

special labeling of the target nor beyond moderate photo-
stability or blinking. This thus lends the technique to a wide
range of biological specimen imaging. One example of such an
application is studying mesoscale chromatin organization in
fixed and live somatic cells. Miron et al.95 used 3D-SIM to
acquire multicolor super-resolution images of whole cells that
showed chain-like structures of chromatin with distinct “links”
in the chain of chromatin domains of variable diameter.
Previous studies have shown that DAPI-stained chromatin in
cell nuclei exists as a spongy mass of chromatin adjacent to
chromatin sparse areas that lead into nuclear pores.96−98 Miron
et al. used 3D-SIM in live cells to confirm that the chromatin
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chains were separated from each other by an interchromatin
compartment (IC) but that these features exhibited dynamic
behavior over various observation periods. It was found that

the movements of these features were coherent, that is, moving
in the same direction, consistent with earlier reports on the
behaviors of chromatin “blobs” (see earlier and Bruinsma et

Figure 3. CRISPR Techniques. (A) CRISPR imaging of telomeres and trajectories of three telomeres with different movement modes. The
trajectory lengths are 600 frames for 1 and 3 and 260 frames for 2. (B) Averaged MSD curves of CRISPR-labeled telomeres with scrambled shRNA
(blue), TIN2 shRNA (green), or coexpression of TIN2 shRNA with the long (red) or short (purple) isoform of TIN2. (A and B) Reproduced in
part with permission from ref 111. Copyright 2013 Elsevier Inc. (C) dCas9-3xGFP and dCas9-3XCherry coexpressed with their cognate sgRNAs
(sgRNA C9-1 and sgRNA C13-1) to specifically label either pericentromeric sequence in chromosome 9 (left) or repeat sequence unique to
chromosome 13 (middle). Right image is merged from left, middle, and phase-contrast images of whole nucleus. Reproduced in part with
permission from ref 113. Copyright 2015 Ma et al. (D) (left) Collected trajectories of C9-1 foci (n = 74). All trajectories start at the origin. (right,
top row) Signal intensity of C9-1 foci (n = 74) using SunTag Split-sfGFP compared with SunTag sfGFP (n = 53). (right, bottom row) Signal/
background ratio of C9-1 foci for the SunTag split-sfGFP and SunTag sfGFP systems. Reproduced in part with permission from ref 117. Copyright
2020 Chaudhary et al. (E) 3T3 fibroblasts expressing dCas9, PCP-mCherry, and MCP-EGFP were transfected with sgMajSat-PP7 and sgMinSat-
MS2 to track murine major and minor satellite regions through the cell cycle using time-lapse live imaging. Reproduced in part with permission
from ref 114. Copyright 2016 Fu et al.
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al.99). The nature of the chromatin-free ICs was further
explored using 3D-SIM to reveal that the bulk of the ICs were
filled with RNA transcripts in mutually exclusive volumes;
there was no observed area where RNA and chromatin were
observed intermingling. The RNA inhabited an area
approximately 200−300 nm in diameter, similar to the size
of the chromatin domains. The remainder of the IC volume
was found to be most likely a combination of ribonucleopro-
teins or spliceosomes, albeit in smaller clusters, typically 10−20
nm.
Three-beam SIM was also used to create multicolor images

which were then analyzed using machine learning. Based on
signal intensity, the fluorescence signal can be translated into a
heat map where the coolest colors are chromatin depleted
(such as the IC) and hotter colors represent areas of
pronounced chromatin density. The chromatin density
information is then combined with the signals from known
markers for effectors of specific genome functions, which can
give the localization of each effector to various regions of
chromatin density. For example, RNA polymerase II was
enriched in the low chromatin density IC, whereas post-
transcriptionally modified (PTM) histones, such as H3K4me3
and H3K36me3, were found to be enriched in moderately
dense chromatin areas. These proteins are known to associate
with transcriptionally active chromatin, which may explain
their proximity to the IC, previously shown to be enriched in
RNA transcripts and sparse elsewhere. Conversely, PTM
histones associated with transcription repression such as
H3K27me3 and K3K9me3 were found to be enriched in
chromatin dense areas almost exclusively. The authors note
that the differential enrichment of associated chromatin factors
may be related to the size of the protein complexes responsible
for their localization. Smaller complexes such as those for
H3K27me3 and K3K9me3 were found in chromatin dense
areas while larger complexes, especially those involved in
transcription, are primarily localized to the IC or near it. Thus,
it could be that chromatin density acts as a regulator of
genome function, similar to observations of TAD organization
for transcriptionally active (A) and inactive (B) regions of the
genome.
Furthering this assertion, it was found that the topography of

chromatin domains relaxes during replication by following the
live cell through the S phase. Early S phase cells displayed
looser, less compact chromatin while mid S phase cells
displayed intermediate compaction, followed by the densest
chromatin existing in late S phase cells, shown in Figure 5B.
PTM histones associated with active transcription were also
most enriched in early S phase, while repression associated
PTM histones were enriched in later S phase.95 This example
shows that 3D-SIM can be used to determine changes in
chromatin compaction and density across replication.

■ RECENT METHODS FOR IMPROVING TARGET
LABELING

CRISPR-Based Techniques

Perhaps the most popular method for chromatin tracking in
recent times, CRISPR (clustered regularly interspaced short
palindromic repeats)-based imaging techniques have been
extensively applied in various systems. CRISPR-based imaging
techniques utilize RNA and protein expressed from transfected
or genomic integrated foreign genes, therefore allowing live-
cell chromatin imaging with a minimum perturbation of

cellular functions. CRISPR techniques use single guide RNA
(sgRNA) that binds to specific DNA targets for assembly of
protein−RNA complexes at the target sites. CRISPR-Cas9 was
originally used for gene editing, utilizing a nuclease active Cas9
protein to induce double-stranded DNA breaks at a target site.
The target sequence could then be excised, and a DNA
polymerase would then insert the desired gene sequence.100

The high specificity of sgRNA binding thus lends CRISPR to
usage in sequence-specific imaging.
CRISPR-based imaging systems use a deactivated or “dead”

Cas9 (dCas9) protein which lacks DNA cleavage activity but
still binds to the sgRNA at the target genes. Binding of the
dCas9 is directed by both the sgRNA and the protospacer
adjacent motif (PAM) near the DNA target locus. Each PAM
is specifically recognized by the corresponding Cas proteins.
Upon binding, the Cas protein unwinds the duplex DNA near
the target locus and allows for hybridization of the sgRNA.101

dCas9 is often fused with fluorescent proteins such as GFP or
contains modifications that recruit fluorescent proteins, so that
binding to sgRNA leads to a rise in the fluorescent signal. The
major advantage of a CRISPR-based system is that it allows for
the real-time tracking of various genomic targets without
introducing foreign DNA with chemical reagents.102,103 As
with FISH, the more probes that bind to a target, the higher
the resulting fluorescence. Thus, this system has been used to
study regions of the genome with repeating sequences.104

However, CRISPR techniques are not limited to repeating
sequences, as advances in CRISPR system design have allowed
researchers to label nonrepeating regions of the genome as
well. Below we discuss variations of CRISPR-based imaging
that can be used to label repetitive or nonrepetitive sequences.
CRISPR-Based Repetitive or Proximal Sequence

Targeting. One of the earliest applications of the fixation-
free CRISPR-based techniques was studying telomeric
dynamics in live cells. It has been noted by earlier
reports105−108 that longer telomeres have slower movement,
but these measurements have relied on either fixative methods,
as in FISH, or by tracking fluorescently labeled telomeric
binding proteins, such as TRF1 or TRF2, which may affect the
natural movement of the telomere. It has been shown that
telomere movement occurs through either slow diffusion or
directed motion, as seen in Figure 3A. Slow diffusion of
telomeres can take several days to diffuse through >1 μm of
chromosome territory.105 The mode of motion exhibited by
telomeres may relate to the state of the DNA, as telomere
damage has been shown to enhance movement.109,110 This
finding has been supported by the milestone report by Chen et
al. using time-lapse microscopy and CRISPR-based confocal
live-cell imaging to show that knockdown of TIN2, a telomeric
protection protein, leads to an increase in telomere movement;
see Figure 3B.111 The same report also used CRISPR to label
subtelomeric repetitive DNA to track replication of sister
chromatids.111 Using dCas9-GFP as the reporter system
(Figure 1-4A), HeLa cells were monitored as they prepared
for mitosis. Under a confocal microscope, bright signal clusters
of telomeres were observed to split into two closely located
spots at different times. Duplicate spots were noted to form for
each initial signal cluster within 30−60 min between telomere
clusters, suggesting that not every chromosome prepares for
mitosis at the same time. Another report using a modified
version of the dCas9 system that utilized fluorescent proteins
to recognize different sgRNA (see Figure 1-4B) successfully
tracked the relative positions of telomeres and centromeres
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during mitosis.112 Using multicolor labeling of multiple
chromosomal loci, it was observed that telomeres and
centromeres line up at the metaphase plate and condense as
anaphase progressed. Decondensation was observed only after
entering telophase and cytokinesis. These reports showed
continued signal throughout chromatin condensation and
decondensation, which demonstrates the robustness of
CRISPR-based techniques and their negligible effects on
chromatin dynamics.
Multicolor CRISPR-based chromatin imaging was also

achieved by the use of orthogonal CRISPR systems. This
method takes advantage of the PAM sequence specificity of
Cas9 from different bacteria. Each target tandem repeat
sequence in the genome is bound by a sgRNA that contains
the PAM sequence of a type of bacteria, while a dCas9 from
the same bacteria is coexpressed in the cell and fused to a
specific fluorescent protein. The initial report on this method
used dCas9 from three bacterial species, Streptococcus pyogenes,
Neisseria meningitidis (Nm), and Streptococcus thermophilus
(St1), fused to green fluorescent protein (GFP), red
fluorescent protein (RFP), or blue fluorescent protein
(BFP), respectively. When CRISPR carrying the corresponding
PAM of different dCas9’s was designed to bind to the
telomeric tandem repeat sequence, there was a complete
colocalization of different fluorescent protein signals with equal
intensity, suggesting the equal binding efficiency and
fluorescent efficiency of each orthogonal CRISPR/dCas9
pair.113 When different CRISPR/dCas9 pairs were used to
target subtelomeric and pericentromeric sequences on human
chromosomes 9 and 13, coexpression of each pair revealed
interchromosomal proximity between the pericentromeric
location on chromosome 9 and the subtelomeric location on
chromosome 13 as seen in Figure 3C. In the same report, this
system was also used to interrogate the proximity of the two
intrachromosomal locations on chromosome 9. The signals for
the pericentromeric and subtelomeric regions were approx-
imately 2 μm apart, corresponding to the known distance of 75
Mb between the two, signifying the first time two endogenous
intrachromosomal loci were interrogated in a live cell.113

Greater interlocus resolution within 2 Mb was achieved by
simply changing the sgRNA for a different locus; thus a dual-
color CRISPR system can be used to interrogate changes in
chromatin compaction over a short distance.
A common issue with using CRISPR-based techniques that

use of multiple fluorescent proteins is the buildup of
background signal from protein aggregates. Expression of
fluorescent protein must be tightly controlled using clonal cell
lines111,112,114 which can limit the applicability of the
technique. This problem can be mitigated through engineering
self-associating fluorescent proteins. This approach uses a
variant of GFP, superfolder GFP (sfGFP), which is capable of
robustly folding into an active protein form in 10 min. sfGFP
can be truncated into self-assembling fragments, known as
split-sfGFP.115 However, the self-assembling requirement leads
to a low labeling efficiency for small repeating or nonrepeating
loci; thus this technique cannot be utilized in cell lines with
low transfection efficiency. The technique also needs a high
level of sgRNA expression to compensate for the low level of
fluorescent protein; thus usage with endogenous expression
vectors is best. To amplify the signal level from low levels of
protein fluorescence, the SunTag system can be utilized to
localize reconstituted split-GFP protein to the genomic target.
SunTag, or SUperNova Tag, utilizes a polypeptide containing

multiple repeats of an epitope that are recognized by single-
chain variant fragments (scFv’s) of antibodies that are
themselves fused to fluorescent proteins, such as GFP.116 By
fusing the SunTag to dCas9, a split-sfGFP fragment fused with
scFv’s can bind to the SunTag and recruit the other fragments
of split-sfGFP to reconstitute the full fluorescent protein (see
Figure 1-4C). Fusing a split-sfGFP fragment that does not have
the scFv to another fluorescent protein, such as mCherry,
would thus lead to a dCas9 complex that, when complete, has
multiple fluorescent proteins. mCherry can be tagged with the
portion of MCP (MS2 coat protein; see below) that binds a
specific RNA stem-loop motif integrated into the sgRNA.
Because the sgRNA binds specifically to the genomic target,
mCherry fluorescence can be used to verify localization of the
dCas9 complex and subsequent split-GFP fluorescence to the
genomic target. The combination of both mCherry and split-
sfGFP fluorescent proteins leads to 9- and 13-fold reductions
in background fluorescence levels as compared to the standard
dCas9-EGFP and SunTag sfGFP systems.117 This is due to the
individual fragments of split-GFP not being fluorescent until
assembled. The SunTag split-sfGFP system leads to clear foci
in 40−60% of cells and provides a higher signal-to-background
ratio and lower fluorescence intensity than either the dCas9-
EGFP or SunTag sfGFP complexes; see Figure 3D.
The combination of SunTag and split-sfGFP has been used

to specifically track the diffusion dynamics of chromosome 9
by targeting the pericentromeric region. The SunTag split-
sfGFP system exhibited 10-fold lower fluorescence signal but
with almost no background fluorescence, which was attributed
to reversible association of the split GFP fragments. In
addition, this system also exhibited the slowest signal decay
over time, as well as fluorescence recovery after photobleaching
of 10−20 min. The slow rate of signal decay allows for the
determination of chromatin movement over time. Analysis of
the movement calculated from 2D trajectories of chromosome
9’s pericentromeric region revealed different modes of
movement, with subdiffusive motion over short time scales
and actively driven motion over longer time scales. These
trajectories can be seen in Figure 3D. Subdiffusive motion may
be due to nuclear confinement or conformational constraints
as a result of higher chromosomal structure. This difference in
movement is consistent with earlier reports on the differences
in dynamic motion for telomeres, validating the efficacy of
newer techniques in the tracking of chromatin movement.
Although the SunTag split-sfGFP system can provide details of
chromatin motion, it is an intensive technique, requiring the
expression of four proteins for single-color genome imaging
which consequently lowers the applicability of this technique
toward multicolor imaging.
Other modifications of the CRISPR-dCas9 system can

potentially solve the issue of incorporating multicolor imaging.
One system, reported by Fu et al.,114 involves three
components: dCas9, sgRNAs that contain stem loops
attracting protein binding, and RNA binding proteins fused
to fluorescent proteins (see Figure 1-4C). The stem loops used
in their study are derived from motifs bound by the
bacteriophage coat proteins MCP (MS2 coat protein) and
PCP (PP7 coat protein).114 Thus, sgRNA containing either of
the corresponding stem loops will recruit either MCP or PCP
that is tagged with EGFP or mCherry, respectively. The
components of this system can be introduced simultaneously
or individually, with special consideration for individual
introduction. For individual introduction of each component,
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Figure 4. CRISPR techniques continued, TALES, and FLIM−FRET. (A) (1) Schematic showing Casilio construct design for studying the loop
between the IER5L promoter (IER5L-P) and its superenhancer (IER5L-SE), midpoint marked by IER5L-M. N number of PUF-domains are used
to localize to different genomic loci for multicolor imaging. (2) Colabeling of MUC4 locus by Casilio (green) and DNA-FISH (Cy5-MUC4, red)
in U2OS cells shows a 96% overlap between methods, while colabeling in ARPE-19 cells shows a 100% overlap. Scale bar, 5 μm. (3) Representative
nucleus (nuclear boundaries outlined) and time-lapse images of IER5L-P-SE loop, with IER5L promoter, midpoint, and superenhancer labeled by
Clover (green), iRFP670 (red), and mRuby2 (magenta) between two alleles of IER5L. Reproduced in part with permission from ref 123. Copyright
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a stable cell line must first be established, treated for dCas9
selection using puromycin, and then cells expressing both
fluorescent proteins must be carefully selected to ensure the
optimal level of signal fluorescence. As previously discussed,
too high protein fluorescence invariably leads to higher levels
of background fluorescence, which is not suitable for
visualization of target loci. To assess the viability of this
system, the murine major satellite region in the pericentromere
served as a target because major satellites form a complex
three-dimensional structure known as pericentromeric hetero-
chromatin (PCH).118 PCH can be easily identified using DAPI
staining allowing for comparison with CRISPR-based imaging
systems. The pericentromere also serves as a simple target
locus to validate this system as it is 6 Mb of a 234 bp repeating
sequence, which would increase the number of sgRNAs that
can hybridize to it, leading to an increase in fluores-
cence.119−121 Hybridization of sgRNA containing the MS2
stem loop recognized by MCP led to localization of the MCP-
EGFP complex to this locus, revealing a distinct signal with low
background fluorescence that was validated by FISH labeling
using probes specific to the pericentromere. Likewise,
hybridization of sgRNA containing the PP7 stem loop led to
localization of the PCP-mCherry complex whose signal was
also validated by FISH. Comparing the two complexes to the
standard dCas9-EGFP complex, where EGFP was directly
tagged to the dCas9, revealed similar signal-to-background
ratios, supporting the efficacy of this labeling system.
With slight modifications of the sgRNA, this system can also

be used for dual-color live imaging. The sgRNA for the PCP-
mCherry complex can be modified to target the major satellite
region of the mouse chromosome while the sgRNA for the
MCP-EGFP complex selects for the minor satellite. The minor
satellite is approximately one-sixth the size of the major
satellite, at around 0.6−0.12 Mb.122 Dual labeling of each
satellite validates the performance of this system but
demonstrates the sequence specificity CRISPR-dCas9 systems
offer. Indeed, imaging of both fluorescent protein complexes
reveals localization of two MCP-EGFP signals at the minor
satellites and one larger PCP-mCherry signal in between.
Organization of the labeled centromeric regions can also be
tracked through the cell cycle using this method, revealing
scattered chromosomes in prophase and aligned chromosomes

in metaphase. Interestingly, in anaphase, the EGFP signal at
the major satellite lowers and recovers during telophase. The
mCherry signal, targeting the major satellite, also changes,
going from large distinct puncta to a more diffuse smeared
signal as highlighted in Figure 3E. These findings highlight the
differences in chromatin compaction during the cell division.
The advantages of dual labeling come into play when

studying epigenetic regulatory mechanisms where two loci
interact or changes in chromatin configuration during cell
replication. Additionally, this technique utilizes dCas9 from a
single species, S. pyogenes, which contains a simple PAM
region. The PAM for S. pyogenes consists of the NGG motif,
which is ubiquitous throughout the genome and thus can be
used to label almost any genomic locus. Thus, this variation of
CRISPR retains high flexibility and can be expanded upon for
tricolor imaging by using various RNA motifs within the
sgRNA to recruit proteins fused with other fluorescent
proteins.
CRISPR-Based Nonrepetitive or Distant Sequence

Targeting. Thus far, most variations of CRISPR have relied
on localization of multiple sgRNAs to a single locus in order to
achieve enough signal intensity for imaging. This requires
sequences with either close proximity or repetition of the
target sequence. For imaging of targets with nonrepetitive
sequences, multiple sgRNAs would be needed to achieve the
same signal intensity as in repetitive sequences. To tackle this,
work has been done to achieve imaging-quality signal using
only one sgRNA per locus on nonrepetitive sequences. The
modular Casilio platform, dCas9-Pumilio/FBF(PUF), com-
bines the versatility of PUF domains with the multimerization
of effector molecules.123 PUF is the shared RNA-binding
domain of Pumillio and FBF proteins that can be programmed
to bind a specific RNA sequence of 8 nt long. The effector
domains, which are the protein domains that achieve a specific
function, are fused to a PUF RNA binding domain. The PUF
binding domain then binds to one or more repeats of a specific
8 nt motif on the 3′ end of an sgRNA through contacts made
between tunable RNA-base specific amino acids within the
PUF domain and the RNA. In this way, over 65 000 (48)
effectors are possible for a wide range of potential genomic
loci. A schematic of this system is shown in Figure 4A1. The
Casilio system was validated in its nonrepetitive locus labeling

Figure 4. continued

2022 Clow et al. (B) (1) The enrichment of foldon-GFP-PCP at the Chr3Rep loci (white arrows) labeled by dCas9-mCherry in live U2OS cells.
Foldon-GFP-PCP foci started to occur ∼4 h post transfection. The stars show nucleolar dCas9-mCherry accumulation. (2) Representative images
of labeled eccDNAs by CRISPR FISHer in HepG2 cells with sgGal4 as a control. Reproduced in part with permission from ref 126. Copyright 2022
Lyu et al. (C) (1) TALES imaging of murine major and minor satellites. (left) DNA-FISH for MajSat (green) and MinSat repeat (magenta) with
chromosome spreads of SF1 ES cells. (right) Images of SF1 cells expressing TALE-mClover for the major satellite (green) and TALE-mRuby2
against M. spretus MinSat sequence (magenta) compared to DNA-FISH for the major and minor satellites. Close-up views of boxed areas for M.
spretus (s) and M. musculus (m) are shown at the bottom. Scale bars, 1 μm. Reproduced in part with permission from ref 137. Copyright 2013
Miyanari et al. (2) Cell-cycle-dependent distribution of GFP-msTALE with live-cell imaging of a replicating stable GFP-msTALE cell line (green)
stably transfected with RFP-PCNA (magenta) as a control. Reproduced in part with permission from ref 138. Copyright 2014 Thanisch et al. (D)
(1) FLIM (left) and FRET (right) images of 2FPs-H2B cells. Scale bars, 5 μm. Magnification shows regions with distinct FRET efficiencies. White
arrows highlight specific high-FRET regions. Meiotic nuclei are outlined with dashed lines. Scale bar, 2 μm. (2) (left) Scatterplots show the mean
GFP fluorescence lifetime distribution in GFP-H2B (green diamonds; 195 cells, n = 7 gonads) and 2FPs-H2B (red diamonds; 327 cells, n = 10
gonads) worms. ∗∗∗∗, p < 0.0001 (two-tailed Mann−Whitney test); 95% confidence interval. (right) FRET efficiency variation graph showing
distinct populations. Low (in blue), FRET efficiency between 10 and 30%; intermediate (in green), FRET efficiency between 30 and 60%; and high
(in orange), FRET efficiency between 60 and 80%. Reproduced in part with permission from ref 88. Copyright 2017 Lleres et al. (E) (left) TALE-
TelR15 probes were designed with various fused fluorescent proteins and transfected into fixed U2OS cells. (right) TALE-TelR15 probe with no
fused fluorescent protein but with internally labeled lysine residues (upper row) was used to compare with the same TALE carrying fused mCherry
(lower row) to demonstrate overlap of the localization signal. The far right column merges respective images overlaid onto DAPI images. Scale bar
on right, 5 μm. Reproduced in part with permission from ref 141. Copyright 2013 Ma et al.
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capacity by comparing it with FISH to label the MUC4 gene
on chromosome 3, shown in Figure 4A2. This gene has a
region of nonrepetitive sequence and a region of repetitive
sequence, which makes it ideal to compare between the two
techniques. Comparing the overlap between Casilio and FISH
labeling reveals near-perfect colocalization between the two
signals, with comparable intensity between the two as well.
However, while FISH requires hybridization with many
individual fluorescent probes, imaging with Casilio requires
the binding of one sgRNA with 15 copies of a PUF binding site
(PBS) to recruit 15 PUF domains, each tagged with a
fluorescent protein. Importantly, dCas9 is required for
formation of the Casilio complex, as omitting it would not
allow for hybridization of the sgRNA to the target DNA locus.
Simply put, Casilio achieves with one sgRNA what FISH
requires 15 individual probes to do.
The Casilio system has also been used to track chromatin

interactions using a two-color system. TheMASP1−BCL6 loop
has 362 kb of genomic distance between the two loci. Using
sgRNAs to bind to nonrepetitive locations near the loci,
dynamic interactions between these genomically far loci were
uncovered. Within a single cell, interactions between MASP1
and BCL6 were inconsistent across allelic pairs. At the
beginning of imaging under a confocal microscope, it can be
seen that the two labeled loci are approximately 1 μm apart,
but as imaging continues, one allelic pair remains fairly
consistent in the distance between loci, whereas the other drifts
to approximately 1.5 μm apart.123 Besides studying the
interactions between far genomic loci, Casilio can be applied
to study protein effects on chromatin compaction as well.
Depletion of RAD21, a vital protein in cohesin complexes, in
cells has been shown to result in the loss of loop domains in
chromatin. This includes a large (approximately 500 kb) loop
between the nonrepetitive IER5L promoter (IER5L-P) and its
superenhancer (IER5L-SE). Labeling these two loci allows for
the monitoring of the distance change as a function of RAD21
depletion. Indeed, depletion of RAD21 in HCT116 cells leads
to farther distances between pairs of labeled promotors and
enhancers, with distances between loci increasing to 2.09 μm
from 1.21 μm. This finding using Casilio validates the earlier
reported effects of RAD21 depletion that had been found using
Hi-C.124,125

Chromatin dynamics can also be tracked with Casilio in a
three-color configuration as seen in Figure 4A3. Imaging in this
way mimics STORM, where multiple sequentially binding
probes are used to reconstruct the imaged target. Here though,
each sgRNA recruits a differentially tagged fluorescent protein
to track the “live” structure of a target. This variation of Casilio
is known as PISCES (Programmable Imaging of Structure with
Casilio Emitted sequence of Signal).123 PISCES allows for real-
time monitoring of nonrepetitive sequence structural dynam-
ics. These dynamics can then be tracked either in real time or
with the use of time-resolved microscopy.
Overall, Casilio represents a variation on the classical

CRISPR-dCas9 system that has increased specificity, a
significantly reduced sgRNA need, and simpler transfection
protocols, and it can track changes in chromatin location
within 1 μm, with applicability in studying the effects of
protein depletion and replenishment. However, the potential
disruption of natural dynamics is an ever-present concern
when using CRISPR-based techniques, as the expression of
sgRNA and various proteins can potentially disrupt native
interactions in the targeted loci. The Casilio system is not

immune from these concerns, but there is potential for these
challenges to be at least partially overcome with more careful
sgRNA design and smaller, more optimized fluorescent
proteins.
Further expanding on labeling of nonrepetitive sequences, a

combination of both CRISPR and FISH has arrived to achieve
the best of both techniques. CRISPR FISHer, or CRISPR-
mediated fluorescence in situ hybridization amplifier, takes
traditional CRISPR-dCas9 techniques and combines them
with phase separation based assembly of fluorescent
proteins.126 This can confer enhancements in both signal
intensity and signal-to-background ratio through the formation
of phase separated regions containing the fluorescent protein,
concentrating the fluorescence signal at the target locus.
CRISPR FISHer has been used to visualize, in real time, the
entire process of chromosomal damage, separation, and
subsequent end joining in a single live cell. This system
utilizes dCas9, but notably the sgRNA contains two PP7 RNA
aptamers that recruit a fusion trimeric protein consisting of
PCP, GFP, and a T4 fibritin trimeric motif foldon (complex
termed foldon-GFP-PCP). The use of fibritin foldon stems
from its ability to keep protein complexes stabilized and
soluble.127,128

The foldon-GFP-PCP and sgRNAs containing two to eight
repeats of PP7 were shown to form small condensates, which
may suggest that assembly of this CRISPR-based complex
induces phase separation due to multiple contacts between
protein and sgRNA (see Figure 4B1). This would then lead to
increased GFP fluorescence intensity at these loci. For
example, in the report by Lyu et al., transfection of this
system in osteosarcoma U2OS cells showed foci at Chr3q29,
colocalized with marker dCas9-mCherry.126 The intensity of
the foldon-GFP-PCP complex increased with time without a
corresponding increase in the mCherry signal. This may
indicate recruitment by the dCas9-mCherry of the foldon-
GFP-PCP complex to the target locus. This system can also
tackle repetitive sequences, such as the telomere, and does so
with increased sensitivity over other CRISPR-based imaging
systems, due to condensation of the fluorescent protein during
phase separation. However, this does raise the concern as to
perturbation of natural chromatin dynamics. For tracking of
endogenous nonrepetitive regions of DNA, sgRNA designed to
target PPP1R2 loci and both the foldon-GFP-PCP and dCas9-
mCherry systems were transfected into U2OS cells. Only the
foldon-GFP-PCP complex was observed to localize to the
target loci, proving the suitability of CRISPR FISHer to target
nonrepetitive regions in live cells.126

For monitoring of DSB and subsequent repair by non-
homologous end joining (NHEJ), PPP1R2 was labeled using
CRISPR FISHer at two different loci, one with GFP and the
other with MCP-tdTomato, a red fluorescent protein. These
two red and green loci would thus be in close proximity before
the induction of DSB and separate afterward. Introduction of
cleavage active Cas9 caused the red and green signals to
separate as expected, and then rejoin, likely a result of
CRISPR-mediated cleavage followed by NHEJ-mediated
repair. CRISPR originally arose as a method of gene editing,
selectively targeting DNA to be excised and the resulting gap in
DNA filled in with the desired sequence. Using CRISPR
FISHer, that process has now been monitored in real time in
live cells.
CRISPR FISHer also has the capacity to detect a historically

difficult DNA element: extrachromosomal circular DNA

Chemical & Biomedical Imaging pubs.acs.org/ChemBioImaging Review

https://doi.org/10.1021/cbmi.4c00033
Chem. Biomed. Imaging 2024, 2, 659−682

672

pubs.acs.org/ChemBioImaging?ref=pdf
https://doi.org/10.1021/cbmi.4c00033?urlappend=%3Fref%3DPDF&jav=VoR&rel=cite-as


elements (eccDNAs). eccDNAs have been known since 1964
and can range in size from hundreds to millions of bases.
Certain eccDNAs, such as extrachromosomal DNA (ecDNA),
range in size from 50 kb to 5 Mb and are thus detectable by
DNA-FISH. However, other eccDNAs are much smaller and
thus harder to detect using traditional methods. eccDNAs are
thought to play a role in gene regulation, immune responses,
and intracellular communication.129−131 To study the local-
ization of eccDNAs, known eccDNAs were sequenced to
design sgRNAs to target the junction sequences (where the
two ends of formerly linear DNA meet to circularize) of the
eccDNAs because these sequences are not elsewhere present in
the genome. Tracking of individual eccDNA loci revealed a
further traveling distance and 3D space than simultaneous
tracking of chromosome 3, indicating that eccDNAs are more
highly dynamic, with longer trajectories and faster speeds (see
Figure 4B2).
Transcription Activator-like Effector (Nuclease) (TALE(N))

Transcription activator-like effector nuclease (TALEN)
techniques operate similarly to CRISPR techniques in that
they both are programmable nucleoprotein complexes that
were initially created for target-specific editing.132 While
CRISPR systems localize to their target locus though their
unique PAM motifs and sgRNAs, TALEN systems utilize a
DNA-binding domain (DBD) containing tandem arrays of
approximately 30 amino acid long monomers. These
monomers can be customized to recognize theoretically any
genetic sequence.133,134 Upon binding of the TALEN to the
target locus, the nuclease region can then cleave the DNA
sequence, leaving a dsDNA break than can be repaired by
endogenous repair systems.135,136 Like CRISPR imaging
techniques that use a deactivated or “dead” Cas9 to localize
to a genomic target, modifying TALEN for imaging involves
removing the nuclease domain, referred to as TALEs. TALEs
has been used in live cells for imaging complex chromatin
dynamics much like CRISPR.
For example, due to the high specificity and programmability

of the DBD, TALEs has been used to study single-nucleotide
polymorphisms (SNPs) in mouse centromeres in vivo.137 As
mentioned earlier, pericentromeres contain a tandem repeat
region known as the major satellite that can be readily stained
by DAPI. TALEs were designed to recognize various repeats of
the major satellite sequence and were labeled with the GFP
mClover. The targeting ability of the TALEs constructs was
validated by colocalization of FISH-labeled major satellite with
the mClover TALEs signal. Using hybrid stem cells between
Mus musculus and Mus spretus, TALEs was able to distinguish
four SNPs between each parent. The relative abundance of
targeted major and minor satellite sequences was also found to
differ between parental chromosomes. M. spretus had higher
amounts of minor satellite repeats, while M. musculus had more
major satellite repeats. FISH confirmed most of these findings,
but interestingly was almost unable to detect major satellite
regions in M. spretus. Using two color TALEs, one tagged with
mClover and the other tagged with mRuby2, researchers were
able to distinguish maternal and paternal chromosomes in the
hybrid ES cells, as shown in Figure 4C1. In this experiment,
TALE-mClover was designed against the major satellite in
paternal M. spretus while TALE-mRuby2 was specifically
designed to localize to two SNPs in the minor satellite only
present on the maternal M. musculus. It was found that TALE-
mRuby2 did not localize to the paternal minor satellite at all,

binding solely to the minor satellite of the maternal
chromosome, demonstrating the remarkable specificity of
TALEs to distinguish between similar genomic targets.
TALEs has also been used to track murine pericentromeric

chromatin during the cell cycle in vivo.138 In this study, GFP
fused TALEs (TALEs-GFP) designed against the major
satellite region were endogenously expressed along with
H2B-RFP to track localization of the DNA within nucleosomes
across the nucleus. Cells were observed over 20 h at 150 min
intervals and revealed that TALEs-GFP was located at
replication foci in mid to late S phase, as shown in Figure
4C2. Through mitosis, TALEs-GFP remained localized to
chromosomes until midprophase, dissociated, and then
reassociated in early telophase. The dissociation may be due
to chromatin condensation forcing dissociation of the TALEs
from the DNA. Better design of TALEs binding may prevent
such an issue in future studies. TALEs was further followed to
determine the kinetics of binding to the chromatin and was
found to have a higher fluorescence recovery after bleaching
(FRAP; see Lippincott-Schwartz et al.139 and Phair and
Misteli140), indicating highly transient binding dynamics.
TALEs can also effectively target telomeres.141 TALEs fused

to various fluorescent proteins can be designed to localize to
either of the telomeric strands. These TALEs exhibited discrete
foci in interphase cells, and as expected, doubled in number
between G1 and G. However, the number of foci was less than
expected, as less than 50 labeled foci were observed per
nucleus which is consistent with the transient binding
dynamics discussed earlier. Ma et al.141 were able to
endogenously express five differently fluorescently labeled
TALEs to study various aspects of chromatin movement in live
cells, shown in Figure 4E. They were also able to transfect
fluorescent TALEs in a manner similar to FISH probes,
demonstrating the flexibility of the TALEs method for both
imaging in both live and fixed cells. Using TALEs, they were
able to detect and bin telomeres of differing lengths in different
chromosomes.
Overall, TALE-based techniques are flexible and decently

simple to implement. Their applicability in live and fixed cells
lends itself to a variety of biological questions. The main
drawback of this method is that they exhibit transient binding
and signal loss may accumulate when chromatin undergoes
significant organizational changes.

■ MODERN METHODS FOR NUCLEUS-WIDE
CHROMATIN DYNAMICS

Single Nucleosome Imaging

Thus far, the techniques discussed have addressed imaging
techniques that track multiple nucleosomes or larger clusters of
chromatin across the nucleus. However, work has been done
by multiple groups on tracking single nucleosomes. Nozaki et
al.78 combined PALM with single nucleosome tracking to
observe compact domains in mitosis in live cells with dynamics
affected by chromatin associated factors as well as
internucleosomal interactions. By replacing histone protein
H2B with a modified version of H2B fused to PA-mCherry
(H2B-PA-mCherry), researchers were able to use PALM to
observe a thin section of a single nucleus that had distinct spots
with a single photobleaching event per spot. The single-step
photobleaching event suggests singular incorporation of the
modified H2B into a nucleosome. Recording these nucleo-
somes using live-cell PALM revealed tight clusters of
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nucleosomes, with more clustering along the nuclear periphery,
consistent with observations using Deep-PALM (see Deep
Learning Based Super-Resolution Imaging). The observed
sizes of these clusters ranged from 160 nm in diameter in fixed
cells to 220 nm in live cells, which is consistent with the known
phenomenon of fixation influencing native chromatin structure
and condensation.142 This finding both demonstrates the
imaging accuracy of live-cell PALM and highlights an
important consideration when studying chromatin structure
in fixed cells. Nozaki et al.78 have also used their single
nucleosome imaging technique to study chromatin dynamics in
live cells and found that, over an observation time of 500 ms,
there were a variety of different chromatin movements. First,
consistent with earlier reports,143 it was noted that, within 50
ms, nucleosome movement of 60 nm was observed. Second,
comparing movement of H2B-PA-mCherry with a known
marker for DNA replication, Cy3 labeled dCTP, showed that
the DNA replication domains and the nucleosomes in close
proximity have a correlation in movement. This observation
indicates that movement of individual nucleosomes reflects the
movement of a nearby DNA replication domain. Third,
analysis of heterochromatin movement along the nuclear
periphery revealed shorter movements as opposed to longer
movements observed deeper within the nucleus. This lack of
long-range movement of chromatin at the periphery indicates
adhesion of chromatin to inner membrane structures, as
reported earlier.144,145

Perturbing the natural environment of the live cells by
changing internucleosome interactions revealed differential
modes of chromatin movements. Treatment of live cells with
Trichostatin A leads to an overall increase in chromatin
movement distance as opposed to nontreated cells. As
Trichostatin A inhibits binding of the H3 and H4 tails to
neighboring nucleosomes, the increase in movement most
likely reflects a significant decrease in chromatin compaction.20

The shorter distances traveled by nucleosomes at the nuclear
periphery were almost abolished, and the total area covered
throughout the nucleus increased. siRNA treatment to deplete
RAD21, a component of the cohesin complex, revealed similar
results.78 Cotreatment resulted in overall higher effects on
chromatin mobility than either treatment. These results thus
suggest that interactions between nucleosomes influence
chromatin domain formation and restrict their dynamics.78

Single nucleosome live-cell PALM imagining of embryonic
stem cells during cell differentiation revealed less condensed
chromatin, thus poorly defined structure, and higher dynamics
when compared to HeLa cells. After differentiation, while the
volume of chromatin did not change, the chromatin domains
themselves became more defined with fewer dynamics as
opposed to during differentiation. These findings would
suggest that the process of differentiation of stem cells requires
more decondensation of chromatin than in cancer cell division.
Thus, chromatin in pluripotent cells is inherently more
dynamic than chromatin in somatic cells.20,146

Further work on single nucleosome movement by Lerner et
al. used a two-parameter analysis to resolve low to high
mobility of chromatin domains with different localization
patterns.147 By tracking individual H2B proteins, the
researchers were able to define two parameters to characterize
chromatin movement: (1) the average displacement of each
tracked nucleosome measured in nanometers over the
detection time, which would give the average speed of the
nucleosome, and (2) the radius of confinement, effectively the

circle of movement of the tracked nucleosome before it
encounters another tracked nucleosome within the same
space.148 These two parameters positively correlate with each
other for the most part; however, deviations between the two
parameters indicate that the nucleosome may move quickly
within a small area or move slowly in a large area. The
interplay between these two parameters allows for the
classification of differing mobility chromatin into five distinct
states, from very low to very high mobility. These five mobility
states have been observed across different cell types with
similar distributions. The most notable difference comes from
the low mobility chromatin, which was nearly absent in
pluripotent cells, consistent with the higher chromatin
dynamics reported in the work above. This method was also
used to further support the assertion of interaction of
nucleosomes at the nuclear periphery with nuclear lamina
proteins such as lamin-A at lamin-associated domains
(LADs).149

The two-parameter tracking method can also be applied to
other proteins associated with chromatin to assess their
mobilities. The heterochromatin epigenetic reader proteins
HP1α, HP1β, and HP1γ along with the heterochromatin
writers SUv39h1 and SUv39h2 each expressed different
patterns of mobility across the nuclear space. Analysis of
each protein’s mobility distribution revealed that regulators of
heterochromatin had higher levels of interaction with lower
mobility chromatin, which would suggest that the lower
mobility is due to active repression of its dynamics by these
regulators. Interestingly, a difference in mobility patterns exists
among the isoforms of HP1. β and γ were abundant in low
mobility chromatin but not in very low or intermediate
chromatin, whereas α was abundant in the high mobility
chromatin. It could be possible that the isoform behavior
represents differences in heterochromatin regulation.
Using the two parameters of displacement and confinement

radius can define a mobility landscape that is modulated by the
associated transcription, binding, and organization factors that
differentially associate with heterochromatin. This technique is
undoubtedly powerful in its ability to highlight associations
between chromatin accessibility and localization, surpassing
what diffusion-limited techniques can determine.
Dense Flow reConstruction and Correlation (DFCC)

While most methods of tracking chromatin movement are
qualitative, work has been done on quantifying the overall
chromatin movement in the whole nucleus. Most methods of
quantification focus on optical flow (OF), which estimates 2D
movement of pixels between two consecutive images and
assigns a displacement vector to those pixels.150 The error in
OF methods is typically evaluated using the angular error (AE)
and end point error (EE), which reflect errors in direction and
magnitude of movement, respectively. Overall, most OF
methods such as Horn−Schunck formulations,151 particle
image velocimetry (PIV),152 phase-based methods,153 or SIFT-
based methods75 develop higher AE and EE at labeling
densities close to 1/px and increasing number of independ-
ently moving domains and overall decreasing AE with faster
diffusion coefficients.
One such method that achieves smaller AE and EE than

other methods is Dense Flow reConstruction and Correlation
(DFCC), which provides vectorial information below the
diffraction limit with a resolution of approximately 65 nm.154

This method has been used to analyze movements of
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chromatin across the whole nucleus in transcriptionally active
and inactive cells. In the work by Shaban et al.,154 DNA was
stained using the cell-permeable DNA probe SiR-Hoescht
(also known as SiR-DNA) while histones were labeled using
H2B-GFP as described earlier. In transcriptionally active
nuclei, the movement of both the DNA and the histones
were correlated over a large distance of 11 μm by 18.2 s. The
movements of chromatin across nuclei can be used to create
flow fields, which illustrate the local movements of tracked
chromatin over the observation time. Examples of these flow
fields can be found in Figure 6A. Flow fields for transcrip-
tionally active nuclei reveal vortex-like movements of
chromatin spanning a few hundred nanometers, evenly
dispersed across the nucleus. These vortexes may represent
local remodeling of the chromatin by various transcription
related effectors.155,156 This submicron movement is not easily
visualized using other methods but is made possible by DFCC.

Displacement Correlation Spectroscopy (DCS)

Displacement correlation spectroscopy (DCS) allows for the
mapping of interphase chromatin dynamics in live cells at the
micron level by combining PIV (see earlier) and cross-
correlation between image pairs to vectorially measure local
chromatin movements.157 At a lateral resolution of 65 nm at
250 ms/frame, H2B-GFP was imaged in 25 s sequences to
reveal coherent movement over micron-scale regions of the
nucleus lasting under 10 s. Interestingly, this method has
shown that the direction of movements is not uniform across
the nucleus and loses coherency over longer time scales. These
findings suggest that the movement related to transcription or
preparation for mitosis is not uniform, with different
chromosomes being manipulated at different times. When
ATP was depleted from the cell, the bulk of chromatin
movements were abolished entirely, suggesting that the
chromatin movement is ATP dependent. While this may

Figure 5. Deep-PALM and SIM. (A) (left) Super-resolved images show blobs of chromatin. These blobs are segmented and individually labeled by
random color (magnifications on right). Scale bars, 2 μm (whole nucleus); magnifications, 200 nm. (right) Generation of super-resolution images
and blob identification and characterization for a segment of chromosome 1 from GM12878 cells. Beads of a 5 kb genomic length of a simulated
polymer are projected to the imaging plane within a 200 nm thick slab, resembling experimental super-resolved images of live chromatin.
Reproduced in part with permission from ref 77. Copyright 2020 Barth et al. (B) Orthogonal (top) and lateral (middle and bottom) cross sections
of representative 3D-SIM data sets showing the different patterns of replication foci (green) during progression from early (ES), mid (MS), and
late S phase (LS) stages (left to right). Chromatin is stained with DAPI, and replication is labeled using 15 min of EdU incorporation. Local
replication regions were masked based on the EdU signal and outlined in green. Scale bars, 5 and 0.5 μm (middle and bottom rows, respectively).
Reproduced in part with permission from ref 95. Copyright 2020 Miron et al.
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Figure 6. (A) (top left) Fluorescence microscopy image of a nucleus expressing H2B-GFP. Scale bar, 3 μm. (bottom left) Flow field for time
between images = 0.2 s and zoomed-in region (inset); the field is color-coded according to the direction of the displacement. Scale bar, 3 μm
(bottom left) and 1 μm (inset). (right) Representative magnification of flow fields illustrating changes in direction and smoothness (coherency of
motion, black arrows) between serum stimulation (top) and starvation (bottom). Low smoothness in the bottom map may reflect chromatin
decompaction in starved cells. Reproduced in part with permission from ref 154. Copyright 2018 Shaban et al. (B) (top) A series of 150 confocal
microscopy images acquired at 5 fps (left) are subjected to dense optical flow to define flow fields of the images (center) based on the fluorescence
intensity of each pixel. Individual trajectories are reconstructed over acquisition time (right). (middle) Trajectories of a 3 × 3 pixel neighborhood
are used to calculate a mean MSD curve and its covariance matrix. Using Bayesian inference, the diffusion type best fitting each curve is chosen
(free diffusion (D), anomalous diffusion (DA), directed motion (V), or a combination (DV or DAV). The distribution of each pixel’s model is
shown as a color map (right). (bottom) Maps of biophysical parameters (D, a, and V) extracted from the best describing model per pixel.
Reproduced in part with permission from ref 158. Copyright 2020 Shaban et al.
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suggest that movement is being driven by ATPases, what was
observed was an apparent compaction of chromatin, which
would suggest that ATP is required to maintain the less
compact and transcriptionally active chromatin that is mobile.
Further supporting this finding was the addition of multiple
drugs known to inhibit replication and transcription machinery
strongly inhibiting coherence but increasing local displace-
ments. This would mean that addition of these drugs does not
stop chromatin movement, but now the chromatin moves
diffusely, leading to decondensation of chromatin.
High-Resolution Diffusion Mapping (Hi-D)

Building from DFCC, high-resolution diffusion mapping (Hi-
D) combines OF reconstruction of chromatin movements with
Bayesian inference to not only quantify chromatin movements
but also classify them.158 In Hi-D, after the flow field
trajectories are reconstructed by OF, motion type classification
is done by using a Bayesian inference approach to evaluate the
mean squared displacement (MSD) of each tracked chromatin
against common models of chromatin movement.159 This
approach allows the movement of chromatin to be classified as
free diffusion, subdiffusive (anomalous diffusion), directed
motion, or a combination. Through Hi-D, three parameters
can be calculated and used to create the reconstruction maps:
the diffusion constant (D), the anomalous exponent (a), and
the drift velocity (V). Maps of each parameter have shown
that, in agreement with other techniques, chromatin dynamics
are not uniform throughout the nucleus. Moreover, the bulk of
chromatin movement may be subdiffusive while few display
directed diffusion. Reconstruction maps were also be fed into
computer models to identify three subpopulations of move-
ment: slow, intermediate, and fast. These subpopulations are
irrespective of D and a, while maps of V were too sparse for
further analysis. A summary of the workflow and the parameter
maps can be found in Figure 6B. Maps of D correlate with
earlier findings, where chromatin with low mobility, thus low
diffusion, remains clustered along the nuclear periphery while
higher mobility, higher diffusion chromatin remains in the
nuclear interior. a, the anomalous exponent which accounts for
movement that cannot be definitively described as directed,
reveals a similar, if less pronounced pattern. Hi-D maps can be
validated using other single particle tracking methods,160 yet
provide more accurate estimations of D in dense conditions
while other methods are better suited to sparser conditions.
Hi-D, along with other methods, has been used to show that

transcription affects chromatin movement. However, Hi-D has
gone farther and shown how transcription affects RNA
polymerase II movement, creating three kinetically different
groups of RNA Pol II binding.158 Hi-D analysis has revealed
that each population of RNA Pol II binding had significantly
higher diffusion constants in transcriptionally active cells than
in transcriptionally inactive cells. In the inactive cells, there was
less quickly diffusing RNA Pol II, and when elongation was
inhibited, there was an increase in the slowly diffusing RNA
Pol II population. This might suggest that the mobility of RNA
Pol II is dependent on the transcriptional state of the cell.
Going further than the dynamics of RNA Pol II, Hi-D,

alongside DFCC, was also used to study the effects of
individual transcription factors (TFs) on chromatin mobi-
lity.161 Two TFs, CDX2 and SIX6, were chosen for their
transcriptional activation and repression activities, respectively.
It was found that, due to the large number of chromatin
binding sites, both proteins increased chromatin mobility, but

they did so with opposite effects on coherent motion. Both
proteins thus led to corresponding increases in D. CDX2 led to
an increase in the magnitude of directionally coordinated
movements, thus changing interchromatin interactions and
inducing movement of chromatin into A compartments,
consistent with its activity as a transcriptional activator.
Meanwhile, SIX6 led to a decrease in directionally coordinated
movements over shorter lengths, consistent with earlier reports
(Nozaki et al.,78 Shaban et al.154). Hi-D thus presents a
powerful analysis that be used to study the impact of other TFs
and chromatin associated proteins on chromatin dynamics.

■ CONCLUSION
While conventional methods have been primarily limited to
capturing static information about chromatin structure or
contact, newer techniques circumvent this by providing higher
resolution of imaging, using gentler sample preparation
methods, and employing strategies that minimally perturb
native structure/interactions. However, these newer methods
can struggle with specificity for these loci, resolution,
interpretation of data, etc. Although STORM provides superior
resolution, the expansive instrument, massive amount of data,
and requirements of sample fixation are its drawbacks. For all
the versatility and various targets that CRISPR-based methods
offer, it is still limited by the potential for the system to perturb
native movement within live cells. STORM and CRISPR-based
methods still face the remaining challenges of better resolution,
integration of more colors for enhanced tracking of different
genomic loci, lowering of undesired background fluorescence,
and tracking of faster chromatin movements.
While the methods discussed in this review have made

progress toward each challenge, CRISPR resolution, for
example, is still limited by localization of sgRNAs and the
fluorescence intensities of fluorescent proteins. It is also known
that excitation laser light and protein fluorescence emission can
be phototoxic to living systems. Tracking of faster chromatin
movements, for another example, is also limited by concerns of
phototoxicity and potential photobleaching of fluorophores. As
discussed, movement of larger loci is a slow process but leads
to larger shifts in signal localization compared to smaller loci
which would be faster but with correspondingly smaller shifts
in signal localization, which may be undetectable depending on
the sensitivity of the camera used to record such movements.
While this work has primarily focused on tracking chromatin
through changes in chromatin density and organization during
transcription and cell replication from a molecular biology
standpoint, others have tackled the same issue from other
perspectives (see Agbleke et al.,1 Shaban et al.,162 and Shaban
et al.163). Going forward, advances in chromatin tracking can
be used to elucidate mechanisms driving global chromatin
changes, changes in response to DNA damage, effects of
histone modifications on chromatin packing and distribution,
etc.
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■ VOCABULARY
chromatin = the complex of DNA and associated proteins
that comprise chromosomes
immunofluorescence = a technique that utilizes fluorescently
labeled primary antibodies specific to a cellular locus for
imaging
nucleosome = the smallest repeating unit of chromatin,
comprised of dsDNA wrapped around a histone protein
complex
topologically associated domains (TADs) = regions of DNA
that preferentially self-interact as opposed to making
contacts with other regions of the genome
CRISPR = clustered regularly interspaced short palindromic
repeats, a family of DNA sequences that can be utilized to
modulate cellular immune response
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