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Abstract: Chromatin function depends on a dense network of
interactions between nucleosomes and a wide range of proteins.
A detailed description of these protein–nucleosome interac-
tions is required to reach a full molecular understanding of
chromatin function in both genetics and epigenetics. Herein, we
show that the structure, dynamics, and interactions of nucle-
osomes can be interrogated in a residue-specific manner by
using state-of-the-art solid-state NMR spectroscopy. Using
sedimented nucleosomes, high-resolution spectra were
obtained for both flexible histone tails and the non-mobile
histone core. Through co-sedimentation of a nucleosome-
binding peptide, we demonstrate that protein-binding sites on
the nucleosome surface can be determined. We believe that this
approach holds great promise as it is generally applicable,
extendable to include the structure and dynamics of the bound
proteins, and scalable to interactions of proteins with higher-
order chromatin structures, including isolated and cellular
chromatin.

Eukaryotic genomes are present in the cell as a complex of
DNA and histone proteins, called chromatin. The fundamen-
tal building block of chromatin, the nucleosome, is an

assembly of a histone octamer protein core around which
approximately 147 base pairs (bp) of DNA are wrapped[1]

(Figure 1A). Nucleosomes compact and protect DNA and,
importantly, serve as the binding platform for a multitude of
proteins that regulate gene transcription, DNA repair, and
replication.[2] Recently, the structures of various nucleosome–
protein complexes have been solved, offering new and
exciting insight into chromatin function.[3] The wide range of
interaction modes in terms of affinities, binding sites, and
contribution of dynamics calls for a wide range of techniques
to describe the molecular basis of these interactions. The
combination of state-of-the-art solid-state NMR (ssNMR)
spectroscopy and sedimentation has developed into an
attractive method for the detailed characterization of soluble
biomolecular systems.[4] Sedimentation has been widely used
to study the folding and compaction of nucleosomes and
nucleosomal arrays.[5] Jaroniec and co-workers were the first
to realize the great potential of ssNMR spectroscopy in the
context of nucleosomes through their study on histone tails in
nucleosomal arrays.[6] Herein, we introduce the use of
nucleosome sedimentation, ultra-fast magic angle spinning
(MAS), and 1H-detected ssNMR spectroscopy to characterize
the structure and dynamics of nucleosomes and their protein
complexes. High-quality ssNMR spectra were obtained for
both flexible and rigid parts of the nucleosome, allowing near-
complete and residue-specific assignment. As proof-of-prin-
ciple, we exploited the sensitivity of the amide backbone
chemical shifts to map the binding surface of the N-terminal
segment of the LANA protein on the nucleosome surface.[7]

We reconstituted milligram amounts of mononucleo-
somes from recombinantly expressed core histones (H2A,
H2B, H3, and H4) and a high-affinity DNA template[8]

according to established methods (see the Supporting Infor-
mation for a detailed description and Figure S1).[9] The
modular nature of the nucleosome (molecular weight ca.
210 kDa) afforded selective isotope labeling of one histone
protein per sample (here H2A or H3, each ca. 14 kDa),
thereby alleviating signal overlap. Isotope-labeled histones
were labeled uniformly with 15N/13C isotopes in combination
with fractional deuteration.[10] Typically, ca. 2 mg of the
nucleosomes were sedimented directly into a 1.3 mm
ssNMR rotor by ultracentrifugation. Proton 1D spectra
established that the sediment is highly hydrated (Figure S1).

Sedimented nucleosomes with either labeled H2A or H3
give excellent 2D 1H-15N correlation spectra in terms of
sensitivity, resolution, and signal dispersion (Figure 1). The
spectral quality suggests that the nucleosomes in the sediment
are well-folded and homogenously arranged on a microscopic
scale. Spectra were recorded using either dipolar- or scalar-
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coupling-based magnetization transfer to identify and char-
acterize rigid and dynamic parts in the histones, respec-
tively.[11] As expected for folded nucleosomes, the dipolar-
coupling-based spectra exhibit high chemical shift dispersion
in line with the folded core of the histones (Figure 1B, top).
The scalar-coupling-based spectra show fewer resonances,
which are clustered around d(1H) = 8.2 ppm, characteristic for
dynamic and unstructured histone tails (Figure 1B, bottom).
For both H2A and H3, the observed peak pattern is highly
similar to that in the solution-state spectra of nucleosomes,[12]

allowing the assignment of nearly all observed resonances
(Figure S2). For H3, all resonances correspond to the
N-terminal tail (residues 3–35), indicating that the H3 tail of
sedimented nucleosomes is unstructured and highly flexible,
as in solution[13] and in Mg2+-precipitated nucleosomal
arrays.[6] For H2A, part of the N-terminal (residues 3–8),
and C-terminal tails (residues 117–123) are highly dynamic, as
judged from their observation in the J-based ssNMR spec-
trum. Chemical shift changes to isolated H2A/H2B dimer or
H3 peptide, where DNA is absent, suggest that the N-terminal
tails of both H2A and H3 are (transiently) bound to
nucleosomal DNA (Figure S2), in line with previous NMR
studies.[13, 14]

The high quality of the spectra, in particular for the core
region of the nucleosome, enabled the per-residue character-
ization of histone structure, dynamics, and interactions. We
performed a de novo sequential resonance assignment of
H2A within the sedimented nucleosomes, aided by the
assignments of H2A in the H2A–H2B dimer in solution
(unpublished data).

Using 3D 1H-detected CANH/CA(CO)NH and CONH/
CO(CA)NH experiments,[16] we assigned 93% of the amide
backbone resonances between residues 18–112, which corre-
sponds to nearly all resonances in the dipolar-based 1H-15N
spectrum of H2A (Figure 2A,B and Figure S3). Notably, the
significant resolution and sensitivity gains afforded by 1H
compared to 13C detection were instrumental herein (Fig-
ure S4). Based on the assigned H, N, Ca, and C’ chemical
shifts, the H2A secondary structure propensities were ana-

lyzed using TALOS.[17] The characteristic
three-helix histone fold is clearly present, as
well as the two b-strands that mediate inter-
actions with H2B in the H2A–H2B dimer
(Figure 2C). Importantly, the C-terminal
b-strand, which forms a “docking” sheet with
H4 in the nucleosome crystal structure,[18] is
also observed. This region of H2A, the dock-
ing sequence (residues 97–116), binds to H3–
H4 and thus stabilizes the histone octamer. In
our dipolar ssNMR spectra, resonances for
several stretches in this region, including parts
of the 310 helix observed in the crystal, are
missing, suggesting increased mobility. In
addition, this region has, compared to the
histone-fold region, slightly decreased order
parameters, as predicted from the chemical
shifts (Figure 2C).[19]

Interestingly, residues 15–17, which are
part of the N-terminal a-helix in the crystal

structure, are absent in both the dipolar and J-based spectra,
and residues 18–20 exhibit low helical propensities and low
predicted order parameters, suggesting that the aN helix is
not a stably folded structure (Figure 2C). Comparison of the
chemical shifts of H2A in sedimented nucleosomes to those of
the H2A–H2B dimer in solution shows significant changes for
regions that interact with either other histones or DNA
(Figure S5). As an example of the sensitivity to the chemical
environment afforded by 1H detection, we note the peak
doubling observed for V42 (Figure 2D). As the 601 DNA is
not palindromic, this residue is hydrogen-bonded to either
a TpA or GpA base pair step in the two copies of H2A in the
nucleosome (Figure 2E).[20]

We next used the assigned amide backbone resonances as
sensitive reporters on nucleosome–protein interactions. We
chose to study the interaction with the N-terminal domain of
the viral LANA protein, for which a crystal structure of the
complex with the nucleosome is available.[7] LANA binds to
the acidic patch, a negatively charged region on the nucleo-
some surface formed by acidic residues from H2A and
H2B.[1a, 2c] A 20 residue peptide derived from the LANA
N-terminus binds tightly (KD = 0.16 mm) to nucleosomes, in
agreement with previous studies using longer fragments[21]

(Figure S6 A). The LANA peptide (2 kDa) was added in
fivefold molar excess to a dilute solution of H2A-labeled
nucleosomes from the same batch as the sample used for
assignment, followed by sedimentation into the rotor. Com-
parison of the remaining supernatant and pure LANA
peptide solution by NMR spectroscopy suggested that the
peptide had been successfully co-sedimented with the nucle-
osome (Figure S6 B). The dipolar 1H-15N correlation spectrum
of the nucleosome–LANA complex, measured under identi-
cal conditions to the spectrum of free nucleosomes, shows
perturbations specifically for a subset of resonances (Fig-
ure 3A and Figure S7). Importantly, there is no peak doubling
upon binding, indicating that LANA is bound to both H2A
copies in the nucleosome whereas only one copy is bound in
the crystal structure.[7a] Transfer of H2A assignments to the
LANA-bound state was aided by making use of 13Ca chemical

Figure 1. Nucleosome sedimentation yields high-quality protein “fingerprint” NMR
spectra covering both the globular core and flexible tails of the histones. A) The
nucleosome is formed by an octamer of four core histones, H2A, H2B, H3, and H4, and
binds ca. 147 bp of DNA around its surface (crystal structure from PDB ID 1KX5[15]).
B) 1H-detected 2D NH spectra of sedimented nucleosomes with either 2H/15N/13C-
labeled H2A or H3, using either dipolar-coupling-based (top) or scalar-coupling-based
(bottom) magnetization transfer. Slices along the 1H/15N dimension in the dipolar
spectra are shown to highlight typical linewidths.
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Figure 2. Resonance assignment and secondary structure of H2A in sedimented nucleosomes. A) 2D NH spectrum with (tentative) assignments
indicated in (gray) black. Side chain resonances in light colors. B) Representative strips illustrating the sequential backbone assignment based on
3D CANH and CA(CO)NH (red and green) or CONH and CO(CA)NH (magenta and blue) spectra. C) Secondary structure propensities (colored
bars) and predicted S2 values (black line) based on assigned backbone chemical shifts. Secondary structure in the nucleosome crystal structure
(PDB ID 2PYO[18]) and isolated H2A–H2B dimer (unpublished results) shown at the top. Asterisks indicate tentative assignments. D, E) Peak
doubling of V42 observed in the 2D NH (left) and 3D CANH (right) spectra (D), correlated to the asymmetric environment in 601 nucleosomes
(PDB UD 3LZ0[20]). Dashed lines indicate hydrogen bonds (E).

Figure 3. Mapping of the LANA binding site on the nucleosome surface by ssNMR spectroscopy. A) Overlay of the 2D NH spectra of H2A in
sedimented nucleosomes (yellow) and nucleosome–LANA complexes (blue). Residues with significant chemical shift changes labeled in bold,
peak displacement indicated with arrows. B) Weighted chemical shift perturbations (CSPs) per residue. The 10% trimmed mean values (dashed
line) plus one (orange line) or two (red line) standard deviations (s) are indicated. Residues with significant peak broadening in the bound state
are labeled with asterisks. C) CSPs color-coded on the structure of H2A. Residues with high CSPs co-localize with the binding site of LANA (PDB
ID 1ZLA). D) NMR data driven model of the LANA–nucleosome complex, showing the best-scoring water-refined solution (green). This model
corresponds to the crystal structure (magenta) within 1.5 b backbone RMSD.
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shifts from a 3D CANH spectrum. The lack of significant
changes in the Ca shifts indicated that there is little to no
structural change in H2A upon binding and underscores the
benefit of 1H detection. Thus an unambiguous comparison of
the 15N/1H chemical shifts in the free and LANA-bound states
was possible for the majority of the H2A residues (Fig-
ure 3B). Notably, resonances from the acidic patch residues
E55, E63, E90, and E91 show clear chemical shift changes. In
addition, a number of residues, with L92 in Figure 3 A given as
an example, display significant peak broadening in the
LANA-bound state, either reflecting increased local 1H
density or local structural or dynamic disorder as a result of
binding. Displaying the observed chemical shift perturbations
(CSPs) on the crystal structure reveals a striking co-local-
ization of the changes with the interaction surface of LANA
seen in the crystal (Figure 3C).[7a] The highest CSPs are
observed for the residues in the center of the acidic patch,
which are in contact with the LANA arginine anchor.

We next used our ssNMR data and published mutagenesis
data on the LANA–nucleosome interaction[7a] to generate
a molecular model of the complex using HADDOCK.[22] The
best scoring solution in terms of energetics and agreement
with experimental data closely resembles the binding mode
observed in the crystal, illustrating the potential of this
approach to reveal the architecture of nucleosome–protein
complexes (Figure 3 D and Figure S8). We note that for this
approach to work well, the structures of the two interacting
molecules must be known, and the conformational changes
upon binding must be limited.[23]

In conclusion, we have reported the first high-resolution
solid-state NMR spectroscopy study on a non-mobile region
of the nucleosome and demonstrated the accurate mapping of
binding sites on the nucleosome surface, which was the main
goal of this study. High-quality spectra of histone proteins in
sedimented nucleosomes allowed us to obtain near-complete
assignments of histone H2A. Our data indicate that the H2A
N- and C-terminal regions, including the aN element and
docking domain, have increased flexibility compared to the
core, and that its N- and C-terminal tails are highly dynamic,
yet DNA-bound. It is noteworthy that these regions are rich
in post-translational modifications, suggesting that the struc-
tural flexibility may be exploited by the enzymes that install,
read, or remove these epigenetic marks. In addition, this is the
first high-resolution study of histone structure and nucleo-
some binding in the crowded, solvated environment of the
sediment, thereby mimicking the cellular conditions. Next to
this biochemical insight, our approach provides a starting
point for the more detailed analysis of the structure and
dynamics of nucleosome complexes using the entire toolbox
of biomolecular ssNMR spectroscopy. Whereas the solution
NMR methyl-TROSY approach[24] is superior in terms of
spectral sensitivity and resolution,[25] the approach described
here enables the observation of all non-proline residues on
the interface and poses fewer labeling requirements. Even
though fractional deuteration and considerable measurement
times are required, a major advantage is the lack of an
intrinsic size limit for ssNMR, making the approach extend-
able to studies of larger complexes, including larger chroma-
tin substrates such as nucleosomal arrays. We anticipate that

in particular for dynamic complexes, for interactions with
smaller proteins that cannot easily be captured by cryo-EM or
crystallography, or when plasticity of histones is thought to
play a role,[26] the use of sedimented nucleosome–protein
complexes will be an effective and complementary method in
the structural biology of chromatin function.
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