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Age-related macular degeneration (AMD) affects millions of
individuals worldwide and is a leading cause of blindness in
the elderly. In dry AMD, lipoproteinaceous deposits called dru-
sen accumulate between the retinal pigment epithelium (RPE)
and Bruch’s membrane, leading to impairment of oxygen and
nutrient trafficking to the neural retina, and degeneration of
the overlying photoreceptor cells. Owing to key differences in
human and animal ocular anatomy and the slowly progressing
nature of the disease, AMD is not easily modeled in vivo. In this
study, we further characterize a “drusen-in-a-dish” primary
porcine RPE model system by employing vital lipid staining
to monitor sub-RPE deposition over time in monolayers of
cells cultured on porous transwell membranes. We demon-
strate for the first time using a semi-automated image analysis
pipeline that the number and size of sub-RPE deposits in-
creases gradually but significantly over time and confirm that
sub-RPE deposits grown in culture immunostain positive for
multiple known components found in human drusen. As a
result, we propose that drusen-in-a-dish cell culture models
represent a high-throughput and cost-scalable alternative to
animal models in which to study the pathobiology of drusen
accumulation and may serve as useful tools for screening novel
therapeutics aimed at treating dry AMD.

INTRODUCTION
Age-related macular degeneration (AMD) is estimated to affect
approximately 8.7% of all individuals between the ages of 45 and 85
years and is a leading cause of blindness among the elderly world-
wide.1,2 This disease is classified into dry and wet forms, the former
of which accounts for approximately 90% of all AMD cases and is
commonly characterized by the abnormal accumulation of sub-retinal
pigment epithelium (RPE) deposits called drusen.3–6 When drusen
developwithin themacular region, they are hypothesized to contribute
to AMD pathology directly by interfering with nutrient and oxygen
cycling between the RPE and underlying choroid, resulting in a toxic
buildup of waste products and ischemia, which culminates in RPE,
photoreceptor atrophy, and progressive loss of central vision.7–9 In
approximately 10% of cases, the individual will progress from dry to
wet AMD, which is characterized by vascular invasion into the retinal
layers from the choroid, often through areas where the RPE barrier has
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been disrupted, leading to rapid vision loss from retinal hemorrhage,
edema, and inflammation.5,6WhilewetAMDcan be treated effectively
through periodic bolus dosing of vascular endothelial growth factor
(VEGF) inhibitors to prevent neovascularization, and two new thera-
peutics for late-stage dry AMD known as geographic atrophy, gained
USFood andDrugAdministration approval in 2023 (avacincaptad pe-
gol and pegcetacoplan), early to intermediate dry AMD remains
without any effective treatment at early stages beyond dietary supple-
mentation with zinc, antioxidants and carotenoids via AREDS (Age-
Related Eye Disease Studies) vitamins.4,9–16

Although the exact nature of drusen accumulation and their role in
AMD pathobiology is still debated, the dynamics and composition
of drusen extracted fromhuman retinae have been extensively studied,
with deposits known to contain approximately 40%–60% lipid, with
the remaining deposit volume consisting of proteins (e.g., apolipopro-
teins and components of the complement cascade and basementmem-
brane) and minerals (e.g., hydroxyapatite) that vary depending on the
anatomical location (central versus peripheral) and drusen type (e.g.,
hard, soft, reticular-pseudo).9,17,18 Interestingly, particularly in the
context of the “oil spill” hypothesis of drusen formation, sub-RPE de-
posits have been observed to be very dynamic, constantly growing or
shrinking throughout their life cycle, and eventually disappearing
once the overlying RPE cells have atrophied and clearance of deposited
material through choroidal outflow can reassert itself.9,19–24

Owing to their complex and varying composition, deposition over
long time scales, and dynamic nature, drusen have been extremely
difficult to model convincingly. While there are numerous genetic
and environmental animal models of AMD that mimic individual
characteristics of the disease pathology (e.g., sub-RPE deposit forma-
tion, RPE atrophy, photoreceptor cell death) no animal model accu-
rately recapitulates all aspects of dry AMD disease pathology and pro-
gression.4,25–31 Indeed, one notable and critical limitation to the use of
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animal models when studying AMD pathology is that with the excep-
tion of non-human primates (NHPs) and certain lizard (e.g., anoles)
and bird (e.g., raptors) species, the majority of animals utilized in sci-
entific research lack a defined (i.e., excavated, avascular, and contain-
ing almost exclusively cone photoreceptors) macula or fovea. In addi-
tion to a lack of a macula and other anatomical differences such as a
lack of retinal vasculature, the largest risk factor for AMD develop-
ment is advanced age, and most animal species do not have long
enough lifespans to accumulate pathogenic numbers of drusen lead-
ing to RPE and photoreceptor atrophy, even in NHPs aged over
several years.32

As a result of the limitations with animal models, the relative rarity of
human donor tissue with confirmed AMDpathology, and the inability
to perform experiments on such tissue beyond histology, there has
been substantial interest in the development of novel cell and tissue
culture model systems for use in AMD research. Specifically, cell cul-
turemodels potentially offer a high-throughput, low-cost, and easy-to-
manipulate system in which to model at least the initial stages of dru-
sen formation, such as their deposition, growth, and dynamics, and
screen the effectiveness of novel therapeutics aimed at manipulating
drusen pathobiology. Here, we build upon several previous reports
of “drusen-in-a-dish”models, wherein primary or induced pluripotent
stem cell (iPSC)-derived RPE cultured as monolayers for extended pe-
riods of time on a porous support have been observed to develop sub-
RPE deposits characteristic of human drusen.33–35 Specifically, for the
first time, we longitudinally characterize the development, composi-
tion, and dynamics of sub-RPE deposit formation over a period of
6 months using a combination of repetitive fluorescence microscopy
and cross-sectional histology and employ a semi-automated analysis
pipeline to accurately quantify sub-RPE deposit number and size
over time. As such, this study provides the first metrics of longitudinal
sub-RPE deposit dynamics in a primary RPE culture system and may
serve as a model for screening therapeutics aimed at limiting drusen
accumulation or shrinking drusen size, an important consideration
where the presence of large, soft, or confluent drusen is a hallmark
of AMD and is directly correlated to the progression of retinal atrophy
and the risk of neovascularization.13,19

RESULTS
Sub-RPE deposit number increases gradually with extended

culture duration

Primary porcine RPE cells were isolated on four separate occasions
(12–15 wells per isolation, 51 wells total) and cultured on transwell tis-
sue culture inserts for a period of up to 24weeks, duringwhich time the
total number of sub-RPEdeposits perwell was visualized at 4, 8, 12, 16,
20, and 24 weeks using repetitive epi-fluorescence imaging following
staining withNile red, a non-toxic vital dye that is strongly fluorescent
only in hydrophobic environments anddoes not “dissolve the lipids.
it reveal[s].”36,37 To confirm that deposits stained using the Nile red
vital dye truly correspond to protein containing sub-RPE deposits,
immunohistochemistry was performed at each time point to allow
the pattern of lipid staining via Nile red to be compared directly to
that of a major protein component of drusen, apolipoprotein E
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(APOE; Figure S1). At each time point, an almost identical pattern
of staining was observed following Nile red and APOE co-staining,
strongly indicating that deposits identified through repetitive vital
stainingwithNile red are truly sub-RPE deposits that also containma-
jor protein components observed in human drusen.

Tiled images of each entire well (Figure 2A) were captured to prevent
area selection bias, and the resulting images were processed using a
custom quantification program that automatically masks, binarizes,
and thresholds each image (Figure 1) before quantifying the number
of discrete fluorescent “blobs” above 700 mm2 in total area (approxi-
mately 30 mm in diameter), which has been defined as the lower size
limit for drusen to be clinically relevant in human patients with
AMD.38,39

At 4 weeks post-isolation, the number of Nile-red positive sub-RPE
deposits was low (mean = 38.71 ± 22.54 deposits per well) and showed
little variability, with 82% of all wells falling within 1 SD (16.17–61.25
deposits per well) across all preparations (Figure 2B). Linear regres-
sion analysis (Figure S2) reveals an upward trend (slope = 0.7049) in
sub-RPE deposit number over time that is significant (p = 0.001111)
when the intercept is anchored on the assumption that the number
of deposits at the time of cell seeding is zero (Figure S2A); however,
it was not possible to empirically quantify deposit numbers at that
early time point (see discussion). Groupwise comparison (one-way
ANOVA with Tukey post-test) reveals a significantly greater number
of sub-RPE deposits at 20 weeks (130.2 ± 144.5) compared to 4 weeks
(38.71 ± 22.54; p = 0.0021) across all wells (Figure 2B), indicating a net
accumulation of sub-RPE deposits with increasing culture age.

Interestingly, when comparing only samples that survived
throughout the entire study to the 24-week endpoint, this trend is still
apparent, but no longer statistically significant (Figures 2B and S2B).
At the 24-week endpoint, the mean number (91.44 ± 109.2) of sub-
RPE deposits was observed to be slightly but not statistically lower
relative to 20 weeks (Figures 2B and 2C); however, it is unclear
whether this represents a true reduction in net deposit number or is
an artifact of reduced power owing to high levels of well dropout at
the final time point (see discussion).

Sub-RPE deposit area increases significantly with culture

duration

In addition to quantifying the net accumulation of sub-RPE deposits
over time, another key aspect of our model system is the ability to
accurately measure the size of sub-RPE deposits, metrics which
may be critical for screening novel therapeutics aimed at reducing
drusen burden in AMD by reducing lipid/protein deposition. Sub-
RPE deposits were observed to be relatively but not significantly
smaller at the 4-week time point (N = 51 wells; median area =
1,253 mm2) compared to both 16-week (N = 12 wells; 1,474 mm2)
and 20-week (N = 10 wells; 1,583 mm2) time points (Figure 3A).While
these results are not significant (one-way ANOVA with Tukey post-
test), linear regression reveals a positive trend in median values (R2 =
0.5029), indicating that sub-RPE deposits increase gradually in size
er 2024



Figure 1. Sub-RPE deposit counting

A rectangle circumscribed by the interior wall of the well was defined on the raw image (A) to generate a circular mask (blue), outside of which pixel intensity was set to black

(B). The image was binarized relative to background noise (B1) before initial deposit candidates were identified via blob analysis (B2). Size-adjusted deposits larger than 30 mm

diameter were included for characterization (B3). Deposits were overlaid against the unprocessed, masked image to manually corroborate automated deposit detection (C).

Scale bars (A–C), approximately 1 mm; (B1–B3), approximately 250 mm.

www.moleculartherapy.org
over time (Figure 3B). Interestingly, these results gain significance
when comparing only samples that survived to the 24-week endpoint,
where we observed a statistically significant increase in median depo-
sit area between the 4-week time point (1,213 mm2) and both 16-week
(1,590 mm2; p = 0.0427) and 20-week (1,622 mm2; p = 0.0141) time
points (N = 9) (Figures 3C and 3D).

To determine whether the observed increase in sub-RPE deposit area
over time was due to a uniform increase in the size of all deposits, we
plotted the size distribution of individual deposits across every well
for each time point. The area distribution at all time points revealed
a pronounced rightward skew toward there being a greater number
of smaller deposits irrespective of culture age (Figure 3E). However,
the size distribution was the most heavily right leaning at the
4-week time point, with a skewedness coefficient of 21.78 (Figure 3E).
Skewness subsequently decreased to 12.46 at 8 weeks (Figure 3E),
after which time, the skewness coefficient fell in the range of 3.063–
3.309 for all subsequent time points (Figure 3E), indicating the forma-
tion of relatively larger deposits. When analyzed via Kolmogorov-
Smirnov test, these results show statistically significant changes in
distribution at the 12- (p = 0.0003), 16- (p = 0.0002838), 20- (p =
7.317e�7), and 24-week time points (p = 5.539e�013) when
compared to the initial 4-week size distribution (Figure 3E). In agree-
Molecular T
ment with this finding, we observed via microscopy that the size of
individual sub-RPE deposits was dynamic, and the majority of de-
posits that could be identified over multiple time points appeared
to obviously increase in area (Figure S3).

Cross-sectional histology reveals presence of known drusen

components is dynamic over time

In addition to performingNile red staining at all time points—which al-
lows for lipid containing sub-RPE deposits to be repetitively and non-
invasively visualized over time for the purpose of quantifying number
and size—wewanted togain further insight into thedynamics of protein
accumulation in sub-RPE deposits using cross-sectional histology and
immunofluorescence staining. Compositionally, sub-RPE deposits
showed positive immunofluorescence staining for numerous protein
species known to be present in human drusen, including APOE,
APOJ, complement factor H (CFH), complement factor I (CFI), and
complement component 9 (C9) throughout many of the time points,
lending credibility that such model systems recapitulate important fea-
tures of drusen formation. Interestingly, we consistently observed
changes in collagen V deposition over time. Specifically, areas of
collagen V enrichment were sparse at the early 4- and 8-week time
points, but by 12 weeks post-isolation the majority of wells examined
consistently exhibited long “rafts” of collagen V located basally to the
herapy: Methods & Clinical Development Vol. 32 December 2024 3
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Figure 2. Total count of sub-RPE deposits over time

RPE were stained at each time point with Nile red lipid

stain, and the entire well was imaged using tiling software.

Deposits were quantified, and mean count with SD was

reported at each time point for all wells (A). Mean total

count with SD was also analyzed including only wells that

survived to the 24-week endpoint (B). Data were analyzed

with one-way ANOVA with Tukey’s multiple comparisons.

**p < 0.01.
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RPE, which may be analogous to thickening of Bruch’s membrane, a
commonpathogenic feature of the very earliest stages of dryAMD (Fig-
ure 4A). Conversely, CFH staining showed the greatest enrichment
levels at earlier timepoints, but deposits decreased as the RPE aged (Fig-
ure 4B). Vitronectin staining remained relatively consistent until
24 weeks post-isolation at which point staining intensity noticeably
decreased in all wells examined and across all preparations (Figure 4C).
Immunofluorescence staining for other components (e.g., CFI, APOE,
APOJ) did not yield any obvious or consistent alterations between
time points (Figures S4 and S5). Upon bright-field imaging, RPE cell
morphology remained consistent throughout the 16-week time point.
At 20 weeks post-isolation, sub-RPE deposits became larger and more
visually evident in cross-section (red arrow, Figure 4D). Meanwhile,
at the 24-week time point, RPE morphology became abnormal as cell
structures became more irregular, and increasing cellular debris indi-
cated a decrease in overall cellular health (Figure 4D).
RPE preparations demonstrate variable survival over long

culture periods

The long-term survival and integrity of the RPE monolayers is a key
variable that directly affects the ability to quantify metrics (e.g., sub-
RPE deposit number and size) reliably and reproducibly over time in
response to experimental manipulation. To confirm that RPE cells as-
sume and maintain a continuous monolayer with “cobblestone”
morphology and express tight junction markers, which are indicative
of the epithelial layer being mature and forming a continuous selec-
tively permeable barrier, we performed immunohistochemistry for
the presence of zonula occludens-1 (ZO-1) at each time point. At
earlier time points (4–12 weeks), the primary porcine RPE forms a
regular polygonal lattice consisting of largely mononucleated cells
(Figures 5A–5C). From 16 weeks onward, RPE cell size appears to in-
crease and the cobblestone morphology becomes increasingly irreg-
ular, with the appearance of anucleate cells by 20–24 weeks, which
together suggest a decline in monolayer health over time and RPE
cells expanding to maintain membrane integrity in areas of cell death
(Figures 5D–5F).

Overall, RPE survival to the 12-week time point was 35.71%, with
endpoint survival at 24 weeks just 23.8% (Figure 6A). Interestingly,
survival was highly variable between isolations, with zero wells
4 Molecular Therapy: Methods & Clinical Development Vol. 32 Decemb
from preparation 2 surviving to the 12-week time point, while 70%
of RPE wells from preparation 3 survived to the same point. Endpoint
survival was similarly dependent upon isolation, with survival per-
centages for preparations 1–4 of 25%, 0%, 30%, and 40%, respectively
(Figure 6B).

Deposit count is also variable between isolations.When comparing all
wells, there are no significant differences in mean deposit count or
mean deposit area between isolations (Figures 6C–6E). However,
when comparing only the wells that survived to the 24-week endpoint
(N = 9), there are statistically significant differences between isola-
tions (Figures 6D–6F). While the total number of deposits and depo-
sit area cluster closely at the 4- and 24-week time points, when
analyzed via two-way ANOVA with Tukey’s multiple comparisons,
there are significant differences between preparations at all other
time points. This is especially evident at the 16- and 20-week time
points, where preparation 4 shows statistically significant increases
in mean deposit count versus preparation 1 (p = 0.0462) and prepa-
ration 3 (p = 0.0364; Figure 6D), and at the 16-week time point, the
mean deposit area of preparation 3 is statistically different from
that of preparation 1 (p = 0.0430) and preparation 4 (p = 0.0201;
Figure 6F).
DISCUSSION
AMD is the leading cause of blindness in older adults, affecting
approximately 200 million individuals worldwide and an estimated
8.7% of the population aged between 45 and 85 years.1,2 Although
the major vision-threatening symptoms of late-stage exudative dis-
ease, choroidal neovascularization and macular edema, are treatable
through repetitive bolus dosing of VEGF inhibitors, dry AMD, which
represents the majority (�85%) of cases, is effectively untreatable
beyond attempting to limit the risk of progression from early- to
late-stage disease through dietary supplementation of zinc, antioxi-
dants, and carotenoids.13,14 One substantial barrier preventing the
development of novel therapeutics for the treatment of dry AMD is
the lack of model systems that accurately recapitulate the major path-
ogenic lesions of early-stage disease, namely the sub-RPE accumula-
tion of drusen.13,40–42 In this study, we describe a primary porcine cell
culture model that provides a high-throughput and cost-scalable
approach to modeling the dynamics of drusen accumulation,
er 2024
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Figure 4. Histology and immunofluorescence of primary RPE

Primary RPE transwells were fixed and cryosectioned at each time point. Sections were probed for collagen V (A), CFH (B), and vitronectin (C) and visualized using confocal

microscopy. Bright-field images were acquired using light microscopy, with red arrow denoting visible deposit formation (D). Scale bars, approximately 10 mm.
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demonstrates that sub-RPE deposits grown in culture increase in both
number and size over time, and exhibits compositional similarities to
human drusen found in AMD.

Several previous studies have demonstrated that primary or iPSC-
derived RPE cells grown as a monolayer on a porous support (e.g.,
transwell membrane) over an extended culture period (i.e., weeks
or months) spontaneously develop sub-RPE lipoproteinaceous de-
posits that are compositionally and structurally similar to human dru-
sen.33–35,43,44 While it is encouraging that cultured RPE cells develop
such deposits, apparently regardless of their origin (e.g., primary or
iPSC derived) or host species (e.g., human, porcine, or mouse recov-
ered) and without outer-segment supplementation, no attempt has
been made to systematically characterize the dynamics of sub-RPE
deposit formation. As a consequence, this has substantially limited
the ability of the field to utilize these model systems to develop and
Figure 3. Area of sub-RPE deposits over time

Mean area of sub-RPE deposits was quantified at each time point for all wells. Median

analyzed using one-way ANOVA with Tukey’s multiple comparisons (A) and linear regres

endpoint (C and D). Size distributions for each deposit, including all RPE wells, were a

distribution). Size distributions are restricted to values under 8,000 mm2 for clarity (>99
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screen novel therapeutics aimed at modulating drusen pathobiology
in dry AMD. In this study, we employed a custom semi-automated
image analysis pipeline to quantify sub-RPE deposit number and
size, allowing us to demonstrate for the first time that lab-grown dru-
sen gradually grow in both quantity and size over time, with signifi-
cant increases evident by 16 to 20 weeks compared to baseline
(4 weeks). Importantly, this work provides fundamental metrics for
sub-RPE deposit accumulation and a time course that could be
used to set baseline expectations for the quantity and size of drusen
in response to treatment—for example, following administration
of peptides designed to reduced lipid load, such as APOA-I
mimetics.45,46

That the number and size of sub-RPE deposits could be quantified
using repetitive Nile red staining and fluorescence microscopy is a
major strength of the model, allowing the kinetics of drusen
values with 95% confidence intervals were determined for all wells, and data were

sion (B). Tests were also performed including only wells that survived to the 24-week

nalyzed using at each time point (E, Kolmogorov-Smirnov test versus 4-week size

.3% of all values); *p < 0.05.
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Figure 5. RPE morphology and tight junction

expression

RPE monolayers harvested at each time point (A-F) were

probed for ZO-1 to assess the presence of tight junctions

and visualize epithelial morphology. ZO-1 staining

revealed that RPE cells become increasingly dysmorphic

over time, with evidence of cellular swelling, anucleated

cells and areas of RPE cell death–> (*). Scale bar, 150 mm.
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accumulation to be modeled longitudinally. Similar to human drusen
observed in the eyes of patients with dry AMD using non-invasive
in vivo imaging techniques, such as confocal scanning laser ophthal-
moscopy, the sub-RPE deposits documented in this longitudinal
study persisted throughout multiple time points and were observed
to be dynamic, visibly growing, shrinking, or altering their shape
over the time course (Figure S3).9,19–24 This observation strongly im-
plies that sub-RPE deposit accumulation in tissue culture model sys-
tems may accurately mimic the dynamic deposition and clearance of
material proposed to occur in human disease, where drusen forma-
tion likely arises due to an imbalance between the aggregation of
RPE-/photoreceptor-derived waste products and their clearance via
the choroidal circulation.9 While the current iteration of our image
analysis code focuses only on quantifying deposit number and size
globally across the well at each individual time point, because drusen
are not mobile (i.e., they do not migrate laterally within the well) and
transwell membranes can be consistently oriented during imaging, it
may be possible to expand our pipeline to measure the size changes of
individual deposits longitudinally by registering location to known
landmarks, such as the well edges. Implementing this feature may
be of particular importance if using this model system to study the ef-
fects of novel therapeutics aimed at reducing sub-RPE deposit size in
particular, where it would be necessary to identify and track each sub-
RPE deposit individually to examine the effect of therapy on growth/
size.47

The necessity to visualize sub-RPE deposits using repetitive staining,
rather than through some intrinsic property such as autofluores-
cence or reflectance as is possible using in vivo imaging of human
patients with AMD, does represent a potential limitation of this
model system.48,49 Here, we utilized Nile red, which is a lipophilic
dye that fluoresces strongly only in the presence of lipids and is
Molecular Therapy: Methods & C
compatible with most aqueous systems once
solvated (e.g., in a polar solvent like acetoni-
trile), making it an ideal vital stain that can
be used to detect the accumulation of lipid-
rich deposits or droplets in living cells.36 First,
this means that Nile red can only be used to
visualize sub-RPE deposits that contain a sub-
stantial proportion of neutral or polar lipid
species, and cannot visualize deposits substan-
tially comprising protein or mineral species,
such as hydroxyapatite. As a consequence, it
is likely that our approach underestimates
the overall number of sub-RPE deposits as it
cannot visualize accumulations containing minimal lipid that may
be more reminiscent of “hard drusen.” Unfortunately, to the au-
thors’ knowledge, there is no equivalent generic vital dye for staining
proteins that could be used alongside Nile red to expand our staining
protocol and ensure that all sub-RPE deposits are visualized regard-
less of composition. Second, as Nile red is internalized within the
cell, the dye cannot be washed out, where loss of fluorescence occurs
gradually following natural elimination of the dye from the cell. This
has the effect of decreasing the resolution at which imaging can be
performed—in this case to monthly assessments—as it is necessary
to wait an extended period for the dye to be eliminated completely
before re-staining the same cells. Third, as Nile red dye is supplied in
the media, it is necessary to wash off excess dye prior to visualization
to prevent overaccumulation that would increase background fluo-
rescence levels; as such, it is likely not possible to stain at very early
time points (<7–10 days) immediately following RPE isolation,
where washing would disrupt cell attachment to the porous support.
This inability to easily visualize sub-RPE deposit formation at very
early time points may be problematic; we noted a relatively large
number of smaller deposits already present at 4 weeks, indicating
that drusen accumulation occurs relatively rapidly following cell
seeding (Figure 2). While we did not attempt time points earlier
than 4 weeks in the present study, we believe that if sufficient care
were taken, then it may be possible to stain for sub-RPE deposits
as early as 10 days post-isolation without adversely affecting mono-
layer integrity, thereby providing an earlier insight into sub-RPE de-
posit accumulation in this system. If staining with Nile red at time
points earlier than 4 weeks cannot be performed without mechanical
disruption of the RPE monolayer, however, then the utility of this
model system may unfortunately be limited to the evaluation of
therapeutics aiming at reducing the number or size of preexisting
drusen, rather than those aimed at preventing deposition.
linical Development Vol. 32 December 2024 7
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Figure 6. Survival and variability in deposit quantity and size between RPE preparations

RPE whole-well survival at each time point was determined and plotted with RPE preparations combined (A) and separated (B). Mean number of deposits with SD at each

time point was graphed based on individual preparations, including all wells (C) and only those surviving to the 24-week endpoint (D). Mean deposit area with SDs for each

preparation were determined for all wells and graphed including all wells (E) and endpoint surviving wells only (F). Count and area data were analyzed using two-way ANOVA

with Tukey’s multiple comparisons. *p < 0.05.
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To our knowledge, this study is the first to empirically examine the
survival of primary RPE monolayer cultures over time and the vari-
ability of deposit formation between RPE isolations, both critical vari-
ables affecting model usability. RPE survival across all preparations
was observed to be high at early time points—100% up to
8 Molecular Therapy: Methods & Clinical Development Vol. 32 Decemb
8 weeks—but dropped precipitously throughout the experimental
time course, reaching 23.8% mean survival at 24 weeks (Figure 6).
This suggests that studies requiring long-term follow-up would
benefit from being appropriately powered to account for >75% well
loss over 6 months of culture. While the low survival rate over time
er 2024
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was largely a result of periodic infections that necessitated wells be
disposed of, despite all cell cultures being performed in a sterile
manner in a biosafety cabinet and with the addition of antibiotics
and antimycotics to the culture medium, staining for the tight junc-
tion marker ZO-1 also demonstrated a progressive reduction in the
health and integrity of the RPE monolayer over the experimental
time course (Figure 5). The observation that decreasing cellular health
and monolayer integrity occurs in parallel with an increase in the
number and size of sub-RPE deposits may be particularly relevant
for the use of such culture systems as models of AMD. Specifically,
if decreased RPE cell health and survival are related to the accumula-
tion of large sub-RPE deposits, then this would closely model the oil
spill hypothesis of AMD pathogenesis, wherein drusen are proposed
to be directly pathogenic and their accumulation causes death of the
overlying RPE by inhibiting oxygen and nutrient exchange and the
elimination of cytotoxic waste products between the cells and
the choroid.9,50,51 As such, experimentally validating whether the
accumulation of sub-RPE deposits directly affects the health of the
RPE monolayer would be a critical next step in the development of
this and other drusen-in-a-dish model systems. This could be
achieved either through manipulation of the culture system to
decrease or increase the number of drusen present, such as by supple-
menting the culture media with lipids or other drusen components to
accelerate their growth, or by comparing RPE harvested and plated
directly as in our system with primary RPE that have been passaged,
which prevents the accumulation of drusen through a mechanism
that is incompletely understood.33

When assessing only those wells that survived to 24 weeks, there is a
statistically significant variability in deposit number and size by prep-
aration, particularly at intermediate time points (i.e., 12 to 20 weeks),
indicating that the dynamics of drusen accumulation may in some
way be dependent upon the health of the donor tissue or success of
the isolation, although we tried to control for both these variables
by sourcing fresh tissue and having tissues be processed immediately
by the same investigator for each preparation. Despite these efforts at
standardizing tissue collection and processing, the authors acknowl-
edge that several other variables exist, such as time from euthanasia
to enucleation or age of the slaughtered animals, which are not easily
controllable without using laboratory-sourced animals (i.e., swine
born and housed in a vivarium for the purpose of being tissue donors)
and may affect batch-to-batch survival and cellular health. In any
case, it suggests that when using any RPE primary culture model,
the effects of any intervention should be screened across multiple in-
dependent isolations and averaged to account for inter-preparation
variability.

The authors hope that the custom semi-automated code developed
as part of this study, which has been made available as shareware via
GitHub, may facilitate more widespread adoption of drusen-in-a-
dish model systems by dramatically decreasing the time required
to perform quantification of sub-RPE deposits. Although we did
not empirically measure the amount of time taken to perform
manual quantification of drusen number during calibration (Fig-
Molecular T
ure S7), the semi-automated pipeline runs in <3 min with minimal
human input and is likely at least one order of magnitude quicker.
Importantly, the inclusion/exclusion criteria that determines which
signals on our binarized maps are classified as a sub-RPE deposit are
based upon a pre-defined size constant. As such, quantification is
completely objective, in stark contrast to manual methods, where
the decision to include or exclude a signal is highly subjective and
would likely vary significantly between multiple human graders as-
sessing the same image set. Indeed, the ability to objectively filter
drusen by size, and to use that output to also generate longitudinal
measurements of sub-RPE deposit area over time, is a major
strength of our semi-automated pipeline, which would not have
been possible using a manual approach. Although the size constant
can be set at any value to prioritize inclusion of smaller or larger sig-
nals, in this study it was defined as being 1,590 square pixels. Ac-
counting for the magnification factor of our imaging objective,
this corresponds to a deposit with a diameter of �30 mm, which is
defined as being the smallest size for a clinically relevant drusen in
humans.38,39 Interestingly, setting drusen size at the 1,590 square
pixels threshold did lead to the automated pipeline apparently
undercounting deposit numbers compared to manual counts con-
ducted on the same subset of images (N = 10; Figure S7), although
it is unclear without performing multiple manual comparisons
against masked graders whether this is a systematic error inherent
to the pipeline code that may require compensation. Regardless of
whether there is an inherent bias toward underidentification, how-
ever, the benefits of employing a semi-automated quantification
approach in terms of increased image processing speed, subject ob-
jectivity, and the type of data generated (e.g., number and area) sub-
stantially outweighs any concerns when compared to the manifest
issues with performing such an analysis manually.

In summary, we present a detailed characterization of longitudinal
sub-RPE deposition in a primary porcine tissue culture system that
may be used to model early drusen biogenesis and pathobiology.
Despite several limitations highlighted above, importantly, such
model systems may be used to screen the effects of novel therapeutics
aimed at modulating drusen number and size, potentially leading to
the development of alternative treatments for dry AMD.

MATERIALS AND METHODS
Primary porcine RPE isolation and culture

Primary porcine RPE isolation and culture were carried out accord-
ing to our previously published protocol.43 Briefly, fresh porcine
eyes were obtained from a local abattoir less than 6 h postmortem
and were kept on wet ice (�4�C) during transportation (<1 h). After
the eyes were thoroughly disinfected by immersion in povidone
iodine preparation solution, the cornea, lens, vitreous body, and
retina were removed mechanically to expose the RPE. The primary
RPE was isolated via enzymatic dissociation using two 30-min incu-
bations in 0.25% trypsin in L-15 media at 37�C. After recovery, cells
were incubated in 1% DNase I for 2 min and purified via centrifu-
gation on a 40% Percoll cushion with 0.01 M Na2PO4 and 0.15 M
NaCl (pH 7.4). Isolated RPE cells were plated directly on the upper
herapy: Methods & Clinical Development Vol. 32 December 2024 9
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Table 1. Sample numbers of Nile red stained RPE by preparation

Preparation 4 weeks 8 weeks 12 weeks 16 weeks 20 weeks 24 weeks

1 15 6 3 3 3 3

2 12 5 – – – –

3 12 8 8 5 3 2

4 12 9 7 4 4 4

Total 51 28 18 12 10 9
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chambers of 24-well polyethylene terephthalate transwell mem-
branes at a concentration of 25,000 cells per well (100,000 cells
per milliliter media) in DMEM, high glucose, and HEPES cell cul-
ture medium, with 10% fetal bovine serum and 1% antibiotic-anti-
mycotic. Primary RPEs were maintained in a 5% CO2 and 37�C
incubator, with partial media changed performed every 3–5 days
for up to 24 weeks without passaging. Preparations were performed
by the same researcher each time, and tissue was retrieved from the
same supplier.
Nile red lipid staining, quantification, and analysis

The presence of lipid-containing sub-RPE deposits was assessed at 4,
8, 12, 16, 20, and 24 weeks post-isolation via staining with Nile red
(1 mg/mL; Thermo Fisher) dissolved in 100% acetone. Nile red was
diluted 1:1,000 in PBS and filtered using a 30-mm filter to remove
any large particulates prior to staining. RPE cultures were first washed
once with pre-warmed PBS and incubated in Nile red-PBS solution
for 15 min at room temperature. Nile red-PBS was subsequently
removed, and the cells were washed three times with PBS, during
which time the cells were protected from light exposure. Stained de-
posits were visualized using an epi-fluorescence microscope (Leica
DMIL), and the entire contents of each transwell membrane was
imaged using live tiling software (Image Pro Insight, Media Cyber-
netics). The numbers of surviving wells are listed in Table 1.
Semi-automated quantification of sub-RPE deposit number and

size

Tiled images encompassing the entire well area were uploaded to
MATLAB for image processing and deposit quantification. A rectan-
gular region extending from any four points at the well edge was
placed manually from which an inverse circular mask circumscribing
the rectangular region was generated for the purpose of excluding
tiling and reflective artifacts at the periphery of the images (Fig-
ure 1A). Masked images were stored as 8-bit grayscale images for im-
age processing. The local SD at each pixel in a 7.3 � 7.3-mm (11
pixel � 11 pixel) neighborhood was used to filter the image for rela-
tive changes in local variance and was binarized according to whether
the local variance exceeded background variance (Figure 1B1).
Following binarization, the native MATLAB cell-counting algorithm
(blob.analysis) was employed to identify all deposit candidates above
a minimum size of 15 mm in diameter (Figure 1B2). In addition to
quantifying deposit number, the area was calculated using a bounding
box analysis that assumed that deposits were ellipsoid and solid.
10 Molecular Therapy: Methods & Clinical Development Vol. 32 Decem
Based on the magnification factor of our microscope (Leica DMIL,
10� objective), in our images a 30-mm diameter circle corresponds
to an area of 1,590 square pixels; as such, deposits with bounding
boxes where the area of the largest inscribed ellipse was less than
1,590 square pixels were excluded from analysis (Figure 1B3). Before
final deposit quantification, a simple user interface utilizing deposit
indices was output from the cell-counting algorithm to allow for
the manual exclusion of blobs from analysis, if necessary, such as
where deposits were obscured by apparent debris, overlapping, or
overestimated in regions of high cellular autofluorescence. Once
size and manual exclusions were complete, the indexed deposits
were updated, and characterizations of the deposits were stored and
summarized for export. Images at each stage of processing were saved
automatically, including an overlay of the final selected deposits and
the raw, masked image for visual corroboration of the data (Fig-
ure 1C). The source code and example data for this pipeline are avail-
able as open source at https://github.com/daniellipinski/RPE_blob_
analysis_pipeline.
Immunofluorescence

At each time point, one well from each RPE preparation (N =
4; weeks 4, 8, and 12 from preparations 1–4); N = 3; weeks 16,
20, and 24 weeks from preparations 1, 3, and 4) were fixed for his-
tological analysis. Cells were washed once with PBS and fixed in
4% paraformaldehyde in PBS for 30 min at room temperature.
Transwell membranes were cryoprotected using sucrose series,
cryosectioned, and stained according to previously published pro-
tocols.43 Slides were permeabilized for 20 min in 1% Triton X-100
in PBS, blocked for 1 h at room temperature (25�C) in 10% normal
donkey serum in 0.05% PBS-Tween (PBST), and incubated with
primary antibody overnight at 4�C in 2.5% normal donkey serum
in PBST, with three washes in PBST between steps. After removal
of primary antibody and three washes in PBST, slides were incu-
bated for 1 h at 25�C in an appropriate secondary antibody
(AlexaFluor, Thermo Fisher Scientific) at 1:1,000 dilution in
0.1% Triton X-100, washed in PBST, and then counterstained
with Hoechst 33342 and mounted. Antibodies and dilutions can
be found in Table 2.
Statistics

Sub-RPE deposit quantities and areas were analyzed using one-way
ANOVA with Tukey multiple comparisons test (95% confidence
level, a = 0.05) to compare quantities between time points. Size dis-
tributions were analyzed using the Kolmogorov-Smirnov test. Vari-
ability between preparations was analyzed using two-way ANOVA
with the Tukey multiple comparisons test. All statistical analyses,
linear regressions, frequency distributions, and graphs were generated
using GraphPad Prism 10.
DATA AND CODE AVAILABILITY
Source code and example data are openly available at https://github.com/daniellipinski/
RPE_blob_analysis_pipeline. All other data will be made available upon reasonable
request to the corresponding author.
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Table 2. Antibodies and concentrations

Reagent Figure Concentration Supplier Identifier

Collagen type V polyclonal antibody 4A 1:200 Thermo Fisher Scientific Rockland 600-401107-01

Complement factor H monoclonal antibody 4B 1:100 Thermo Fisher Scientific Invitrogen GAU 018-03-03

Vitronectin polyclonal antibody 4C 1:100 Thermo Fisher Scientific Proteintech 15833-1-AP

Complement factor I polyclonal antibody S4A 1:100 Thermo Fisher Scientific Invitrogen PA5-96371

Complement C9 polyclonal antibody S4B 1:100 Thermo Fisher Scientific Invitrogen PA5-29093

Laminin monoclonal antibody S4C 1:100 Thermo Fisher Scientific Invitrogen MA1-06100

APOEpolyclonal antibody S5A 1:100 Thermo Fisher Scientific Invitrogen PA5-18361

APOJ polyclonal antibody S5B 1:100 Thermo Fisher Scientific Invitrogen PA5-46931
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