
ll
OPEN ACCESS
iScience

Article
Endothelial tissue remodeling induced by
intraluminal pressure enhances paracellular solute
transport
Jean Cacheux,
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Endothelial tissue remodeling induced
by intraluminal pressure enhances
paracellular solute transport

Jean Cacheux,1,2,6 Aurélien Bancaud,1,2,3,6,7,* Daniel Alcaide,1 Jun-Ichi Suehiro,4 Yoshihiro Akimoto,5

Hiroyuki Sakurai,4 and Yukiko T. Matsunaga1,2,*

SUMMARY

The endothelial layers of the microvasculature regulate the transport of solutes
to the surrounding tissues. It remains unclear how this barrier function is affected
by blood flow-induced intraluminal pressure. Using a 3D microvessel model, we
compare the transport of macromolecules through endothelial tissues at mechan-
ical rest or with intraluminal pressure, and correlate these data with electron mi-
croscopy of endothelial junctions. On application of an intraluminal pressure of
100 Pa, we demonstrate that the flow through the tissue increases by 2.35 times.
This increase is associated with a 25% expansion of microvessel diameter, which
leads to tissue remodeling and thinning of the paracellular junctions. We recapit-
ulate these data with the deformable monopore model, in which the increase in
paracellular transport is explained by the augmentation of the diffusion rate
across thinned junctions under mechanical stress. We therefore suggest
that the deformation of microvasculatures contributes to regulate their barrier
function.

INTRODUCTION

Endothelial layers constitute physical barriers that act as gateways between the blood and the surrounding

tissues.1,2 They mediate exchanges of molecules, such as water, oxygen or proteins, and hence contribute

to tissue homeostasis. Dysregulation of the barrier function contributes to the pathophysiology of many

diseases, including cancer and infections. Endothelial tissues also constitute physical barriers that

have to be crossed for efficient delivery of therapeutic agents.3 The passage of solutes across these barriers

occurs via two non-mutually exclusive mechanisms of transcellular and paracellular transport.4 The trans-

cellular route crosses apical and basal cell membranes and is mostly mediated by transcytosis, an en-

ergy-dependent trafficking of vesicles across the endothelium,5 or the dynamic formation of patent open-

ings.6 In contrast, the paracellular pathway, which passes through intercellular spaces between contacting

cells,7 is considered to be passive. It is maintained by the interendothelial junctions, which are mediated by

tight junction proteins and adherens junction proteins,8,9 and/or by rearrangement of their architecture.

Although the relative strength and size selectivity of paracellular versus transcellular pathways is tissue-spe-

cific and remains the subject of intense research in vivo,10–12 it is considered that, except for cerebral

capillaries in which tight junctions are most abundant,13 small hydrophilic molecules transit through the

paracellular route in other microvasculatures.14–16

In 2D cell culture systems, the paracellular transport pathway is most frequently characterized by trans-

endothelial electrical resistance (TEER).17–19 This technique, which consists in recording the ionic current

across a cell tissue on application of an electric field, provides a readout that correlates with the structural

integrity of endothelial barriers. Paracellular transport can also be assayed by the leakage or macromolec-

ular assay (MA), which consists in tracking the temporal20–23 or spatial24,25 redistribution of fluorescently

labeled hydrophilic dextran through the tissue.26 The readout of the MA is most frequently the diffusive

permeability, which can be used to model the intercellular spaces as pores of characteristic diameter

�5 nm for mesenteric capillaries.7 This estimate is however obtained in the absence of intraluminal pres-

sure, and the consequences of this constitutive cue of the vascular system on transport across the endothe-

lium remain unclear.27 The pressure gradient across the barrier is indeed expected to create a flow in the
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intercellular gaps, and in turn to enhance the apical to basal flux. However, whether diffusion or convection

is the dominant transport mechanism in the paracellular pathway is debated in the literature.28

In this study, we set up a tissue-engineering approach to compare the strength of paracellular transport in

endothelial tissues with or without intraluminal pressure. We use Human Umbilical Vein Endothelial Cells

(HUVECs), which represent a standard for in vitro studies of vasculature and angiogenesis29 with an endo-

thelial phenotypic response to mechanical stimulation.30,31 Using the transport at mechanical rest as a

reference, we prove that intraluminal pressure enhances paracellular flux by 135%, strains the tissue by

25%, induces reorganization of the cytoskeleton associated actin stress fiber formation, and remodels

the tissue though the formation of clusters of endothelial cells. Electron microscopic observation of inter-

cellular junctions shows that the thickness of the paracellular junctions decreases by� 50% in the stretched

regions of the tissue. We show that the conventional monopore model16 of paracellular transport, in which

the deformation of the tissue induced by intraluminal pressure is ignored, fails to account for this data. We

thus propose the deformable monopore model (DMM) to integrate the consequences of the morpholog-

ical change of paracellular junctions under pressure on barrier function properties.

RESULTS

Principle of the static and pressure assays

We fabricated microvessels (MV) in collagen gels of 200 mm in diameter and 6mm in length (Figures 1A and

1B and STAR Methods) following the protocols described by Matsunaga et al.32,33 After two days of matu-

ration in static conditions (i.e., without intraluminal pressure), wemounted a 3D printed device on top of the

MV chip to adjust the level of liquid in the inlets (Figure 1C), and in turn to monitor the conditions of trans-

port across the endothelial barrier. Specifically, the level of liquid over the two inlets and the collagen ma-

trix was even in the static assay (left panel in Figures 1D and 1E). We thus insured a constant pressure on the

basal and apical sides of the tissue, and the passage of fluorescent macromolecules across the barrier was

only forced by diffusion. In the pressure assay (right panel in Figures 1D and 1E), we did not fill the central

reservoir on top of the collagen gel with liquid to apply an intraluminal pressure of 100 Pa (1 cm of fluid

height difference). The fluid height difference then remained constant in the time course of the pressure

assay experiments that typically lasted two to 3 min because the permeation flow through the MV barrier

was too low to change the volume in the inlet reservoirs.

Models of the static and pressure assays

The static and pressure assays started by the injection of two dextran dyes in the lumen at t = 0. Their

spatial redistribution was then monitored by confocal microscopy in the equatorial plane of the MV.

Assuming an axisymmetric geometry, the dynamics of the concentration Cðr; tÞ of macromolecules in

the collagen matrix with r the distance to the center of the lumen and t the time is governed by Fick’s sec-

ond law of diffusion with convection:
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�
r
vC

vr

�
(Equation 1)

with D0 the tracer diffusion coefficient in collagen gels and V0 the permeation flow velocity across the bar-

rier (V0 is null in the diffusion assay and D0 is calibrated as described in Figure S1). The endothelial barrier

sets the flux of macromolecules per unit of tube length that leaks out from the lumen to the collagen. In the

static assay, this flux JDðtÞ is determined by the difference between the apical and basal concentrations Cin

and Cout , respectively, multiplied by the diffusive permeability LD
16,34:

JDðtÞ = 2pr0LDðCinðtÞ � CoutðtÞÞ (Equation 2)

with r0 the radius of the tube.

Convective and diffusive solute transport contribute to the flux JPðtÞ in the pressure assay. It can be ex-

pressed with the Patlak equation7:

JPðtÞ = 2pr0CinV0

0
BB@1 +

1 � Cout

Cin

ePe � 1

1
CCA (Equation 3)
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with Pe = V0=LD the Peclet number that represents the ratio of the convection to diffusion rate in the intercel-

lular gaps. On the vanishing Pe limit, Equation 3 is the same as Equation 2. Note that Equation 3 is readily ob-

tained by computing the flux through a single pore,35 and summing the total flux over all the pores traversing

the tissue. In the following, we describe and check the consistency of two methods to infer LD and V0=LD .

Extraction of LD from the static assay

The flux JDðtÞ across the barrier in the static assay is equal to the temporal variation of the number of mac-

romoleculesNoutðtÞ in the collagen gel. This numberNoutðtÞ can readily be extracted from confocal images

by computing the integral of the concentration profile

Zrmax

r0

Cðr; tÞ2prdr between the MV basal layer to the

Figure 1. MV fabrication and characterization by the static and pressure assays

(A) Representation of the microvessel chip and the consecutive fabrication steps starting from Human Vascular

Endothelial Cells (HUVEC). The chip is represented in gray, the collagen gel in pink, and the endothelial tissue in green.

(B) Microscopic view of an MV after two days of culture. Note that we always detected some outgrowth of endothelial cells

in the collagen gel after the maturation. The scale bar corresponds to 500 mm.

(C) Layout of the 3D printed device for the static assay, and photograph of the device in operation on an inverted

microscope.

(D) Schematic representation of the devices to run the static and pressure assays. Intraluminal pressure is produced by

1 cm of hydrostatic pressure.

(E) The left and right panels represent the transport of tracers through the barrier using diffusion or pressure as actuation

scheme, respectively. The central panel shows the monopore model, as defined by the pore radius rp, density n, and

thickness d. We investigate the passage of twomacromolecules with different sizes across paracellular junctions, as shown

with red and yellow circles.
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limit of the field of observation rmax (i.e., along the yellow dashed line in Figure 2A). Hence, the diffusive

permeability can be expressed from Equation 2:

LD =
dNout=dt

2pr0ðCin � CoutÞ (Equation 4)

We validated the accuracy of Equation 4 by running finite element simulations (see STAR Methods) to take

the geometrical settings of the experiments into account. We extracted Cin, Cout , and dNout=dt from the

simulations (Figure 2A), determined LD using Equation 4 and compared this parameter to the input of

the simulations (see legend of Figure 2B). We concluded that this method was accurate because the differ-

ence between the measured and the simulated LD was less than 3% during the first 200 s of the simulation

(Figure 2B). Notably, the smooth decrease ofLD over time is readily explained by the escape of tracers from

the field of observation of the microscope, which biases the determination of the flux JDðtÞ because of the

error on the integral of Cðr; tÞ.

Extraction of V0=LD from the pressure assay

For the analysis of the pressure assay, one should compare the rate of convection and diffusion in the

collagen gel, which is gauged by the ratio V0r0=D0. Taking typical values of r0, V0, and D0 of 100 mm,

0.1 mm/s, and 250 mm2/s (see below), the latter ratio is �0.05. Hence, the convection rate is negligible

compared to the diffusion rate. It implies that the equation governing fluorescence spatial redistribution

Figure 2. Validation of the static and pressure assays by finite element modeling

(A) The snapshots represent the cross-section of the MV with the lumen shown in red, the cell layer in orange, and the

collagen gel in blue. In the static assay, the tissue is modeled by its diffusive permeability LD , as indicated in the legend,

and the simulations represent the concentration fields after a time lag of 200 s (the three heat maps are in units of mol/m3).

We extract the basal and apical concentrations Cout and Cin, respectively, and the concentration profile Cðr; tÞ along the

dashed yellow arrow. The scale bar corresponds to 100 mm.

(B) The plot reports the ratio of the measured to the simulated LD , as indicated in the color scale, as a function of time.

(C) The plot presents the ratio of the measured V0=LD divided by this input parameter of the simulations as a function of

the permeation velocity across the tissue V0. Data points are color-coded according to the value of the diffusive

permeability, as indicated in the color scale.
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in the pressure assay is the same as in the static assay, but the flux of molecules crossing the barrier JPðtÞ is
different. By computing the ratio JPðtÞ=JDðtÞ, we obtain an expression of V0=LD :

JPðtÞ
JDðtÞ =

vCP=vrðr ; tÞ
vCD=vrðr ; tÞ =

CPðr ; tÞ
CDðr ; tÞ =

1�
1 � CDout

Cin

� V0

LD

2
6641 +

1 � CPout

Cin

e

V0

LD � 1

3
775 (Equation 5)

with CDout andCPout the basal concentrations in the static and pressure assays, respectively. Consequently,

V0=LD can be inferred from the numerical inversion of Equation 5 knowing the concentration profile

measured with the pressure and static assay.

We validated this method using finite element simulations in which the permeation velocity V0 and the

diffusive permeability LD varied in the range of 1–200 nm/s. For each simulation, we extracted the concen-

tration profile for the pressure assay after 30 s and normalized it with the output of simulations of the static

assay to measure V0=LD using Equation 5. We computed the ratio of the resulting value of V0= LD divided

by the input of the simulations, and plotted this parameter in Figure 2C. This graph showed that the

measured value of V0=LD was consistent with that of the simulation, and the error was lower than 5% for

a broad range of experimental conditions.

The static assay predicts a size of paracellular pores of 24 nm

The integrity of endothelial tissues correlates the permeation properties of the barrier, but it remains un-

clear if the structure of paracellular pores can be inferred from permeation measurements on MVs. We thus

started by performing the static assay using MVs after two days of maturation. Note that the maturation of

the tissue occurred without any intraluminal pressure (i.e., in the same conditions as the static assay). We

used nine MVs and nine fixed MVs, which were characterized by an average radius r0 of 102 G 2 mm (see

Figure S2 for edge detection strategy) that was comparable to the radius of the lumen before cell seeding

of 100 mm. The static assay was operated by simultaneously injecting two dextran probes of 4 and 70 kDa

labeled with spectrally separated dyes in the lumen of MVs. The spatial redistribution of these macromol-

ecules was then monitored by confocal microscopy for�200 s (Figure 3A andMethods) using a square field

of observation of 1.3 mm that represented a fraction of�20% of theMV total length of 6 mm. Given that the

thickness of confocal stacks was 12 mm, we probed the diffusion across a tissue surface of�30,000 mm2. Us-

ing confocal immunofluorescence micrographs of MV labeled with the junction protein vascular endothe-

lial cadherin (VE-Cad) and DNA (Figure 3C), we counted �100 G 11 cells over a comparable surface,

implying that our measurements correspond the diffusive transport properties averaged over �100 para-

cellular junctions.

To estimate the diffusive permeability based on Equation 4, we then measured the intraluminal and basal

concentrations Cin and Cout (green and orange rectangles in Figure 3A, respectively), and the number of

tracers Nout in the collagen matrix from the spatial integration of the intensity profile in the red dashed

area in Figure 3A. We detected opposite trends for the variation of Cin and Cout in 200 s characterized

by a decrease of 20% and an increase of 19%, respectively (green and orange datasets). This observation

was readily explained by the escape by diffusion of dextran molecules from the lumen to the collagen gel.

The amplitude of the concentration gradient across the barrier, which is proportional to ðCin �CoutÞ (see
Equation 2), thus decreased in time, leading to a reduction of the rate of barrier crossing in the course

of the experiment. This assumption was confirmed by monitoring the variation of Nout over time (red

dashed curve reported in the right y axis of Figure 3C), because this readout increased more rapidly at

the beginning of the experiment than after 200 s (black solid line as guide to the eye in Figure 3C). We finally

used the three readouts to extract the diffusive permeability for the 4 and 70 kDa dextran (Figure 3D). In

contrast to Cin, Cout , and Nout which were unsteady variables in time, the diffusive permeability appeared

to be constant in time, as expected for an intrinsic parameter of the endothelial barrier. We finally

computed the temporal average of the diffusive permeability of 91.3 G 8.5 and 10.9 G 2.2 nm/s for the

4 and 70 kDa dextran, respectively (purple and orange datasets in Figure 3C).

This operation was repeated on the nine MV samples to estimate the average diffusive permeability LD of

87 G 13 nm/s for the 4 kDa dextran, which was comparable to the estimate in in vitro systems,36 but was

slightly higher than the value reported for skeletal muscle microvasculatures of 10 nm/s.37 LD was 14 G

3 nm/s for the 70 kDa dextran (i.e., 6.2 times lower than for the 4 kDa dextran). We performed the same
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characterization with the nine fixed samples, and obtained very comparable values for the diffusive perme-

ability of 107 G 20 nm/s and 14 G 3 nm/s for the 4 kDa and 70 kDa dextran, respectively, implying that we

could not detect any degradation of the tissue integrity associated with the fixation process.

We finally used the diffusive permeability to assess the structure of paracellular pores. The variation of the

diffusive permeability of the 4 versus 70 kDa dextran is 6.2-fold, whereas the change in diffusion coefficient

between these macromolecules is 3.9-fold (see characterization in Figure S1). This difference is explained

by the confinement of the tracers in the intercellular gaps (see the scheme with red and yellow probes in

Figure 1D). Confinement is indeed known to enhance the friction and slow down the diffusion of probes

across pores (see Equation 7 in the STAR Methods section), and this consequence increases as the size

of the tracer rdye becomes comparable to that of the pore rp.
35 Using a mathematical function to model

this effect, a common approximation in the field,16,35 we can use the variation of the diffusive permeability

to fit the level of confinement rdye=rp, and in turn to infer the size of paracellular pores. This approach can be

performed on the nine MVs independently to obtain an average pore size rp of 24 G 3 nm (note that the

fitted pore size is the same for fixed MVs). The analysis is strongly supported by transmission electron

microscopic observation of MV thin sections (Figure 3E and STAR Methods), which show that the pore

radius is on the same order of magnitude of 13 G 2 nm (Figure 3F, average over four micrographs of junc-

tions). Consequently, the structure of paracellular gaps inferred from functional diffusion-based

Figure 3. MV characterized by the static assay

(A) The two confocal time series represent fluorescence spatial redistribution for the 4 and 70 kDa dextran. The number of molecules Nout that crossed the

barrier is measured at each time step in the collagen matrix (red rectangle). The intraluminal and basal concentrations Cin and Cout are inferred from the

maximum and mean intensity in the green and yellow rectangles, respectively. The scale bar corresponds to 200 mm.

(B) Maximum intensity projection of confocal micrographs of the junctions between the endothelial cells of MVs cultured in static conditions. Junctions are

visualized by immunofluorescence detection of vascular endothelial cadherin (VE-Cad) and nuclei with Hoechst 33342. The scale bar corresponds to 50 mm.

(C) The graph shows the temporal variation of Cin and Cout on the left axis for the 4 kDa dextran and NoutðtÞ on the right axis with the color code of panel A.

(D) The plot presents the diffusive permeability for the 4 and 70 kDa dextran as a function of time. At each time point, we measure two times the diffusive

permeability using each side of the MV. Dashed lines correspond to temporal averages.

(E) Transmission electron micrograph of one endothelial cell junction. The blue and orange arrowheads indicate the apical and basal sides of the gap,

respectively. The scale bar corresponds to 1 mm.

(F) The plot shows the spatial variation of the signal along the red arrow in (E). Dashed lines are Gaussian fits to measure the size of the paracellular gap.
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measurements are corroborated by electron microscopic inspection, implying that transport data provide

a direct readout of the integrity of endothelial tissues.

The pressure assay predicts a size of paracellular pores of 179 nm

Whether the structure of paracellular pores is altered by intraluminal pressure remains unclear. Hence, we

performed the pressure assay on the same MV samples to obtain a quantitative comparison of the para-

cellular flux with or without stress on the tissue. We set the intraluminal pressure to 100 Pa to apply a static

mechanical stress, the amplitude of which was comparable to the pulsatile pressure in human capillaries of

�500 Pa.38 We then injected the 4 kDa dextran in the lumen (Figure 4A), and extracted the concentration

profile after a time lag of 30 s (see model section and red dataset in Figure 4B). This time interval was

selected to obtain a sharp concentration profile easily comparable to the outcome of the static assay (black

dataset in Figure 4B). The greater amplitude of the concentration profile in the pressure assay indicated

that intraluminal pressure increased the transport rate across the barrier. As hypothesis-free readout of

these experiments, we computed the flux of fluorescent tracers crossing the barrier JPðtÞ in the pressure

assay and normalized it with that of the static assay JP=JD . This measurement indeed allowed us to deter-

mine to what extent pressure actuation increased the transport of tracers across the barrier. We averaged

JP=JD over the nine samples, and deduced that 2.35G 0.43 times more molecules were transported across

the MV with intraluminal pressure (red dataset in Figure 4C). In the fixed samples, this ratio was compara-

tively lower and equal to 1.35 G 0.10 (blue dataset in Figure 4C).

On normalization of the concentration profiles in the pressure and static assays, the responses were super-

posed (pink dashed lines versus black datasets in Figure 4B). This response readily showed that fluores-

cence redistribution in collagen gels was dominated by diffusion even with intraluminal pressure, as ex-

plained in the model section. This statement was further borne out on characterizing one leaky barrier,

which was obtained by loading a low number of cells in the duct. Indeed, the concentration profile in

Figure 4. MV characterized by the pressure assay

(A) Fluorescence confocal micrographs of the same MV recorded 30 s after the injection of dextran using the static and

pressure assays. The scale bar corresponds to 100 mm.

(B) The red and black datasets represent the concentration profile as obtained from the pressure and static assay,

respectively. The profiles are recorded along the green axis in (A) between the marks a and b. The pink dashed line is

response of the pressure assay after normalization of its maximum to that of the static assay.

(C) Ratio of the flux across the MV barrier in the pressure to static assay as a function of the diffusive permeability LD for

live and fixed samples (red and blue datasets, respectively). Data is expressed as averageGstandard error. The averages

values are marked with large symbols for both conditions, and unpaired Student’s t test is used for statistical analysis

(shown with brackets).
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Figure 5. Structure of MVs in the static and pressure assay

The results of the static assay are shown in the panels (A, C, E), and those of the pressure assay in (B, D, F).

(A and B) Optical micrographs of MV sections stained with toluidine blue. The arrow in (A) shows the lining of endothelial

cells, and the arrowheads in (B) the clusters of endothelial cells. The scale bars correspond to 50 mm.

(C and D) Maximum intensity projection of confocal micrographs obtained by staining MV with phalloidin for the

detection of fibril actin in green and nuclear DNA in blue. The MV were fixed just after the static and pressure assays. The

scale bars correspond to 50 mm.
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the pressure assay did not match that of the static assay (Figure S3). Furthermore, structural inspection of

thin MV sections by transmission microscopy did not show an enhanced frequency of caveolae in the static

and pressure assays (Figure S4). Altogether, we could thus use Equation 5 to analyze our datasets. Specif-

ically, the ratio JP=JD enabled us to determine the ratio V0=LD of the permeation flow velocity to the diffu-

sive permeability, which was equal to 1.91G 0.54. We then considered the predictions of the poremodel to

determine the paracellular pore size from these measurements (see Equation 9 in the STAR Methods sec-

tion; note that the size of the 4 kDa dextran of 1.5 nm is smaller than the pore size, implying that the hin-

drance factor is equal to 1 in Equation 9). We deduced that the average paracellular pore size rp of 179 nm

was 7.5-fold wider than the dimension inferred from the static assay of 24 nm. The integrity of MVs hence

appeared to be altered on application of intraluminal pressure, prompting us to investigate the structure of

paracellular junctions by transmission electron microscopy.

Structural analysis of MVs in the pressure and static assays

Starting frommacroscopic observations, we noted that the radius of MVs increased by 25G 1% from 102G

2 to 128G 2 mmon application of intraluminal pressure (Figures 4A and S5). Immediately after the pressure

and static assays, MVs were fixed, sliced in thin sections, and characterized by optical microscopy using to-

luidine blue staining39 (Figures 5A and 5B). The samples from the static assay had a conventional pheno-

type of endothelial tissues with an even distribution of elongated cells and flat nuclei over the contour

of the vessel (arrows in Figure 5A). The application of intraluminal pressure induced a drastic morphological

change associated with the formation of clusters of cells (arrowheads in Figure 5B). These clusters repre-

sented a fraction of the contour of the tissue of 35.4% that was 4.4 times larger than that in the static assay

of 8.1%, as inferred from the analysis of four micrographs for each condition. Consequently, the application

of intraluminal pressure reorganized the tissue. Bearing in mind that the strain of 25% activates endothelial

remodeling in cyclic stretch experiments on 2D cultures,40,41 we focused on the architecture of the actin

cytoskeleton with immunostaining (Figures 5C and 5D). We detected predominant cortical actin rings pat-

terns at rest with the presence of occasional stress fibers in the cells (red arrows). On the contrary, transcel-

lular actin stress fibers was the most frequent pattern on application of intraluminal pressure. Given that

actin mediates the movement of nuclei within the cell,42 we suggest that the formation of stress fibers,

which is associated with tensile forces,43 accounts for the clustering of cell nuclei. Despite the remodeling

of the tissue, the patterns of VE-Cad, which has a key role in the maintenance of vascular integrity,2 ap-

peared to be broader but without gaps on mechanical stimulation (Figure S6). Notably, this observation

was not comparable to the readout of cyclic stretch experiments, which showed the partial disassembly

of adherens junctions associated with barrier function weakening for a strain of 18%.40

We finally aimed at clarifying whether the structure of the paracellular junctions was altered by the mechan-

ical stress using high magnification transverse electron microscopy. At mechanical rest, we noted two

different patterns of junctions (Figure 5E). In contacting cells with close nuclei, the paracellular cleft across

the endothelium was mainly aligned along the apical-to-basal axis, and the thickness of the junction was

commensurate with that of the nuclei on the order of 3–5 mm (micrograph with the red contour in Figure 5E).

In the thin regions of the tissue, most junctions were tilted with respected to the basal to apical direction,

insuring a long cleft of 3–4 mm between contacting cells (micrograph with the green contour in Figure 5E).

Hence, despite the observation of two different junction morphologies in the static assay, the distribution

of the thickness of paracellular junctions at rest was relatively homogeneous in the range of 2–5 mmwith an

average of 3.20 G 0.35 mm (histogram in Figure 5E). In the pressure assay, a similar classification could be

proposed in between the clusters of cells and the thin regions of the tissue. In the cell clusters, we noted

that the change in cellular morphology was associated with the reorganization of nuclei, which were no

longer elongated along the collagen gel scaffold (e.g., compare the panels outlined in red in Figures 5E

and 5F). The paracellular junctions, which remained aligned with the basal to apical direction (micrograph

with the red contour in Figure 5F), thickened in the range of 4–6 mm with an average of 5.3 mm. Conversely,

in the thin regions of the tissue (micrograph with a green contour in Figure 5F), paracellular junctions ap-

peared to thin down with an average thickness of 1.6 mm. The resulting distribution of junction thickness in

Figure 5F was bimodal because of these marked morphological differences. Focusing on the radius of the

Figure 5. Continued

(E and F) Transmission electron micrographs of MVs at different levels of magnification. The red and green outlines

correspond to the zooms of the squares in the low magnification image. The histograms show the distribution of

paracellular junction thickness with 12 counts in (E) and 22 in (F). The scale bars correspond to 2 mm.

(G and H) Representation of the deformable monopore model to account for the data from the static and pressure assays.
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paracellular junctions, we did not detect the wide openings of 179 nm that were predicted by the analysis of

the flux in the static versus pressure assays. Our data rather hinted to the thinning of the barrier cleft as a

consequence of intraluminal pressure, which we aimed to integrate in a model of paracellular transport.

Data integration with the deformable monopore model (DMM)

We describe the DMM to recapitulate our paracellular transport data recorded in the static and pressure

assay. This model assumes that (i) the pore radius is constant and equal to 24 nm in both assays (Figures 5G

and 5H) and (ii) the paracellular junction thickness is reduced under intraluminal pressure (Figure 5H). The

latter hypothesis implies that the diffusive permeability, which is inversely proportional to the barrier thick-

ness according to Equation 7 in the STARMethods section, increases in the pressure assay in comparison to

the static assay (denoted LDP in Equation 10). This consequence of the deformation of the tissue changes

the ratio of the diffusive to convective flux across the barrier JP=JD , as reformulated in Equation 10. The

permeation velocity to the diffusive permeability V0=LD is only dependent on the paracellular pore radius

(see Equation 9), allowing us to determine its value of 7.3 3 10�3 for an intraluminal pressure of 100 Pa.

Knowing that JP=JD is 2.35G 0.43, we then fit the ratio of the diffusive permeability in the pressure to static

assay LDP=LD of 1.9G 0.3. The DMM hence indicates that the junction thickness is divided by 1.9 on appli-

cation of intraluminal pressure. This value is in agreement with electron microscopic data, which shows a

reduction of the pore thickness by a factor of �2 from 3.2 to 1.6 mm in the thin regions of the tissue. We

note that the DMM predicts that the ratio V0=LDP of the permeation velocity to the diffusive permeability

in the pressure assay is lower than 10�2. Paracellular transport is thus dominated by diffusion even with in-

traluminal pressure, and the onset of cross-barrier flux is explained by the thinning of paracellular junctions,

which is associated with an onset in diffusive permeability. Of interest, this suggestion is borne out by the

fact that the augmentation of flux across the barrier JP=JD is reduced from 2.35 to 0.35 in live versus fixed

samples. The fixation process indeed reduces MV deformation from 25 to 5% (Figure S5), and impedes the

remodeling of the tissue under intraluminal pressure that is associated with the onset in diffusive

permeability.

DISCUSSION

We provide technologies and analytical methods to characterize molecular transport across endothelial

layers in 3D microvessel structures. We prove that intraluminal pressure increases cross-barrier flux, and

explain it with the DMM, which speculates that the diffusive permeability increases under pressure as a

consequence of the remodeling of the endothelial tissue and the thinning of paracellular junctions. Using

this model, we can specify the structural and functional properties of MV barriers (Table 1). Given the

pore size rp and cleft thickness d from the static assay, we deduce the pore density from Equation 7 of

�1 pore/mm2. This estimate is in excellent agreement with the measurements in mesenteric capillaries.7

The resulting porosity, which represents the surface fraction of pores over theMV contour, is 0.2%, showing

that endothelial barriers offer little room to the passage of diffusing tracers. The permeation properties of

the tissue can also be derived from Equation 8, yielding k of 10�19 m2. This value, which compares to that of

impermeable shale sedimentary rocks,44 shows that MV constitute impermeable tissues, which neverthe-

less enable the passage by diffusion of molecules of�10 nm, a size range that matches that of most plasma

proteins.45 Note that the permeability is obtained for an intraluminal pressure of 100 Pa, and we anticipate

this parameter to show a complex non-linear response as a function of the pressure settings, a project as

yet to be studied. Finally, we suggest that paracellular transport across endothelial tissues can be

controlled by their deformation without any change in adherens junction protein expression. It is thus

tentative to speculate that the stiffening of the supporting matrix, which is an age-related phenotype,46

can restrict the deformation of the barrier, reduce exchange through the endothelium, and contribute

to unbalanced homeostasis in aged tissues.

It should nevertheless be noted that theMV platform is significantly different from the capillary vasculatures

in vivo, which are much smaller in diameter (around 10 mm in diameter). Small vessels with a diameter of

Table 1. Overview on MV properties obtained from the DMM for an intraluminal pressure of 100 Pa

Pore size rp (nm)

Paracellular barrier

thickness d (mm)

Pore density

n (mm�2)

Porosity

4 (%)

Permeability

k (10 �19 m2)

24 G 3 3.2 G 0.4 0.85 G 0.31 0.16 G 0.05 1.2 G 0.6
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200 mm contain a basement membrane and may contain one or multiple layers of smooth muscle cells.

Although we noted that HUVECs create a dense basal layer of collagen in MVs (Figure S7), it remains to

be clarified how these geometrical, chemical and biological components will influence the transport of

components through the vessel wall, but also contribute to a dynamic regulation of the vessel properties.

The challenge of integrating more physiological cues in the MV platform and associate them with the

unique potential for quantitative measurements will likely be rewarded with an enhanced understanding

of the function of the vascular system.

Limitations of the study

Although our study provides generic methods to characterize the permeation properties of microvessels, it

suffers from the inherent limitations of in vitro systems of the vascular system, as partly enumerated in the

conclusion. The diameter of microvessels is much larger than that of capillary vasculatures, the matrix sur-

rounding microvessels is only composed of type I collagen at a low concentration, HUVEC cells have only

be loaded in the microvessel, smooth muscle cells/pericytes have not been integrated in the collagen gel,

and we do not apply fluid shear stress on microvessels.
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M. (1998). Hemodynamics in Nailfold
Capillaries of Patients with Systemic
Scleroderma: Synchronous Measurements of
Capillary Blood Pressure and Red Blood Cell
Velocity. J. Invest. Dermatol. 110, 982–985.
https://doi.org/10.1046/j.1523-1747.1998.
00190.x.

39. Punshon, G., Vara, D.S., Sales, K.M., Kidane,
A.G., Salacinski, H.J., and Seifalian, A.M.
(2005). Interactions between endothelial cells
and a poly(carbonate-silsesquioxane-bridge-
urea)urethane. Biomaterials 26, 6271–6279.
https://doi.org/10.1016/j.biomaterials.2005.
03.034.

40. Tian, Y., Gawlak, G., O’Donnell, J.J., Birukova,
A.A., and Birukov, K.G. (2016). Activation of
Vascular Endothelial Growth Factor (VEGF)
Receptor 2 Mediates Endothelial
Permeability Caused by Cyclic Stretch. J. Biol.
Chem. 291, 10032–10045. https://doi.org/10.
1074/jbc.M115.690487.

41. Birukova, A.A., Moldobaeva, N., Xing, J., and
Birukov, K.G. (2008). Magnitude-dependent
effects of cyclic stretch on HGF- and VEGF-
induced pulmonary endothelial remodeling
and barrier regulation. Am. J. Physiol. Lung
Cell Mol. Physiol. 295, L612–L623. https://doi.
org/10.1152/ajplung.90236.2008.

42. Davidson, P.M., and Cadot, B. (2021). Actin
on and around the Nucleus. Trends Cell Biol.
31, 211–223. https://doi.org/10.1016/j.tcb.
2020.11.009.

43. Burridge, K., and Wittchen, E.S. (2013). The
tension mounts: Stress fibers as force-
generating mechanotransducers. J. Cell Biol.
200, 9–19. https://doi.org/10.1083/jcb.
201210090.

44. Freeze, R.A., and Cherry, J.A. (1979).
Groundwater (Prentice-Hall).

45. Erickson, H.P. (2009). Size and Shape of
Protein Molecules at the Nanometer Level
Determined by Sedimentation, Gel Filtration,
and Electron Microscopy. Biol. Proced.
Online 11, 32–51. https://doi.org/10.1007/
s12575-009-9008-x.

46. Sherratt, M.J. (2013). Age-Related Tissue
Stiffening: Cause and Effect. Adv. Wound

Care 2, 11–17. https://doi.org/10.1089/
wound.2011.0328.

47. Mustafa, M.B., Tipton, D.L., Barkley, M.D.,
Russo, P.S., and Blum, F.D. (1993). Dye
diffusion in isotropic and liquid-crystalline
aqueous (hydroxypropyl)cellulose.
Macromolecules 26, 370–378. https://doi.
org/10.1021/ma00054a017.

48. Wolde-Kidan, A., Herrmann, A., Prause, A.,
Gradzielski, M., Haag, R., Block, S., and Netz,
R.R. (2021). Particle Diffusivity and Free-
Energy Profiles in Hydrogels from Time-
Resolved Penetration Data. Biophys. J. 120,
463–475. https://doi.org/10.1016/j.bpj.2020.
12.020.

49. Fischer, T., Hayn, A., and Mierke, C.T. (2019).
Fast and reliable advanced two-step pore-
size analysis of biomimetic 3D extracellular
matrix scaffolds. Sci. Rep. 9, 8352. https://doi.
org/10.1038/s41598-019-44764-5.

50. Gentleman, E., Nauman, E.A., Dee, K.C., and
Livesay, G.A. (2004). Short Collagen Fibers
Provide Control of Contraction and
Permeability in Fibroblast-Seeded Collagen
Gels. Tissue Eng. 10, 421–427. https://doi.
org/10.1089/107632704323061780.

51. Serpooshan, V., Julien, M., Nguyen, O.,
Wang, H., Li, A., Muja, N., Henderson, J.E.,
and Nazhat, S.N. (2010). Reduced hydraulic
permeability of three-dimensional collagen
scaffolds attenuates gel contraction and
promotes the growth and differentiation of
mesenchymal stem cells. Acta Biomater. 6,
3978–3987. https://doi.org/10.1016/j.actbio.
2010.04.028.

52. Snyder, J.L., Clark, A., Fang, D.Z., Gaborski,
T.R., Striemer, C.C., Fauchet, P.M., and
McGrath, J.L. (2011). An experimental and
theoretical analysis of molecular separations
by diffusion through ultrathin nanoporous
membranes. J. Membr. Sci. 369, 119–129.
https://doi.org/10.1016/j.memsci.2010.
11.056.

53. Bear, J. (1988). Dynamics of Fluids in Porous
Media (Dover).

54. Nishiyama, N., and Yokoyama, T. (2017).
Permeability of porous media: Role of the
critical pore size: Critical Pore Size-
Permeability Relation. J. Geophys. Res. Solid
Earth 122, 6955–6971. https://doi.org/10.
1002/2016JB013793.

ll
OPEN ACCESS

iScience 26, 107141, July 21, 2023 13

iScience
Article

https://doi.org/10.1007/s11626-011-9470-z
https://doi.org/10.1007/s11626-011-9470-z
https://doi.org/10.1159/000302613
https://doi.org/10.1159/000302613
https://doi.org/10.1039/D0BM00763C
https://doi.org/10.1039/D0BM00763C
http://refhub.elsevier.com/S2589-0042(23)01218-X/sref33
http://refhub.elsevier.com/S2589-0042(23)01218-X/sref33
http://refhub.elsevier.com/S2589-0042(23)01218-X/sref33
http://refhub.elsevier.com/S2589-0042(23)01218-X/sref33
http://refhub.elsevier.com/S2589-0042(23)01218-X/sref33
http://refhub.elsevier.com/S2589-0042(23)01218-X/sref33
http://refhub.elsevier.com/S2589-0042(23)01218-X/sref33
https://doi.org/10.1016/S0168-3659(97)00078-3
https://doi.org/10.1016/S0168-3659(97)00078-3
https://doi.org/10.1021/ie051387n
https://doi.org/10.1021/ie051387n
https://doi.org/10.1016/j.biomaterials.2019.05.022
https://doi.org/10.1016/j.biomaterials.2019.05.022
https://doi.org/10.1007/978-1-4613-0937-6_3
https://doi.org/10.1007/978-1-4613-0937-6_3
https://doi.org/10.1046/j.1523-1747.1998.00190.x
https://doi.org/10.1046/j.1523-1747.1998.00190.x
https://doi.org/10.1016/j.biomaterials.2005.03.034
https://doi.org/10.1016/j.biomaterials.2005.03.034
https://doi.org/10.1074/jbc.M115.690487
https://doi.org/10.1074/jbc.M115.690487
https://doi.org/10.1152/ajplung.90236.2008
https://doi.org/10.1152/ajplung.90236.2008
https://doi.org/10.1016/j.tcb.2020.11.009
https://doi.org/10.1016/j.tcb.2020.11.009
https://doi.org/10.1083/jcb.201210090
https://doi.org/10.1083/jcb.201210090
http://refhub.elsevier.com/S2589-0042(23)01218-X/sref44
http://refhub.elsevier.com/S2589-0042(23)01218-X/sref44
https://doi.org/10.1007/s12575-009-9008-x
https://doi.org/10.1007/s12575-009-9008-x
https://doi.org/10.1089/wound.2011.0328
https://doi.org/10.1089/wound.2011.0328
https://doi.org/10.1021/ma00054a017
https://doi.org/10.1021/ma00054a017
https://doi.org/10.1016/j.bpj.2020.12.020
https://doi.org/10.1016/j.bpj.2020.12.020
https://doi.org/10.1038/s41598-019-44764-5
https://doi.org/10.1038/s41598-019-44764-5
https://doi.org/10.1089/107632704323061780
https://doi.org/10.1089/107632704323061780
https://doi.org/10.1016/j.actbio.2010.04.028
https://doi.org/10.1016/j.actbio.2010.04.028
https://doi.org/10.1016/j.memsci.2010.11.056
https://doi.org/10.1016/j.memsci.2010.11.056
http://refhub.elsevier.com/S2589-0042(23)01218-X/sref53
http://refhub.elsevier.com/S2589-0042(23)01218-X/sref53
https://doi.org/10.1002/2016JB013793
https://doi.org/10.1002/2016JB013793


STAR+METHODS

KEY RESOURCES TABLE

RESOURCE AVAILABILITY

Lead contact

Further information and requests for resources and reagents should be directed to and will be fulfilled by

the Lead Contact Aurélien Bancaud (abancaud@laas.fr).

Materials availability

All reagents generated in this study are available from the lead contact with a completedMaterials Transfer

Agreement. We are glad to share all reagents with compensation by requestor for shipping.

Data and code availability

d Microscopy data reported in this paper will be shared by the lead contact upon request.

d The code for image analysis is provided in supplementary material.

d Any additional information required to reanalyze the data reported in this work paper is available from

the lead contact upon request.

EXPERIMENTAL MODEL AND STUDY PARTICIPANT DETAILS

Studies were performed with Primary human umbilical vein endothelial cells (HUVEC; Catalog #C2519A,

Lot #0000699241; Lonza, Basel, Switzerland) that were cultured in Endothelial Cell Growth Medium-2

BulletKit (EGM-2; Lonza). They were frozen in liquid nitrogen at passage 4 to 5, thawed and cultured for

three days in culture dishes, and then used to load MV chips.

REAGENT or RESOURCE SOURCE IDENTIFIER

Antibodies

VE-Cadherin Cell Signaling Technology 2500; RRID:AB_10839118

goat anti-rabbit IgG Alexa Fluor 555 Invitrogen A21422

Chemicals, peptides, and recombinant proteins

Hoechst 33342 Sigma Aldrich B2261

Glutaraldehyde Sigma Aldrich G6257

Alexa Fluor-488 Phalloidin Invitrogen A21422

Para-formaldehyde FUJIFILM Wako N/A

PBS FUJIFILM Wako N/A

Dextran 4 kDa fluorescein Sigma Aldrich 68059

Dextran 70 kDa rhodamin Sigma Aldrich 46945

Experimental models: Cell lines

HUVEC, Lot #0000699241 Lonza #C2519A

Software and algorithms

Igor Pro WaveMetrix 5.0

COMSOL multiphysics Comsol 6.0

ImageJ 1.53t

Other

Acupuncture needles of 200 mm Seirin No. 08, J type

3D stereolithography photoresist Expert Material Series N/A
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METHOD DETAILS

MV fabrication

Microvessel (MV) were fabricated in polydimethylsiloxane (PDMS)-based chips (25 mm 3 25 mm 3 5 mm:

width3 length3 height), as developed by Matsunaga and collaborators.24 The protocol includes an addi-

tional PDMS-collagen cross-linking step to avoid leaks at the PDMS/collagen interface during diffusion and

pressure assays. The protocol started by O2 plasma treatment of PDMS chips and acupuncture needles of

200 mm (No. 08, J type; Seirin, Shizuoka, Japan) for one minute (basic plasma cleaner; Harrick Plasma,

Ithaca, NY, USA). The PDMS chips and needles were then placed together in a vacuum reactor with

100 mL of aminopropyl-triethoxysilane, and left at 0.1 mbar and room temperature for 30 minutes. Needles

were then soaked in 1% (w/v) bovine serum albumin, dried, and sterilized by UV-light exposure. The chips

were treated with 50 mL of 2.5% glutaraldehyde (GA) for 1 minute, then thoroughly rinsed with water, and

dried. The collagen solution was subsequently prepared on ice by mixing Cellmatrix� Type I-A collagen

solution (Nitta Gelatin, Japan), 103 Hanks’ buffer, and 103 collagen buffer (volume ratio 8:1:1) following

manufacturer’s protocol (final collagen concentration: 2.4 mg/mL). We poured 30 mL of this ice-cold

collagen solution into the chip, and inserted the coated needle. The devices were incubated at 37�C for

40 min to induce collagen reticulation, and the needles were withdrawn to form a hollow channel. The chips

were left in PBS at least overnight before cell seeding, and the holes for needle incorporation were sealed

with unreticulated PDMS to prevent leaks during the diffusion and pressure assays.

Just prior to loading in the chips, HUVEC cells were harvested and resuspended in the medium supple-

mented with 3% (m/v) dextran (500 kDa) at a density of 107 cells/mL. 50,000 cells were loaded at each open-

ing of the channel, and let to attach to the collagen scaffold at 37�C for 10 minutes. Note that we took

advantage of the permeation flow induced by the evaporation of liquid on top of the collagen gel to trigger

a continuous flow of cells in the lumen and minimize the defects in the tissue (we could not detect any

defect over contour length of 300 mm by immune-confocal microscopy). The loading step was repeated

one time to insure a high degree of coverage inside the chip. Warm medium was finally added, and MV

were cultured at 37�C until use two days after fabrication.

Fixation, immunostaining and electron microscopy

For structural analysis, MV were fixed with 4% paraformaldehyde (PFA) or 2.5% GA at 37�C for 60 min, and

then thoroughly rinsed with PBS. PFA fixed samples were analyzed by the diffusion/pressure assays. They

were also used for immunostaining starting with permeabilization with 0.5% Triton X- 100 for 10 min. Block-

ing with 1% BSA was performed overnight at 4�C. Cells were incubated overnight at 4�C with the

primary antibody against VE-Cad (rabbit mAb, D87F2, Cell Signaling Technology, 1:200) diluted in

blocking solution. After washing, cells were incubated for 2 h with the secondary antibody (1:400), Alexa

Fluor-488 Phalloidin (1:800), and Hoechst (1:1000). Labeled samples were washed and stored at 4�C until

imaging. Confocal images were captured with the LSM 700 confocal microscope (Carl Zeiss) equipped

with a 403 water immersion objective (numerical aperture (NA) of 1.2). We used a pinhole of 1 Airy unit

for the three lasers of 488 and 555 nm, and set the increment between confocal stacks to 1.0 mm.

For electron microscopy samples were fixed with 2.5% glutaraldehyde-0.1 M phosphate buffer (pH 7.4).

They were postfixed with Osmium Tetroxide, dehydrated in a series of graded ethanol, embedded in

epoxy resin Epon 812, then cut into ultrathin sections. We adjusted the cutting angle to perform perpen-

dicular sectioning in order to clearly detect the plasma membrane and to minimize the diameter of MVs.

The sections were stained with uranyl acetate and lead citrate, and examined using transmission electronic

microscope (TEM; JEM-1011, JEOL, Japan).

Setting up the static and pressure assays

MV were placed on an aluminum support of 30 3 60 mm2 with a set of tapped holes to tightly hold 3D

printed reservoirs fabricated by stereolithography (Expert Material Series, NSS, Japan). Fluorescence

redistribution experiments were conducted by confocal microscopy setting the optical section to 12 mm

(1 Airy unit of a 103 air objective (NA=0.4), i.e., a size smaller than MV diameter. The inter-frame time in-

terval was set to 7.7 s with an image size of 512x512 pixels,2 equivalently 1.28x1.28 mm2. We used the 4 kDa

dextran coupled to FITC and the 70 kDa dextran coupled to rhodamine-B. They were loaded inside the

lumen at a concentration of 1.2 mg/mL in culture medium. Note that the macromolecules used in the static

assay were rinsed with culture medium and the samples were placed in the incubator for ⁓30 minutes
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before running the pressure assay. In addition, the total time of the pressure assay was three to four mi-

nutes, including the placement of the 3D printed reservoirs in the culture hood, transport of the system

to the confocal microscope, and recording fluorescence redistribution.

The diffusion coefficientD0 of the two dextran dyes of 244 +/- 25 and 62 +/- 6 mm2/s in collagen gels is a key

parameter to analyze fluorescence redistribution experiments (Figure S1). We also use the hydraulic radii

rdye of 1.5, and 6.2 nm.47,48

QUANTIFICATION AND STATISTICAL ANALYSIS

Image analysis and statistical analysis

Image analysis was performed with ImageJ. The radius of the tube r0 was obtained by applying a Canny

edge detection filter (FeatureJ Edges), and by fitting the pixel intensity profile perpendicularly to the tissue

with an error function (Figure S2). The readouts of the static assay were extracted using an ImageJ Macro

provided in Supplementary Methods 1. Final data were analyzed and fitted with Igor Pro. Statistical signif-

icance was determined using the Student’s t-test, that was reported with the parameter s (s-values < 0.05

were considered statistically significant; n.d., not different). Data were expressed as mean G standard er-

ror, n representing the number of cells. Statistical details of experiments can be found in figure legends

where applicable.

COMSOL simulations

Simulations were run with COMSOL Multiphysics 6.0. We used the Transport of Diluted Species in Porous

Media module based on the tortuosity model with a tortuosity equal to unity, and the Darcy law module to

compute the flow velocity field. We set the tube radius r0 to 100 mm and placed it 280 mm above the glass

coverslip. The barrier thickness d was set to 3 mm. We integrated the simulation data over a field of 1.2 mm

centered around the tube. Three distinct domains were defined: (i) the collagen matrix with a porosity of

0.95,49 (ii) the central lumen free of collagen, and (iii) the cell barrier as characterized by a tunable diffusive

permeability and permeation velocity. The permeability of collagen gels was set to 5310-14 m250,51 Bound-

ary conditions consisted of no flux at the edges of the gel expect for an open boundary at the top surface

and tube interface. The initial dye concentration was set to 0.025 mol/m3 in the lumen and to null in the

collagen matrix. The pressure was set to 100 Pa in the lumen and to null at the top interface of the gel.

Expression of LD and V0 as a function of the pore geometry

Our goal is to relate the diffusive permeability and permeation velocity to the structure of paracellular

pores. The pore model16 is defined by the pore radius rp, the density of pores per unit of surface n, and

the barrier thickness d (see schematics in the middle panel of Figure 1E). The tissue porosity 4 is defined

by the area of void space over total surface:

4 = nprp
2 (Equation 6)

According to Fick’s law, LD is dictated by the gradient of dextran concentration from the basal to apical

side of the tissue. Assuming that this concentration gradient is constant across the pore (a common approx-

imation in separation science52), we deduce a relationship between LD and the geometry of the pores

LD =
4

d
Dp =

4

d
D0H

�
rdye
rp

�
= np

rp2

d
D0H

�
rdye
rp

�
(Equation 7)

withDp the diffusion coefficient in the pore. The diffusion coefficientDp is dependent on the size of tracers,

as described by the hindrance factor Hðrdye =rpÞ.35

The ease of fluid flow through a barrier is described by the permeability of the endothelial tissue k, which

relates the permeation flow velocity to the pressure gradient across the barrier thickness. The permeability

of an array of parallel pores is53

k = np
rp4

8
(Equation 8)

Combining Equations 6 and 8, we obtain a well-known relationship of the form k = 4rp
2=8 for porous me-

dia.54 Provided that the cell layer is much more impermeable than the surrounding collagen scaffold (as
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validated by simulations, not shown), we posit that V0 is proportional to k, and derive a relationship be-

tween V0 and LD using Equation 7:

V0 =
100

md
k = np

100 rp4

8 md
=

100 rp2

8 mD0

LD

H

�
rdye
rp

� (Equation 9)

According to Equation 9, the ratio V0=LD is a function the pore radius independently of the density of pores

and the barrier thickness.

Deformable monopore model

Intraluminal pressure strains the tissue and remodels the structure of MV (see more below). This reorgani-

zation is associated to a reduction of the barrier thickness, and to an onset of the diffusive permeability, that

we denote LDP . Integrating this term in Equation 3, we reformulate Equation 5 with the deformable mo-

nopore model (DMM) to include the consequences of the deformation of the MV induced by intraluminal

pressure:

JPðtÞ
JDðtÞ =

1�
1 � CDout

Cin

� V0

LD

2
6641 +

1 � CPout

Cin

e

V0

LDP � 1

3
775 (Equation 10)
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