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Macroalgae species are fast growing and their polysaccharides
are already used as food ingredient due to their properties as
hydrocolloids or they have potential high value bioactivity. The
degradation of these valuable polysaccharides to access the
sugar components has remained mostly unexplored so far. One
reason is the high structural complexity of algal polysacchar-
ides, but also the need for suitable enzyme cocktails to obtain
oligo- and monosaccharides. Among them, there are several

rare sugars with high value. Recently, considerable progress
was made in the discovery of highly specific carbohydrate-
active enzymes able to decompose complex marine carbohy-
drates such as carrageenan, laminarin, agar, porphyran and
ulvan. This minireview summarizes these achievements and
highlights potential applications of the now accessible abun-
dant renewable resource of marine polysaccharides.

1. Introduction

The marine realm covers 70% of the earth’s surface making the
oceans the largest ecosystem on earth,[1] which may contain
over 80% of world’s plant and animal species.[2] In particular,
the marine systems have great influence on the atmospheric
CO2 concentration as the oceans contain the largest carbon
pool in the carbon cycle.[3] The increased level of atmospheric
carbon dioxide, however, leads to a higher absorption rate by
the world’s oceans, resulting in a decreased pH-value.[4]

Consequently, the carbonate concentration in the surface water
is reduced, making the ocean acidification a disturbing effect
for the aquatic carbonate chemistry, which is of great
importance for marine calcifying organisms like molluscs,
crustaceans, echinoderms, corals, large calcareous algae, fora-
minifera and some phytoplankton.[5] Besides the increasing CO2

concentration on earth, the eutrophication of the oceans has a
huge impact on the marine ecosystem. The increasing nutrient
supply can cause an immense proliferation of algae, so called
‘algae blooms’ like the ‘Golden tides’, which are formed by the
genus Sargassum in the Atlantic ocean or the ‘Green tides’,
which are formed by the genus Ulva and occur worldwide.[6,7]

Beside the harmful environmental effects and high disposal
cost of algal waste, the rising occurrence of algal biomass from
these blooms also has a huge potential for biotechnological
applications. One bottleneck for its use is access to the valuable
chemical compounds within the algae, which has been
described in recent reviews for the lipids and protein

fractions.[8–10] For marine polysaccharides, Trincone provided an
overview about carbohydrate-active enzymes (CAZymes) in-
volved in the degradation of macroalgal polysaccharides[11] and
Filote et al. covered aspects of potential biorefinery processes
utilizing marine sugars.[8] In the review by Ertesvåg, the
enzymatic degradation pathway of alginate was illustrated[12]

which is complemented by a recent summary of the character-
istics and applications of alginate lyases[13] and new insights
into fungal alginate lyases from Paradendryphiella salina.[14]

However, a detailed article dealing with the enzymatic degrada-
tion of other complex marine polysaccharides to access rare
sugars is missing. This minireview therefore focuses on the
current status of the microbial decomposition of the marine
polysaccharides carrageenan, laminarin, agar, porphyran and
ulvan (Scheme 1). We aim to provide an overview of the
complexity of marine polysaccharides and the ubiquitous
potential of this carbon source in biotechnological applications.

2. Diversity of Marine Carbohydrate Structures

Carbohydrates represent the largest proportion of marine
biomass. They mainly occur in marine plants, macro- and
microalgae[15–17] and can represent more than 50% of the algal
dry weight.[18–20] Many organisms use polysaccharides as intra-
cellular energy storage compounds as well as structural cell wall
components[21] or secrete them as extracellular polymeric
substances (EPS) with various functions.[22] The polysaccharide
composition varies substantially depending on the type of
algae. Red algae mainly produce sulfated galactans, which are
generally divided into agarans and carrageenans. While ulvan is
the main polysaccharide in green algae, brown algae are known
for the production of fucans.[23] The polysaccharides of diatoms
contain sulfated glucuronomannans and laminarin.[24–27] The
differences between terrestrial and marine carbohydrates
originate in the variety of carbohydrate structures in their
backbone as well as various modifications (Table 1). This is
believed to be an adaption to the marine environment.[26,28,29] In
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comparison to freshwater and soil, the oceans contain a higher
concentration of sulfate[30,31] allowing for distinct sulfation
patterns of the carbohydrates.[26,28,29] Due to the anionic proper-
ties of marine polysaccharides, especially through sulfation,
algae presumably are resistant to desiccation,[32] osmotic stress
and heavy metal toxicity[33] as well as more extreme temper-
ature and pH values.[34] The side group modifications and
decorations of the carbohydrates further increase the algae’s
recalcitrance to degradation by enzymatic attack. This drives
the adaptation of marine organism, especially bacteria, to
develop specific enzymes which can remove these modifica-
tions from the carbohydrate backbone and then use common
CAZymes to hydrolyse the glycosidic sugar bonds. An overview
of the diversity of selected carbohydrates from marine algae
and their monosaccharide composition is given in Table 1.

3. Enzymatic Degradation of Marine
Polysaccharides

The ability to compose and decompose polysaccharides is
crucial for the global carbon cycle. To use them as energy
source, heterotrophic organisms require a suitable set of
CAZymes in order to degrade them to monosaccharides, which
can be further converted through the central sugar metabolism.
Marine Bacteroidetes are specialized to use complex algal
polysaccharides of different origins as nutrient and therefore
have developed surprisingly complex and dedicated enzyme
toolboxes. This is also reflected by the observation that
recurrent patterns of dominant bacterial groups outgrow during
phytoplankton blooms in the North Sea.[68] Gene clusters
encoding a set of enzymes and further proteins (i. e. for sugar
transport) required to decompose algal polysaccharides are
organized in Bacteroidetes in so-called polysaccharide utiliza-
tion loci (PULs). These encode a broad variety of CAZymes to
decompose the complex polysaccharides.[62,69] Without detailed

knowledge on relevant enzyme functions, the guided degrada-
tion of marine polysaccharides in vitro is rather difficult.

The CAZy database (www.CAZy.org)[70,71] lists CAZymes
grouped by their enzyme class and genetic relationship. This
presently includes 163 classes of glycoside hydrolases (GHs),
111 classes of glycosyl transferases (GTs), 40 classes of
polysaccharide lyases (PLs), 18 classes of carbohydrate esterases
(CEs) and 16 classes of enzymes with auxiliary activity (AAs). For
the depolymerization of carbohydrates many different enzyme
functions are necessary. There are endo-active CAZymes, which
cleave within the polysaccharide chain and exo-enzymes, which
remove saccharide fragments from the ends. Glycoside hydro-
lases are the most diverse family of CAZymes. They catalyse the
hydrolysis of glycosidic bonds.[72] In polysaccharides that
contain uronic acid residues, like alginate or ulvan, polysacchar-
ide lyases catalyse the non-hydrolytic cleavage of the chain at
an uronic acid residue via a β-elimination mechanism.[73] Several
side groups increase the resistance against backbone-cleaving
enzymes. Besides further GHs that cleave off various mono-
saccharide side chains, other enzymes are required for the
deprotection of the polysaccharide backbone. Polysaccharide
sulfatases remove sulfate ester groups,[26] while carbohydrate
esterases catalyse the cleavage of O- and N-acetyl groups from
carbohydrates.[74] In contrast to the CEs, the sulfatases are not
implemented in the CAZy database but are listed in the
SulfAtlas database instead.[75] The class of ‘auxiliary activities‘
includes redox enzymes that act in conjunction with other
CAZymes.[76] This includes lytic polysaccharide monooxygenases
(LPMOs) and enzymes known to be involved in lignin degrada-
tion. Another example for enzymes with auxiliary activities are
the recently discovered cytochrome P450 monooxygenases
from the marine bacteria Formosa agariphila and Zobellia
galactanivorans. It was shown that they specifically catalyse the
demethylation of 6-O-methyl-d-galactose present in the algal
polysaccharides agarose and porphyran. Only after enzymatic
hydroxylation and a subsequent decomposition step – yielding
the free hydroxyl group of d-galactose and formaldehyde –
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further degradation can occur.[77] In the following, these
complex pathways are highlighted for selected algal carbohy-
drates.

3.1. Carrageenan

Besides agars, carrageenans are the main cell wall polysacchar-
ides of red macroalgae.[78] Their structure is very complex and
depend on the algal species. In general, they consist of sulfate
esters of α-1,3-linked 3,6-anhydro-d-galactose and β-1,4-linked

d-galactose (Table 1).[11] The most prominent carrageenans for
commercial applications are k-, ι- and λ-carrageenan
(Scheme 1).[11,32] The decomposition of such complex polysac-
charides to the monomeric level requires many different
enzyme functions.

The main carrageenan degrading enzymes are k-carragee-
nases (EC 3.2.1.83), ι-carrageenases (3.2.1.157) and
λ-carrageenases (3.2.1.162). They cleave the β-1,4-linkages of
polymeric carrageenans under the production of oligomeric
neocarrabiose.[79] The first ι-carrageenase-activity was reported
for enzymes from Alteromonas fortis and Z. galactanivorans
leading to the generations of GH family 82 which differs from
k-carrageenases.[79] These enzyme groups and their mode of
action were reviewed a few years ago.[80] As carrageenans are
highly sulfated polysaccharides, the removal of sulfate groups is
required for achieving complete decomposition (Figure 1). The
first carrageenan sulfatase from Pseudoalteromonas carrageeno-
vora was a 4-O-k-carrabiose sulfatase.[81] The synergistic degra-
dation of sulfated carrageenans by GHs and sulfatases was
demonstrated for Z. galactanivorans.[78] Here, ι- and
k-carrageenan required a desulfation of the C4 sulfate group of
d-galactose by two specialized sulfatases resulting in α- or β-
carrageenan. A third sulfatase converts α-carrageenan into
desulfated β-carrageenan by removing the C2 sulfate group
from anhydro-galactose. Without these desulfations further
degradation steps by GHs were blocked.[78] In detail, the first
step of ι-carrageenan degradation is the cleavage of the
polysaccharide chain into smaller oligosaccharides by ι-carra-
genases of family GH82. In k-carrageenan this first step is
carried out by a k-carrageenase of family GH16. Oligomeric
ι-carrageenan requires a desulfation of the d-galactose residues
by an ι-carrageenan G4S-sulfatase from family S1_19 resulting
in oligomeric α-carrageenan. The same steps occur in k-
carrageenan. Here, a k-carrageenan G4S-sulfatase hydrolyses
the sulfate ester at d-galactose residues, leading to unsulfated
β-carrageenan. To convert α-carrageenan into the unsulfated
β-carrageenan a desulfation of the remaining 3,6-anhydro-d-
galactose residues by an α-carrageenan DA2S-sulfatase from
family S1_17 is required. Finally, the unsulfated β-carrageenan
can be successively degraded from the non-reducing end by
3,6-anhydro-d-galactosidases from family GH127 or GH129
proteins and β-galactosidases from family GH2 (Figure 1).[78]

Recently the carrageenan decomposition was investigated in
several Pseudoalteromonas species.[82] Two GHs from family
GH16 with high identity to a previously described GH16 family
k-carrageenase from P. carrageenovora 9T[44–46] and a β-
carrageenan-specific endo-hydrolase from Paraglaciecola hydro-
lytica SS66T[83] were able to degrade k-carrageenan into even
numbered k-neocarrageenan oligosaccharides. The synergistic
activity between previously described S1_19 sulfatase[84] and
these GH16 enzymes were revealed to resemble the previous
results for Z. galactanivorans.[78] A prior desulfation of
k-carrageenan or ι-carrageenan by the S1_19 sulfatase allowed
depolymerisation by a third GH16 enzyme indicating an α- or β-
carrageenases activity. A second S1_19 sulfatase was revealed
to be an exo-G4S k-carrageenan sulfatase being inactive on ι-
carrageenan.[82] A β-neocarrabiose releasing exo-carrageenase of

Scheme 1. Structures of the marine polysaccharides carrageenan (a), agar (b),
porphyran (c) laminarin (d) and ulvan (e). Carrageenan is composed of 3,6-
anhydro-d-galactose (DA) and d-galactose (Gal). Agar divides in agarose and
agaropectin which contains Gal and 3,6-anhydro-l-galactose (LA). Laminarin
contains d-glucose. Porphyran is composed of d-galactose and L-galactose
(L). Ulvan is composed of d-glucuronic acid, l-iduronic acid (IdoA), d-xylose
(Xyl) and l-rhamnose (Rha). A number in combination with an ‘S’ attached to
a sugar represents the position of sulfate groups. A number in combination
with a ‘Me’ attached to a sugar represents the position of methyl groups.
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family GH167 was shown to degrade short k-carrageenan
oligosaccharides after treatment with k-carrageenan-active
sulfatase. This enzyme showed 63% identity[82] with a formerly
described carrageenan-active enzyme from P. hydrolytica.[83]

3.2. Porphyran

Agars are galactans from red algae containing α-1,3-linked
l-galactose and β-1,4-linked d-galactose. l-galactose is replaced
by 3,6-anhydro-l-galactose in agarose and by l-galactose-6-

sulfate in porphyran (Scheme 1, Table 1).[32,85] Porphyran is
especially abundant in algae of the genus Porphyra.

The degradation of agars in general was reviewed before,[86]

as were the biochemical characterizations of agarose-degrading
pathways.[87,88]

The marine porphyran degradation was enabled with the
investigation of the first marine β-porphyranases from the
Bacteroidetes Z. galactanivorans.[59] These enzymes belong to
family GH16 and were shown to cleave the β-1,4-linkage
between β-d-galactose and α-l-galactose-6-sulfate in purified
polymeric porphyran resulting in the disaccharide Gal6S-Gal as

Table 1. Overview of marine algae carbohydrates and organisms of marine origin containing characterized CAZymes. The different marine polysaccharides
are listed with their monosaccharide composition, methylation- and sulfation-patterns. Furthermore, their main chain linkages and the occurrence of the
corresponding polysaccharides in marine habitats are summarized. Marine organisms with characterized CAZymes for the degradation of the corresponding
polysaccharide are also listed.

Sugar composition[a] � CH3
[b] � OSO3

� [b] Marine
occurrence

Major CAZyme[c] Marine polysaccharide
degrader[d]

Agar[e] β-1,4-d-Galactose
α-1,3-3,6-Anhydro-l-galac-
tose
α-1,3-d-Galactose

+ + Red algae GH16, GH117, GH50,
α-Agarase EC. 3.2.1.158
β-Agarase EC 3.2.1.81

Zobellia galactanivorans,[35]

Saccharophagus degradans,[36]

Alterococcus agarolyticus,[37]

Flammeovirga sp. SJP92,[38]

Alginate β-1,4-d-Mannuronic acid
α-1,4-l-Guluronic acid

+ � Brown algae PL7
Mannuronate lyase EC 4.2.2.3
Guluronate lyase EC 4.2.2.11

Sphingomonas sp. MJ-3,[39]

Microbulbifer sp. ALW1,[40]

Flavobacterium sp. UMI-01[41]

Carrageenan β-1,4-d-Galactose
α-1,3-3,6-Anhydro-d-galac-
tose

+ + Red algae GH16
Carrageenase EC 3.2.1.83

Pseudoalteromonas atlantica,[42]

Zobellia galactanivorans,[43]

Pseudoalteromonas
carrageenovora 9T,[44–46]

Cellulose β-1,4-d-Glucose
β-1,6-d-Glucose

� � Green and
Brown algae

GH48, GH17, GH16, GH9
Endo-glucanase EC 3.2.1.6
Exo-glucanase EC 3.2.1.74

Glaciecola sp. 4H-3-7+YE-5[47],
Actinoalloteichus sp. MHA15[48],
Exiquobacterium sp. Alg-S5[49]

Fucoidan α-1,3-l-Fucose,
α-1,2-l-Fucose
α-1,2-d-Glucuronic acid

� + Brown algae GH29, GH107, GH168
α-l-Fucosidase EC 3.2.1.51
α-1,3–1,4-l-Fucosidase EC
3.2.1.111
Endo-Fucoidanase EC 3.2.1.212

Luteolibacter algae H18,[50]

Wenyingzhuangia fucanilyti-
ca,[51]

Lamellidens corrianus,[52]

Vibrio sp. EJY3[53]

Laminarin β-1,3-d-Glucose
β-1,6-d-Glucose

� � Brown algae
and diatoms

GH5
β-1,3-Glucanase EC 3.2.1.6

Formosa agariphila GH17A,[54]

Formosa sp. nov strain
Hel1_33_131,[54]

Pseudocardium sachalinensis,[54]

Vibrio campbellii,[55]

Mannan β-1,4-d-Mannose
α-1,4-d-Mannose

� � Red and
Green algae

GH5
β-Mannanase EC 3.2.1.78

Streptomyces sp. Alg-S25[56]

Pectin α-1,4-d-Galacturonic acid,
α-1,6-d-Galactose,
β-1,4-d-Xylose
α-1,5-l-Arabinose
α-1,2-d-Apiose
α-1,2-l-Rhamnose

+ � Green algae
and
diatoms

PL1, PL2, PL3
Pectin lyase EC 4.2.2.10

Pseudoalteromonas sp. PS47,[57]

Pseudoalteromonas
haloplanktis ANT/505[58]

Porphyran β-1,4-d-Galactose
α-1,3-l-Galactose

+ + Red algae GH16, GH86
β-Porphyranase EC 3.2.1.178

Z. galactanivorans.[59]

Bacteroides plebeius[60]

Ulvan β-1,4-d-Xylose
α-1,4-l-Iduronic acid,
β-1,4-d-Glucuronic acid,
α-1,4-l-Rhamnose

+ + Green algae PL24, PL25, PL28
Ulvan lyase EC 4.2.2.–

Formosa agariphila[61,62]

Xylan β-1,4-d-Xylose[f]

β-1,3-d-Xylose[f]
+ + Red and

Green algae
GH10, GH11, GH30
Endo-1,4-β Xylanase EC 3.2.1.8

Paraglaciecola mesophile
KMM241,[63]

Vibrio sp. XY-214,[64]

Alcaligenes sp. XY-234,[65]

Glaciecola sp. 4H-3-7+YE-5,[47]

Psychrobacter sp. Strain 2–7,[66]

[a] The most prominent monosaccharides are listed. [b] Methylation (� CH3) or sulfatation (� OSO3
� ) patterns of the polysaccharides are indicated. The

potential occurrence of these monosaccharide decorations is marked with + or in their absence with � . [c] CAZyme families only represent the enzyme for
initial depolymerisation of the polysaccharide. [d] Characterized CAZymes from marine organism refer mostly to examples published between 2016–2020.[11]

[e] Agar is composed of agarose and agaropectin. [f] Red algae xylan consists of mixed linked type β-1,4-d-Xylose and β-1,3-d-Xylose while green algae xylan
contains mostly β-1,3-d-Xylose.[67]
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the final degradation product.[59] Later a new β-porphyranase
from Bacteroides plebeius from family GH86 was identified.[60]

Similar studies indicated the importance of GH16 enzymes in
the degradation of porphyran by the investigation of further
GH16 porphyranases.[85,89] Nevertheless, these enzymes are not
sufficient on their own for the complete degradation of
porphyran (Figure 2). They require a synergistic cleavage of
several side group-removing enzymes which deprotect the
polysaccharide chain from functional groups and thereby
enable further degradation by the porphyranases. As men-
tioned above, P450 monooxygenases catalyse demethylation of
6-O-methyl-d-galactose – a monosaccharide that replaces d-
galactose in porphyran in a random manner.[90,91,77] Hence, these
P450s are crucial for the complete decomposition of porphyran.
Besides methylated sugars, porphyran is known to contain l-
galactose-6-sulfate.[92] There are reports about putative sulfatase
genes in PUL structures presumably targeting porphyran,[60] but
they have not been biochemically characterized and their
function is not yet confirmed.

3.3. Laminarin

Laminarin is one of the most abundant marine polysaccharides.[27]

It occurs in brown algae and especially in diatoms (Table 1).[93] It is
a highly water soluble glucan which is composed of linear β-1,3-
linked d-glucose with β-1,6-linked d-glucose side chains
(Scheme 1).[93]

Several CAZymes are required for the depolymerisation of
laminarin (Figure 2). Laminarinases, the main laminarin-degrading
enzymes, are classified into endo-β-1,3-glucanases (laminarinases)
(EC 3.2.1.6 and EC 3.2.1.39) and exo-β-1,3-glucanases (EC 3.2.1.58).
Endo-β-1,3-glucanases hydrolyse the β-1,3 backbone while exo-β-
1,3-glucanases cleave off glucose from the non-reducing ends of
laminarin oligosaccharides. Endo-acting laminarinases are mainly
grouped into families GH16, GH17, GH55, GH64, and GH81, while
the GH3 family contains exo-acting laminarinases.[54]

While GH16 laminarinases can cleave β-1,3- and β-1,4-linkages,
GH17 enzymes are highly specific for undecorated β-1,3 glucans.[69]

Two GH16 and GH17 enzymes from F. agariphila KMM 3901T and
a GH30 enzyme from Formosa sp. Hel1_33_131 were investigated
as well.[54] The GH16 enzyme had 44% and 43% identity with two
endo-acting laminarinases from Z. galactanivorans. GH17 enzymes
are endo-type enzymes specific for β-1,3-glucans, while the GH30
family contains enzymes, which are specific for β-1,6-glucans.

Figure 1. Metabolic carrageenan degradation pathway by CAZymes based on current knowledge.[44–46,78] The oligosaccharides on the top represent a section
of a larger polysaccharide chain. A number in combination with an ‘S’ attached to a sugar represents the position of sulfate groups.
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Thereby, endo-acting enzymes from family GH17 are required for
the depolymerisation of the laminarin backbone, while exo-acting
GH30 enzymes hydrolyse the side chains. This combination of
GH17 and GH30 enzymes is necessary for an efficient laminarin
depolymerisation.[54] Beside this, there has been a report about a
promiscuous GH3-like laminarinase from Vibrio campbellii, which is
able to cleave β-1,3-linkages as well as β-1,4- and β-1,6-linkages
(Figure 2).[55] These laminarin-degrading enzymes are conserved in
marine Bacteroidetes. Thus, it was demonstrated that enzymes
encoded in both chromosomes of P. carrageenovora showed
activity on β-1,3-glucans. They contain genes for several GH16
endo-1,3-β-glucanases. One of the respective PUL structures is
conserved in 47 of 52 analysed Pseudoalteromonas genomes.[94]

Genome analyses of 53 marine bacterial isolates revealed 400
PULs from which 46 PULs (ca. 12%) are putatively laminarin-
targeting.[69] Thus, the laminarin decomposition plays an important
role in the marine polysaccharide turnover.

3.4. Ulvan

Ulvan is the major cell wall polysaccharide of macroalgae from
the genus Ulva.[62] It is a branched, highly sulfated polysacchar-
ide composed of repeating disaccharide units of β-1,4-linked d-
glucuronic acid (GlcA) or α-l-iduronic acid (IdoA) to α-1,4-linked
l-rhamnose-3-sulfate (Rha3S). The GlcA can be replaced by β-
1,4-linked d-xylose (Xyl) or d-xylose-2-sulfate (Xyl2S) (Scheme 1,
Table 1). Also, GlcA side chains at position 2 of Rha3 S have
been reported.[62]

The first enzymatic decomposition of ulvan by a marine
bacterium was reported more than twenty years ago when the
first ulvan lyase (EC 4.2.2.–) was discovered.[95] Several other ulvan
lyases from the families PL24, PL25, PL28 and PL40 were described
in various Bacteroidetes and Proteobacteria.[61,62,87,96–105] They
catalyse the initial cleavage step for the degradation of ulvan via
an elimination mechanism and cleave the α-1,4-linkage between
rhamnose-3-sulfate and glucuronic or iduronic acid under the
formation of an unsaturated uronic acid residue (Δ) at the non-
reducing end. This residue can then be hydrolytically removed by
glucuronyl hydrolases of the family GH88 or GH105 (EC 3.2.1.–
),[62,106,106–109] forming 5-dehydro-4-deoxy-d-glucuronate. Enzyme
functions for the ulvan degradation system of F. agariphila KMM
3901T were first predicted by similarity with the help of artificial
chromogenic substrates[107] after which the first complete metabol-
ic ulvan degradation pathway was elucidated (Figure 3).[62]

In F. agariphila the initial depolymerization step is catalysed
by ulvan lyases of family PL28 and PL40. The PL28 family ulvan
lyase exhibits a type IX secretion signal and an additional ulvan
binding module, which facilitates the recognition and binding
of polymeric ulvan. As these properties are missing in the PL40
family lyase, it is suggested that it is more likely a membrane-
associated or periplasmatic enzyme. This indicates that its main
function is to degrade larger oligosaccharides produced by
PL28 family lyase, although it exhibits the same activity against
polymeric ulvan.[62] This strategy most probably avoids smaller
substrate molecules diffusing away from the bacterial cell.
Instead, they are cleaved immediately before or after their
uptake into the periplasm by TonB-dependent transporters

Figure 2. Metabolic porphyran (a) and laminarin (b) degradation pathways by CAZymes based on current knowledge.[54,55] The oligosaccharides on the top
represent a section of a larger polysaccharide chain. A number in combination with an ‘S’ attached to a sugar represents the position of sulfate groups. A
number in combination with an ‘OMe’ attached to a sugar represents the position of methyl ether groups.
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(TBDTs). This strategy is also known as the ’selfish’ uptake
mechanism.[110] Larger oligosaccharides that are resistant to
ulvan lyases, usually contain larger amounts of xylose, as it was
shown for xylose-rich ulvan. A novel endo-rhamnosidase of
family GH39 was demonstrated to degrade them. Up to this
point, family GH39 was not described to contain rhamnosidases.
A BlastP search revealed that this enzyme shows a rather low
identity with all other GH39 enzymes.[107] Thus, it was described
to be a new type of a GH39 enzyme with a novel activity and
most presumably different structural motifs due to the con-
firmed endo-activity.

Beside these xylose-containing oligosaccharides, uronic
acid-containing oligosaccharides were described to be resistant
to further ulvan lyase degradation as well.[62] At higher ulvan
concentration the lyases are inhibited by their own products.[95]

Furthermore, the small xylose-containing oligosaccharides, are
resistant to further degradation by lyases or glycoside hydro-
lases. For a complete depolymerization, a removal of any side
chains and protective groups from the particular polysaccharide
is necessary. The cleavage of sulfate ester bonds requires a set
of specialized sulfatases. On ulvan fragments, sulfatases from
the families S1_7, S1_8 and S1_25 showed activity.[62,111] An
endolytic S1_8 family xylose sulfatase was described to

Figure 3. Metabolic ulvan degradation pathway by CAZymes based on current knowledge.[62,111] The oligosaccharide on the top represents a section of a
larger polysaccharide chain. A number in combination with an ‘S’ attached to a sugar represents the position of sulfate groups. ‘Unsaturated uronic acid’
represents 4-deoxy-α-l-threo-hex-4-enopyranuronic acid.
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desulfate small xylose-containing tri- and tetrasaccharides like
Δ-Rha3S-Xyl2S-Rha3S and Rha3S-Xyl-Rha3S. In contrast, exolytic
rhamnose- and xylose- sulfatases from family S1_25 and S1_7
are responsible for desulfation of non-reducing end rhamnose
or xylose residues. This enables a further degradation by several
other CAZymes. Exo-rhamnosidases from family GH78 cleave off
the non-reducing end rhamnose residue. In the case of uronic
acid-containing fragments, the responsible GH78 rhamnosidase
was shown to be a multimodular CAZyme also containing a
family S1_25 sulfatase responsible for desulfating the substrate
non-reducing end rhamnose residue.[111]

This was the first characterized multimodular CAZyme
involved in ulvan degradation. Multimodular enzymes were
revealed before in other Bacteroidetes even the same combina-
tion of GH78 and sulfatase was reported for N. ulvanivorans,[26]

which underlines the importance of this combination of enzyme
activities for the utilization of ulvan. The last step of the
degradation of ulvan to monomeric sugars is cleavage of the
disaccharides Xyl-Rha3S and GlcA/IdoA-Rha3S. β-Xylosidases of
family GH3 and GH43 were shown to hydrolyse Xyl-Rha3S. Two
options for the cleavage of GlcA/IdoA-Rha3S were recently
discovered by us.[111] A β-glucuronidase/α-iduronase from family
GH3 or a novel polysaccharide dehydratase in combination with
unsaturated glucuronyl hydrolase from family 105 were able to
cleave the uronic acid-containing disaccharides (unpublished).

4. Saccharification Processes for Marine Sugars

The elucidation of these marine polysaccharide utilization
systems enables the use of algal biomass for fermentation
processes as well as the production of biofuels and high value
fine chemicals. Currently, algal biomass is treated as waste and
accumulates in very large amounts due to the high growth rate
of algae,[112] making it a cheap and easily accessible source of
raw materials. For their use in biotechnological applications,
biorefinery concepts were published mostly for the efficient
saccharification and fermentation of brown algae carbohy-
drates. Among these, the metabolic engineering of Saccharo-
myces cerevisiae for the fermentation of mannitol and alginate
degradation products to ethanol was reported.[113] The metabol-
ic engineering of Escherichia coli led to the creation of a strain
that is able to degrade, take up and metabolize alginate under
the production of bioethanol.[114] The clarification of the
metabolic pathway for 3,6-anhydro-l-galactose enabled the use
of the red algae polysaccharides agar and carrageenan for the
same purpose.[115] The direct bioconversion of brown algae into
ethanol was reported for Defluviitalea phaphyphila.[116] Another
milestone in the biofuel production from algae was the
engineering of the yeast S. cerevisiae for enzymatic hydrolysis of
laminarin from brown macroalgae for the production of
bioethanol.[117] Recent reviews summarize biofuel feedstocks
including macroalgal[118] and related genetic engineering
approaches.[119]

The production of meso-2,3-butanediol from glucose was
demonstrated by metabolic engineering of Bacillus
licheniformis.[120] Glucose can be produced using the wide-

spread glucanases of various organisms to degrade the green
algal glucans and the brown algal laminarins. This enables the
2,3-butanediol fermentation using marine polysaccharides as
feedstock. Besides ethanol, hydrogen is a promising energy
carrier. The fermentative hydrogen evolution was reviewed
showing biochemical pathways for the production of hydro-
gen by various microorganisms.[121] The reported hydrogen
generation systems involving bacteria growing on first or
second generation plant sources[122] can easily be adapted to
the use of algal biomass as the investigation of fermentative
pathways starts with monosaccharides that can be provided
by either land plants or algae. Thus, the hydrogen evolution
using the hyperthermophilic bacteria Thermotoga neapolitana
on biomass of the green alga Chlamydomonas reinhartii was
reported.[123] The production of hydrogen from xylose is also
possible using an in vitro enzyme cascade,[124] showing that
hydrogen evolution can also work cell-free. To increase the
yield of produced biofuels from macroalgae several pretreat-
ing methods were described recently.[125,126]

In principle, the application of carbohydrates in biotechno-
logical processes for fermentation requires the possibility to
fully degrade the respective carbohydrate to the monomeric
level and the ability to metabolize the corresponding mono-
saccharides released by the polysaccharide degradation. Thus,
the more complex the polysaccharide is, the more CAZymes are
required for its degradation. If the polymer contains rare sugars,
there are often only a few microorganisms which are able to
metabolize them. For the production of ethanol, yeasts like S.
cerevisiae are often used because they exhibit a high ethanol
tolerance.[127] Even if yeasts have been implemented in the
production from bioethanol from brown algae[117] they still
often lack genes in the metabolic pathways encoding for
proteins for the conversion of pentose sugars like xylose and
arabinose.[128] Enabling a usage of these sugars would require
metabolic engineering,[129] complicating the use of algal bio-
mass in yeast fermentation processes. However, especially rare
sugars can not only serve as carbon source for fermentation,
but also be a value product on their own. Thus, 3,6-anhydro-l-
galactose can be isolated from red algae and it was reported to
exhibit skin whitening and anti-inflammatory properties.[130]

5. Conclusion

In contrast to their terrestrial counterpart, the metabolic
degradation of marine polysaccharides is currently still underex-
plored. Marine microorganisms provide enzymatic toolboxes for
the successive degradation of these carbohydrates into mono-
meric sugars. The acquired insight of the metabolic polysac-
charide utilization greatly expands the possibility to use algal
waste for recycling in biorefinery processes to high value
materials with even beneficial effect for the environment. The
research on this topic is still in its infancy regarding the huge
diversity of marine polysaccharides and still much scientific
work is necessary in this field to overcome the bottlenecks for
producing fermentable saccharide fragments from algae for the
production of valuable chemicals.

ChemBioChem
Minireviews
doi.org/10.1002/cbic.202100078

2254ChemBioChem 2021, 22, 2247–2256 www.chembiochem.org © 2021 The Authors. ChemBioChem published by Wiley-VCH GmbH

Wiley VCH Montag, 21.06.2021

2113 / 203376 [S. 2254/2256] 1

http://orcid.org/0000-0003-0685-2696


Acknowledgements

We thank the German Research Foundation (DFG) for funding
through the Research Unit FOR2406 “Proteogenomics of Marine
Polysaccharide Utilization” (POMPU) (BO 1862/17-1 and BO
1862/17-2) and the BMBF for funding in the frame of the Plant3
project MarZucker (03WIR2205A). We also thank Thomas
Schweder, Jan-Hendrik Hehemann and Lukas Reisky for valuable
discussions. Open access funding enabled and organized by
Projekt DEAL.

Conflict of Interest

The authors declare no conflict of interest.

Keywords: carrageenan · CAZymes · laminarin · marine
polysaccharides · porphyran · ulvan

[1] S. Das, P. S. Lyla, S. A. Khan, Curr. Sci. 2006, 90, 1325–1335.
[2] P. J. McCarthy, S. A. Pomponi, Mar. Bio. 2004, 22, 1–2.
[3] W. M. Post, T.-H. Peng, W. R. Emanuel, A. W. King, V. H. Dale, D. L.

DeAngelis, Am. Sci. 1990, 78, 310–326.
[4] K. Caldeira, M. E. Wickett, Nature 2003, 425, 365–365.
[5] Royal Society (UK), Ocean Acidification Due to Increasing Atmospheric

Carbon Dioxide., Royal Society, London, 2005.
[6] M. Wang, C. Hu, B. B. Barnes, G. Mitchum, B. Lapointe, J. P. Montoya,

Science 2019, 365, 83–87.
[7] V. Smetacek, A. Zingone, Nature 2013, 504, 84–88.
[8] C. Filote, S. C. R. Santos, V. I. Popa, C. M. S. Botelho, I. Volf, Environ.

Chem. Lett. 2020, 19, 969–1000.
[9] M. Fabris, R. M. Abbriano, M. Pernice, D. L. Sutherland, A. S. Commault,

C. C. Hall, L. Labeeuw, J. I. McCauley, U. Kuzhiuparambil, P. Ray, T.
Kahlke, P. J. Ralph, Front. Plant Sci. 2020, 11, 279.

[10] L. M. L. Laurens, M. Lane, R. S. Nelson, Trends Biotechnol. 2020, 11,
1232–1244.

[11] A. Trincone, Molecules 2018, 23, 901.
[12] H. Ertesvåg, Front. Microbiol. 2015, 6, 523.
[13] D. Cheng, C. Jiang, J. Xu, Z. Liu, X. Mao, Int. J. Biol. Macromol. 2020,

164, 1304–1320.
[14] B. Pilgaard, M. Vuillemin, J. Holck, C. Wilkens, A. S. Meyer, J. Fungi

2021, 7, 80.
[15] B. Subhadra, M. Edwards, Energy Policy 2010, 38, 4897–4902.
[16] R. Taylor, R. L. Fletcher, J. A. Raven, Bot. Mar. 2001, 44, 327–336.
[17] R. A. Cohen, P. Fong, Ecol. Appl. 2006, 16, 1405–1420.
[18] S. Kraan, Carbohydr. – Compr. Stud. Glycobiol. Glycotechnol. 2012, 1–44.
[19] M. Murata, J. Nakazoe, Jpn. Agric. Res. Q. JARQ 2001, 35, 281–290.
[20] M. Lahaye, J.-L. Gomez-Pinchetti, M. J. del Rio, G. Garcia-Reina, J. Sci.

Food Agric. 1995, 68, 99–104.
[21] B. Kloareg, R. S. Quatrano, Oceanogr. Mar. Biol. 1988, 26, 259–315.
[22] K. D. Hoagland, J. R. Rosowski, M. R. Gretz, S. C. Roemer, J. Phycol.

1993, 29, 537–566.
[23] G. Jiao, G. Yu, J. Zhang, H. S. Ewart, Mar. Drugs 2011, 9, 196–223.
[24] E. Percival, R. H. McDowell, AP. 1967, 162, 895–896.
[25] A. Willis, A. Chiovitti, T. M. Dugdale, R. Wetherbee, J. Phycol. 2013, 49,

937–949.
[26] W. Helbert, Front. Mar. Sci. 2017, 4, 6.
[27] S. Becker, J. Tebben, S. Coffinet, K. Wiltshire, M. H. Iversen, T. Harder,

K.-U. Hinrichs, J.-H. Hehemann, Proc. Natl. Acad. Sci. USA 2020, 117,
6599–6607.

[28] R. S. Aquino, A. M. Landeira-Fernandez, A. P. Valente, L. R. Andrade,
P. A. S. Mourão, Glycobiology 2005, 15, 11–20.

[29] J. L. Olsen, P. Rouzé, B. Verhelst, Y.-C. Lin, T. Bayer, J. Collen, E. Dattolo,
E. De Paoli, S. Dittami, F. Maumus, G. Michel, A. Kersting, C. Lauritano,
R. Lohaus, M. Töpel, T. Tonon, K. Vanneste, M. Amirebrahimi, J. Brakel,
C. Boström, M. Chovatia, J. Grimwood, J. W. Jenkins, A. Jueterbock, A.
Mraz, W. T. Stam, H. Tice, E. Bornberg-Bauer, P. J. Green, G. A. Pearson,

G. Procaccini, C. M. Duarte, J. Schmutz, T. B. H. Reusch, Y. Van de Peer,
Nature 2016, 530, 331–335.

[30] J. Wright, A. Colling, Seawater: Its Composition, Properties and
Behaviour, Elsevier, 1995.

[31] M. Bochenek, G. J. Etherington, A. Koprivova, S. T. Mugford, T. G. Bell,
G. Malin, S. Kopriva, New Phytol. 2013, 199, 650–662.

[32] E. Ficko-Blean, C. Hervé, G. Michel, Perspect. Phycol. 2015, 2, 51–64.
[33] L. R. Andrade, R. N. Leal, M. Noseda, M. E. R. Duarte, M. S. Pereira,

P. A. S. Mourão, M. Farina, G. M. Amado Filho, Mar. Pollut. Bull. 2010,
60, 1482–1488.

[34] M. Ucko, E. Cohen, H. Gordin, Appl. Environ. Microbiol. 1989, 55, 2990–
2994.

[35] M. Jam, D. Flament, J. Allouch, P. Potin, L. Thion, B. Kloareg, M. Czjzek,
W. Helbert, G. Michel, T. Barbeyron, Biochem. J. 2005, 385, 703–713.

[36] H. T. Kim, S. Lee, K. H. Kim, I.-G. Choi, Bioresour. Technol. 2012, 107,
301–306.

[37] W. Y. Shieh, W. D. Jean, Can. J. Microbiol. 1998, 44, 637–645.
[38] Y. Chu, Z. Yi, R. Zeng, G. Zhang, J. Mol. Catal. B 2016, 129, 47–53.
[39] M. Ryu, E. Y. Lee, J. Ind. Eng. Chem. 2011, 17, 853–858.
[40] Y. Zhu, L. Wu, Y. Chen, H. Ni, A. Xiao, H. Cai, Microbiol. Res. 2016, 182,

49–58.
[41] A. Inoue, R. Nishiyama, T. Ojima, Algal Res. 2016, 19, 355–362.
[42] M. Akagawa-Matsushita, M. Matsuo, Y. Koga, K. Yamasato, Int. J. Syst.

Bacteriol. 1992, 42, 621–627.
[43] E. Ficko-Blean, A. Préchoux, F. Thomas, T. Rochat, R. Larocque, Y. Zhu,

M. Stam, S. Génicot, M. Jam, A. Calteau, B. Viart, D. Ropartz, D. Pérez-
Pascual, G. Correc, M. Matard-Mann, K. A. Stubbs, H. Rogniaux, A.
Jeudy, T. Barbeyron, C. Médigue, M. Czjzek, D. Vallenet, M. J. McBride,
E. Duchaud, G. Michel, Nat. Commun. 2017, 8, 1685.

[44] G. Michel, L. Chantalat, E. Duee, T. Barbeyron, B. Henrissat, B. Kloareg,
O. Dideberg, Structure 2001, 9, 513–525.

[45] T. Barbeyron, B. Henrissat, B. Kloareg, Gene 1994, 139, 105–109.
[46] M. Matard-Mann, T. Bernard, C. Leroux, T. Barbeyron, R. Larocque, A.

Préchoux, A. Jeudy, M. Jam, P. Nyvall Collén, G. Michel, M. Czjzek, J.
Biol. Chem. 2017, 292, 19919–19934.

[47] B. Klippel, A. Lochner, D. C. Bruce, K. W. Davenport, C. Detter, L. A.
Goodwin, J. Han, S. Han, M. L. Land, N. Mikhailova, M. Nolan, L.
Pennacchio, S. Pitluck, R. Tapia, T. Woyke, S. Wiebusch, A. Basner, F.
Abe, K. Horikoshi, M. Keller, G. Antranikian, J. Bacteriol. 2011, 193,
4547–4548.

[48] G. Rajagopal, S. Kannan, Biotechnol. Rep. 2017, 13, 30–36.
[49] B. R. Mohapatra, Int. J. Biol. Macromol. 2017, 98, 103–110.
[50] T. Nagao, A. Kumabe, F. Komatsu, H. Yagi, H. Suzuki, T. Ohshiro, J.

Biosci. Bioeng. 2017, 124, 277–282.
[51] S. Dong, Y. Chang, J. Shen, C. Xue, F. Chen, Protein Expression Purif.

2017, 129, 9–17.
[52] A. Venugopal, C. Sudheer Kumar, N. Siva Kumar, M. J. Swamy, Int. J.

Biol. Macromol. 2017, 104, 432–441.
[53] H. Hong, D. H. Kim, H. Seo, K. H. Kim, K.-J. Kim, J. Agric. Food Chem.

2021, 69, 3380–3389.
[54] S. Becker, A. Scheffel, M. F. Polz, J.-H. Hehemann, Appl. Environ.

Microbiol. 2017, 83, e03389-16.
[55] L. Wang, Y. Chen, H. Huang, Z. Huang, H. Chen, Z. Shao, Aquac. Res.

2015, 46, 395–404.
[56] B. R. Mohapatra, Biotechnol. Biotechnol. Equip. 2021, 35, 150–161.
[57] J. K. Hobbs, A. G. Hettle, C. Vickers, A. B. Boraston, Appl. Environ.

Microbiol. 2018, 85, e02114-18.
[58] J.-H. Hehemann, L. V. Truong, F. Unfried, N. Welsch, J. Kabisch, S. E.

Heiden, S. Junker, D. Becher, A. Thürmer, R. Daniel, R. Amann, T.
Schweder, Environ. Microbiol. 2017, 19, 2320–2333.

[59] J.-H. Hehemann, G. Michel, T. Barbeyron, M. Czjzek, Acta Crystallogr.
Sect. F 2010, 66, 413–417.

[60] J.-H. Hehemann, A. G. Kelly, N. A. Pudlo, E. C. Martens, A. B. Boraston,
Proc. Natl. Acad. Sci. USA 2012, 109, 19786–19791.

[61] V. R. Konasani, C. Jin, N. G. Karlsson, E. Albers, Sci. Rep. 2018, 8, 14713.
[62] L. Reisky, A. Préchoux, M. K. Zühlke, M. Bäumgen, C. S. Robb, N.

Gerlach, T. Roret, C. Stanetty, R. Larocque, G. Michel, S. Tao, S. Markert,
F. Unfried, M. D. Mihovilovic, A. Trautwein-Schulz, D. Becher, T.
Schweder, U. T. Bornscheuer, J.-H. Hehemann, Nat. Chem. Biol. 2019,
15, 803–812.

[63] B. Guo, P.-Y. Li, Y.-S. Yue, H.-L. Zhao, S. Dong, X.-Y. Song, C.-Y. Sun, W.-
X. Zhang, X.-L. Chen, X.-Y. Zhang, B.-C. Zhou, Y.-Z. Zhang, Mar. Drugs
2013, 11, 1173–1187.

[64] Y. Umemoto, T. Shibata, T. Araki, Mar. Biotechnol. 2012, 14, 10–20.

ChemBioChem
Minireviews
doi.org/10.1002/cbic.202100078

2255ChemBioChem 2021, 22, 2247–2256 www.chembiochem.org © 2021 The Authors. ChemBioChem published by Wiley-VCH GmbH

Wiley VCH Montag, 21.06.2021

2113 / 203376 [S. 2255/2256] 1

http://orcid.org/0000-0003-0685-2696


[65] T. Araki, N. Inoue, T. Morishita, J. Gen. Appl. Microbiol. 1998, 44, 269–
274.

[66] J. P. Acevedo, M. T. Reetz, J. A. Asenjo, L. P. Parra, Enzyme Microb.
Technol. 2017, 100, 60–70.

[67] Y. Hsieh, P. J. Harris, Polymer 2019, 11, 354.
[68] H. Teeling, B. M. Fuchs, D. Becher, C. Klockow, A. Gardebrecht, C. M.

Bennke, M. Kassabgy, S. Huang, A. J. Mann, J. Waldmann, M. Weber, A.
Klindworth, A. Otto, J. Lange, J. Bernhardt, C. Reinsch, M. Hecker, J.
Peplies, F. D. Bockelmann, U. Callies, G. Gerdts, A. Wichels, K. H.
Wiltshire, F. O. Glöckner, T. Schweder, R. Amann, Science 2012, 336,
608–611.

[69] L. Kappelmann, K. Krüger, J.-H. Hehemann, J. Harder, S. Markert, F.
Unfried, D. Becher, N. Shapiro, T. Schweder, R. I. Amann, H. Teeling,
ISME J. 2019, 13, 76–91.

[70] V. Lombard, H. Golaconda Ramulu, E. Drula, P. M. Coutinho, B.
Henrissat, Nucleic Acids Res. 2014, 42, D490–D495.

[71] B. L. Cantarel, P. M. Coutinho, C. Rancurel, T. Bernard, V. Lombard, B.
Henrissat, Nucleic Acids Res. 2009, 37, D233–D238.

[72] G. Davies, B. Henrissat, Structure 1995, 3, 853–859.
[73] M.-L. Garron, M. Cygler, Glycobiology 2010, 20, 1547–1573.
[74] G. J. Davies, T. M. Gloster, B. Henrissat, Curr. Opin. Struct. Biol. 2005, 15,

637–645.
[75] T. Barbeyron, L. Brillet-Guéguen, W. Carré, C. Carrière, C. Caron, M.

Czjzek, M. Hoebeke, G. Michel, PLoS One 2016, 11,— e016848.
[76] A. Levasseur, E. Drula, V. Lombard, P. M. Coutinho, B. Henrissat,

Biotechnol. Biofuels 2013, 6, 41.
[77] L. Reisky, H. C. Büchsenschütz, J. Engel, T. Song, T. Schweder, J.-H.

Hehemann, U. T. Bornscheuer, Nat. Chem. Biol. 2018, 14, 342–344.
[78] E. Ficko-Blean, A. Préchoux, F. Thomas, T. Rochat, R. Larocque, Y. Zhu,

M. Stam, S. Génicot, M. Jam, A. Calteau, B. Viart, D. Ropartz, D. Pérez-
Pascual, G. Correc, M. Matard-Mann, K. A. Stubbs, H. Rogniaux, A.
Jeudy, T. Barbeyron, C. Médigue, M. Czjzek, D. Vallenet, M. J. McBride,
E. Duchaud, G. Michel, Nat. Commun. 2017, 8, 1685.

[79] T. Barbeyron, G. Michel, P. Potin, B. Henrissat, B. Kloareg, J. Biol. Chem.
2000, 275, 35499–35505.

[80] P. Chauhan, A. Saxena, 3 Biotech 2016, 6, 146.
[81] J. Weigl, W. Yaphe, Can. J. Microbiol. 1966, 12, 874–876.
[82] A. G. Hettle, J. K. Hobbs, B. Pluvinage, C. Vickers, K. T. Abe, O. Salama-

Alber, B. E. McGuire, J.-H. Hehemann, J. P. M. Hui, F. Berrue, A.
Banskota, J. Zhang, E. M. Bottos, J. Van Hamme, A. B. Boraston,
Commun. Biol. 2019, 2, 474.

[83] M. Schultz-Johansen, P. K. Bech, R. C. Hennessy, M. A. Glaring, T.
Barbeyron, M. Czjzek, P. Stougaard, Front. Microbiol. 2018, 9, 839.

[84] A. G. Hettle, C. Vickers, C. S. Robb, F. Liu, S. G. Withers, J.-H. Hehemann,
A. B. Boraston, Structure 2018, 26, 747–758.

[85] J.-H. Hehemann, A. B. Boraston, M. Czjzek, Curr. Opin. Struct. Biol. 2014,
28, 77–86.

[86] W.-J. Chi, Y.-K. Chang, S.-K. Hong, Appl. Microbiol. Biotechnol. 2012, 94,
917–930.

[87] J. Gao, C. Du, Y. Chi, S. Zuo, H. Ye, P. Wang, Mar. Drugs 2019, 17, 568.
[88] B. Pluvinage, J. M. Grondin, C. Amundsen, L. Klassen, P. E. Moote, Y.

Xiao, D. Thomas, N. A. Pudlo, A. Anele, E. C. Martens, G. D. Inglis, R. E. R.
Uwiera, A. B. Boraston, D. W. Abbott, Nat. Commun. 2018, 9, 1043.

[89] Y. Zhang, Y. Chang, J. Shen, C. Xue, J. Agric. Food Chem. 2019, 67,
9307–9313.

[90] J. R. Turvey, J. Christison, Biochem. J. 1967, 105, 317–321.
[91] M. Duckworth, J. R. Turvey, Biochem. J. 1969, 113, 687–692.
[92] S. Peat, D. A. Rees, Biochem. J. 1961, 79, 7–12.
[93] S. Becker, A. Scheffel, M. F. Polz, J.-H. Hehemann, Appl. Environ.

Microbiol. 2017, 83, —e03389-16.
[94] A. Gobet, T. Barbeyron, M. Matard-Mann, G. Magdelenat, D. Vallenet, E.

Duchaud, G. Michel, Front. Microbiol. 2018, 9, 2740.
[95] M. Lahaye, M. Brunel, E. Bonnin, Carbohydr. Res. 1997, 304, 325–333.
[96] P. Nyvall Collén, J.-F. Sassi, H. Rogniaux, H. Marfaing, W. Helbert, J. Biol.

Chem. 2011, 286, 42063–42071.
[97] M. Kopel, W. Helbert, Y. Belnik, V. Buravenkov, A. Herman, E. Banin, J.

Biol. Chem. 2016, 291, 5871–5878.
[98] E. Foran, V. Buravenkov, M. Kopel, N. Mizrahi, S. Shoshani, W. Helbert,

E. Banin, Algal Res. 2017, 25, 39–46.
[99] T. Ulaganathan, R. Shi, D. Yao, R.-X. Gu, M.-L. Garron, M. Cherney, D. P.

Tieleman, E. Sterner, G. Li, L. Li, R. J. Linhardt, M. Cygler, Glycobiology
2017, 27, 176–187.

[100] T. Ulaganathan, W. Helbert, M. Kopel, E. Banin, M. Cygler, J. Biol. Chem.
2018, 293, 4026–4036.

[101] T. Ulaganathan, E. Banin, W. Helbert, M. Cygler, J. Biol. Chem. 2018,
293, 11564–11573.

[102] H.-M. Qin, P. Xu, Q. Guo, X. Cheng, D. Gao, D. Sun, Z. Zhu, F. Lu, RSC
Adv. 2018, 8, 2610–2615.

[103] L. Reisky, C. Stanetty, M. D. Mihovilovic, T. Schweder, J.-H. Hehemann,
U. T. Bornscheuer, Appl. Microbiol. Biotechnol. 2018, 102, 6987–6996.

[104] R. L. J. Melcher, M. Neumann, J. P. Fuenzalida Werner, F. Gröhn, B. M.
Moerschbacher, Sci. Rep. 2017, 7, 44115.

[105] C. He, H. Muramatsu, S. Kato, K. Ohnishi, Biosci. Biotechnol. Biochem.
2017, 81, 2145–2151.

[106] T. Itoh, A. Ochiai, B. Mikami, W. Hashimoto, K. Murata, J. Mol. Biol.
2006, 360, 573–585.

[107] A. Salinas, C. E. French, Algal Res. 2017, 27, 335–344.
[108] T. Itoh, W. Hashimoto, B. Mikami, K. Murata, Biochem. Biophys. Res.

Commun. 2006, 344, 253–262.
[109] P. N. Collén, A. Jeudy, J.-F. Sassi, A. Groisillier, M. Czjzek, P. M. Coutinho,

W. Helbert, J. Biol. Chem. 2014, 289, 6199–6211.
[110] G. Reintjes, C. Arnosti, B. M. Fuchs, R. Amann, ISME J. 2017, 11, 1640–

1650.
[111] M. Bäumgen, T. Dutschei, L. Reisky, C. Stanetty, D. Bartosik, N. Gerlach,

M. D. Mihovilovic, T. Schweder, J.-H. Hehemann, U. Bornscheuer,
unpublished results.

[112] E.-M. Aro, Ambio 2016, 45, 24–31.
[113] M. Enquist-Newman, A. M. E. Faust, D. D. Bravo, C. N. S. Santos, R. M.

Raisner, A. Hanel, P. Sarvabhowman, C. Le, D. D. Regitsky, S. R. Cooper,
L. Peereboom, A. Clark, Y. Martinez, J. Goldsmith, M. Y. Cho, P. D.
Donohoue, L. Luo, B. Lamberson, P. Tamrakar, E. J. Kim, J. L. Villari, A.
Gill, S. A. Tripathi, P. Karamchedu, C. J. Paredes, V. Rajgarhia, H. K.
Kotlar, R. B. Bailey, D. J. Miller, N. L. Ohler, C. Swimmer, Y. Yoshikuni,
Nature 2014, 505, 239–243.

[114] A. J. Wargacki, E. Leonard, M. N. Win, D. D. Regitsky, C. N. S. Santos,
P. B. Kim, S. R. Cooper, R. M. Raisner, A. Herman, A. B. Sivitz, A.
Lakshmanaswamy, Y. Kashiyama, D. Baker, Y. Yoshikuni, Science 2012,
335, 308–313.

[115] E. J. Yun, S. Lee, H. T. Kim, J. G. Pelton, S. Kim, H.-J. Ko, I.-G. Choi, K. H.
Kim, Environ. Microbiol. 2015, 17, 1677–1688.

[116] S.-Q. Ji, B. Wang, M. Lu, F.-L. Li, Biotechnol. Biofuels 2016, 9, 81.
[117] D. F. Rocher, R. A. Cripwell, M. Viljoen-Bloom, Algal Res. 2021, 54,

102233.
[118] T. V. Ramachandra, D. Hebbale, Renewable Sustainable Energy Rev.

2020, 117, 109479.
[119] D. Kaloudas, N. Pavlova, R. Penchovsky, Environ. Chem. Lett. 2021, 1–

16.
[120] Y. Qui, J. Zhang, L. Li, Z. Wen, C. T. Nomura, S. Wu, S. Chen, Biotechnol.

Biofuels 2016, 9, 117.
[121] G. Vardar-Schara, T. Maeda, T. K. Wood, Microb. Biotechnol. 2008, 1,

107–125.
[122] T. de Vrije, R. R. Bakker, M. A. Budde, M. H. Lai, A. E. Mars, P. A. Claassen,

Biotechnol. Biofuels 2009, 2, 12.
[123] T.-A. D. Nguyen, K.-R. Kim, M.-T. Nguyen, M. S. Kim, D. Kim, S. J. Sim, Int.

J. Hydrogen Energy 2010, 35, 13035–13040.
[124] J. S. Martín del Campo, J. Rollin, S. Myung, Y. Chun, S. Chandrayan, R.

Patiño, M. W. Adams, Y.-H. P. Zhang, Angew. Chem. 2013, 125, 4685–
4688; Angew. Chem. Int. Ed. 2013, 52, 4587–4590.

[125] Sulfahri, S. Mushlihah, D. R. Husain, A. Langford, A. C. M. A. R. Tassakka,
J. Cleaner Prod. 2020, 265, 121763.

[126] M. Dinesh Kumar, R. Yukesh Kannah, G. Kumar, P. Sivashanmugam, J.
Rajesh Banu, Bioresour. Technol. 2020, 301, 122759.

[127] M. Ghareib, K. A. Youssef, A. A. Khalil, Folia Microbiol. (Praha) 1988, 33,
447–452.

[128] L. Olsson, B. Hahn-Hägerdal, Enzyme Microb. Technol. 1996, 18, 312–
331.

[129] C. Martín, M. Galbe, C. F. Wahlbom, B. Hahn-Hägerdal, L. J. Jönsson,
Enzyme Microb. Technol. 2002, 31, 274–282.

[130] E. J. Yun, S. Lee, J. H. Kim, B. B. Kim, H. T. Kim, S. H. Lee, J. G. Pelton,
N. J. Kang, I.-G. Choi, K. H. Kim, Appl. Microbiol. Biotechnol. 2013, 97,
2961–2970.

Manuscript received: February 22, 2021
Revised manuscript received: April 21, 2021
Accepted manuscript online: April 22, 2021
Version of record online: May 14, 2021

ChemBioChem
Minireviews
doi.org/10.1002/cbic.202100078

2256ChemBioChem 2021, 22, 2247–2256 www.chembiochem.org © 2021 The Authors. ChemBioChem published by Wiley-VCH GmbH

Wiley VCH Montag, 21.06.2021

2113 / 203376 [S. 2256/2256] 1

http://orcid.org/0000-0003-0685-2696

