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Abstract: Chromatin integrity is key for cell homeostasis and for preventing pathological development.
Alterations in core chromatin components, histone proteins, recently came into the spotlight through
the discovery of their driving role in cancer. Building on these findings, in this review, we discuss
how histone variants and their associated chaperones safeguard genome stability and protect against
tumorigenesis. Accumulating evidence supports the contribution of histone variants and their
chaperones to the maintenance of chromosomal integrity and to various steps of the DNA damage
response, including damaged chromatin dynamics, DNA damage repair, and damage-dependent
transcription regulation. We present our current knowledge on these topics and review recent
advances in deciphering how alterations in histone variant sequence, expression, and deposition
into chromatin fuel oncogenic transformation by impacting cell proliferation and cell fate transitions.
We also highlight open questions and upcoming challenges in this rapidly growing field.
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1. Introduction

In cell nuclei, the DNA assembles with histone proteins into chromatin. This highly organized
nucleoprotein structure is a source of epigenetic information through modifications affecting the
DNA, histone proteins, and variations in chromatin compaction states, which together regulate
genome functions by dictating gene expression programs [1]. Chromatin organization also
contributes to safeguarding genome integrity, thus protecting cells against tumorigenesis. Indeed,
epigenome alterations are frequently observed in cancer [2] and cooperate with genomic alterations to
promote tumorigenesis [3]. Several chromatin modifiers were indeed identified as cancer drivers [4]
and consistent with this, chromatin modifications play a central role in the maintenance of genome
integrity in response to genotoxic stress [5]. Notably, recent findings revealed that not only chromatin
modifiers, but also core chromatin components such as histone proteins were altered in cancer [6],
which sparked a lot of interest in the oncology field. As we will discuss in this review, it is emerging that
histone alterations affect genome integrity at various levels and contribute to oncogenic transformation.

Among histone proteins, core histones H2A, H2B, H3, and H4 assemble into an octamer around
which the DNA wraps to form nucleosomes [7]. Nucleosomes are stabilized through binding of linker
histones H1, which promotes further chromatin compaction [8]. Importantly, both core and linker
histones exist as variants that display similar yet not identical protein sequences and that are encoded by
different genes [8,9]. The existence of multiple variants for a given histone type provides an additional
layer of chromatin regulation by diversifying nucleosome structure and function. Histone variants affect
nucleosome stability and physical properties, and also shape local chromatin environments. They do
so by impacting histone post-translational modifications and the recruitment of chromatin-associated
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proteins, with broad consequences on transcription and cell fate decisions [9–12]. Two main categories
of histone variants can be distinguished on the basis of their expression during the cell cycle. Canonical
or replicative histone variants, like H3.1 and H3.2 for H3 variants, are expressed massively during DNA
replication in S phase, while replacement variants, including H3.3 and Centromere Protein A (CENPA),
are expressed in a replication-independent manner [12]. Both categories of histone variants also differ
in their gene organization. In contrast to canonical histone genes that are devoid of introns and grouped
into gene clusters, replacement variants are encoded by single genes, which contain introns and
therefore can generate functionally distinct splice products. The H2A variant macroH2A1 for instance
presents two alternatively spliced isoforms, macroH2A1.1 and macroH2A1.2, which differ in their
macrodomain, dictating differential abilities to bind ADP-ribose [13]. In addition to cell cycle-regulated
expression, some histone variants are expressed in a tissue-specific manner, restricted to germ cells for
instance, as observed for both core and linker histone variants [8,9], while other variants are found
only in some species like the hominidae variant H4G [14,15]. Histone variants also display distinct
distribution patterns in chromatin, owing to their association with specific histone chaperones [16] and
chromatin remodelers [17], which jointly control histone variant deposition and eviction.

Here, we discuss how histone variants and their associated chaperones protect genome stability
through the maintenance of chromosomal integrity and by controlling multiple steps of the DNA
damage response. This sets the stage for understanding how alterations in histone variant sequence,
expression, or deposition into chromatin may have pathological outcomes. Illustrating this point,
we review recent progress in elucidating how such alterations contribute to tumorigenesis. Since we aim
at describing how histone alterations disrupt genome integrity with a focus on cancer, we mainly present
evidence on mammalian histone variants—H2A, H3, and linker histone variants mostly—and refer to
other model systems only when relevant. In this review, we do not cover the roles of histone variants
in chromatin replication, which are discussed elsewhere [11].

2. Histone Variants Safeguard Chromosomal Integrity

Owing to their ability to define specific chromosomal regions, histone variants are important
components in the maintenance of chromosomal stability, at centromeres, telomeres, but also at the
level of entire chromosomes such as the inactive X (Figure 1).
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Figure 1. Hallmarks of histone variant contributions to the maintenance of genome integrity and cell 
identity. Diagram depicting the roles of histone variants in the maintenance of chromosome integrity 
(blue), the DNA damage response (green), and cell fate transitions (yellow). In each case, key features 
impacted by histone variants are highlighted in red. EMT: epithelial–mesenchymal transition. 

2.1. Histone Variants Define Centromeric and Pericentromeric Regions Driving Chromosome Segregation 

While most of the genomic DNA is packaged with canonical histones, a subset of chromosomal 
regions is delineated by specific histone variants. One prominent example is the centromeric histone 
H3 variant CENPA, which is deposited by the Holliday junction recognition protein (HJURP) [18,19] 
and defines centromere identity and functions [20]. Supporting this, deletion of the CENPA gene in 
mouse embryos impairs the recruitment of centromere components required for kinetochore 
assembly, resulting in mitotic defects and chromosomal aberrations underlying the lethality of 
CENPA null offspring [21]. In human cells, CENPA ensures proper replication of centromeric repeats, 
thus preventing centromere breakage and aneuploidy [22]. Overexpression of human CENPA is also 
a driver for genome instability due to the mislocalization of CENPA-containing nucleosomes on 
chromosome arms with severe consequences on chromosomal segregation in mitosis [23–26]. Note 
that overexpression of CENPA and HJURP have been reported in several cancers ([27] and detailed 
in Section 4.2), showing that beyond the importance of maintaining CENPA dosage, a tight control 
of its deposition into chromatin is essential to preserve centromere function, thus safeguarding 
chromosome integrity. 

CENPA is not the only histone variant shaping centromeric chromatin in mammals since 
nucleosomes containing the H2A.Z variant intersperse with CENPA nucleosomes [28]. Like CENPA, 
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impacted by histone variants are highlighted in red. EMT: epithelial–mesenchymal transition.
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2.1. Histone Variants Define Centromeric and Pericentromeric Regions Driving Chromosome Segregation

While most of the genomic DNA is packaged with canonical histones, a subset of chromosomal
regions is delineated by specific histone variants. One prominent example is the centromeric histone
H3 variant CENPA, which is deposited by the Holliday junction recognition protein (HJURP) [18,19]
and defines centromere identity and functions [20]. Supporting this, deletion of the CENPA gene
in mouse embryos impairs the recruitment of centromere components required for kinetochore
assembly, resulting in mitotic defects and chromosomal aberrations underlying the lethality of
CENPA null offspring [21]. In human cells, CENPA ensures proper replication of centromeric repeats,
thus preventing centromere breakage and aneuploidy [22]. Overexpression of human CENPA is
also a driver for genome instability due to the mislocalization of CENPA-containing nucleosomes
on chromosome arms with severe consequences on chromosomal segregation in mitosis [23–26].
Note that overexpression of CENPA and HJURP have been reported in several cancers ([27] and
detailed in Section 4.2), showing that beyond the importance of maintaining CENPA dosage, a tight
control of its deposition into chromatin is essential to preserve centromere function, thus safeguarding
chromosome integrity.

CENPA is not the only histone variant shaping centromeric chromatin in mammals since
nucleosomes containing the H2A.Z variant intersperse with CENPA nucleosomes [28]. Like CENPA,
H2A.Z safeguards chromosome segregation from mammals [29] to yeast [30,31]. Furthermore,
H2A.Z promotes Heterochromatin protein 1 (HP1) binding to pericentromeric heterochromatin in
mouse cells [32] and in Drosophila, where the H2A.Z ortholog H2A.v cooperates with HP1 to stimulate
microtubule formation at the kinetochore [33]. This points to the contribution of histone variants at
centromeres but also at pericentromeres for governing proper chromosome segregation.

Regarding pericentromeres, the histone variant H3.3 is deposited in pericentric and telomeric
heterochromatin by the histone chaperone death domain-associated protein (DAXX) in complex with
the chromatin remodeler alpha thalassemia/mental retardation syndrome X-linked (ATRX) [34–36].
Consistent with an important function of H3.3 in these heterochromatin domains, mice devoid of
H3.3 coding genes display heterochromatin dysfunction impairing chromosome segregation in mitosis
and leading to early embryonic lethality [37]. Mutation of H3.3 on lysine 27, a key residue for
pericentromeric heterochromatin formation during mouse development, similarly results in mitotic
defects and developmental arrest [38].

2.2. Histone Variants and Associated Chaperone Complexes Participate in Telomere Maintenance

Besides chromosome segregation that is controlled at the level of centromeres and pericentromeres,
the maintenance of telomere length is another fundamental process for chromosomal integrity,
which preserves chromosome ends from damage and degradation. Several cancer cells have established
a telomerase-independent strategy to elongate telomeric regions named alternative lengthening
of telomeres (ALT), which is based on a homologous recombination-mediated DNA replication
mechanism [39,40]. Notably, the H3.3-associated remodeler ATRX, and the H3.3 chaperone DAXX to a
lesser extent, are frequently mutated in cancer cells and strongly correlate with the ALT phenotype [41].
ATRX overexpression in ALT cells suppresses the ALT phenotype in a DAXX-dependent manner [42].
In addition, ATRX deficiency in human cells induces oncogenic-associated telomere dysfunction [43,44],
unraveling the fundamental role of the H3.3 chaperone complex DAXX-ATRX in the maintenance
of telomere integrity. It is not yet clear if the function of DAXX-ATRX in ALT is mediated by their
ability to incorporate the H3.3 variant at telomeres [34,35]. However, interesting connections between
ATRX and macroH2A variants have been unveiled in the context of telomere maintenance. Indeed,
ATRX interacts with macroH2A1 and counteracts its association with telomeric chromatin [45,46].
In human cells devoid of ATRX, the histone variant macroH2A1.2 is thus enriched at telomeres and
favors homologous recombination-associated ALT pathways [45]. Similarly, in the absence of ATRX,
macroH2A1.1 binds to the PARP family enzyme tankyrase 1, preventing tankyrase 1 localization to
telomeres, thus promoting aberrant recombination between sister telomeres [43].
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2.3. MacroH2A Histone Variants Contribute to the Stability of the Inactive X Chromosome

In addition to their roles in telomere maintenance, macroH2A variants also contribute to preserving
the integrity of entire chromosomes, as shown for the inactive X [47]. In cells of female mammals,
one of the two X chromosomes is silenced during early embryonic development and X chromosome
inactivation is then stably maintained during somatic cell divisions [48]. Among other epigenetic
features, the inactive X chromosome (Xi) is characterized by an enrichment in macroH2A histone
variants [49,50]. Analysis of female viability and mitotic aberrations affecting the Xi revealed that the
balance between macroH2A1.1 and macroH2A1.2, generated by alternative splicing of the H2AFY
transcript, was critical for the stability of the inactive X chromosome in female mammals [47].
This results from opposing activities of these histone variants on DNA repair pathways (detailed in
Section 3.2).

Together, these studies illustrate how histone variants, in concert with histone chaperones
and remodelers, contribute to the maintenance of chromosomal integrity by delineating functional
chromatin domains. Splicing of a histone variant, macroH2A1 also impacts genome stability at the
level of an entire chromosome. In addition, histone variants confer a substantial level of plasticity to
chromatin [9] which is required for the regulation of all DNA metabolic activities. This is particularly
important during the response to DNA damage as discussed in the following section.

3. Histone Variants Contribute to the Maintenance of Genome Integrity in Response to
DNA Damage

Cells are constantly exposed to genotoxic agents, which trigger a plethora of DNA lesions,
including base damage and DNA breaks [51]. For instance, pyrimidine dimers form upon UltraViolet C
(UVC) irradiation while ionizing radiation and UVA laser micro-irradiation are commonly used
to generate DNA double-strand breaks (DSBs). These lesions are handled by specific repair
machineries—excision repair of damaged bases/nucleotides, mismatch repair, break repair—and
also activate DNA damage signaling pathways that control cell cycle progression [52]. DSBs in
particular can be repaired by three main pathways with different degrees of fidelity: homologous
recombination (HR), non-homologous end joining (NHEJ) and alternative end-joining (alt-EJ) [53].
Given that the DNA damage response takes place on a chromatin susbtrate, histone proteins play a
central role in this process. While there is no evidence so far that histone variants affect the induction
of DNA damage, they impact the DNA damage response at various levels, which we discuss in
this section.

3.1. Histone Variant Dynamics Control Accessibility and Restoration of Chromatin upon DNA Damage

3.1.1. Fine-Tuning DNA Damage Accessibility through Local and Large-Scale Chromatin
Reorganization

DNA repair is accompanied by significant alterations in chromatin structure, which shifts between
open and more compact conformations. These changes are tightly controlled in time and space with
local and large-scale rearrangements involving histone variant dynamics (Figure 2).

The H2A.Z variant for instance is evicted from chromatin in human cells following UVC irradiation
and in response to DNA double-strand breaks (DSBs) in a manner dependent on the histone chaperone
acidic nuclear phosphoprotein 32 family member E (ANP32E) [54–56]. H2A.Z is also locally and
transiently incorporated at DSBs by the chromatin remodeler p400 [57] and by the FBXL10-RNF68-RNF2
ubiquitin ligase complex (FRUCC) [58]. The p400-dependent incorporation of H2A.Z allows subsequent
histone acetylation by Tat-interactive protein 60 (TIP60), which promotes chromatin decompaction [57].
It is not yet clear how H2A.Z incorporation and eviction from damaged chromatin are temporally
coordinated. Nonetheless, this illustrates the fine-tuning of chromatin decompaction by H2A.Z
dynamics. However, this has not been observed in all eukaryotes since the budding yeast ortholog Htz1
is maintained in chromatin upon DSB induction while canonical core histones are partly degraded [59].
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Figure 2. Histone variant roles in damaged chromatin accessibility and restoration. Following DNA
damage (yellow star), chromatin accessibility is increased through transient decompaction.
The deposition and eviction of specific histone variants in the damaged area positively (green arrows)
or negatively (red arrows) contribute to chromatin accessibility. The subsequent restoration of
chromatin architecture entails the de novo deposition of histone variants (grey arrows). When known,
histone chaperones and remodelers involved in these transactions are indicated. Note that the distinction
between histone variant roles in chromatin accessibility and restoration is not that strict: some newly
deposited histones also increase chromatin accessibility to repair factors and some histone variants
that affect chromatin compaction may persist in chromatin thus contributing to chromatin restoration
after damage repair. For simplicity, the responses to different types of DNA lesions are gathered on the
same scheme.

The positive effect of H2A.Z on chromatin accessibility is counteracted by macroH2A histone
variants, which accumulate in damaged chromatin in mammalian cells [60–63] and drive chromatin
compaction at damage sites, as shown by increased resistance to DNAse I, denser Hoescht staining
or contraction of fluorescently-labeled chromatin at laser tracks [60,62,64]. MacroH2A1.1 and
macroH2A1.2 variants show differences in their recruitment kinetics to damaged chromatin and
also regulate chromatin compaction by distinct mechanisms. Indeed, macroH2A1.1 is rapidly recruited
to damaged chromatin in a poly(ADP-ribose) polymerase (PARP)-dependent manner, consistent with
the PAR-binding proficiency of its macrodomain [60,61,65]. This coincides with a transient depletion
of macroH2A1.2 followed by an ataxaxia telangiectasia mutated (ATM)-dependent re-accumulation
of this variant at break sites [62]. The histone chaperones aprataxin-PNK-like factor (APLF) and
facilitates chromatin transcription (FACT) promote the accumulation of macroH2A1.1 macrodomain
at sites of laser damage [61] and of macroH2A1.2 at sites of replication stress [63], respectively.
Altough macroH2A variants accumulate at damage sites, there is no direct evidence so far supporting
their bona fide incorporation into nucleosomes at damage sites and some findings even argue
against this possibility and support a PAR-dependent association of macroH2A1.1 with damaged
chromatin [65]. Mechanistically, macroH2A1 splice isoforms regulate chromatin compaction through
distinct pathways: macroH2A1.1 limits chromatin relaxation by inhibiting PARP1 activity [60],
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while macroH2A1.2 promotes chromatin condensation at DSBs by stimulating the recruitment of
the histone methyltransferase PRDM2, which dimethylates histone H3 on lysine 9 [62]. In addition,
macroH2A variants promote chromatin compaction via their linker domain [64], which displays
structural and functional similarities to histone H1 [66,67]. Indeed, macroH2A linker domain binds
DNA at the entry/exit sites of nucleosomes, thus stimulating compaction at the nucleosome and
chromatin fiber levels [67,68].

The dynamics of linker histone H1 has also been scrutinized in response to DNA damage with
several H1 variants shown to be evicted from chromatin surrounding DSBs [69,70]. H1.2 eviction
in particular spans over megabases around the break, highlighting large scale chromatin
rearrangements [71]. Note that histone H1 displacement has also been observed at UVC damage
sites for H1.0 and H1.4 variants [72]. Given the well established role of linker histones in chromatin
compaction [8], it is tempting to speculate that H1 loss from damaged chromatin may contribute to
chromatin decompaction and enhanced accessibility to repair factors.

Together, the concerted dynamics of H2A.Z, macroH2A, and H1 variants, which exert opposing
activities on chromatin compaction (Figure 2), likely contribute to a fine spatio-temporal regulation of
the chromatin state during the repair response.

3.1.2. Chromatin Restoration through De Novo Deposition of Specific H2A and H3 Variants in
Damaged Chromatin

In addition to their contribution to chromatin decompaction, histone variants also participate
in the restoration of chromatin structure during DNA damage repair (Figure 2). Newly synthesized
H2A and H3 variants indeed get deposited at damage sites and may contribute to the final chromatin
organization after repair. Such de novo deposition of histones was uncovered for human H3.1 and H3.3
variants in UVC-damaged chromatin by tracking the dynamics of transiently expressed epitope-tagged
histones or by exploiting the SNAP-tag technology [73,74]. Note that new histone incorporation in
damaged chromatin is not a common feature of H3 variants since the centromeric H3 variant CENPA
does not exhibit such behavior [74]. Mechanistically, the H3.1 variant is incorporated by the histone
chaperone chromatin assembly factor-1 (CAF-1) coupled to repair synthesis [73], which contrasts
with the early deposition of H3.3 promoted by the chaperone histone regulator A (HIRA) at the
time of UV damage detection [74]. The de novo incorporation of H3.3 by the chromatin remodeler
chromodomain-helicase-DNA-binding protein 2 (CHD2) [75] and by the histone chaperone DAXX in
complex with the remodeler ATRX [76] has also been reported at DSB sites in human cells.

Similar to H3 variants, newly synthesized H2A variants including canonical H2A and H2A.X,
but not H2A.Z, are deposited in UVC-damaged chromatin by the histone chaperone FACT in human
cells [54,77]. This occurs independently of new H3 variant deposition [54].

Importantly, new histones incorporated in UVC-damaged chromatin remain enriched at damage
sites for at least 24 h [54,74] and are maintained through cell division, raising the question of their
possible impact on epigenetic states and on cell fate after repair. Some of the new histones deposited at
DSB sites in contrast might only transiently assemble onto single-stranded DNA generated during
DSB resection as shown in yeast cells [78].

After their eviction from damaged chromatin, H1 histone variants re-accumulate as observed
on UVA laser tracks [69]. However, the mechanisms underlying the restitution of linker histone
positioning are still poorly understood. In particular, it is unclear if they imply the re-incorporation of
evicted H1 or the deposition of new molecules, and the molecular players involved in such dynamics
are still to be characterized.

Refining our knowledge of chromatin restoration after genotoxic stress will be essential as the
contribution of new histone molecules, even if transient, may have a significant impact on epigenetic
states. Histone variants deposited into chromatin during DNA repair indeed carry a pattern of
post-translational modifications (PTMs), including methylation and acetylation marks, which is
distinct from pre-existing histones [79]. They may also constitute a novel substrates for damage
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responsive PTMs such as phosphorylation and ubiquitylation [80]. This not only influences chromatin
structure and functions during repair, but may also have long-lasting effects on the chromatin template.
The development of unbiased approaches to track chromatin changes following DNA damage will
be critical to evaluate if the pre-damage chromatin state is faithfully re-established and to grasp
mechanisms governing the preservation of epigenome integrity.

3.2. Histone Variants Control DNA Damage Signaling and DNA Repair Pathway Choice

Histone variants not only confer a high and controlled level of chromatin plasticity shaping
the chromatin substrate for repair, but they also actively contribute to DNA damage responses by
stimulating damage signaling and influencing DSB repair pathway choice (Figure 3).Cells 2020, 9, x FOR PEER REVIEW 8 of 33 
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Tridimensional chromatin organization recently emerged as a master regulator of γH2A.X spreading, 
as put forward in several studies [87–90]. In particular, super-resolution imaging of γH2A.X foci 
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Figure 3. Histone variant roles in DNA damage signaling and repair pathway choice. DNA damage
signaling is stimulated by the eviction of H1 histone variants and by the phosphorylation of H2A.X.
Prior to phosphorylation, H2A.X is deposited de novo in damaged chromatin by the histone chaperone
FACT. These alterations in histone variants span megabase chromatin domains around DNA lesions.
H3.3 and macroH2A histone variants drive DSB repair pathway choice by promoting the recruitment of
specific repair factors. The H2A.Z variant is not included in this scheme because of conflicting results
regarding its impact on DSB repair. DDR: DNA damage response; HR: homologous recombination;
alt-EJ: alternative end joining; NHEJ: non-homologous end joining.

3.2.1. Histone Variants Control DNA Damage Signaling

A key player in the DNA damage response is the histone variant H2A.X, required for checkpoint
activation in late interphase after low doses of radiations [81] and for the maintenance of genome stability
in mammalian cells [82,83]. Indeed, mice and mouse cells depleted for H2A.X display chromosomal
aberrations, defective class switch recombination, sensitivity to radiations, and impaired DSB repair
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factor recruitment [82,83]. At the molecular level, H2A.X is rapidly phosphorylated by DNA damage
responsive kinases, including ATM. This phosphorylation occurs on an evolutionarily conserved
carboxy-terminal serine, in position 139 in mammals, leading to the so-called γH2A.X form [84–86].
Importantly, this phosphorylation on H2A.X occurs in response to a wide range of DNA damaging
agents, supporting the central role of this variant in damage signaling. A fascinating feature of the
γH2A.X signal is that it spreads over several megabases surrounding the lesion, as measured after DSB
induction, leading to microscopically detectable foci [71,84]. Tridimensional chromatin organization
recently emerged as a master regulator of γH2A.X spreading, as put forward in several studies [87–90].
In particular, super-resolution imaging of γH2A.X foci revealed that topologically associating domains
(TADs), which are fundamental modules of higher-order chromatin organization, constrain γH2A.X
spreading [88]. Several models, which may not be mutually exclusive, have been proposed to explain
the formation of megabase-sized γH2A.X domains: these domains can arise from physical contacts
between damaged chromatin fibers within the neighboring chromatin environment [89] and/or through
DSB-anchored cohesin-mediated loop extrusion on both sides of the break [90]. The resulting γH2A.X
domains constitute a platform for the recruitment of factors governing DSB repair pathway choice
like tumor protein P53 binding protein 1 (53BP1) and breast cancer 1 protein (BRCA1) [80,91,92].
Furthermore, H2A.X phosphorylation by ATM counteracts H2A.X ubiquitylation and subsequent
proteasomal degradation, thus stabilizing pre-existing H2A.X in damaged chromatin upon DSB
formation [93]. In addition, the de novo incorporation of H2A.X by the histone chaperone FACT
observed in UV-damaged chromatin may also contribute to potentiate DNA damage signaling [54].
Several complementary mechanisms thus regulate γH2A.X levels in damaged chromatin for an
efficient DNA damage response. Even though not characterized with the same level of details as for
H2A.X, the H2A.Z variant similarly contributes to DNA damage checkpoint activation in human cells,
the depletion of H2A.Z attenuating G2 arrest after damage [57].

Linker histones also control DNA damage signaling but in the opposite way to H2A variants as
they prevent hyperactivation of the DNA damage checkpoint and H2A.X phosphorylation in mouse
embryonic stem cells [94]. In human cells, the H1.2 variant directly interacts with ATM and suppresses
ATM-dependent damage signaling after DSBs [70]. Hence, PARP-dependent displacement of linker
histone H1.2 from damaged chromatin promotes efficient damage signaling by ATM.

3.2.2. Histone Variants Stimulate Repair Activities and Guide DSB Repair Pathway Choice

Besides the regulation of DNA damage signaling, histone variants also participate in DSB repair
pathway choice. For instance, the early deposition of H3.3 at DSBs stimulated by the remodeler
CHD2 promotes the recruitment of non-homologous end joining (NHEJ) repair factors such as
KU70-KU80 and X-ray repair cross-complementing protein 4 (XRCC4) [75], while late H3.3 deposition
by DAXX-ATRX stimulates DNA repair synthesis during homologous recombination (HR) in human
cells [76]. This highlights the importance of H3.3 deposition all along the DSB repair process. H3.3 is
also deposited at UV lesions by the histone chaperone HIRA, but HIRA depletion does not affect UV
damage repair in human cells [74]. Nevertheless, H3.3 knockout in chicken cells increases cell sensitivity
to UV and the H3.3-specific residue serine 31 was identified as key for UV damage tolerance [95].
Along these lines, nematodes lacking H3.3 exhibit sensitivity to oxidative stress [96] and H3.3 and its
chaperone HIRA stimulate the expression of stress-responsive genes in plants [97] and fission yeast [98],
respectively. Together, this highlights the contribution of H3.3 to genome stability both directly,
by stimulating specific steps of DSB repair, and indirectly, through the regulation of transcriptional
programs important for genotoxic stress resistance.

Deciphering the impact of H2A.Z on DSB repair is complicated by the fact that this histone variant
is found both deposited and evicted from damaged chromatin and conflicting results have emerged
regarding the potential involvement of H2A.Z in controlling DSB repair by HR and NHEJ [55–58,71,99].
However, these studies do not discriminate between H2A.Z.1 and H2A.Z.2 variants, which may have
distinct functional outcomes on DSB repair, as exemplified in chicken cells where H2A.Z.2, but not
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H2A.Z.1, is deposited at DSBs and stimulates HR in response to ionizing radiations [100]. In addition,
different activities of H2A.Z in DSB repair may also be mediated, as in transcription, by distinct PTMs
on this histone variant, in particular acetylation vs. ubiquitylation [101].

As opposed to H2A.Z, the isoform-specific roles of macroH2A variants in DSB repair pathways
are well described in mammalian cells. The concomitant depletion of macroH2A1.1 and macroH2A1.2
increases NHEJ efficiency [65], and each isoform has been shown to stimulate a distinct resection-based
DSB repair pathway. Indeed, the ATM-dependent deposition of macroH2A1.2 acts as a positive
regulator of HR by promoting the recruitment of BRCA1 to DSBs and to sites of replication stress,
thus protecting replication fork integrity [62,63]. MacroH2A1.1 in contrast plays a specific role
in alternative end-joining (altEJ) through its ability to bind PARP1 and DNA ligase 3 (LIG3) [47].
Furthermore, macroH2A1.2 counteracts macroH2A1.1 function in alternative end-joining, thus limiting
the usage of this mutagenic repair pathway [47]. This antagonism underlines the importance of a tight
balance between the two splice isoforms to avoid pathological outcomes. Note that macroH2A1.1 also
promotes efficient base excision repair of oxidative damage in human cells by binding and stabilizing
PAR chains [102].

Contrary to core histone variants, the role of linker histones in DSB repair pathway choice has not
been investigated in mammalian cells and very scarce and contrasting information is reported in other
cellular models. The H1R variant has been shown to stimulate HR via Rad54 recruitment in chicken
cells [103] while linker histone H1 inhibits HR in yeast and Drosophila [104,105].

How mechanistically histone variants prime the recruitment of repair factors is still elusive.
They may locally modify chromatin structure and/or act via specific histone PTMs or reader proteins.
For instance, H2A.Z was shown to promote H4K20me2 by recruiting the SUV420H1 methyltransferase,
thus controlling replication origin firing [106]. Therefore, H2A.Z eviction from damage sites
could impair NHEJ by reducing the 53BP1-recruiting mark H4K20me2, which may also perturb
replication timing.

3.3. Histone Variants Contribution to Transcriptional Control in Response to DNA Damage

Transcriptional activity at damage sites is rapidly and transiently repressed, which prevents
collisions with DNA repair machineries [107–109]. However, this needs to be coordinated with
chromatin relaxation that usually correlates with an active transcriptional state. The regulation of this
delicate balance involves histone modifications [5] but also histone variants and their chaperones.

A link with transcriptional silencing is best established for H2A variants. The FRUCC-dependent
ubiquitylation of H2A on lysine 119 stimulates H2A/H2A.Z exchange in damaged chromatin,
which leads to transcriptional repression [58]. These findings underline the importance of the
balance between H2A variants for the regulation of transcriptional silencing in the damaged area.
MacroH2A has been associated with transcriptional repression in several contexts [13]. Consistent with
this, the accumulation of macroH2A1.2 at damage sites mediates chromatin compaction and the
deposition of the H3K9me2 repressive mark through the recruitment of the methyltransferase
PRDM2 [62]. It remains unclear however if this transient heterochromatinization contributes to
transcription repression of damaged chromatin.

The histone chaperones HIRA and FACT both promote deposition of newly synthesized histone
variants at UV sites and transcription restart in human cells [74,77]. Yet, intriguingly, no connection
has been established between their histone chaperone activities and transcription regulation following
DNA damage. FACT stimulates transcription restart after UV damage through the recruitment of the
transcription-coupled repair factor UV-stimulated scaffold protein A (UVSSA) [110], but the implication
of new histone H2A deposition in this process is not established. Furthermore, recent evidence shows
that new H3.3 deposition by HIRA in UV damaged chromatin is actually dispensable for transcription
restart, highlighting a non-canonical function of the histone chaperone HIRA in this context [111].
Thus, despite their likely contribution to the re-organization of chromatin after repair, the functional
importance of newly deposited histones in damaged chromatin still needs to be determined.
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In conclusion, histone variants, together with histone PTMs [5], actively contribute to the
DNA damage response at multiple levels. Given the central roles of histone variants in controlling
chromosomal stability and repair processes, alterations in histone variant dynamics may strongly affect
genome stability, thus contributing to tumorigenesis, which we discuss in the next section.

4. Histone Variants and Cancer

4.1. Point Mutations in Histone Variants (Oncohistones)

In the early 2010s, a series of landmark studies uncovered somatic missense heterozygous
mutations affecting H3 histone variants in specific tumor types. Mutant histones were thus put forward
as potential oncogenes and hence named ‘oncohistones’ (reviewed in [112]). While genetic alterations
have now been identified in all histones in cancer cells [6,113], to date, mutations in histone variants
H3.1 and H3.3 are the most characterized and represent the prototype dominant mutations in core
chromatin components (Figure 4).
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Figure 4. Histone variant point mutations in cancer. (a) The ten most frequently mutated residues in each
histone family are shown as red lollipops using the single-letter aminoacid code (source [6], Catalogue Of
Somatic Mutations In Cancer database [114] (http://cancer.sanger.ac.uk/cosmic). The positions refer to
the mature proteins, which lack the initial methionine. Colored bars represent the globular domains of
histone proteins. (b) Top, The most frequent missense mutations in the H3.3 variant are indicated in red,
next to the associated tumor types. Bottom, Proposed oncogenic mechanisms relying on three types
of molecular changes induced by H3.3 mutations. Histone post-translational modifications (PTMs)
including methylation and acetylation are affected in cis (on the same histone molecule) or in trans
(through inhibition of histone modifying enymes (HME)). Gene expression programs are rewired,
leading to the repression of genes promoting differentiation or the expression of oncogenes. Pathways of
genome integrity maintenance are also impacted, such as mismatch repair, DNA double-strand break
(DSB) repair or the response to replication stress.

4.1.1. Functional Analysis of H3.1 and H3.3 Oncomutations

Recurrent point mutations in genes encoding the H3.3 histone variant—and less frequently the
H3.1 variant—are present in different brain tumors (K27M/I, G34R/V [115–120]), in cartilage and
bone tumors, soft tissue sarcoma, head and neck cancers (K36M/I and G34W/L [121–123]), and in
hematological malignancies (K27M/I/N [124–128]). Remarkably, a given amino acid substitution
often associates with a specific tumor type, location, and patient age range, by mechanisms that are

http://cancer.sanger.ac.uk/cosmic
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not completely elucidated. Specific antibodies have been raised against several of these mutations,
serving as powerful tools to refine cancer diagnosis. Importantly, the H3.1 and H3.3 point mutations do
not affect residues involved in histone chaperone binding and thus do not alter the deposition patterns
of these oncohistones into chromatin as shown for the K27M mutation [129,130]. These mutations
localize to the N-terminal tails of histones, at or in the vicinity of modifiable residues and affect
histone PTMs (methylation and acetylation) through various mechanisms. Mutations can act in cis
on the mutated histone molecule [131–133] or in trans with genome-wide effects on the histone PTM
landscape. The in trans effect of H3 variant mutants derives from their ability to inhibit specific histone
modifying enzymes: K27M transient interaction with the H3K27 methyltransferase enhancer of zeste
homolog 2 (EZH2) poisons this enzyme and prevents spreading of H3K27me3 from their nucleation
sites, thus strongly reducing genome-wide H3K27me3 levels [131,132,134–137]. K36M traps the H3K36
methyltransferases SET domain containing 2 (SETD2) and nuclear receptor binding SET domain
protein 2 (NSD2) and affects H3K36me3 levels [138–140], while G34R inhibits H3K9/K36 demethylases
of the KDM4 family [141].

Through alteration of histone PTMs, H3 variant oncomutations act as dominant negative,
gain-of-function mutations that affect transcriptional programs (Figure 5), generally promoting
self-renewal capacities at the expense of cell differentiation programs, with specificities depending on
the cellular context and the nature of the mutation [123,131,134,138,142–146]. Through transcriptional
dysregulation, H3.3 oncomutations may also affect genome integrity by impacting the number of
transcription/replication collisions [147], but studies are still awaited to test this hypothesis.
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In addition to their well-established roles in rewiring transcriptional programs impacting
cell differentiation, a handful of studies support a contribution of H3 variant oncomutations to
altering DNA damage repair pathways (Figure 5). H3.1K27M inhibits NHEJ of DSBs in human
fibroblasts [148]. H3.3K36M instead inhibits DSB repair by homologous recombination (HR) in human
cells, with consequences on genome stability [138,149]. The proposed underlying mechanism involves
loss of H3K36me3, impairing the recruitment of DNA end resection factors [149,150]. The G34R
mutation on H3.3 induces replication stress in fission yeast, through a mechanism that involves
impaired HR activity [151]. The G34R-dependent inhibition of KDM4B [141] might underlie HR
inhibition through aberrant H3K9me3 levels [152]. In addition, mutations affecting the G34 residue
also impair interaction of the neighboring H3K36me3 modification with the mismatch repair protein
MSH6, resulting in genome instability [153]. Altogether, these studies uncover that H3 variant
oncomutations may disrupt the response of cells to DNA damage, ultimately impacting genome
stability. One important future challenge will be to determine to which extent disruption of repair
pathways in H3 mutant cells contribute to oncogenesis and if alterations in DNA repair pathways can
be exploited for patient management and offer new therapeutic opportunities.

Noteworthy, even though H3.1 and H3.3 variants can bear identical amino acid substitutions
in cancer, there are significant differences between these mutated histone variants. For instance,
H3.1K27M and H3.3K27M are differentially distributed in chromatin and H3.1K27M results in
stronger reduction of H3K27me3 levels [130]. H3.1K27M and H3.3K27M also promote distinct
oncogenic transcriptional programs in diffuse intrinsic pontine gliomas (DIPGs) [120,154] involving
variant-specific patterns of active enhancers [143]. Accordingly, H3.1K27M and H3.3K27M DIPGs are
histologically and clinically distinct: H3.3K27M tumors have a later onset but are more aggressive and
more resistant to radiotherapy than H3.1K27M tumors [120], which is driven by the co-occurrence of
the H3.3 mutation with p53 inactivation [155]. It will be interesting to assess whether H3.1K27M and
H3.3K27M oncomutations also differently affect repair of DNA damage.

Beyond TP53, H3.3 mutations were shown to co-occur with other genetic alterations, such as
amplification of platelet-derived growth factor receptor α (PDGFRα) or mutations in the DAXX-ATRX
chaperone complex [116,156,157]. Contrary to DAXX-ATRX, no mutations in the HIRA chaperone
complex were identified in H3.3 mutant cells, suggesting that the H3.3 chaperone HIRA likely mediates
the deposition of these oncohistones into chromatin. H3.3K27M was shown to synergize with TP53 loss
and PDGFRα activation to drive neoplastic transformation [144,146,158]. Further investigations will
help dissect the functional cooperation of H3 variant mutations with co-occurring genetic alterations
in promoting tumor initiation and progression.

4.1.2. Mutations in other Core Histones

Point mutations in genes encoding for H2A and H2B variants were initially identified in
uterine [159], bladder and head and neck cancers [160]: R4H, K16T, E57Q in H2A; G27A, E36G,
M63K, E76K in H2B. These mutations were shown to alter genome-wide chromatin accessibility and
gene expression, possibly by affecting PTMs, because lysine and arginine are modifiable residues,
or histone–histone interactions [159,160], as it is the case for H2B E76K [161]. The spectrum of
cancer-associated histone mutations recently expanded to all core histones and to a vast array of tumor
types [6]. The identified mutations not only map to the N-terminal tail but also to other structurally
and functionally critical regions in globular domains such as the acidic patch. Structure-function
analyses indicate that the mutations are likely to affect nucleosome stability, higher-order folding of
chromatin, to mimic histone modifications or even to generate neo-substrates for histone modifying
enzymes [6]. These works consolidate histone proteins as key components of epigenetic dysregulation
in cancer. Future studies should aim at functionally characterizing these mutations and unravel their
relevance in driving tumorigenesis. Given the crucial contribution of histone variants to genome
integrity maintenance (as seen in Sections 2 and 3), it is temping to speculate that at least some histone
mutations may fuel tumorigenesis by contributing to the induction of genome instability.
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4.1.3. Mutations in Linker Histones

Recurrent mutations of the linker histone genes HIST1H1 B–E were identified in hematological
malignancies, especially lymphomas, and in solid tumors (reviewed in [113]). Their recurrent,
missense and heterozygous nature may suggest a driver role in tumorigenesis, but more studies
are needed to dissect the underlying mechanisms, which may involve impaired protein-DNA or
protein–protein interactions, or alterations of H1 PTMs such as lysine methylation. H1 variant
oncomutations may also hinder the function of linker histones in the response to DNA damage
(detailed in Section 3).

4.2. Misexpression and Misincorporation of Histone Variants into Chromatin

Accumulating evidence shows that histone variants are misexpressed in cancer cells. Misexpression
includes up or downregulation, ectopic expression, and splicing alterations. In addition,
the incorporation patterns of histone variants into chromatin can also be altered due to dysregulation
of their deposition/eviction machineries (Figure 6).
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4.2.1. Cancer-Associated Alterations in H2A Variants

Among the members of this vast family of histone variants, macroH2A and H2A.X are
generally considered as tumor suppressors, while H2A.Z acts as an oncogene [162]. The three
macroH2A variants—macroH2A1.1, 1.2, and macroH2A2—are commonly downregulated in malignant,
metastatic, and recurrent tumors, including melanoma, bladder, lung, and gastro-intestinal cancers
(reviewed in [162]). This pattern of expression is associated with tumor suppressive roles of macroH2A
variants in controlling cell proliferation and self-renewal programs through transcriptional regulation.
For example, macroH2A limits the proliferative potential of melanoma and breast cancer cells by
hindering the expression of cyclin-dependent kinase 8 (CDK8) [163,164]. The cell cycle inhibitor p16 is
another target gene of macroH2A1-dependent silencing in cancer cell lines [165] but we still ignore if
this contributes to regulating proliferation in primary tumors. Furthermore, the diminished expression
of macroH2A in advanced cancer fosters self-renewal traits and transcriptional programs, as shown
in hepatocellular carcinoma and bladder cancer [166]. In addition to misexpression, the splicing
pattern of macroH2A1 is also altered in cancer cells. This is relevant since macroH2A1 splice isoforms
entail different tumor suppressive functions. Biased splicing towards the macroH2A1.2 isoform at the
expense of macroH2A1.1 is reported in several cancer types [167–170], through downregulation of
the QKI splicing factor [168], or through the activity of the DDX5 and DDX17 RNA helicases [167].
The reduced levels of macroH2A1.1 correlate with the proliferation rate of breast and lung cancers [171]
and predict patient survival in colon cancer [169]. On the other hand, a macroH2A1.2-specific tumor
suppressive function was identified in osteoclastogenesis, a metastasis-dependent bone resorption
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process [172,173]. MacroH2A1.2 indeed cooperates with epigenetic regulators to inhibit the expression
of osteoclastogenic-promoting factors secreted by cancer cells.

Contrasting with macroH2A, overexpression of H2A.Z variants has been observed in several
cancers including melanoma, bladder, prostate, and breast cancers, where it correlates with poor
prognosis (reviewed in [162]). The oncogenicity of H2A.Z overexpression relates to H2A.Z function
in transcriptional regulation, with increased incorporation of H2A.Z at transcription start sites of
genes promoting cell proliferation [174] and at enhancers involved in hormone-dependent signaling
in cancer cells [175,176]. Variant-specific functions of H2A.Z.1 and H2A.Z.2 in cancer are mediated
by their incorporation at specific gene regulatory regions. In melanoma, H2A.Z.2 is incorporated
at E2F-target, cell cycle-promoting genes and mediates their overexpression, in cooperation with
bromodomain-containing protein 2 (BRD2) [177]. Loss-of-function of this oncogenic axis renders
melanoma cells sensitive to chemotherapeutic drugs, uncovering an interesting Achille’s heel of
H2A.Z.2 overexpressing cells [177]. On the other hand, overexpressed H2A.Z.1 controls the expression
of key regulators of the cell cycle and of the epithelial–mesenchymal (EMT) transition and is associated
with poor prognosis in liver cancer [178]. In addition to H2A.Z variants themselves, overexpression
of H2A.Z deposition/eviction machineries is also reported in cancer cells and of relevance for cancer
progression and prognosis [179–185].

The gene encoding the H2A.X variant maps to a chromosomal region, the 11q chromosomal arm,
which is frequently mutated and deleted in cancer but a formal demonstration that alterations in this
gene are responsible for the transformation of human cells is lacking. Nevertheless, loss-of-function
studies of H2A.X in several model systems support its role as a caretaker since H2A.X limits the
occurrence of genome instability (discussed in Section 3). In particular, loss of H2A.X in mice
dramatically increases the frequency of lymphomagenesis in a dosage-dependent manner, with tumors
featuring gross chromosomal translocations [186,187].

The less characterized H2A Barr body-deficient variant (H2A.Bbd) is ectopically expressed in
Hodgkin’s lymphoma cells and is considered a cancer-associated antigen and a possible target of
immunotherapy [188]. Ectopic expression of H2A.Bbd in mouse embryonic stem cells leads to its
incorporation into chromatin at DNA damage sites and its expression confers increased damage
sensitivity [189]. More studies are awaited to clarify the relevance of these biological roles in disease
and specifically in cancer.

4.2.2. Cancer-Associated Alterations in H3 and H4 Histone Variants

The centromeric H3 variant CENPA [190–194] and its cognate chaperone HJURP [195–201]
are overexpressed, usually in a mutually exclusive fashion, in several cancer types including lung,
colon, prostate, breast, and brain tumors, where their overexpression correlates with poor prognosis.
CENPA epigenetically marks centromeres (reviewed in [20]) but gets mis-incorporated at chromosomal
arms by the histone chaperones DAXX and HIRA when overexpressed [24–26]. This creates ectopic
centromeric entities contributing to chromosomal instability and aneuploidy [23] (Figure 5). H3 and
H4 total levels are not affected by CENP-A or HJURP overexpression [24]. These findings build a
strong connection between CENPA function in chromosome segregation and its role in tumorigenesis.
CENPA overexpression also renders cells more tolerant to DNA damage [24], which may strongly
compromise genome integrity even if the underlying mechanism is currently not clear. A possible
role of p53 in conjunction with CENPA in oncogenesis is suggested by recent studies showing that the
p53 status is a key determinant of the impact of HJURP and CENPA overexpression on cell identity,
genome stability, and response to therapy [202,203]. At the molecular level, CENPA forms homotypic
nucleosomes at centromeres [204], while heterotypic nucleosomes containing both CENPA and H3.3
are observed in CENPA-overexpressing cells [24]. These heterotypic nucleosomal structures are
extremely stable [205], and enriched at genomic sites of high histone turnover, such as gene regulatory
elements [24,25]. Whether and how this incorporation contributes to the oncogenesis of the heterotypic
H3.3-CENPA nucleosomes still awaits further characterization. Nevertheless, these works raise the
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possibility that overexpressed CENPA may contribute to oncogenesis not only via chromosomal
instability but also by perturbing transcriptional programs. Supporting this idea, recent data show
that CENPA is required for the transcription of genes involved in cell proliferation and consistently,
CENPA overexpression drives proliferation in prostate cancer cells [194].

CENPA is not the only H3 variant whose levels and deposition pattern are altered in cancer.
The H3.1/H3.3 deposition balance is also affected through dysregulation of CAF-1 and HIRA chaperone
expression. Indeed, the replicative H3 variant-specific chaperone CAF-1 is overexpressed in tumors
compared to normal tissues as first observed in breast cancer, where CAF-1 expression serves as a
proliferation and prognostic marker [206]. During metastasis induction, in contrast, CAF-1 expression
is downregulated while the H3.3-specific chaperone HIRA is upregulated. This ultimately favors the
ectopic incorporation of H3.3 in place of H3.1, which fuels a pro-metastatic transcriptional program [207].
Note that in these studies, H3 chaperone levels rather than H3 variant expression are affected in cancer
cells, thus impacting H3 variant deposition patterns. Nevertheless, one report indicates that H3.3 levels
are decreased in adult glioblastoma cells [208], which contrasts with H3.3 gain-of-function mutations
observed in children and young adult glioblastoma (detailed in the previous section).

The newly discovered hominidae-specific histone H4 variant H4G is overexpressed in breast cancer
cells, in a tumor stage-dependent manner. Oncogenic features of H4G rely on its ability to stimulate
ribosomal RNA synthesis, which ultimately promotes protein production and cell growth [14,15].

4.2.3. Linker and Tissue-Specific Histone Variants: Few Hints for a Widespread Role in Cancer

H1 histone variants undergo a highly heterogenous dysregulation in cancer, with differences
depending on the type of histone variant, the tissue, and tumor stage (reviewed in [113]).
Generally, the expression of replication-dependent variants such as H1.5 correlates with cancer
progression [209,210], while replication-independent variants such as H1.0 show reduced expression in
advanced cancers [211,212]. The pattern of H1 variant expression could thus be a resourceful biomarker
of tumor malignancy. It is unclear if the increased level of replication-associated histones is a cause or
a consequence of increased cell proliferation in advanced tumors. Actually, the functional relevance of
H1 variant dysregulation in cancer is still a subject of investigation. Mechanistically, we know that
H1.0 contributes to silencing the expression of oncogene effectors [213]. Other points of interest are the
reported interactions of H1 variants with known tumor suppressors, PTEN [214] and p53 [215,216],
and the contribution of H1 variants to DNA damage responses (detailed in Section 3), through which
they may exert their pro- or anti-tumorigenic effects.

Several germ cell-specific core and linker histone variants display aberrant expression in
tumors [217] and thus belong to the so-called family of cancer/testis antigens [218], but how they
contribute to oncogenesis is still elusive.

4.3. Importance of Histone Variant Post-Translational Modifications in Cancer Development and Monitoring

PTMs of histone variants modulate their functions and contribute to their oncogenic roles.
Therefore, the detection of histone variant PTMs can be used as a clinical biomarker. For example,
phosphorylation of H3.3 on serine 31 expands from pericentromeric regions to whole chromosomes in a
checkpoint kinase 1 (CHK1)-dependent manner and contributes to the maintenance of genome integrity
in ALT cancer cells [219]. Aberrant PTMs on CENPA, including methylation and phosphorylation,
impair CENPA deposition at centromeres and the recruitment of kinetochore components, leading to
chromosome missegregation, which fuels tumor formation (reviewed in [220]). PTMs on H2A
variants similarly contribute to oncogenesis. H2A.Z acetylation (H2A.Zac) for instance, which marks
the promoters of highly expressed genes, is depleted from tumor suppressor gene promoters and
redistributed to the promoters of active oncogenes and to androgen-responsive neo-enhancers in
prostate cancer [175,221]. H2A.Zac redistribution thus results in ectopic gene expression and H2A.Zac
levels correlate with poor cancer prognosis [175]. Methylation is another PTM on the H2A.Z variant
driving oncogenesis. H2A.Z.1 methylation by SET and MYND domain containing 3 (SMYD3) indeed
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prevents the removal of this histone variant from chromatin by ANP32E and stimulates the expression
of growth-associated genes including cyclin A1, thus promoting breast cancer cell proliferation [222].
Last but not least, the damage-responsive phosphorylation of H2A.X on serine 139 (γH2A.X, described in
Section 3) is a valuable diagnostic and prognostic marker in multiple solid tumors [223]. γH2A.X levels
can even be measured in peripheral blood, where they reflect the susceptibility to damage and the
efficiency of damage signaling in a given organism, thus serving as a non-invasive biomarker of cancer
risk [224–226]. Furthermore, the ability of cancer cells to detect and signal DNA damage is a measure
of efficient treatment response. Therefore, γH2A.X is used in several clinical studies to monitor the
response to radio- and chemotherapies [227,228]. Histone variant PTMs thus appear as an important
additional layer of regulation in tumorigenesis, of clinical relevance for cancer diagnosis and prognosis.

4.4. Histone Variants Regulate Cell Proliferation and Cell Fate Transitions Impacting Tumorigenesis

Histone variants contribute to balancing progression and exit of the cell cycle, and also cell
differentiation and self-renewal capacities (Figure 1). As a consequence, their misexpression,
misincorporation, or mutation hijack these tumor suppressive functions and contribute to the acquisition
of cancerous cell traits such as uncontrolled proliferation, stemness, or aberrant migratory phenotype.

4.4.1. Control of Cell Cycle Progression and Exit

Several studies support a role for histone variants in regulating cancer cell proliferation by
controlling the expression of cell cycle regulators. Indeed, H2A.Z.1 and H2A.Z.2 variants induce
the expression of proliferation-promoting genes, either directly through H2A.Z deposition at the
promoter of these genes or indirectly by enhancing hormone-dependent signaling [99,174,177,178,229].
MacroH2A variants in contrast limit cell proliferation by silencing CDK8 in melanoma and breast
cancer [163,164]. Note that this mechanism cannot be generalized since macroH2A1.1 expression
restricts cell proliferation independently of CDK8 in lung cancer cells [168].

Senescence is a permanent cell cycle arrest, accompanied by the production of senesence-promoting
cytokines, referred to as senescence-associated secretory phenotype (SASP) [230]. MacroH2A1.1 exerts
tumor suppressive functions by binding to SASP genes and stimulating their expression, thus triggering
senescence in a paracrine fashion [231]. Similarly, the poorly characterized H2A.J variant accumulates
in senescent cells and promotes SASP gene expression [232]. MacroH2A1.2 instead protects against
replication stress-induced senescence [63] and H2A.Z suppresses senescence by repressing the
p53-p21 cell cycle regulatory pathway [233]. The H3.3 variant and its specific chaperone HIRA
promote a senescence-associated transcriptional program upon oncogene stimulation, enforcing tumor
suppression [234,235], while the H3.3-associated remodeler ATRX is required for drug-induced
senesence [236]. Finally, several histone variants and associated chaperone complexes counteract
replicative senescence through their contribution to telomere maintenance via the ALT pathway
(discussed in Section 2). Collectively, these studies reveal multifaceted roles of histone variants in
controlling cell cycle progression and exit to senescence, with important implications for tumorigenesis.

4.4.2. Impact on Cell Differentiation, Self-Renewal, and Reprogramming

Several histone variants, including macroH2A, H2A.Z, and H3.3, strongly impact the balance
between cell differentiation and self-renewal by regulating the expression of pluripotency and
developmental genes. The deposition of H3.3 at the promoters of developmental genes indeed drives
the differentiation of embryonic stem cells and regulates neuronal differentiation programs [237–239].
Similarly, macroH2A variants stimulate the differentiation of pluripotent cells in mammals [240,241]
and, in agreement with these findings, macroH2A loss enhances cell stemness in liver and bladder
cancer [166,242]. The case of H2A.Z is more complex, this histone variant promoting both self-renewal
and differentiation of mouse embryonic stem cells [243,244]. The phosphorylation of H2A.X on
serine 139 is also important for the maintenance of stem cell self-renewal capacities [245]. Indeed,
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H2A.X-null mouse embryonic stem cells show impaired self-renewal, which is restored by expressing
wild-type but not S139A mutant H2A.X.

In addition, histone variants and their chaperones control the ability of differentiated cells to
reprogram to a pluri/totipotent state. H3.3 deposition stimulates reprogramming upon nuclear
transfer in Xenopus and mouse oocytes [246,247] while the replicative H3 variant-specific chaperone
CAF-1 represents a barrier to reprogramming in mammalian cells [248,249]. Several groups have
also shown that macroH2A variants, mostly macroH2A2, hinder reprogramming by preventing the
activation of pluripotency genes [250–253]. In contrast, the expression of oocyte-specific H2A and
H2B variants facilitates the reprogramming of fibroblasts [254]. The effects of other histone variants,
including H2A.Z and testis-specific linker histone variants, on reprogramming are still uncharacterized.
Nevertheless, these findings illustrate tight links between multiple histone variants and the control of
cell fate transitions, which is of pivotal importance during tumorigenesis when cells switch towards a
stem-like state.

4.4.3. Regulation of the Epithelial–Mesenchymal Transition (EMT)

Among key cell fate transitions, the epithelial–mesenchymal transition (EMT) is a developmental
process that can also drive tumor invasion and metastasis [255]. Several histone variants prevent the
occurrence of EMT: H2A.X, by transcriptional repression of mesenchymal-promoting genes [256] and
so does the macroH2A1.1 isoform, in a PAR-dependent manner [257]. Always through transcriptional
regulation, H2A.Z can either promote [178] or prevent EMT [258], depending on the cancer context,
pointing to a complex regulatory network contributing to EMT beyond histone variant incorporation.
Dysregulation of histone variant deposition patterns and mutations in histone variants also promote
the EMT. H2A and H2B mutations found in uterine and ovarian cancers, for instance, induce the
expression of EMT markers, stimulating cell migration and invasion [159]. Unbalanced expression
of the two chaperone complexes CAF-1 and HIRA promotes EMT through ectopic incorporation of
H3.3 at metastasis-inducing genes [207]. Together, these studies highlight how histone variants control
tumor invasion through EMT regulation.

5. Conclusions and Perspectives

The histone variant field is rapidly evolving with new variants recently characterized and a growing
number of histone oncomutations identified, opening new horizons in cancer research. Among their
various roles in controlling genome functions, histone variants contribute to the maintenance of
genome integrity at multiple levels, by regulating chromosomal stability, the chromatin response to
DNA damage, but also transcriptional programs and cell fate transitions (Figure 1). In contrast to
damage-induced histone PTMs, which are removed concomitantly with termination of DNA damage
signaling and repair, histone variants incorporated into damaged chromatin may persist after repair
and thus have long-term effects on the epigenetic landscape. Future studies will examine the existence
of such damage scars and their consequences on epigenetic states and cell fate.

Mutations or misexpression of histone variants and their chaperones are common in cancer
and lead to aberrant gene expression and impaired genome integrity. Furthermore, histone variant
alterations often correlate with cancer progression, highlighting a widespread, potential diagnostic
and prognostic relevance. For many variants and chaperones, however, it is currently unclear whether
misexpression is a bystander effect or if it has a driving role in the oncogenic process. Dissecting
their contribution to tumorigenesis through the alteration of epigenetic marks and subsequent
rewiring of transcriptional programs, but also through alterations in genome integrity, will likely offer
multiple therapeutic angles. In addition to using drugs targeting epigenetic marks (epidrugs), it will
indeed be possible to exploit vulnerabilities of cancer cells to specific genotoxic drugs, alone or in
combination with epidrugs. Furthermore, neoantigens derived from oncohistones may provide targets
for immunotherapy. As regards to mutations in histone variant genes, we expect, in the years to come,
a burst of studies aimed at characterizing their oncogenicity and their functional consequences at the
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molecular and cellular levels. Future work should also help deciphering possible crosstalks between
histone variants in the regulation of genome integrity. Finally, a thorough analysis of histone variant
alterations in individual tumor cells will be instrumental for assessing the heterogeneity of chromatin
states in cancer.
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96. Piazzesi, A.; Papić, D.; Bertan, F.; Salomoni, P.; Nicotera, P.; Bano, D. Replication-Independent Histone
Variant H3.3 Controls Animal Lifespan through the Regulation of Pro-longevity Transcriptional Programs.
Cell Rep. 2016, 17, 987–996. [CrossRef] [PubMed]

97. Wollmann, H.; Stroud, H.; Yelagandula, R.; Tarutani, Y.; Jiang, D.; Jing, L.; Jamge, B.; Takeuchi, H.; Holec, S.;
Nie, X.; et al. The histone H3 variant H3.3 regulates gene body DNA methylation in Arabidopsis thaliana.
Genome Biol. 2017, 18, 94. [CrossRef]

http://dx.doi.org/10.1016/j.molcel.2018.01.031
http://www.ncbi.nlm.nih.gov/pubmed/29478807
http://dx.doi.org/10.1016/j.molcel.2006.08.019
http://dx.doi.org/10.15252/embj.201592595
http://dx.doi.org/10.1038/ncb884
http://dx.doi.org/10.1073/pnas.122228699
http://www.ncbi.nlm.nih.gov/pubmed/12034884
http://dx.doi.org/10.1126/science.1069398
http://dx.doi.org/10.1074/jbc.273.10.5858
http://www.ncbi.nlm.nih.gov/pubmed/9488723
http://dx.doi.org/10.1038/nrc2523
http://dx.doi.org/10.1038/35050000
http://dx.doi.org/10.1038/ncomms15760
http://dx.doi.org/10.1038/s41586-019-1659-4
http://dx.doi.org/10.1038/s41467-020-16926-x
http://dx.doi.org/10.1101/2020.02.12.945311
http://dx.doi.org/10.1098/rstb.2016.0280
http://dx.doi.org/10.1038/s41580-019-0152-0
http://dx.doi.org/10.1016/j.celrep.2015.11.054
http://dx.doi.org/10.1083/jcb.200704140
http://dx.doi.org/10.1016/j.cub.2014.07.077
http://dx.doi.org/10.1016/j.celrep.2016.09.074
http://www.ncbi.nlm.nih.gov/pubmed/27760329
http://dx.doi.org/10.1186/s13059-017-1221-3


Cells 2020, 9, 2424 23 of 31

98. Chujo, M.; Tarumoto, Y.; Miyatake, K.; Nishida, E.; Ishikawa, F. HIRA, a Conserved Histone Chaperone, Plays
an Essential Role in Low-dose Stress Response via Transcriptional Stimulation in Fission Yeast. J. Biol. Chem.
2012, 287, 23440–23450. [CrossRef]

99. Taty-Taty, G.-C.; Courilleau, C.; Quaranta, M.; Carayon, A.; Chailleux, C.; Aymard, F.; Trouche, D.; Canitrot, Y.
H2A.Z depletion impairs proliferation and viability but not DNA double-strand breaks repair in human
immortalized and tumoral cell lines. Cell Cycle 2014, 13, 399–407. [CrossRef] [PubMed]

100. Nishibuchi, I.; Suzuki, H.; Kinomura, A.; Sun, J.; Liu, N.-A.; Horikoshi, Y.; Shima, H.; Kusakabe, M.;
Harata, M.; Fukagawa, T.; et al. Reorganization of Damaged Chromatin by the Exchange of Histone Variant
H2A.Z-2. Int. J. Radiat. Oncol. 2014, 89, 736–744. [CrossRef] [PubMed]

101. Giaimo, B.D.; Ferrante, F.; Herchenröther, A.; Hake, S.B.; Borggrefe, T. The histone variant H2A.Z in gene
regulation. Epigenetics Chromatin 2019, 12, 37. [CrossRef]

102. Ruiz, P.D.; Hamilton, G.A.; Park, J.W.; Gamble, M.J. MacroH2A1 Regulation of Poly(ADP-Ribose) Synthesis
and Stability Prevents Necrosis and Promotes DNA Repair. Mol. Cell. Biol. 2019, 40. [CrossRef]

103. Hashimoto, H.; Sonoda, E.; Takami, Y.; Kimura, H.; Nakayama, T.; Tachibana, M.; Takeda, S.; Shinkai, Y.
Histone H1 variant, H1R is involved in DNA damage response. DNA Repair 2007, 6, 1584–1595. [CrossRef]

104. Downs, J.A.; Kosmidou, E.; Morgan, A.; Jackson, S.P. Suppression of Homologous Recombination by the
Saccharomyces cerevisiae Linker Histone. Mol. Cell 2003, 11, 1685–1692. [CrossRef]

105. Bayona-Feliu, A.; Casas-Lamesa, A.; Reina, O.; Bernués, J.; Azorín, F. Linker histone H1 prevents R-loop
accumulation and genome instability in heterochromatin. Nat. Commun. 2017, 8, 283. [CrossRef]

106. Long, H.; Zhang, L.; Lv, M.; Wen, Z.; Zhang, W.; Chen, X.; Zhang, P.; Li, T.; Chang, L.; Jin, C.; et al. H2A.Z
facilitates licensing and activation of early replication origins. Nature 2020, 577, 576–581. [CrossRef]

107. Geijer, M.E.; Marteijn, J.A. What happens at the lesion does not stay at the lesion: Transcription-coupled
nucleotide excision repair and the effects of DNA damage on transcription in cis and trans. DNA Repair 2018,
71, 56–68. [CrossRef] [PubMed]

108. Machour, F.E.; Ayoub, N. Transcriptional Regulation at DSBs: Mechanisms and Consequences. Trends Genet.
2020. [CrossRef]

109. Caron, P.; van der Linden, J.; van Attikum, H. Bon voyage: A transcriptional journey around DNA breaks.
DNA Repair 2019, 82, 102686. [CrossRef] [PubMed]

110. Wienholz, F.; Zhou, D.; Turkyilmaz, Y.; Schwertman, P.; Tresini, M.; Pines, A.; van Toorn, M.; Bezstarosti, K.;
Demmers, J.A.A.; Marteijn, J.A. FACT subunit Spt16 controls UVSSA recruitment to lesion-stalled RNA Pol
II and stimulates TC-NER. Nucleic Acids Res. 2019, 47, 4011–4025. [CrossRef]

111. Bouvier, D.; Ferrand, J.; Chevallier, O.; Paulsen, M.T.; Ljungman, M.; Polo, S. Dissecting regulatory pathways
for transcription recovery following DNA damage reveals a non-canonical function of the histone chaperone
HIRA. bioRxiv 2020. [CrossRef]

112. Weinberg, D.N.; Allis, C.D.; Lu, C. Oncogenic Mechanisms of Histone H3 Mutations. Cold Spring Harb.
Perspect. Med. 2017, 7, a026443. [CrossRef]

113. Scaffidi, P. Histone H1 alterations in cancer. Biochim. Biophys. Acta Gene Regul. Mech. 2016,
1859, 533–539. [CrossRef]

114. Forbes, S.A.; Beare, D.; Gunasekaran, P.; Leung, K.; Bindal, N.; Boutselakis, H.; Ding, M.; Bamford, S.;
Cole, C.; Ward, S.; et al. COSMIC: Exploring the world’s knowledge of somatic mutations in human cancer.
Nucleic Acids Res. 2015, 43, D805–D811. [CrossRef]

115. Sloan, E.A.; Cooney, T.; Oberheim Bush, N.A.; Buerki, R.; Taylor, J.; Clarke, J.L.; Torkildson, J.; Kline, C.;
Reddy, A.; Mueller, S.; et al. Recurrent non-canonical histone H3 mutations in spinal cord diffuse gliomas.
Acta Neuropathol. 2019, 138, 877–881. [CrossRef]

116. Schwartzentruber, J.; Korshunov, A.; Liu, X.Y.; Jones, D.T.W.; Pfaff, E.; Jacob, K.; Sturm, D.; Fontebasso, A.M.;
Quang, D.A.K.; Tönjes, M.; et al. Driver mutations in histone H3.3 and chromatin remodelling genes in
paediatric glioblastoma. Nature 2012, 482, 226–231. [CrossRef]

117. Wu, G.; Broniscer, A.; McEachron, T.A.; Lu, C.; Paugh, B.S.; Becksfort, J.; Qu, C.; Ding, L.; Huether, R.;
Parker, M.; et al. Somatic histone H3 alterations in pediatric diffuse intrinsic pontine gliomas and
non-brainstem glioblastomas. Nat. Genet. 2012, 44, 251–253. [CrossRef]

118. Gielen, G.H.; Gessi, M.; Hammes, J.; Kramm, C.M.; Waha, A.; Pietsch, T. H3F3A K27M mutation in
pediatric CNS tumors: A marker for diffuse high-grade astrocytomas. Am. J. Clin. Pathol. 2013,
139, 345–349. [CrossRef]

http://dx.doi.org/10.1074/jbc.M112.349944
http://dx.doi.org/10.4161/cc.27143
http://www.ncbi.nlm.nih.gov/pubmed/24240188
http://dx.doi.org/10.1016/j.ijrobp.2014.03.031
http://www.ncbi.nlm.nih.gov/pubmed/24969791
http://dx.doi.org/10.1186/s13072-019-0274-9
http://dx.doi.org/10.1128/MCB.00230-19
http://dx.doi.org/10.1016/j.dnarep.2007.05.003
http://dx.doi.org/10.1016/S1097-2765(03)00197-7
http://dx.doi.org/10.1038/s41467-017-00338-5
http://dx.doi.org/10.1038/s41586-019-1877-9
http://dx.doi.org/10.1016/j.dnarep.2018.08.007
http://www.ncbi.nlm.nih.gov/pubmed/30195642
http://dx.doi.org/10.1016/j.tig.2020.01.001
http://dx.doi.org/10.1016/j.dnarep.2019.102686
http://www.ncbi.nlm.nih.gov/pubmed/31476573
http://dx.doi.org/10.1093/nar/gkz055
http://dx.doi.org/10.1101/2020.09.25.313130
http://dx.doi.org/10.1101/cshperspect.a026443
http://dx.doi.org/10.1016/j.bbagrm.2015.09.008
http://dx.doi.org/10.1093/nar/gku1075
http://dx.doi.org/10.1007/s00401-019-02072-2
http://dx.doi.org/10.1038/nature10833
http://dx.doi.org/10.1038/ng.1102
http://dx.doi.org/10.1309/AJCPABOHBC33FVMO


Cells 2020, 9, 2424 24 of 31

119. Gessi, M.; Gielen, G.H.; Hammes, J.; Dörner, E.; Zur Mühlen, A.; Waha, A.; Pietsch, T. H3.3 G34R mutations
in pediatric primitive neuroectodermal tumors of central nervous system (CNS-PNET) and pediatric
glioblastomas: Possible diagnostic and therapeutic implications? J. Neurooncol. 2013, 112, 67–72. [CrossRef]

120. Castel, D.; Philippe, C.; Calmon, R.; Le Dret, L.; Truffaux, N.; Boddaert, N.; Pagès, M.; Taylor, K.R.;
Saulnier, P.; Lacroix, L.; et al. Histone H3F3A and HIST1H3B K27M mutations define two subgroups
of diffuse intrinsic pontine gliomas with different prognosis and phenotypes. Acta Neuropathol. 2015,
130, 815–827. [CrossRef] [PubMed]

121. Behjati, S.; Tarpey, P.S.; Presneau, N.; Scheipl, S.; Pillay, N.; Van Loo, P.; Wedge, D.C.; Cooke, S.L.; Gundem, G.;
Davies, H.; et al. Distinct H3F3A and H3F3B driver mutations define chondroblastoma and giant cell tumor
of bone. Nat. Genet. 2013, 45, 1479–1482. [CrossRef]

122. Papillon-Cavanagh, S.; Lu, C.; Gayden, T.; Mikael, L.G.; Bechet, D.; Karamboulas, C.; Ailles, L.;
Karamchandani, J.; Marchione, D.M.; Garcia, B.A.; et al. Impaired H3K36 methylation defines a subset of
head and neck squamous cell carcinomas. Nat. Genet. 2017, 49, 180–185. [CrossRef]

123. Lu, C.; Jain, S.U.; Hoelper, D.; Bechet, D.; Molden, R.C.; Ran, L.; Murphy, D.; Venneti, S.; Hameed, M.;
Pawel, B.R.; et al. Histone H3K36 mutations promote sarcomagenesis through altered histone methylation
landscape. Science 2016, 352, 844–849. [CrossRef]

124. Collord, G.; Martincorena, I.; Young, M.D.; Foroni, L.; Bolli, N.; Stratton, M.R.; Vassiliou, G.S.; Campbell, P.J.;
Behjati, S. Recurrent histone mutations in T-cell acute lymphoblastic leukaemia. Br. J. Haematol. 2019,
184, 676–679. [CrossRef] [PubMed]

125. Kalender Atak, Z.; Gianfelici, V.; Hulselmans, G.; De Keersmaecker, K.; Devasia, A.G.; Geerdens, E.;
Mentens, N.; Chiaretti, S.; Durinck, K.; Uyttebroeck, A.; et al. Comprehensive Analysis of Transcriptome
Variation Uncovers Known and Novel Driver Events in T-Cell Acute Lymphoblastic Leukemia. PLoS Genet.
2013, 9, e1003997. [CrossRef]

126. Attieh, Y.; Geng, Q.-R.; DiNardo, C.D.; Zheng, H.; Jia, Y.; Fang, Z.-H.; Gañán-Gómez, I.; Yang, H.; Wei, Y.;
Kantarjian, H.; et al. Low frequency of H3.3 mutations and upregulated DAXX expression in MDS. Blood
2013, 121, 4009–4011. [CrossRef]

127. Lehnertz, B.; Zhang, Y.W.; Boivin, I.; Mayotte, N.; Tomellini, E.; Chagraoui, J.; Lavallée, V.-P.; Hébert, J.;
Sauvageau, G. H3 K27M/I mutations promote context-dependent transformation in acute myeloid leukemia
with RUNX1 alterations. Blood 2017, 130, 2204–2214. [CrossRef]

128. Boileau, M.; Shirinian, M.; Gayden, T.; Harutyunyan, A.S.; Chen, C.C.L.; Mikael, L.G.; Duncan, H.M.;
Neumann, A.L.; Arreba-Tutusaus, P.; De Jay, N.; et al. Mutant H3 histones drive human pre-leukemic
hematopoietic stem cell expansion and promote leukemic aggressiveness. Nat. Commun. 2019,
10, 2891. [CrossRef]

129. Piunti, A.; Hashizume, R.; Morgan, M.A.; Bartom, E.T.; Horbinski, C.M.; Marshall, S.A.; Rendleman, E.J.;
Ma, Q.; Takahashi, Y.; Woodfin, A.R.; et al. Therapeutic targeting of polycomb and BET bromodomain
proteins in diffuse intrinsic pontine gliomas. Nat. Med. 2017, 23, 493–500. [CrossRef]

130. Sarthy, J.F.; Meers, M.P.; Janssens, D.H.; Henikoff, J.G.; Feldman, H.; Paddison, P.J.; Lockwood, C.M.;
Vitanza, N.A.; Olson, J.M.; Ahmad, K.; et al. Histone deposition pathways determine the chromatin
landscapes of H3.1 and H3.3 K27M oncohistones. eLife 2020, 9. [CrossRef]

131. Chan, K.-M.; Fang, D.; Gan, H.; Hashizume, R.; Yu, C.; Schroeder, M.; Gupta, N.; Mueller, S.; James, C.D.;
Jenkins, R.; et al. The histone H3.3K27M mutation in pediatric glioma reprograms H3K27 methylation and
gene expression. Genes Dev. 2013, 27, 985–990. [CrossRef]

132. Lewis, P.W.; Muller, M.M.; Koletsky, M.S.; Cordero, F.; Lin, S.; Banaszynski, L.A.; Garcia, B.A.; Muir, T.W.;
Becher, O.J.; Allis, C.D. Inhibition of PRC2 Activity by a Gain-of-Function H3 Mutation Found in Pediatric
Glioblastoma. Science 2013, 340, 857–861. [CrossRef] [PubMed]

133. Shi, L.; Shi, J.; Shi, X.; Li, W.; Wen, H. Histone H3.3 G34 Mutations Alter Histone H3K36 and H3K27
Methylation In Cis. J. Mol. Biol. 2018, 430, 1562–1565. [CrossRef] [PubMed]

134. Bender, S.; Tang, Y.; Lindroth, A.M.; Hovestadt, V.; Jones, D.T.W.; Kool, M.; Zapatka, M.; Northcott, P.A.;
Sturm, D.; Wang, W.; et al. Reduced H3K27me3 and DNA Hypomethylation Are Major Drivers
of Gene Expression in K27M Mutant Pediatric High-Grade Gliomas. Cancer Cell 2013, 24, 660–672.
[CrossRef] [PubMed]

http://dx.doi.org/10.1007/s11060-012-1040-z
http://dx.doi.org/10.1007/s00401-015-1478-0
http://www.ncbi.nlm.nih.gov/pubmed/26399631
http://dx.doi.org/10.1038/ng.2814
http://dx.doi.org/10.1038/ng.3757
http://dx.doi.org/10.1126/science.aac7272
http://dx.doi.org/10.1111/bjh.15155
http://www.ncbi.nlm.nih.gov/pubmed/29602208
http://dx.doi.org/10.1371/journal.pgen.1003997
http://dx.doi.org/10.1182/blood-2012-11-466714
http://dx.doi.org/10.1182/blood-2017-03-774653
http://dx.doi.org/10.1038/s41467-019-10705-z
http://dx.doi.org/10.1038/nm.4296
http://dx.doi.org/10.7554/eLife.61090
http://dx.doi.org/10.1101/gad.217778.113
http://dx.doi.org/10.1126/science.1232245
http://www.ncbi.nlm.nih.gov/pubmed/23539183
http://dx.doi.org/10.1016/j.jmb.2018.04.014
http://www.ncbi.nlm.nih.gov/pubmed/29689253
http://dx.doi.org/10.1016/j.ccr.2013.10.006
http://www.ncbi.nlm.nih.gov/pubmed/24183680


Cells 2020, 9, 2424 25 of 31

135. Justin, N.; Zhang, Y.; Tarricone, C.; Martin, S.R.; Chen, S.; Underwood, E.; De Marco, V.; Haire, L.F.;
Walker, P.A.; Reinberg, D.; et al. Structural basis of oncogenic histone H3K27M inhibition of human polycomb
repressive complex 2. Nat. Commun. 2016, 7, 11316. [CrossRef] [PubMed]

136. Stafford, J.M.; Lee, C.-H.; Voigt, P.; Descostes, N.; Saldaña-Meyer, R.; Yu, J.-R.; Leroy, G.; Oksuz, O.;
Chapman, J.R.; Suarez, F.; et al. Multiple modes of PRC2 inhibition elicit global chromatin alterations in
H3K27M pediatric glioma. Sci. Adv. 2018, 4, eaau5935. [CrossRef]

137. Harutyunyan, A.S.; Krug, B.; Chen, H.; Papillon-Cavanagh, S.; Zeinieh, M.; De Jay, N.; Deshmukh, S.;
Chen, C.C.L.; Belle, J.; Mikael, L.G.; et al. H3K27M induces defective chromatin spread of PRC2-mediated
repressive H3K27me2/me3 and is essential for glioma tumorigenesis. Nat. Commun. 2019, 10, 1262. [CrossRef]

138. Fang, D.; Gan, H.; Lee, J.-H.; Han, J.; Wang, Z.; Riester, S.M.; Jin, L.; Chen, J.; Zhou, H.; Wang, J.;
et al. The histone H3.3K36M mutation reprograms the epigenome of chondroblastomas. Science 2016,
352, 1344–1348. [CrossRef]

139. Yang, S.; Zheng, X.; Lu, C.; Li, G.M.; Allis, C.D.; Li, H. Molecular basis for oncohistone H3 recognition by
SETD2 methyltransferase. Genes Dev. 2016, 30, 1611–1616. [CrossRef]

140. Zhang, Y.; Shan, C.-M.; Wang, J.; Bao, K.; Tong, L.; Jia, S. Molecular basis for the role of oncogenic histone
mutations in modulating H3K36 methylation. Sci. Rep. 2017, 7, 43906. [CrossRef]

141. Voon, H.P.J.; Udugama, M.; Lin, W.; Hii, L.; Law, R.H.P.; Steer, D.L.; Das, P.P.; Mann, J.R.; Wong, L.H. Inhibition
of a K9/K36 demethylase by an H3.3 point mutation found in paediatric glioblastoma. Nat. Commun. 2018,
9, 3142. [CrossRef]

142. Fang, D.; Gan, H.; Cheng, L.; Lee, J.-H.; Zhou, H.; Sarkaria, J.N.; Daniels, D.J.; Zhang, Z. H3.3K27M
mutant proteins reprogram epigenome by sequestering the PRC2 complex to poised enhancers. eLife
2018, 7. [CrossRef]

143. Nagaraja, S.; Quezada, M.A.; Gillespie, S.M.; Arzt, M.; Lennon, J.J.; Woo, P.J.; Hovestadt, V.; Kambhampati, M.;
Filbin, M.G.; Suva, M.L.; et al. Histone Variant and Cell Context Determine H3K27M Reprogramming of the
Enhancer Landscape and Oncogenic State. Mol. Cell 2019, 76, 965–980.e12. [CrossRef] [PubMed]

144. Funato, K.; Major, T.; Lewis, P.W.; Allis, C.D.; Tabar, V. Use of human embryonic stem cells to model pediatric
gliomas with H3.3K27M histone mutation. Science 2014, 346, 1529–1533. [CrossRef]

145. Bjerke, L.; Mackay, A.; Nandhabalan, M.; Burford, A.; Jury, A.; Popov, S.; Bax, D.A.; Carvalho, D.; Taylor, K.R.;
Vinci, M.; et al. Histone H3.3 mutations drive pediatric glioblastoma through upregulation of MYCN.
Cancer Discov. 2013, 3, 512–519. [CrossRef]

146. Larson, J.D.; Kasper, L.H.; Paugh, B.S.; Jin, H.; Wu, G.; Kwon, C.-H.; Fan, Y.; Shaw, T.I.; Silveira, A.B.; Qu, C.;
et al. Histone H3.3 K27M Accelerates Spontaneous Brainstem Glioma and Drives Restricted Changes in
Bivalent Gene Expression. Cancer Cell 2019, 35, 140–155.e7. [CrossRef]

147. Crossley, M.P.; Bocek, M.; Cimprich, K.A. R-Loops as Cellular Regulators and Genomic Threats. Mol. Cell
2019, 73, 398–411. [CrossRef]

148. Zhang, Y.; Chang, J.-F.; Sun, J.; Chen, L.; Yang, X.-M.; Tang, H.-Y.; Jing, Y.-Y.; Kang, X.; He, Z.-M.; Wu, J.-Y.;
et al. Histone H3K27 methylation modulates the dynamics of FANCD2 on chromatin to facilitate NHEJ and
genome stability. J. Cell Sci. 2018, 131, jcs215525. [CrossRef] [PubMed]

149. Pfister, S.X.; Ahrabi, S.; Zalmas, L.P.; Sarkar, S.; Aymard, F.; Bachrati, C.Z.; Helleday, T.; Legube, G.;
LaThangue, N.B.; Porter, A.C.G.; et al. SETD2-Dependent Histone H3K36 Trimethylation Is Required for
Homologous Recombination Repair and Genome Stability. Cell Rep. 2014, 7, 2006–2018. [CrossRef]

150. Aymard, F.; Bugler, B.; Schmidt, C.K.; Guillou, E.; Caron, P.; Briois, S.; Iacovoni, J.S.; Daburon, V.;
Miller, K.M.; Jackson, S.P.; et al. Transcriptionally active chromatin recruits homologous recombination at
DNA double-strand breaks. Nat. Struct. Mol. Biol. 2014, 21, 366–374. [CrossRef] [PubMed]

151. Yadav, R.K.; Jablonowski, C.M.; Fernandez, A.G.; Lowe, B.R.; Henry, R.A.; Finkelstein, D.; Barnum, K.J.;
Pidoux, A.L.; Kuo, Y.M.; Huang, J.; et al. Histone H3G34R mutation causes replication stress, homologous
recombination defects and genomic instability in S. Pombe. eLife 2017, 6. [CrossRef]

152. Sulkowski, P.L.; Oeck, S.; Dow, J.; Economos, N.G.; Mirfakhraie, L.; Liu, Y.; Noronha, K.; Bao, X.; Li, J.;
Shuch, B.M.; et al. Oncometabolites suppress DNA repair by disrupting local chromatin signalling. Nature
2020, 582, 586–591. [CrossRef] [PubMed]

153. Fang, J.; Huang, Y.; Mao, G.; Yang, S.; Rennert, G.; Gu, L.; Li, H.; Li, G.M. Cancer-driving H3G34V/R/D
mutations block H3K36 methylation and H3K36me3-MutSα interaction. Proc. Natl. Acad. Sci. USA 2018,
115, 9598–9603. [CrossRef]

http://dx.doi.org/10.1038/ncomms11316
http://www.ncbi.nlm.nih.gov/pubmed/27121947
http://dx.doi.org/10.1126/sciadv.aau5935
http://dx.doi.org/10.1038/s41467-019-09140-x
http://dx.doi.org/10.1126/science.aae0065
http://dx.doi.org/10.1101/gad.284323.116
http://dx.doi.org/10.1038/srep43906
http://dx.doi.org/10.1038/s41467-018-05607-5
http://dx.doi.org/10.7554/eLife.36696
http://dx.doi.org/10.1016/j.molcel.2019.08.030
http://www.ncbi.nlm.nih.gov/pubmed/31588023
http://dx.doi.org/10.1126/science.1253799
http://dx.doi.org/10.1158/2159-8290.CD-12-0426
http://dx.doi.org/10.1016/j.ccell.2018.11.015
http://dx.doi.org/10.1016/j.molcel.2019.01.024
http://dx.doi.org/10.1242/jcs.215525
http://www.ncbi.nlm.nih.gov/pubmed/29760279
http://dx.doi.org/10.1016/j.celrep.2014.05.026
http://dx.doi.org/10.1038/nsmb.2796
http://www.ncbi.nlm.nih.gov/pubmed/24658350
http://dx.doi.org/10.7554/eLife.27406
http://dx.doi.org/10.1038/s41586-020-2363-0
http://www.ncbi.nlm.nih.gov/pubmed/32494005
http://dx.doi.org/10.1073/pnas.1806355115


Cells 2020, 9, 2424 26 of 31

154. Castel, D.; Philippe, C.; Kergrohen, T.; Sill, M.; Merlevede, J.; Barret, E.; Puget, S.; Sainte-Rose, C.; Kramm, C.M.;
Jones, C.; et al. Transcriptomic and epigenetic profiling of “diffuse midline gliomas, H3 K27M-mutant”
discriminate two subgroups based on the type of histone H3 mutated and not supratentorial or infratentorial
location. Acta Neuropathol. Commun. 2018, 6, 117. [CrossRef]

155. Werbrouck, C.; Evangelista, C.C.S.; Lobón-Iglesias, M.J.; Barret, E.; Le Teuff, G.; Merlevede, J.; Brusini, R.;
Kergrohen, T.; Mondini, M.; Bolle, S.; et al. TP53 pathway alterations drive radioresistance in diffuse intrinsic
pontine gliomas (DIPG). Clin. Cancer Res. 2019, 25, 6788–6800. [CrossRef]

156. Mackay, A.; Burford, A.; Carvalho, D.; Izquierdo, E.; Fazal-Salom, J.; Taylor, K.R.; Bjerke, L.; Clarke, M.;
Vinci, M.; Nandhabalan, M.; et al. Integrated Molecular Meta-Analysis of 1,000 Pediatric High-Grade and
Diffuse Intrinsic Pontine Glioma. Cancer Cell 2017, 32, 520–537.e5. [CrossRef] [PubMed]

157. Sturm, D.; Witt, H.; Hovestadt, V.; Khuong-Quang, D.A.; Jones, D.T.W.; Konermann, C.; Pfaff, E.; Tönjes, M.;
Sill, M.; Bender, S.; et al. Hotspot Mutations in H3F3A and IDH1 Define Distinct Epigenetic and Biological
Subgroups of Glioblastoma. Cancer Cell 2012, 22, 425–437. [CrossRef]

158. Pathania, M.; De Jay, N.; Maestro, N.; Harutyunyan, A.S.; Nitarska, J.; Pahlavan, P.; Henderson, S.;
Mikael, L.G.; Richard-Londt, A.; Zhang, Y.; et al. H3.3K27M Cooperates with Trp53 Loss and PDGFRA Gain
in Mouse Embryonic Neural Progenitor Cells to Induce Invasive High-Grade Gliomas. Cancer Cell 2017,
32, 684–700.e9. [CrossRef]

159. Zhao, S.; Bellone, S.; Lopez, S.; Thakral, D.; Schwab, C.; English, D.P.; Black, J.; Cocco, E.; Choi, J.;
Zammataro, L.; et al. Mutational landscape of uterine and ovarian carcinosarcomas implicates histone genes
in epithelial-mesenchymal transition. Proc. Natl. Acad. Sci. USA 2016, 113, 12238–12243. [CrossRef]

160. Bennett, R.L.; Bele, A.; Small, E.C.; Will, C.M.; Nabet, B.; Oyer, J.A.; Huang, X.; Ghosh, R.P.; Grzybowski, A.T.;
Yu, T.; et al. A mutation in histone H2B represents a new class of oncogenic driver. Cancer Discov. 2019,
9, 1438–1451. [CrossRef] [PubMed]

161. Arimura, Y.; Ikura, M.; Fujita, R.; Noda, M.; Kobayashi, W.; Horikoshi, N.; Sun, J.; Shi, L.; Kusakabe, M.;
Harata, M.; et al. Cancer-associated mutations of histones H2B, H3.1 and H2A.Z.1 affect the structure and
stability of the nucleosome. Nucleic Acids Res. 2018, 46, 10007–10018. [CrossRef] [PubMed]

162. Corujo, D.; Buschbeck, M. Post-Translational Modifications of H2A Histone Variants and Their Role in
Cancer. Cancers 2018, 10, 59. [CrossRef]

163. Kapoor, A.; Goldberg, M.S.; Cumberland, L.K.; Ratnakumar, K.; Segura, M.F.; Emanuel, P.O.; Menendez, S.;
Vardabasso, C.; LeRoy, G.; Vidal, C.I.; et al. The histone variant macroH2A suppresses melanoma progression
through regulation of CDK8. Nature 2010, 468, 1105–1111. [CrossRef]

164. Xu, D.; Li, C.-F.; Zhang, X.; Gong, Z.; Chan, C.-H.; Lee, S.-W.; Jin, G.; Rezaeian, A.-H.; Han, F.; Wang, J.;
et al. Skp2–MacroH2A1–CDK8 axis orchestrates G2/M transition and tumorigenesis. Nat. Commun. 2015,
6, 6641. [CrossRef]

165. Barzily-Rokni, M.; Friedman, N.; Ron-Bigger, S.; Isaac, S.; Michlin, D.; Eden, A. Synergism between DNA
methylation and macroH2A1 occupancy in epigenetic silencing of the tumor suppressor gene p16(CDKN2A).
Nucleic Acids Res. 2011, 39, 1326–1335. [CrossRef]

166. Park, S.J.; Shim, J.W.; Park, H.S.; Eum, D.Y.; Park, M.T.; Yi, J.M.; Choi, S.H.; Kim, S.D.; Son, T.G.; Lu, W.; et al.
MacroH2A1 downregulation enhances the stem-like properties of bladder cancer cells by transactivation of
Lin28B. Oncogene 2016, 35, 1292–1301. [CrossRef]

167. Dardenne, E.; Pierredon, S.; Driouch, K.; Gratadou, L.; Lacroix-Triki, M.; Espinoza, M.P.; Zonta, E.; Germann, S.;
Mortada, H.; Villemin, J.-P.; et al. Splicing switch of an epigenetic regulator by RNA helicases promotes
tumor-cell invasiveness. Nat. Struct. Mol. Biol. 2012, 19, 1139–1146. [CrossRef]

168. Novikov, L.; Park, J.W.; Chen, H.; Klerman, H.; Jalloh, A.S.; Gamble, M.J. QKI-Mediated Alternative
Splicing of the Histone Variant MacroH2A1 Regulates Cancer Cell Proliferation. Mol. Cell. Biol. 2011,
31, 4244–4255. [CrossRef]

169. Sporn, J.C.; Jung, B. Differential Regulation and Predictive Potential of MacroH2A1 Isoforms in Colon Cancer.
Am. J. Pathol. 2012, 180, 2516–2526. [CrossRef]

170. Li, F.; Yi, P.; Pi, J.; Li, L.; Hui, J.; Wang, F.; Liang, A.; Yu, J. QKI5-mediated alternative splicing of the histone
variant macroH2A1 regulates gastric carcinogenesis. Oncotarget 2016, 7, 32821–32834. [CrossRef]

171. Sporn, J.C.; Kustatscher, G.; Hothorn, T.; Collado, M.; Serrano, M.; Muley, T.; Schnabel, P.;
Ladurner, A.G. Histone macroH2A isoforms predict the risk of lung cancer recurrence. Oncogene 2009,
28, 3423–3428. [CrossRef]

http://dx.doi.org/10.1186/s40478-018-0614-1
http://dx.doi.org/10.1158/1078-0432.CCR-19-0126
http://dx.doi.org/10.1016/j.ccell.2017.08.017
http://www.ncbi.nlm.nih.gov/pubmed/28966033
http://dx.doi.org/10.1016/j.ccr.2012.08.024
http://dx.doi.org/10.1016/j.ccell.2017.09.014
http://dx.doi.org/10.1073/pnas.1614120113
http://dx.doi.org/10.1158/2159-8290.CD-19-0393
http://www.ncbi.nlm.nih.gov/pubmed/31337617
http://dx.doi.org/10.1093/nar/gky661
http://www.ncbi.nlm.nih.gov/pubmed/30053102
http://dx.doi.org/10.3390/cancers10030059
http://dx.doi.org/10.1038/nature09590
http://dx.doi.org/10.1038/ncomms7641
http://dx.doi.org/10.1093/nar/gkq994
http://dx.doi.org/10.1038/onc.2015.187
http://dx.doi.org/10.1038/nsmb.2390
http://dx.doi.org/10.1128/MCB.05244-11
http://dx.doi.org/10.1016/j.ajpath.2012.02.027
http://dx.doi.org/10.18632/oncotarget.8739
http://dx.doi.org/10.1038/onc.2009.26


Cells 2020, 9, 2424 27 of 31

172. Kim, J.-M.; Shin, Y.; Lee, S.; Kim, M.Y.; Punj, V.; Shin, H.-I.; Kim, K.; Koh, J.-M.; Jeong, D.; An, W. MacroH2A1.2
inhibits prostate cancer-induced osteoclastogenesis through cooperation with HP1α and H1.2. Oncogene
2018, 37, 5749–5765. [CrossRef]

173. Kim, J.; Shin, Y.; Lee, S.; Kim, M.; Punj, V.; Lu, J.F.; Shin, H.; Kim, K.; Ulmer, T.S.; Koh, J.; et al. Regulation of
Breast Cancer-Induced Osteoclastogenesis by MacroH2A1.2 Involving EZH2-Mediated H3K27me3. Cell Rep.
2018, 24, 224–237. [CrossRef]

174. Kim, K.; Punj, V.; Choi, J.; Heo, K.; Kim, J.-M.; Laird, P.W.; An, W. Gene dysregulation by histone variant
H2A.Z in bladder cancer. Epigenetics Chromatin 2013, 6, 34. [CrossRef]

175. Valdés-Mora, F.; Gould, C.M.; Colino-Sanguino, Y.; Qu, W.; Song, J.Z.; Taylor, K.M.; Buske, F.A.; Statham, A.L.;
Nair, S.S.; Armstrong, N.J.; et al. Acetylated histone variant H2A.Z is involved in the activation of
neo-enhancers in prostate cancer. Nat. Commun. 2017, 8, 1346. [CrossRef]

176. Brunelle, M.; Nordell Markovits, A.; Rodrigue, S.; Lupien, M.; Jacques, P.-É.; Gévry, N. The histone variant
H2A.Z is an important regulator of enhancer activity. Nucleic Acids Res. 2015, 43, 9742–9756. [CrossRef]

177. Vardabasso, C.; Gaspar-Maia, A.; Hasson, D.; Pünzeler, S.; Valle-Garcia, D.; Straub, T.; Keilhauer, E.C.;
Strub, T.; Dong, J.; Panda, T.; et al. Histone Variant H2A.Z.2 Mediates Proliferation and Drug Sensitivity of
Malignant Melanoma. Mol. Cell 2015, 59, 75–88. [CrossRef]

178. Yang, H.D.; Kim, P.J.; Eun, J.W.; Shen, Q.; Kim, H.S.; Shin, W.C.; Ahn, Y.M.; Park, W.S.; Lee, J.Y.;
Nam, S.W. Oncogenic potential of histone-variant H2A.Z.1 and its regulatory role in cell cycle and
epithelial-mesenchymal transition in liver cancer. Oncotarget 2016, 7, 11412–11423. [CrossRef] [PubMed]

179. Slupianek, A.; Yerrum, S.; Safadi, F.F.; Monroy, M.A. The chromatin remodeling factor SRCAP modulates
expression of prostate specific antigen and cellular proliferation in prostate cancer cells. J. Cell. Physiol. 2010,
224, 369–375. [CrossRef]

180. Hsu, C.-C.; Shi, J.; Yuan, C.; Zhao, D.; Jiang, S.; Lyu, J.; Wang, X.; Li, H.; Wen, H.; Li, W.; et al. Recognition of
histone acetylation by the GAS41 YEATS domain promotes H2A.Z deposition in non-small cell lung cancer.
Genes Dev. 2018, 32, 58–69. [CrossRef]

181. Xiong, Z.; Ye, L.; Zhenyu, H.; Li, F.; Xiong, Y.; Lin, C.; Wu, X.; Deng, G.; Shi, W.; Song, L.; et al. ANP32E
induces tumorigenesis of triple-negative breast cancer cells by upregulating E2F1. Mol. Oncol. 2018,
12, 896–912. [CrossRef] [PubMed]

182. Tsukamoto, Y.; Uchida, T.; Karnan, S.; Noguchi, T.; Nguyen, L.; Tanigawa, M.; Takeuchi, I.; Matsuura, K.;
Hijiya, N.; Nakada, C.; et al. Genome-wide analysis of DNA copy number alterations and gene expression in
gastric cancer. J. Pathol. 2008, 216, 471–482. [CrossRef]

183. Walker, B.A.; Leone, P.E.; Chiecchio, L.; Dickens, N.J.; Jenner, M.W.; Boyd, K.D.; Johnson, D.C.; Gonzalez, D.;
Dagrada, G.P.; Protheroe, R.K.M.; et al. A compendium of myeloma-associated chromosomal copy number
abnormalities and their prognostic value. Blood 2010, 116, e56–e65. [CrossRef]

184. Huang, J.; Gao, W.; Liu, H.; Yin, G.; Duan, H.; Huang, Z.; Zhang, Y. Up-regulated ANP32E promotes the
thyroid carcinoma cell proliferation and migration via activating AKT/mTOR/HK2-mediated glycolysis.
Gene 2020, 750, 144681. [CrossRef]

185. Culhane, A.C.; Quackenbush, J. Confounding Effects in “A Six-Gene Signature Predicting Breast Cancer
Lung Metastasis”. Cancer Res. 2009, 69, 7480–7485. [CrossRef] [PubMed]

186. Bassing, C.H.; Suh, H.; Ferguson, D.O.; Chua, K.F.; Manis, J.; Eckersdorff, M.; Gleason, M.; Bronson, R.;
Lee, C.; Alt, F.W. Histone H2AX: A dosage-dependent suppressor of oncogenic translocations and tumors.
Cell 2003, 114, 359–370. [CrossRef]

187. Celeste, A.; Difilippantonio, S.; Difilippantonio, M.J.; Fernandez-Capetillo, O.; Pilch, D.R.; Sedelnikova, O.A.;
Eckhaus, M.; Ried, T.; Bonner, W.M.; Nussenzweig, A. H2AX Haploinsufficiency Modifies Genomic Stability
and Tumor Susceptibility. Cell 2003, 114, 371–383. [CrossRef]

188. Winkler, C.; Steingrube, D.S.; Altermann, W.; Schlaf, G.; Max, D.; Kewitz, S.; Emmer, A.;
Kornhuber, M.; Banning-Eichenseer, U.; Staege, M.S. Hodgkin’s lymphoma RNA-transfected dendritic
cells induce cancer/testis antigen-specific immune responses. Cancer Immunol. Immunother. 2012,
61, 1769–1779. [CrossRef]

189. Sansoni, V.; Casas-Delucchi, C.S.; Rajan, M.; Schmidt, A.; Bönisch, C.; Thomae, A.W.; Staege, M.S.; Hake, S.B.;
Cardoso, M.C.; Imhof, A. The histone variant H2A.Bbd is enriched at sites of DNA synthesis. Nucleic Acids Res.
2014, 42, 6405–6420. [CrossRef]

http://dx.doi.org/10.1038/s41388-018-0356-3
http://dx.doi.org/10.1016/j.celrep.2018.06.020
http://dx.doi.org/10.1186/1756-8935-6-34
http://dx.doi.org/10.1038/s41467-017-01393-8
http://dx.doi.org/10.1093/nar/gkv825
http://dx.doi.org/10.1016/j.molcel.2015.05.009
http://dx.doi.org/10.18632/oncotarget.7194
http://www.ncbi.nlm.nih.gov/pubmed/26863632
http://dx.doi.org/10.1002/jcp.22132
http://dx.doi.org/10.1101/gad.303784.117
http://dx.doi.org/10.1002/1878-0261.12202
http://www.ncbi.nlm.nih.gov/pubmed/29633513
http://dx.doi.org/10.1002/path.2424
http://dx.doi.org/10.1182/blood-2010-04-279596
http://dx.doi.org/10.1016/j.gene.2020.144681
http://dx.doi.org/10.1158/0008-5472.CAN-08-3350
http://www.ncbi.nlm.nih.gov/pubmed/19723662
http://dx.doi.org/10.1016/S0092-8674(03)00566-X
http://dx.doi.org/10.1016/S0092-8674(03)00567-1
http://dx.doi.org/10.1007/s00262-012-1239-z
http://dx.doi.org/10.1093/nar/gku303


Cells 2020, 9, 2424 28 of 31

190. Tomonaga, T.; Matsushita, K.; Yamaguchi, S.; Oohashi, T.; Shimada, H.; Ochiai, T.; Yoda, K.; Nomura, F.
Overexpression and mistargeting of centromere protein-A in human primary colorectal cancer. Cancer Res.
2003, 63, 3511–3516.

191. McGovern, S.L.; Qi, Y.; Pusztai, L.; Symmans, W.F.; Buchholz, T.A. Centromere protein-A, an essential
centromere protein, is a prognostic marker for relapse in estrogen receptor-positive breast cancer.
Breast Cancer Res. 2012, 14, R72. [CrossRef] [PubMed]

192. Qiu, J.J.; Guo, J.J.; Lv, T.J.; Jin, H.Y.; Ding, J.X.; Feng, W.W.; Zhang, Y.; Hua, K.Q. Prognostic value of
centromere protein-A expression in patients with epithelial ovarian cancer. Tumor Biol. 2013, 34, 2971–2975.
[CrossRef] [PubMed]

193. Wu, Q.; Qian, Y.M.; Zhao, X.L.; Wang, S.M.; Feng, X.J.; Chen, X.F.; Zhang, S.H. Expression and prognostic
significance of centromere protein A in human lung adenocarcinoma. Lung Cancer 2012, 77, 407–414.
[CrossRef] [PubMed]

194. Saha, A.K.; Contreras-Galindo, R.; Niknafs, Y.S.; Iyer, M.; Qin, T.; Padmanabhan, K.; Siddiqui, J.; Palande, M.;
Wang, C.; Qian, B.; et al. The role of the histone H3 variant CENPA in prostate cancer. J. Biol. Chem. 2020,
295, 8537–8549. [CrossRef] [PubMed]

195. Kato, T.; Sato, N.; Hayama, S.; Yamabuki, T.; Ito, T.; Miyamoto, M.; Kondo, S.; Nakamura, Y.; Daigo, Y.
Activation of Holliday junction-recognizing protein involved in the chromosomal stability and immortality
of cancer cells. Cancer Res. 2007, 67, 8544–8553. [CrossRef]

196. Hu, Z.; Huang, G.; Sadanandam, A.; Gu, S.; Lenburg, M.E.; Pai, M.; Bayani, N.; Blakely, E.A.; Gray, J.W.;
Mao, J.-H. The expression level of HJURP has an independent prognostic impact and predicts the sensitivity
to radiotherapy in breast cancer. Breast Cancer Res. 2010, 12, R18. [CrossRef]

197. De Tayrac, M.; Aubry, M.; Saïkali, S.; Etcheverry, A.; Surbled, C.; Guénot, F.; Galibert, M.D.; Hamlat, A.;
Lesimple, T.; Quillien, V.; et al. A 4-gene signature associated with clinical outcome in high-grade gliomas.
Clin. Cancer Res. 2011, 17, 317–327. [CrossRef]

198. Valente, V.; Serafim, R.B.; de Oliveira, L.C.; Adorni, F.S.; Torrieri, R.; da Cunha Tirapelli, D.P.;
Espreafico, E.M.; Oba-Shinjo, S.M.; Marie, S.K.N.; Paçó-Larson, M.L.; et al. Modulation of HJURP
(Holliday Junction-Recognizing Protein) Levels Is Correlated with Glioblastoma Cells Survival. PLoS ONE
2013, 8, e62200. [CrossRef]

199. Montes de Oca, R.; Gurard-Levin, Z.A.; Berger, F.; Rehman, H.; Martel, E.; Corpet, A.; de Koning, L.; Vassias, I.;
Wilson, L.O.W.; Meseure, D.; et al. The histone chaperone HJURP is a new independent prognostic marker
for luminal A breast carcinoma. Mol. Oncol. 2015, 9, 657–674. [CrossRef]

200. Li, L.; Li, X.; Meng, Q.; Khan, A.Q.; Chen, X. Increased Expression of Holliday Junction-Recognizing Protein
(HJURP) as an Independent Prognostic Biomarker in Advanced-Stage Serous Ovarian Carcinoma. Med. Sci.
Monit. 2018, 24, 3050–3055. [CrossRef]

201. Huang, W.; Zhang, H.; Hao, Y.; Xu, X.; Zhai, Y.; Wang, S.; Li, Y.; Ma, F.; Li, Y.; Wang, Z.; et al.
A Non-Synonymous Single Nucleotide Polymorphism in the HJURP Gene Associated with Susceptibility to
Hepatocellular Carcinoma among Chinese. PLoS ONE 2016, 11, e0148618. [CrossRef]

202. Filipescu, D.; Naughtin, M.; Podsypanina, K.; Lejour, V.; Wilson, L.; Gurard-Levin, Z.A.; Orsi, G.A.;
Simeonova, I.; Toufektchan, E.; Attardi, L.D.; et al. Essential role for centromeric factors following p53 loss
and oncogenic transformation. Genes Dev. 2017, 31, 463–480. [CrossRef]

203. Jeffery, D.; Podsypanina, K.; Alberto, G.; Landete, R.P.; Lorraine, B.; Marie, D.; Daniele, F.; Geneviève, A.
CENP-A overexpression drives distinct cell fates depending on p53 status. bioRxiv 2020. [CrossRef]

204. Nechemia-Arbely, Y.; Fachinetti, D.; Miga, K.H.; Sekulic, N.; Soni, G.V.; Kim, D.H.; Wong, A.K.; Lee, A.Y.;
Nguyen, K.; Dekker, C.; et al. Human centromeric CENP-A chromatin is a homotypic, octameric nucleosome
at all cell cycle points. J. Cell Biol. 2017, 216, 607–621. [CrossRef]

205. Arimura, Y.; Shirayama, K.; Horikoshi, N.; Fujita, R.; Taguchi, H.; Kagawa, W.; Fukagawa, T.; Almouzni, G.;
Kurumizaka, H. Crystal structure and stable property of the cancer-associated heterotypic nucleosome
containing CENP-A and H3.3. Sci. Rep. 2015, 4, 7115. [CrossRef]

206. Polo, S.E.; Theocharis, S.E.; Klijanienko, J.; Savignoni, A.; Asselain, B.; Vielh, P.; Almouzni, G. Chromatin
Assembly Factor-1, a Marker of Clinical Value to Distinguish Quiescent from Proliferating Cells. Cancer Res.
2004, 64, 2371–2381. [CrossRef]

http://dx.doi.org/10.1186/bcr3181
http://www.ncbi.nlm.nih.gov/pubmed/22559056
http://dx.doi.org/10.1007/s13277-013-0860-6
http://www.ncbi.nlm.nih.gov/pubmed/23712606
http://dx.doi.org/10.1016/j.lungcan.2012.04.007
http://www.ncbi.nlm.nih.gov/pubmed/22542705
http://dx.doi.org/10.1074/jbc.RA119.010080
http://www.ncbi.nlm.nih.gov/pubmed/32371391
http://dx.doi.org/10.1158/0008-5472.CAN-07-1307
http://dx.doi.org/10.1186/bcr2487
http://dx.doi.org/10.1158/1078-0432.CCR-10-1126
http://dx.doi.org/10.1371/journal.pone.0062200
http://dx.doi.org/10.1016/j.molonc.2014.11.002
http://dx.doi.org/10.12659/MSM.906647
http://dx.doi.org/10.1371/journal.pone.0148618
http://dx.doi.org/10.1101/gad.290924.116
http://dx.doi.org/10.1101/2020.07.21.213496
http://dx.doi.org/10.1083/jcb.201608083
http://dx.doi.org/10.1038/srep07115
http://dx.doi.org/10.1158/0008-5472.CAN-03-2893


Cells 2020, 9, 2424 29 of 31

207. Gomes, A.P.; Ilter, D.; Low, V.; Rosenzweig, A.; Shen, Z.J.; Schild, T.; Rivas, M.A.; Er, E.E.; McNally, D.R.;
Mutvei, A.P.; et al. Dynamic Incorporation of Histone H3 Variants into Chromatin Is Essential for Acquisition
of Aggressive Traits and Metastatic Colonization. Cancer Cell 2019, 36, 402–417.e13. [CrossRef]

208. Gallo, M.; Coutinho, F.J.; Vanner, R.J.; Gayden, T.; Mack, S.C.; Murison, A.; Remke, M.; Li, R.; Takayama, N.;
Desai, K.; et al. MLL5 Orchestrates a Cancer Self-Renewal State by Repressing the Histone Variant H3.3 and
Globally Reorganizing Chromatin. Cancer Cell 2015, 28, 715–729. [CrossRef]

209. Hechtman, J.F.; Beasley, M.B.; Kinoshita, Y.; Ko, H.M.; Hao, K.; Burstein, D.E. Promyelocytic leukemia zinc
finger and histone H1.5 differentially stain low- and high-grade pulmonary neuroendocrine tumors: A pilot
immunohistochemical study. Hum. Pathol. 2013, 44, 1400–1405. [CrossRef]

210. Khachaturov, V.; Xiao, G.-Q.; Kinoshita, Y.; Unger, P.D.; Burstein, D.E. Histone H1.5, a novel prostatic cancer
marker: An immunohistochemical study. Hum. Pathol. 2014, 45, 2115–2119. [CrossRef]

211. Gabrovsky, N.; Georgieva, M.; Laleva, M.; Uzunov, K.; Miloshev, G. Histone H1.0-a potential molecular marker
with prognostic value for patients with malignant gliomas. Acta Neurochir. 2013, 155, 1437–1442. [CrossRef]

212. Kostova, N.N.; Srebreva, L.N.; Milev, A.D.; Bogdanova, O.G.; Rundquist, I.; Lindner, H.H.; Markov, D.V.
Immunohistochemical demonstration of histone H10 in human breast carcinoma. Histochem. Cell Biol. 2005,
124, 435–443. [CrossRef] [PubMed]

213. Torres, C.M.; Biran, A.; Burney, M.J.; Patel, H.; Henser-Brownhill, T.; Cohen, A.-H.S.; Li, Y.; Ben-Hamo, R.;
Nye, E.; Spencer-Dene, B.; et al. The linker histone H1.0 generates epigenetic and functional intratumor
heterogeneity. Science 2016, 353, aaf1644. [CrossRef]

214. Chen, Z.H.; Zhu, M.; Yang, J.; Liang, H.; He, J.; He, S.; Wang, P.; Kang, X.; McNutt, M.A.; Yin, Y.; et al. PTEN
Interacts with Histone H1 and controls chromatin condensation. Cell Rep. 2014, 8, 2003–2014. [CrossRef]

215. Nishiyama, M.; Oshikawa, K.; Tsukada, Y.I.; Nakagawa, T.; Iemura, S.I.; Natsume, T.; Fan, Y.; Kikuchi, A.;
Skoultchi, A.I.; Nakayama, K.I. CHD8 suppresses p53-mediated apoptosis through histone H1 recruitment
during early embryogenesis. Nat. Cell Biol. 2009, 11, 172–182. [CrossRef]

216. Kim, K.; Choi, J.; Heo, K.; Kim, H.; Levens, D.; Kohno, K.; Johnson, E.M.; Brock, H.W.; An, W. Isolation and
characterization of a novel H1.2 complex that acts as a repressor of p53-mediated transcription. J. Biol. Chem.
2008, 283, 9113–9126. [CrossRef] [PubMed]

217. Wang, T.; Chuffart, F.; Bourova-Flin, E.; Wang, J.; Mi, J.; Rousseaux, S.; Khochbin, S. Histone variants: Critical
determinants in tumour heterogeneity. Front. Med. 2019, 13, 289–297. [CrossRef] [PubMed]

218. Gibbs, Z.A.; Whitehurst, A.W. Emerging Contributions of Cancer/Testis Antigens to Neoplastic Behaviors.
Trends Cancer 2018, 4, 701–712. [CrossRef]

219. Chang, F.T.M.; Chan, F.L.; McGhie, J.D.R.; Udugama, M.; Mayne, L.; Collas, P.; Mann, J.R.; Wong, L.H.
CHK1-driven histone H3.3 serine 31 phosphorylation is important for chromatin maintenance and cell
survival in human ALT cancer cells. Nucleic Acids Res. 2015, 43, 2603–2614. [CrossRef]

220. Mahlke, M.A.; Nechemia-Arbely, Y. Guarding the Genome: CENP-A-Chromatin in Health and Cancer. Genes
2020, 11, 810. [CrossRef]

221. Valdés-Mora, F.; Song, J.Z.; Statham, A.L.; Strbenac, D.; Robinson, M.D.; Nair, S.S.; Patterson, K.I.;
Tremethick, D.J.; Stirzaker, C.; Clark, S.J. Acetylation of H2A.Z is a key epigenetic modification associated with
gene deregulation and epigenetic remodeling in cancer. Genome Res. 2012, 22, 307–321. [CrossRef] [PubMed]

222. Tsai, C.H.; Chen, Y.J.; Yu, C.J.; Tzeng, S.R.; Wu, I.C.; Kuo, W.H.; Lin, M.C.; Chan, N.L.; Wu, K.J.; Teng, S.C.
SMYD3-mediated H2A.Z.1 methylation promotes cell cycle and cancer proliferation. Cancer Res. 2016,
76, 6043–6053. [CrossRef]

223. Palla, V.-V.; Karaolanis, G.; Katafigiotis, I.; Anastasiou, I.; Patapis, P.; Dimitroulis, D.; Perrea, D. gamma-H2AX:
Can it be established as a classical cancer prognostic factor? Tumor Biol. 2017, 39, 101042831769593. [CrossRef]

224. Fernández, M.I.; Gong, Y.; Ye, Y.; Lin, J.; Chang, D.W.; Kamat, A.M.; Wu, X. γ-H2AX level in peripheral blood
lymphocytes as a risk predictor for bladder cancer. Carcinogenesis 2013, 34, 2543–2547. [CrossRef]

225. Turinetto, V.; Pardini, B.; Allione, A.; Fiorito, G.; Viberti, C.; Guarrera, S.; Russo, A.; Anglesio, S.; Ruo
Redda, M.G.; Casetta, G.; et al. H2AX phosphorylation level in peripheral blood mononuclear cells as an
event-free survival predictor for bladder cancer. Mol. Carcinog. 2016, 55, 1833–1842. [CrossRef]

226. Zhao, L.; Chang, D.W.; Gong, Y.; Eng, C.; Wu, X. Measurement of DNA damage in peripheral blood by the
γ-H2AX assay as predictor of colorectal cancer risk. DNA Repair 2017, 53, 24–30. [CrossRef]

227. Ivashkevich, A.; Redon, C.E.; Nakamura, A.J.; Martin, R.F.; Martin, O.A. Use of the γ-H2AX assay to monitor
DNA damage and repair in translational cancer research. Cancer Lett. 2012, 327, 123–133. [CrossRef]

http://dx.doi.org/10.1016/j.ccell.2019.08.006
http://dx.doi.org/10.1016/j.ccell.2015.10.005
http://dx.doi.org/10.1016/j.humpath.2012.11.014
http://dx.doi.org/10.1016/j.humpath.2014.06.015
http://dx.doi.org/10.1007/s00701-013-1802-1
http://dx.doi.org/10.1007/s00418-005-0052-6
http://www.ncbi.nlm.nih.gov/pubmed/16158288
http://dx.doi.org/10.1126/science.aaf1644
http://dx.doi.org/10.1016/j.celrep.2014.08.008
http://dx.doi.org/10.1038/ncb1831
http://dx.doi.org/10.1074/jbc.M708205200
http://www.ncbi.nlm.nih.gov/pubmed/18258596
http://dx.doi.org/10.1007/s11684-018-0667-3
http://www.ncbi.nlm.nih.gov/pubmed/30280307
http://dx.doi.org/10.1016/j.trecan.2018.08.005
http://dx.doi.org/10.1093/nar/gkv104
http://dx.doi.org/10.3390/genes11070810
http://dx.doi.org/10.1101/gr.118919.110
http://www.ncbi.nlm.nih.gov/pubmed/21788347
http://dx.doi.org/10.1158/0008-5472.CAN-16-0500
http://dx.doi.org/10.1177/1010428317695931
http://dx.doi.org/10.1093/carcin/bgt270
http://dx.doi.org/10.1002/mc.22431
http://dx.doi.org/10.1016/j.dnarep.2017.03.001
http://dx.doi.org/10.1016/j.canlet.2011.12.025


Cells 2020, 9, 2424 30 of 31

228. Pouliliou, S.; Koukourakis, M.I. Gamma histone 2AX (γ-H2AX)as a predictive tool in radiation oncology.
Biomarkers 2014, 19, 167–180. [CrossRef] [PubMed]

229. Svotelis, A.; Gévry, N.; Grondin, G.; Gaudreau, L. H2A.Z overexpression promotes cellular proliferation of
breast cancer cells. Cell Cycle 2010, 9, 364–370. [CrossRef]

230. Faget, D.V.; Ren, Q.; Stewart, S.A. Unmasking senescence: Context-dependent effects of SASP in cancer. Nat.
Rev. Cancer 2019, 19, 439–453. [CrossRef]

231. Chen, H.; Ruiz, P.D.; McKimpson, W.M.; Novikov, L.; Kitsis, R.N.; Gamble, M.J. MacroH2A1 and ATM Play
Opposing Roles in Paracrine Senescence and the Senescence-Associated Secretory Phenotype. Mol. Cell 2015,
59, 719–731. [CrossRef] [PubMed]

232. Contrepois, K.; Coudereau, C.; Benayoun, B.A.; Schuler, N.; Roux, P.-F.; Bischof, O.; Courbeyrette, R.;
Carvalho, C.; Thuret, J.-Y.; Ma, Z.; et al. Histone variant H2A.J accumulates in senescent cells and promotes
inflammatory gene expression. Nat. Commun. 2017, 8, 14995. [CrossRef] [PubMed]

233. Gévry, N.; Ho, M.C.; Laflamme, L.; Livingston, D.M.; Gaudreau, L. p21 transcription is regulated by
differential localization of histone H2A.Z. Genes Dev. 2007, 21, 1869–1881. [CrossRef]

234. Rai, T.S.; Cole, J.J.; Nelson, D.M.; Dikovskaya, D.; Faller, W.J.; Vizioli, M.G.; Hewitt, R.N.; Anannya, O.;
McBryan, T.; Manoharan, I.; et al. HIRA orchestrates a dynamic chromatin landscape in senescence and is
required for suppression of Neoplasia. Genes Dev. 2014, 28, 2712–2725. [CrossRef]

235. Duarte, L.F.; Young, A.R.J.; Wang, Z.; Wu, H.-A.; Panda, T.; Kou, Y.; Kapoor, A.; Hasson, D.; Mills, N.R.;
Ma’ayan, A.; et al. Histone H3.3 and its proteolytically processed form drive a cellular senescence programme.
Nat. Commun. 2014, 5, 5210. [CrossRef]

236. Kovatcheva, M.; Liao, W.; Klein, M.E.; Robine, N.; Geiger, H.; Crago, A.M.; Dickson, M.A.; Tap, W.D.;
Singer, S.; Koff, A. ATRX is a regulator of therapy induced senescence in human cells. Nat. Commun. 2017,
8, 386. [CrossRef] [PubMed]

237. Banaszynski, L.A.; Wen, D.; Dewell, S.; Whitcomb, S.J.; Lin, M.; Diaz, N.; Elsässer, S.J.; Chapgier, A.;
Goldberg, A.D.; Canaani, E.; et al. Hira-Dependent Histone H3.3 Deposition Facilitates PRC2 Recruitment at
Developmental Loci in ES Cells. Cell 2013, 155, 107–120. [CrossRef]

238. Xia, W.; Jiao, J. Histone variant H3.3 orchestrates neural stem cell differentiation in the developing brain.
Cell Death Differ. 2017, 24, 1548–1563. [CrossRef]

239. Xiong, C.; Wen, Z.; Yu, J.; Chen, J.; Liu, C.-P.; Zhang, X.; Chen, P.; Xu, R.-M.; Li, G. UBN1/2 of HIRA complex
is responsible for recognition and deposition of H3.3 at cis-regulatory elements of genes in mouse ES cells.
BMC Biol. 2018, 16, 110. [CrossRef]

240. Creppe, C.; Janich, P.; Cantarino, N.; Noguera, M.; Valero, V.; Musulen, E.; Douet, J.; Posavec, M.;
Martin-Caballero, J.; Sumoy, L.; et al. MacroH2A1 Regulates the Balance between Self-Renewal
and Differentiation Commitment in Embryonic and Adult Stem Cells. Mol. Cell. Biol. 2012,
32, 1442–1452. [CrossRef]

241. Barrero, M.J.; Sese, B.; Martí, M.; Belmonte, J.C.I. Macro histone variants are critical for the differentiation of
human pluripotent cells. J. Biol. Chem. 2013, 288, 16110–16116. [CrossRef]

242. Lo Re, O.; Fusilli, C.; Rappa, F.; Van Haele, M.; Douet, J.; Pindjakova, J.; Rocha, S.W.; Pata, I.; Valčíková, B.;
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