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Lipases represent one of the most reported groups of enzymes for the production of biofuels. They are used for the processing of
glycerides and fatty acids for biodiesel (fatty acid alkyl esters) production. This paper presents the main topics of the enzyme-
based production of biodiesel, from the feedstocks to the production of enzymes and their application in esterification and
transesterification reactions. Growing technologies, such as the use of whole cells as catalysts, are addressed, and as concluding
remarks, the advantages, concerns, and future prospects of enzymatic biodiesel are presented.

1. Lipid Feedstocks

The main feedstocks which present paramount importance
for the application of lipases are fats and oils. Such mate-
rials are primarily composed of triglycerides, which are glyc-
erol esters with saturated and unsaturated fatty acids, from
vegetable, animal, or microbial origins. One of the dis-
tinguishable characteristics between fats and oils is the
occurrence of unsaturated and saturated fatty acids in the
triglycerides: higher saturated fatty acids content (as exam-
ples in Figure 1), higher melting point, and the presence
of remaining solids at room temperature are characteristics
of a fat; on the other hand, oils usually present higher
occurrence of unsaturated fatty acids, remaining in liquid
state at room temperature. In addition to triglycerides,
vegetable oils can present di- and monoglycerides, free fatty
acids (FFAs), phosphatides, and unsaponifiable matter, such
as carotenoids, phytosterols, tocochromanols, chlorophyll,
triterpenic alcohols, and hydrocarbons [1–4].

The role of fats and oils in plants is related to energy
reserve, regarding their occurrence in seeds, and protection
against water loss (by wax formation) and against mechanical

injuries (by hormone generation), when such components
appear in the leaves and fruits [2, 5].

Worldwide production of fats and oils was estimated
in 174.6 million tons for the season 2010/2011. From
that, 86% represent vegetable oils (Table 1), with soybean,
palm, rapeseed, and sunflower seed as the major resources
[6, http://lipidlibrary.aocs.org/, 2011]. In Brazil, some
oilcrops, such as castor bean (Ricinus communis), jatropha
(Jatropha curcas), crambe (Crambe abyssinica), macaw
palm (Acrocomia aculeata), and oiticica (Licania rigida),
have been explored as alternatives for biodiesel production
due to their high tolerance to drought and frost, higher
productivity on low-fertility soils, and great potential for
the sustainable development of Brazilian Northeast [7,
http://www.ruralbioenergia.com.br/, 2009]. Moreover, the
use of raw materials with appropriated physicochemical
characteristics and widely available enables cost reduction
for the production of the biofuel, since the feedstock cost
represents 70–88% of the final price of biodiesel [8].

For the selection of a proper raw material for use as
substrate for the production of biodiesel, some aspects
should be observed, such as the following.
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http://lipidlibrary.aocs.org/
http://www.ruralbioenergia.com.br/
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Table 1: World oilcrops distribution [6].

Fats and oils World production (million tons) Five major producers

Animal fat 24.4 USA, China, Brazil, Germany, and France

Coconut oil 3.7 Philippines, Indonesia, India, Vietnam, and Mexico

Cottonseed oil 4.8 China, India, Pakistan, Uzbekistan, and USA

Groundnut oil 5.3 China, India, Nigeria, Myanmar, and Sudan

Linseed oil 0.6 China, Belgium, USA, Ethiopia, and India

Maize oil 2.3 USA, China, Japan, Brazil, and South Africa

Olive oil 2.9 Spain, Italy, Greece, Syrian Arab Republic, and Tunisia

Palm kernel oil 5.6 Indonesia, Malaysia, Nigeria, Thailand, and Colombia

Palm oil 23.9 Malaysia, Nigeria, Thailand, Colombia, and Côte d’Ivoire

Rapeseed oil 21.2 China, Germany, India, Canada, and France

Safflower oil 0.1 India, USA, and Argentina

Sesame oil 0.9 Myanmar, China, India, Sudan, and Japan

Soybean oil 36.0 USA, China, Brazil, Argentine and India

Sunflower oil 13.0 Russian Federation, Ukraine, Argentine, Turkey, and France

Table 2: Nomenclature of fatty acids [1, 9].

Common name Systematic name Chemical structure1 Melting point (◦C)

Lauric acid Dodecanoic acid 12 : 0 44.2

Miristic acid Tetradecanoic acid 14 : 0 54.4

Palmitic acid Hexadecanoic acid 16 : 0 62.9

Palmitoleic acid 9-Hexadecenoic acid 16 : 1 −0.1

Stearic acid Octadecanoic acid 18 : 0 70.1

Oleic acid 9-Octadecenoic acid 18 : 1 16.3

Elaidic acid 9-Octadecenoic acid 18 : 1 43.7

Vaccenic acid 11-Octadecenoic acid 18 : 1 44.0

Linoleic acid 9, 12-Octadecadienoic acid 18 : 2 −6.5

γ-Linolenic acid 6, 9, 12-Octadecatrienoic acid 18 : 3 −11.0

α-Linolenic acid 9, 12, 15-Octadecatrienoic acid 18 : 3 −12.8

Arachidic acid Eicosanoic acid 20 : 0 76.1

Gadoleic acid 9-Eicosenoic acid 20 : 1 25.0

Arachidonic acid 5, 8, 11, 14-Eicosatetraenoic acid 20 : 4 −49.5

Behenic acid Docosanoic acid 22 : 0 80.0

Erucic acid 13-Docosenoic acid 22 : 1 33.4
1
x : y nomenclature, where x represents the total number of carbon atoms and y represents the number of unsaturated bonds.
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Figure 1: Schematic representation of a triglyceride with saturated
fatty acids.

1.1. Fatty Acids Profile. The fatty acids profile varies greatly
between fats and oils and can be referred by distinct nomen-
clatures (Table 2). It can comprise from high concentration
of saturated fatty acids, like in palm seeds, such as coconut
(Cocos nucifera), palm kernel (Elaeis guineensis), and babassu

(Orbignya oleifera) (Table 3), as well as animal fats (Table 4),
to high content of monounsaturated fatty acids, commonly
in oleaginous fruits (Table 5). Certainly, there are some
exceptions of typical profiles, such as castor bean oil, which
has a high content of ricinoleic acid; crambe, with high
quantity of erucic acid; palm, with similar quantities of
saturated and unsaturated fatty acids (Table 3) [9].

Additionally to the vegetal and animal sources of lipids
and fats presented in Tables 3–5, fatty acids can also come
from microbial origin. As recently revised by Li et al.
[21], yeasts from Cryptococcus, Lipomyces, Rhodosporidium,
Rhodotorula, Trichosporon, and Yarrowia genera, as well as
filamentous fungi and bacteria, can reach 53% of lipids
content in its dry mass, with evidence for major appearance
of palmitic and oleic acids. In another work, the profiles
of fatty acids of the microalgaes Spirulina sp., Scenedesmus
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Table 3: Fatty acids profile of oilcrops [1, 9].

Fatty acids1 Palm kernel Soybean Jatropha curcas Crambe Rapeseed Sunflower Castor bean Babassu

12 : 0 41–55 NR NR NR NR NR NR 40–55

14 : 0 14–18 NR NR NR <0.2 <0.5 NR 11–27

16 : 0 6.5–10.0 7–14 10–17 1.8–2.0 2.5–6.5 3.0–10.0 1.1 5.2–11.0

16 : 1 NR <0.5 NR NR <0.6 <0.1 0.2 NR

18 : 0 1.3–3.0 1.4–5.5 5–10 0.7–1.0 0.8–3 1–10 1 1.8–7.4

18 : 1 12–19 19–30 36–64 16.0–17.2 53–70 14–35 3.32 9–20

18 : 2 1–3.5 44–62 18–45 8.0–8.7 15–30 55–75 3.6 1.4–6.6

18 : 3 NR 4–11 NR 5.2–7 5–13 <0.3 0.32 NR

20 : 0 NR <1.0 NR 3.4 0.1–1.2 <1.5 0.4 NR

20 : 1 NR <1.0 NR NR 0.1–4.3 <0.5 NR NR

22 : 0 NR <0.5 NR NR <0.6 <1.0 NR NR

22 : 1 NR NR NR 56–66 0.7 NR NR NR

% oil 45–50 18–20 26–35 35–60 40–50 22–36 35–55 65–68
1
x : y nomenclature, where x represents the total number of carbon atoms and y represents the number of unsaturated bonds; 280–90% ricinoleic acid

(similar to oleic acid plus a hydroxyl group in position 12R). NR: not reported.

Table 4: Fatty acid profile from animal origin [9].

Fatty acids Butter Lard Tallow

<14 : 0 11.0–23.8 0.5 0.9

14 : 0 8.2–12.0 1.3 3.0–3.7

16 : 0 21.3–29.0 23.8–25.0 24.9–27.0

18 : 0 9.8–13.0 12.0–13.5 7.0–18.9

16 : 1 1.8–2.0 2.7–3.0 4.2–11.0

18 : 1 20.4–28.0 41.2–45.0 36.0–48.0

18 : 2 1.8 10.0–10.2 3.1

18 : 3 1.2 1.0 0.6

% fat 2–5 70–95 70–95

Table 5: Fatty acids profile of oleaginous fruits.

Fatty acids1 Buriti Olive Avocado Palm

12 : 0 NR NR NR 0.1–1.0

14 : 0 0.1 0.7 <0.13 0.9–1.5

16 : 0 17.3–19.3 10–11.7 19.8–22.7 41.8–46.8

18 : 0 1.9–2.0 2.1 0.5–1.0 4.2–5.1

20 : 0 NR 0.48 NR 0.2–0.7

16 : 1 NR 1.45 3.9–5.6 0.1–0.3

18 : 1 73.3–78.7 73.8–78 60–71 37.3–40.8

18 : 2 2.4–3.9 7.0–9.8 7.1–15.3 9.1–11.0

18 : 3 2.2 NR 0.4–1.0 <0.6

% oil 8–18 15–40 4–25 20–24

References [10] [1] [11] [12]
1
x : y nomenclature, where x represents the total number of carbon atoms

and y represents the number of unsaturated bonds; NR: Not reported.

obliquus, Chlorella vulgaris, and C. kessleri were determined
[22]. The authors observed the prevalence of saturated fatty
acids (lauric, miristic, palmitic, and stearic acids), with
contributions of up to 46% for the total fatty acids content.

These diversified profiles of fatty acids from different
origins contribute for the generation of biofuels with dif-
ferent properties. For example, the higher the size of fatty
acid hydrocarbon chain, the higher the cloud point and the
cold filter plugging point. Therefore, due to the necessity
of heating before ignition, it becomes difficult the use of
a biodiesel with such characteristic in regions with low
environment temperature.

Another factor concerning the use of unsaturated fatty
acids for the production of biodiesel is that the fewer
the double bonds in the molecules, the higher the cetane
number of the biofuels (which, in turn, means a better
quality of their combustion). Moreover, larger quantities of
unsaturated bonds turn molecules more chemically unstable.
This can cause some inconvenience due to the biofuel
oxidation, degradation, and polymerization (resulting in low
cetane number or formation of solid residues), if improperly
stocked or transported. Then, in general, a biodiesel with
high quantities of esters derived from monounsaturated fatty
acids (e.g., oleic or ricinoleic acids) presents better results as
a fuel [23].

1.2. Fats and Oils Processing. Animal fat processing is named
rendering, where carcasses with fatty material are heated with
hot water or steam to release fats, with subsequent separation
by centrifugation or by surface removal. The vegetable oil
processing is comprised of some steps, including mechanical
pretreatment (cleaning, sorting, and comminution), heating,
dehydration, mechanical pressing and/or solvent extraction,
miscella distillation, meal desolventization, and refining [1,
9].

For biodiesel production, the oil refining processes play
an important role in the yield of the conversion steps, since
oil impurities, such as water, phosphatides, and pigments,
can affect the conversion of triglycerides to esters due to
excessive emulsification of the reaction mixture and difficul-
ties in biodiesel separation, amongst others [1, 9].
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Table 6: Insight into recent literature on microbial lipase production.

Microorganism Raw material
Type of

fermentation
Maximum activity (time of

fermentation)
Reference

A. niger 11T53A14 Wheat bran SSF 62.7 U·g−1 (48 h) [13]

Penicillium sp. Olive oil SmF 21.0 U·mL−1 (120 h) [14]

Rhizopus oryzae NRRL 3562 Coconut oil SSF 96.2 U·g−1 (115 h) [15]

Bacillus subtilis OCR-4 Ground nut oil cake SSF 4.5 U·g−1 (48 h) [16]

Burkholderia cepacia LTEB11
Sugarcane bagasse and
sunflower seed meal

SSF 234 U·g−1 (96 h) [17]

Rhizopus chinensis
Wheat bran, wheat flour, and
olive oil

SSF 24.4 U·g−1 (72 h) [18]

Pseudozyma hubeiensis HB85A Soybean oil SmF 5.3 U·mL−1 (18 h) [19]

P. chrysogenum Grease waste and wheat bran SSF 46 U·mL−1 (168 h) [20]

SSF: Solid-state fermentation; SmF: Submerged fermentation.

Another important factor during feedstock processing is
the valorization of coproducts. Such approach can contribute
to the profits of an industrial plant, thus bettering the
viability of biodiesel. As a classical example, soybean meal
generated during soybean oil extraction is already used
for protein and isoflavones extraction [24], and its main
phospholipid, lecithin, separated in the degumming step, is
used as natural emulsifier [25].

2. Enzyme Production and Characteristics

Lipases are enzymes classified as hydrolases (glycerol ester
hydrolase, E.C. 3.1.1.3) and act on ester bonds of sev-
eral compounds, with acylglycerols being the most proper
substrates, catalyzing reactions of hydrolysis, synthesis, and
trans- and interesterification (Figure 2). Lipases are more
active in insoluble substrates, especially triglycerides made
of long-chain fatty acids with over 10 carbon atoms, while
esterases are active in soluble substrates, especially simple
esters, such as ethyl acetate and triglycerides made of
short-chain fatty acids with less than six carbon atoms.
Esterases follow Michaelis-Menten kinetics, while lipases
need a minimum substrate concentration to show high
activity levels [26].

Due to the similarity of the catalytic triad found in lipases
compared to those observed in serine proteases, the most
widely accepted hypothesis is that the mechanism of lipase
catalysis is similar to that of serine protease catalysis [27].
It is believed that the kinetic mechanism of lipases does not
depend on the type of reaction being catalyzed (hydrolysis,
acidolysis, transesterification, etc.).

The reaction begins with a nucleophilic attack on the
carbon from the ester bond of the susceptible substrate
by hydroxyl group in the serine residue of the active site,
forming an acyl-enzyme complex and releasing alcohol from
the lipid. Later, the acyl-enzyme complex is hydrolyzed,
releasing the lipase regenerated. Figure 3 shows the stages of
the reaction catalyzed by the lipase and its intermediates.

Furthermore, characteristics such as stability in the pres-
ence of organic solvents, no necessity of cofactors for their

action and high enantioselectivity, turn lipases into a group
of enzymes with one of the major technological interests [28–
30].

Lipases occur widely in nature and can be produced by
many microorganisms and higher eukaryotes. In animals,
lipases obtained from pig and human pancreas are best
known and more investigated than all other lipases. In these
organisms, they are engaged in several lipid metabolism
steps, including fat digestion, adsorption, reconstitution, and
in lipoproteins metabolism. In plants, lipases are present
in higher plants seeds, as castor bean and canola (Brassica
napus). They are also found in several plants’ energy reserve
tissues [28, 31–33]. However, for the production of industrial
enzymes, microorganisms are the preferred source, once they
have shortest generation time, high yield of conversion of
substrate into product, great versatility to environmental
conditions and, simplicity in genetic manipulation and in
cultivation conditions. Due to habitats’ multiplicity, micro-
organisms usually produce various lipases types, with dis-
tinct specificity regarding to substrate utilization and also
to optimum pH and temperature range. Lipases can be
produced by bacteria, filamentous fungi, and yeasts, allowing
these microorganisms to use lipids from animal or vegetable
origin as carbon and energy sources for their growth. Though
many microorganisms have been reported in literature as
lipase producers, the genera Candida, Rhizopus, and Pseu-
domonas are considered the main industrial sources of
lipases. The yeast Candida rugosa is the most employed
microorganism for lipase production [30]. Table 6 gives an
overview on recent literature regarding lipases production.

The use of lipases in industry is still limited by the cost
of commercial enzymes, especially when large quantities of
enzyme are required and when the final product is of low
added value. There is therefore a considerable interest in
reducing the cost of producing these biocatalysts. The use of
solid-state fermentation (SSF) as a production system is one
way of reducing enzyme production costs, especially because
agroindustrial waste can be used as a culture medium.

A comparative economic analysis showed that the pro-
duction of lipase from Penicillium restrictum by SSF is more
economically feasible than its production by submerged
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Figure 2: Reactions catalyzed by lipases.

Table 7: Sources of lipases and optimal conditions for their action.

Sources pH T (◦C) Reference

Candida rugosa 5–8 35–50 [34]

Pseudozyma antarctica A 6–10 35–70 [35]

Thermomyces lanuginosus 6–9 30–50 [36]

Aspergillus niger 6–8 40–55 [37]

Pseudomonas aeruginosa 5.5–7.5 35–45 [38]

Bacillus subtilis 8–10 30–40 [39]

Geotrichum candidum 6.5–8.0 32–42 [40, 41]

Streptomyces rimosus 8.5–10.0 45–60 [42]

Yarrowia lipolytica 4–7 30–45 [43–45]

Rhizopus niveus 5–7 30–45 [46]

Rhizomucor miehei 6.5–7.5 30–40 [47]

Porcine pancreatin 6–9 40–55 [48]

Castor bean (Ricinus communis) 4.0–4.5 30–35 [49, 50]

fermentation (SmF), with a production cost for the former
being found to be 68% lower and a payback time of 1.5 years
[54].

Other advantages of producing enzymes by SSF have
been highlighted alongside the reduced production costs. In
studies of lipase production by the fungus Penicillium restric-
tum using SSF and SmF, different significant physiologies
were observed between the two systems when simple (oleic
acid and glucose) and complex (olive oil and starch) sources
of carbon were used, with a reduction in catabolite repression
being observed for SSF [55].

Lipases from different microorganisms have been pro-
duced using SSF with different solid wastes, such as lipase
from Penicillium restrictum in babassu cake [55, 56]; lipase
from P. simplicissimum in babassu cake, soybean cake, and
castor bean cake [57–61]; lipase from Candida rugosa in rice
flour [62]; lipase from Rhizopus homothallicus in sugarcane
bagasse [63, 64]; lipase from Aspergillus niger in wheat
bran and sesame seed cake [65, 66]; lipase from Rhizopus
rhizopodiformis and Rhizomucor pusillus in olive oil cake and
sugarcane bagasse [67]; lipase from Rhizopus oligosporus in a
variety of cakes [68]. These lipases were produced by SSF on
a bench scale, mostly using tray bioreactors, and yielded high
productivity rates.
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Table 8: Reported conditions for enzymatic transesterification of some fats and oils [51–53].

Alcohol Lipase source Feedstock Solvent Yield (%)

Methanol C. antarctica Rapeseed oil Hexane 98

Methanol C. antarctica Cottonseed oil — 92

Methanol C. antarctica Cottonseed oil t-Butanol 97

Methanol C. antarctica Degummed Soybean oil — 94

Methanol T. lanuginosus Soybean oil — 90

Ethanol P. cepacia Tallow fat — 95

Propanol P. fluorescens Sunflower oil 1,4-Dioxane >95

2-Ethyl-1-hexanol C. rugosa Rapeseed oil — 97

Methanol P. cepacia Palm kernel oil — 15

Ethanol P. cepacia Palm kernel oil — 72

Methanol Mucor miehei Soybean oil Hexane 75

Ethanol M. miehei Soybean oil Hexane 97

Methanol M. miehei Tallow fat Hexane 95

Ethanol (96%) M. miehei Tallow fat Hexane 98

Anhydrous ethanol M. miehei Tallow fat Hexane 68

Propanol M. miehei Tallow fat Hexane 24

Butanol M. miehei Tallow fat Hexane 20

Propanol C. antarctica Tallow fat Hexane 61

Butanol C. antarctica Tallow fat Hexane 84

There are no pre-established procedures in the literature
for predicting the performance and design of SSF biore-
actors. For this reason, large-scale systems have generally
been developed from the results obtained from bench-
scale or pilot systems. Ideally, a large-scale system should
operate in the same way and with the same performance
as a bench-scale system although this is often not the
case for SSF processes [69]. The main limiting factor on
scaling up such processes is heat transfer, which depends
on the stage of fermentation, and the design and operation
mode of the bioreactor [70–72]. Some mathematical models
have been developed to describe the growth kinetics of the
microorganisms under different operating conditions and
to describe heat and mass transfer in tray bioreactors [73],
fixed-bed bioreactors [70, 74], rotating drum bioreactors
[75, 76], shaking reactors [77], and fluidized bed reactors.
These models could be used as inputs for designing the scale-
up of such systems.

In addition to the reduction of the costs related to
fermentation step for industrial-scale production of lipases,
the strategies to recover and purify lipases must also be as
low as possible and should also be rapid, give high yields, and
ideally be easy to scale up.

Lipases are enzymes that are known to be strongly
hydrophobic, because of the presence of alkyl groups on the
surface of their structure [30]. Generally, a good first step
for lipase purification is the use of hydrophobic-interaction
chromatography. Normally, prepurification involves precip-
itation with ammonium sulphate, and ion-exchange chro-
matography and gel filtration are also widely used [78–80].

Rua et al. [79] studied the production and purification
of a thermostable alkaline lipase from Bacillus thermocatenu-
latus in Escherichia coli. The purification stages were done
in butyl sepharose (hydrophobic bed) and TSK G3000 (gel

filtration), giving a purification factor of 125 and a yield of
32%.

A lipase from Aspergillus niger F044 was purified by
precipitation with ammonium sulphate, DEAE-Sepharose
FF (ion exchange), and Sephadex G-75 (gel filtration). A
yield of 33% was obtained, while the purification factor was
73 [37].

A lipase from Penicillium simplicissimum produced by
submerged fermentation was purified in a five-step process
[81]. First, the culture was concentrated using a 10 kDa
membrane, then it was precipitated with ammonium sul-
phate. After concentration and prepurification, the sample
was injected in sequential chromatography steps on phenyl
sepharose CL-4B (hydrophobic interaction), Ultrogel AcA-
54 (gel filtration), and hydroxyapatite (ion exchange). The
resulting purification factor was 788, and the yield was 20%.

In order to purify a lipase from Penicillium camembertii
U-159, Isobe et al. [82] used ethanol precipitation and
ammonium sulphate precipitation as the first and second
steps. A sequence of chromatography steps followed, using
DEAE-sepharose (ion exchange), amino octyl sepharose
(hydrophobic interaction), hydroxyapatite (ion exchange),
and concanavalin-A sepharose (affinity). The yield obtained
was 27%, and the purification factor was 213.

Cunha et al. [83] studied the purification/immobilization
of a “pool” of lipases from P. simplicissimum produced by
SSF using babassu cake as a culture medium. The process
undertaken by means of sequential immobilization in hydro-
phobic supports (butyl, phenyl, and octyl agarose) resulted
in three fractions with distinct thermal stability, specificity,
and enantioselectivity properties.

Depending on the source, lipases can present molar mass
ranging from 20 to 75 kDa, enzymatic activity at pH between
4 and 9 and at temperatures since 27 until 70◦C. Lipases
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are usually stable in neutral aqueous solutions at room
temperature, presenting, in most cases, an optimal activity
at 30–40◦C. However, its thermostability varies considerably
depending on the origin, and, according to Castro et al. [29],
microbial lipases present the best thermostability.

Most commercial lipolytic preparations are composed
by a mixture of various isozymes, in different proportions,
such as those obtained from Candida rugosa, Pseudozyma
(formerly Candida) antarctica, Rhizopus niveus, and Chro-
mobacterium viscosum, among others. Each isoform has
different properties (e.g., molar mass, specificity, stereose-
lectivity, glycosylation extension, and substrate preference)
[28, 84, 85]. The main sources of lipases and their properties
are described in Table 7.

For industrial applications, the specificity of lipase is a
crucial factor. This enzyme can present specificity regarding
the substrate (fatty acid or alcohol), including the differen-
tiation of isomers. Lipases can be divided into three groups
based on their specificity.

(i) Nonspecific lipases (such as those produced by
Candida rugosa, Staphylococcus aureus, Chromobac-
terium viscosum, Thermomyces lanuginosus, and Pseu-
domonas sp.): They cleave acylglycerol molecules
randomly generating FFAs and glycerol, as well as
mono- and diglycerides as intermediates. In this
case, the products are similar to those produced by
chemical catalysis, but with less thermodegradation,
due to the lower temperature used for the reaction,
when compared to chemical processes [29, 46, 86].

(ii) 1,3-specific lipases (e.g., from Aspergillus niger,
Mucor javanicus, Rhizopus delemar, Rhizopus oryzae,
Yarrowia lipolytica, Rhizopus niveus, and Penicillium
roquefortii): They release fatty acids from positions 1
and 3 of a glyceride and from, for this reason, prod-
ucts with different compositions of those obtained
by nonregioselective lipases, or even by chemical
catalysts. Generally, the hydrolysis of triglycerides to
diglycerides is much faster than those into monoglyc-
erides [29, 46, 87].

(iii) Fatty acid-specific lipases: they act specifically on
the hydrolysis of esters, which have long-chain fatty
acids with double bonds in cis position on carbon 9.
Esters with unsaturated fatty acids, or without double
bond in carbon 9, are slowly hydrolyzed. This type
of specificity is not common among the lipases and
probably the most studied example of this case is the
lipase from Geotrichum candidum [29, 46, 87–89].

The study of substrate specificity is also of great impor-
tance for the application of lipases in biodiesel production,
since it is a valuable input for the selection of the proper
enzyme based on the composition of the raw material.
Gutarra et al. [58] evaluated the substrate specificity of an
acidic lipase produced by Penicillium simplicissimum, observ-
ing the highest activities on tricaprin (C8 : 0) and tricapryçin
(C10 : 0), which were 83 and 92% higher, respectively, than
those detected in the model substrate (olive oil).

Lipases can also be stereospecific, where one of the
isomers of a racemate is hydrolyzed preferentially over
another, or even the formation of one isomer can be
catalyzed selectively from prochiral precursors such as meso-
diester or meso-diol compounds. Some examples are lipases
from Burkholderia cepacia, Pseudozyma antarctica, Candida
rugosa, and Rhizopus delemar [88, 89].

3. Enzyme-Catalyzed Processes for
the Production of Biodiesel

The main technology for biodiesel production in Brazil and
in the world is homogenous alkaline transesterification (or
alcoholysis). In this reaction, an alcohol (usually methanol or
ethanol), with a molar basis, is added to the oil or fat and, in
the presence of a catalyst (Brønsted acids or bases), a mixture
of glycerin and alkyl esters of fatty acids is generated, which
is called biodiesel (Figure 4). However, alkaline catalysts,
especially sodium hydroxide, became dominant for the pro-
duction of biodiesel, due to their lower costs and faster ki-
netics [9, 23, 91, 92].

However, homogenous alkaline transesterification pre-
sents some disadvantages over enzyme-catalyzed processes,
such as the need of raw materials (refined oils and alcohols)
virtually free of fatty acids, phosphatides, and water; excess
of alcohol and catalyst to avoid reversible reactions, which in
turn makes difficult the separation of biodiesel and glycerin.
Therefore, alternative catalysts have been studied, such as
organic bases, metallic complexes, oxides, aluminosilicates,
and enzymes. Their main characteristics are that they are
easily recycled and the absence of soap formation, which
facilitates the products separation at the end of alcoholysis
[91–93].

The use of biocatalysis has, therefore, advantages over
chemical processes, and these include esterification of both
triglycerides and fatty acids; generation of a cleaner glycerol;
reuse, mostly in the case of an immobilized lipase utilization.
However, some problems still need to be resolved, as high
cost of lipases and possible inhibition in the presence of
short-chain alcohols, glycerol, and other impurities in the
raw material [23, 91, 93, 94]. In the case of biocatalysis, the
schematic flowsheet of Figure 4(a) can also be applied, but it
can also be necessary to use immobilized enzymes, for the
reasons shown above. Due to kinetic disadvantages, it can
be necessary also to use more sequential reactors in order to
achieve the residence time of the feedstock in the presence
of the enzymes, for a desired conversion (Figure 4(b)). For
biodiesel production by enzymatic catalysis, some factors
should be considered and some topics should be covered,
which can be divided into aspects for current and prospective
approaches. These aspects are detailed as follows.

3.1. Current Aspects

3.1.1. Refining Step. In enzymatic transesterification, higher
yields are achieved for biodiesel production when refined oil
is used, compared to crude oils. This is due to the presence of
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phospholipids in the nonrefined oil, which affect the interac-
tion between lipase and substrate, since they possibly occlude
the pores of the support, in the case of using an immobilized
enzyme. Therefore, at least the oil degumming step should
be conducted before transesterification reactions, in order to
obtain a better production of biodiesel [23, 91].

The oil degumming is traditionally done using chemical
and physical processes, such as water degumming, ultra-
filtration, and mainly acid (phosphorous or citric) treat-
ment [95, 96]. However, since the 1990s, enzyme-catalyzed
degumming has been reported as a potential alternative to
the conventional processes, and this comprises the use of
phospholipases, which are classified into four groups [97].
Phospholipases types A1 (E.C. 3.1.1.32) and A2 (E.C. 3.1.1.4)

catalyze the cleavage of ester bonds in phospholipids, thus
releasing FFAs and contributing for the increase of the overall
yield of biodiesel. There are also phospholipases types C
(E.C. 3.1.4.3) and D (E.C. 3.1.4.4), but these are involved
in the breakdown of phosphate bonds in phospholipids and
do not contribute to the increase in FFAs content of the oil
[98]. Enzymatic degumming is done at mild temperature
(40–45◦C) and pH of about 4.5–5.0, for a period of 2–4 h
[97, 99].

3.1.2. Free and Immobilized Enzymes. The use of free
enzymes for biodiesel production results in technical limi-
tations, and it is practically unreliable, due to impossibility
of their recovery and reuse, which in turn increases the
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Figure 4: Simplified flowsheet for the production of biodiesel. (a) Classical industrial chemical process; (b) alteration in reactor design for
biocatalysis.

production costs of the process, besides promoting the
product contamination with residual enzyme. These diffi-
culties can be overcome by the use of these enzymes in its
immobilized form, allowing the reuse of biocatalyst several
times, reducing costs, and further improving the quality
of the product [100]. There are several techniques cited
for lipases immobilization, such as adsorption, covalent
bonding, entrapment, encapsulation, and cross-linking, but
they will not be discussed in details in this paper, since there
is a recently published review focusing on this issue [100].
In this context, Nielsen et al. [101] revised technical and
economic aspects of biodiesel production, concluding that
for enzyme-catalyzed biodiesel viability, using immobilized
lipases, the enzymes must be stable for the production of
1200–7400 kg of biodiesel for each kg of enzyme preparation,
depending on the substrate source and lipase used.

The confinement or physical location of an enzyme
in a given region of a defined space, while maintaining
their catalytic activity, which can be used repeatedly and
continuously due to the ease of its separation from the
reaction medium, comprises its immobilization [102].

The catalytic activities of enzymes and other features
may change depending on the type of the immobilization
technique (adsorption, covalent bound, entrapment, encap-
sulation, and cross-linking) and the interaction strength
between enzyme and carrier used which may, in some cases,
cause structural distortions in the protein. Still, the catalytic
activity of the enzyme in a particular medium can be changed
by increasing or decreasing stirring due to the support
fragmentation by interaction between agitation system and
support [100].

Thus, it is possible to occur some activity loss during
transesterification reaction, even when immobilized lipases
are used, and this is more probably due to enzyme leaching
than to enzyme inactivation. On the other hand, if such
leaching does not occur and the enzyme remains bound
to the support, the increase of contact surface may help in
raising mass transfer, thereby increasing the efficiency of the
enzyme as a catalyst. Lipases from different sources have
been immobilized and used in biodiesel production, but the
most commonly reported were obtained from Pseudozyma
antarctica and Thermomyces lanuginosus [8, 103].



10 Enzyme Research

The use of fixed bed reactors with immobilized lipases
is a more suitable solution for continuous production of
biodiesel, since the enzymes suffer lower shear stress com-
pared with the batch process. Pandey [91] reported the
methanolysis of a waste oil mixture (containing 1980 ppm
of water and 2.5% FFAs), using immobilized lipase from
C. antarctica, and considering 3 steps of substrate addition.
The highest biodiesel yield observed was 90.4%. In another
example, the same author reported the ethanolysis of a fat in
a recirculating packed bed reactor (flow of 1.8 L·h−1) using
a phyllosilicate sol-gel-immobilized lipase from Burkholderia
cepacia, and in this case, a yield of 96% was observed.
Over the subsequent four cycles evaluated, the yield was
maintained in at least 90%.

3.1.3. Use of Solvents. The enzymatic production of biodiesel
can be performed using organic solvents (usually hexane,
heptanes, or petroleum ether) or simply using the mixture
of substrates (lipids and alcohol) depending on the size of
the chain of alcohol. If methanol or ethanol is used, a solvent
can facilitate the oil solubility in alcohol and also decrease
the viscosity of the reactional mixture, but there will be an
additional cost for its removal (distillation or extraction)
after the reaction [8, 94, 102].

Knothe et al. [23] reported the biodiesel production
from sunflower oil using petroleum ether as solvent with
immobilized lipase from Pseudomonas fluorescens, reaching
99% yield when the alcohol used was methanol, ethanol, or
1-butanol. In the absence of solvent, yields were reduced to
3%, 70, and 76%, respectively.

Soetaert and Vandamme [104] reported the use of
the lipases from Mucor miehei and C. antarctica in the
transesterification of various oils using hexane as solvent and
found that the lipase from M. miehei is more efficient in
converting primary alcohols (methanol, ethanol, propanol,
and 1-butanol) with yields between 95 and 98%, whereas
lipase from C. antarctica is more proper for the conversion of
secondary alcohols (isopropanol and 2-butanol) with yields
between 61 and 84%. In the absence of the solvent, the
yields of methyl and ethyl esters decreased, particularly when
methanol was used, with yield reduction up to 19%.

The use of solvents with intermediate polarity (such as t-
butanol, 1,4-dioxane) has been suggested to achieve a better
dissolution of the alcohol for transesterification (particularly
methanol, due to its higher inhibitory effect over lipases) and
oil, without affecting the lipase activity [102]. Ranganathan
et al. [105] reported the use of t-butanol as a solvent for
the transesterification of cottonseed oil using the commercial
preparation Novozym 435 for 24 hours at 55◦C and achieved
a yield of 97%, maintaining the lipase activity by 95% of the
initial activity during 500 h of continuous operation.

3.1.4. Type of Alcohol and Adsorption Agent. Many types of
alcohol can be used in the reaction of enzymatic transesteri-
fication. Some examples are shown in Table 8.

The molar ratio between substrates is a variable with
large influence on the biodiesel synthesis. Excess of alcohol,
in relation to the stoichiometric ratio of 3/1, is used to ensure

higher reaction rate and to minimize diffusional limitations.
However, excessive levels of alcohol, mainly those with short
chains, may inhibit the enzyme by increasing the polarity of
the medium, which reduces the stabilization and removes the
water layer associated with the immobilized enzymes [94].
This effect was observed by Brusamarelo et al. [106], for
the transesterification of soybean oil. The optimal ethanol to
oil ratio was 6/1, where 93% conversion was achieved after
480 min of reaction. When increased ethanol to oil ratios (9/1
and 12/1) were used, the conversion, considering the same
time of catalysis, dropped to 51 and 55%, respectively.

Hence, the gradual addition of alcohol can maintain
lipase stable for a longer period. Pandey [91] reported
that the gradual addition of methanol (in 3 steps, every
16 h of reaction), maintaining the same enzyme in the
bioreactor, resulted in a yield of 98% of biodiesel, and
that the conversion was kept over 95% during 50 cycles.
Another aspect that may accelerate the methanolysis is the
preincubation of lipase in ester or oil [104].

The addition of silica to the reaction medium provides
a positive effect on yield, due to the absorption of glycerol
and water, thus reducing lipase inhibition [23]. One example
cited by Robles-Medina et al. [102] is the use of 6%
(w/w) of silica-gel in the reaction mixture along with the
commercial preparation Lipozyme TL. The use of silica
increased the yield from 66 to 90%. Another possibility
would be to remove the glycerol by dialysis or its dissolution
in isopropanol or t-butanol [102, 105].

3.1.5. Alternative Donors of Acyl Group. As the use of meth-
anol and ethanol can promote lipase inhibition, the use of
alternative donors of acyl group, such as methyl acetate, ethyl
acetate, and propan-2-ol, is being studied, since their use
avoids the production of glycerol as a by-product, which
blocks the porous support and lipase active sites. Novozym
435 was tested for biodiesel production using several oils
and the donors of acyl groups cited above, and the results
observed were yields always above 90% [53, 91].

3.1.6. Water Addition. Alcoholysis reactions do not involve
water as a reagent. However, the control of water content
in the reaction system is important for some reasons: lipase
requires a minimum amount of water to maintain its
active conformation; an excess of water may promote the
hydrolysis of the substrate and generate diffusion limitations
of substrate, thus reducing the biodiesel yield; the water can
influence negatively the reaction when methanol or ethanol
is used but does not affect the reaction when higher-chain
alcohols are considered [93, 94, 102].

Drapcho et al. [93] reported the use of lipase from
Pseudomonas cepacia immobilized on polymeric sol-gel
matrix in the transesterification of tallow oil at 40◦C for 1 h
using a mixture of 10 g of fat, 3 g of lipolytic preparation, 3 g
of methanol or 5 g ethanol, and different amounts of water.
The authors observed that when water concentrations below
0.2% were used, the conversion was significantly decreased
and, after the reuse of lipase during 11 cycles, the activity was
decreased by 10%.
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Pandey [91] reported the use of lipase from Chromobac-
terium viscosum in the transesterification of jatropha oil with
a 10% enzyme dosage. When the biocatalyst in a free form
was used, it was observed a yield of 62%, whereas when
the enzyme was immobilized on Celite 545, 71% of yield
was achieved. By adding 1% of water to the free enzymatic
preparation and 0.5% of water to the immobilized enzyme,
the biodiesel yields raised to 73% and 92%, respectively.

3.1.7. Temperature. Generally, the higher the temperature,
the higher the reaction rate of alcoholysis or transesteri-
fication, until reaching the temperature of inactivation of
lipases (usually above 60◦C). This approach is valid mainly
for systems in which the enzyme is used just once or few
times. When enzyme reuse is considered, high temperatures,
which can be suitable for short-term use of the enzymes, may
be not the most proper, since the half-life time of lipases
decreases with increases in temperature.

Matassoli et al. [107] investigated the influence of tem-
perature in ethanolysis of crude palm oil catalyzed by Lipoz-
yme TL IM (3% w/w) with a molar ratio ethanol/oil of 3/1
and gradual addition of ethanol, observing the best result
at 50◦C. For the evaluation of the effect of temperature
on lipase-catalyzed biodiesel production, a semiempirical
model was proposed by Brusamarelo et al. [106]. The
authors investigated soybean biodiesel production using the
commercial product Novozym 435, within the range of 45–
70◦C, observing the highest yield (92%) when 65◦C was
used.

3.1.8. Enzyme Type and Dosage. The amount of enzyme
added to reaction is also an important factor for biodiesel
production, because it affects reaction rate (typically, the
higher the enzyme dosage, the faster the reaction), but
there is a limit in which the addition of enzyme does not
alter anymore the rate of product formation or that the
amount turns the process more economically prohibitive.
In this context, enzyme-catalyzed biodiesel production was
investigated using dosages of C. antarctica lipase B (Novozym
435) from 1 to 20% (w/w) [106]. The authors observed the
highest conversion of triglycerides to ethyl esters (93%) when
10% (w/w) of the immobilized enzyme was used.

Regarding the effect of lipase specificity, Pandey [91]
reported the use of some specific and non-specific lipases
(from C. rugosa, P. cepacia, and P. fluorescens) in biodiesel
production. The non-specific lipases promoted the highest
yields of methyl esters when a molar ratio of 3/1 of
methanol/oil was used. Specific lipases need gradual addition
of methanol to achieve high yields (between 80 and 90%),
and this is probably due to acyl migration of sn-2 to sn-1,
which occurs spontaneously in glycerides [108].

3.2. Prospective Aspects

3.2.1. Whole Cells. For reduction of enzymatic processes
costs, some researchers have studied microbial immobi-
lization, such as fungal mycelia, bacteria, and yeasts cells,
for their use as whole cell catalysts, taking advantage of
functional proteins at the cell surface. From all whole cell
support immobilization techniques, the most used is that

named porous biomass support particles (BSPs) because it
does not require chemical additives or cell preproduction;
aseptic handling is unnecessary; higher enzyme production
and rate of substrate mass transfer within BSP; the particles
are reusable and resistant to mechanical shearing; the
bioreactor scale-up is easy and presents lower costs compared
to bioreactors used in other methods [8, 104].

The first example for biodiesel production using whole
cell as biocatalysts was the Rhizopus oryzae mycelium immo-
bilized in polyurethane foam [109]. The growth conditions
were optimized regarding the production of intracellular
lipase, as well as pretreatment methods and water content
during methanolysis. The addition of substrates (olive oil
or oleic acid) to the culture medium significantly improved
lipase activity of the whole cell catalyst. The results for
the obtainment of methyl esters of soybean oil using this
catalyst at 32◦C for 72 h (80–90% yield), when the addition
of methanol to the system was implemented intermittently
in the presence of 10–20% water, were very similar to those
described with the use of extracellular lipases. Aiming to
stabilize the R. oryzae cells, it was tested a cross-linking
treatment with 0.1% glutaraldehyde, keeping the lipase
dosage unaltered for 6 cycles. The yield of methyl ester varied
between 70% and 83%, along 72 h of experiment. Without
this treatment, the lipase activity decreased reaching a yield
of 50% in the sixth batch [8, 91, 104].

In order to achieve higher yields of biodiesel using cells
immobilized in BSP, Soetaert and Vandamme [104] used
fixed bed systems. To increase the interfacial area between
the reaction mixture and the whole cells, the former was
emulsified by sonication before each batch cycle. When a
gradual addition of methanol (ratio 4/1, methanol/oil) was
conducted at a flow rate of 25 L·h−1, a yield of 90% was
obtained and maintained at about 80% for 10 batches. The
authors attributed this decrease to the cell removal from
the BSP, since it was detected a decrease of 56% in the cell
concentration in the BSP between the first and the tenth
batches.

As further examples, other freeze-dried whole cells, such
as from R. chinensis mycelium, S. cerevisiae (containing
intracellular R. oryzae lipase, ROL), and recombinant S.
cerevisae expressing the lipase gene of R. oryzae IFO 4697
(cell surface ROL), have been used as biocatalysts for the
production of methyl biodiesel from soybean oil. In the
absence of solvent, the yields observed for the cited examples
were 86, 71, and 78%, respectively, after 165 h of reaction at
37◦C [8, 102].

Salum et al. [110] showed that it is possible to decrease
the costs associated to the synthesis of enzyme-catalyzed
biodiesel, by using the fermented solids produced by cultivat-
ing Burkholderia cepacia LTEB11 on a mixture of sugarcane
bagasse and sunflower seed meal. The authors used this
fermented solids to catalyze the ethanolysis of soybean oil
aiming to produce biodiesel in a fixed-bed reactor in a
cosolvent-free system. They achieved 95% conversion after
46 h of reaction.

Although the use of whole cells does not require many of
the steps related to the downstream process of biodiesel pro-
duction, such as the isolation and purification of the enzyme
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after fermentation, processes in which the transesterification
reaction is done by using immobilized enzymes or cells
present at least one notable difference, which is the reaction
time. Fukuda et al. [111] reported the use of Novozym 435 in
a continuous process, for 7 h, and they observed yields of 92–
94% in terms of methyl esters. When a fed-batch operation
was considered, the yield was 87%, after 3.5 h of reaction
with methyl oleate. The authors also compared the process
performance by using whole cells in a fed-batch operation
mode, and observed the necessity of 70 h of reaction in order
to obtain yields of 80–90% of biodiesel. In the last case, the
utilization of t-butanol as solvent would possibly reduce the
reaction time, due to higher efficiency of mass transfer in the
system.

3.2.2. Use of Acid Oils. Some waste oils, by-products from
vegetable oils processing, may also be suitable raw materials
for biodiesel production. These oils usually present high
contents of FFAs, and some examples are the sunflower
oil and corn oil, which have 55.6% and 75.3% of FFAs,
respectively. Pandey [91] reported the esterification and
transesterification of these oils in the presence of hexane
using immobilized lipase from C. Antarctica and observed
yields of 64% and 50% of methyl esters, while maintaining
the lipase stable for over 100 cycles.

Hou and Shaw [52] reported that the esterification of
acid oils is much faster than the transesterification of nonacid
oils. In the former case, it was necessary only 3 h of reaction
and 1% of lipase for the esterification of FFAs, where a
yield of 95% was achieved, whereas for the latter case, the
same yield was observed only after 30 h of methanolysis and
using a higher enzyme dosage (4%). One disadvantage of
the esterification reaction is the formation of water as a by-
product, which often inhibits the reaction of triglycerides.
One possible solution to this is to conduct the reaction in
two separate stages: first, esterification of the FFAs in the
mixture, with the evaporation of the generated water; then
the methanolysis of the triglycerides. In the first step, the
molar ratio of methanol/FFA should be low, such as 1/2 and
low quantity of enzyme (0.5% w/w) is needed. In the second
step, on the other hand, the molar ratio between methanol
and triglycerides should be changed to 1/1, and the enzyme
quantity should be increased to about 6% (w/w).

3.2.3. Hydroesterification and Hybrid Catalysis. Hydroesteri-
fication is a process that combines two basic processes, the
hydrolysis of triglycerides and the esterification of fatty acids,
in sequential reactions, in order to produce biodiesel.

Talukder et al. [112] studied the use of residual cooking
oil for biodiesel production by enzymatic hydrolysis accom-
panied by chemical esterification. The C. rugosa lipase used
completely hydrolyzed the oil after 10 h of reaction. The FFAs
were converted into biodiesel by chemical esterification using
Amberlyst 15 (acidic styrene divinylbenzene), and a 99%
conversion into biodiesel was obtained after 2 h. In this work,
there was a loss of enzyme activity, and the hydrolysis yield
was decreased to 92% after five batch cycles.

Cavalcanti-Oliveira et al. [113] studied the use of a lipase
from Thermomyces lanuginosus (TL 100 L) in the hydrolysis

of soybean oil in a hydroesterification process. The lipase
hydrolyzed 89% of the oil after 48 h of reaction. This stage
was followed by the esterification of the FFAs with methanol,
which was catalyzed by niobic acid in pellets. They obtained
92% conversion of the FFAs into fatty acid methyl esters
after only 1 h of incubation. Sousa et al. [114] studied the
lipase from jatropha seeds for the hydrolysis of different raw
materials for biodiesel production using hydroesterification
strategy. The best conversions were obtained using soybean
oil and jatropha oil, obtaining up to 98% of FFA after 2 h. The
esterification of the FFAs from the jatropha oil with methanol
was catalyzed by niobic acid in pellets, obtaining up to 97%
conversion into biodiesel after 2 h. The biodiesel obtained
from this process fulfilled all the legal requirements for its
commercial use.

4. Concluding Remarks

The use of enzyme catalysts (lipases) in biodiesel production
is being increasingly studied because of the advantages
that these catalysts present over chemically catalyzed and
noncatalytic processes. Some of the advantages offered by the
use of lipases are lower energy consumption; lower thermal
degradation of substrates and products; versatility in the
use of raw materials, including possibility to use acid oils
without the decrease of process efficiency; easier purification
of the alkyl esters (biodiesel) and separation of the coproduct
(glycerol), especially if immobilized enzymes or whole cells
are used; environmental benefits, due to biodegradability of
the catalyst.

Nevertheless, some process conditions should be taken
into account in order to have a feasible enzyme-based
technology for the production of biodiesel, and these include
the establishment of descriptive correlations between the
enzyme dosage and the substrate source, in order to ratio-
nalize enzyme usage and optimize costs [106]; deep study
of reaction conditions and their optimization; the selection
of a proper biocatalyst which can be reused and maintain
its stability over several cycles; product recovery strategies,
especially when a cosolvent is used in the reaction.

The enzyme-based production of biodiesel is still under
development, and it seems that there is a tendency for the use
of conventional technologies as a new application for lipases,
such as their immobilization in magnetic nanoparticles
[115], microwave and ultrasound-assisted transesterification
[116], esterification in pressurized fluids [117], and transes-
terification in supercritical fluids [116]. Although technical
aspects of such strategies may lead to conversion improve-
ment, economical considerations must be investigated in
more details.
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matéria-prima para indústria aliment́ıcia, Dissertation. the-
sis, University of São Paulo, Piracicaba, Brazil, 2006.

[12] Y. M. Choo, “Palm oil carotenoids,” Food and Nutrition
Bulletin, vol. 15, no. 2, pp. 130–137, 1994.

[13] M. C. T. Damaso, M. A. Passianoto, S. C. Freitas, D. M.
G. Freire, R. C. A. Lago, and S. Couri, “Utilization of
agroindustrial residues for lipase production by solid-state
fermentation,” Brazilian Journal of Microbiology, vol. 39, no.
4, pp. 676–681, 2008.

[14] E. Wolski, E. Menusi, M. Mazutti et al., “Response surface
methodology for optimization of lipase production by an
immobilized newly isolated Penicillium sp,” Industrial &
Engineering Chemistry Research, vol. 47, no. 23, pp. 9651–
9657, 2008.

[15] V. K. Garlapati, P. R. Vundavilli, and R. Banerjee, “Evaluation
of lipase production by genetic algorithm and particle
swarm optimization and their comparative study,” Applied
Biochemistry and Biotechnology, vol. 162, no. 5, pp. 1350–
1361, 2010.

[16] M. Singh, K. Saurav, N. Srivastava, and K Kannabiran,
“Lipase production by Bacillus subtilis OCR-4 in solid state
fermentation using ground nut oil cakes as substrates,”
Current Research Journal of Biological Sciences, vol. 2, no. 4,
pp. 241–245, 2010.

[17] T. F. C. Salum, P. Villeneuve, B. Barea et al., “Synthesis of
biodiesel in column fixed-bed bioreactor using the fermented
solid produced by Burkholderia cepacia LTEB11,” Process
Biochemistry, vol. 45, no. 8, pp. 1348–1354, 2010.

[18] S. Y. Sun and Y. Xu, “Solid-state fermentation for “whole-
cell synthetic lipase” production from Rhizopus chinensis and
identification of the functional enzyme,” Process Biochem-
istry, vol. 43, no. 2, pp. 219–224, 2008.

[19] R. Bussamara, A. M. Fuentefria, E. S. D. Oliveira et al., “Iso-
lation of a lipase-secreting yeast for enzyme production in a
pilot-plant scale batch fermentation,” Bioresource Technology,
vol. 101, no. 1, pp. 268–275, 2010.

[20] S. Kumar, N. Katiyar, P. Ingle, and S. Negi, “Use of
evolutionary operation (EVOP) factorial design techniques
to develop a bioprocess using grease waste as substrate for

lipase production,” Bioresource Technology, vol. 102, no. 7, pp.
4909–4912, 2011.

[21] Q. Li, W. Du, and D. Liu, “Perspectives of microbial
oils for biodiesel production,” Applied Microbiology and
Biotechnology, vol. 80, no. 5, pp. 749–756, 2008.

[22] M. G. Morais and J. A. V. Costa, “Fatty acids profile
of microalgae cultived with carbon dioxide,” Ciência e
Agrotecnologia, vol. 32, no. 4, pp. 1245–1251, 2008.

[23] G. Knothe, J. V. Gerpen, and J. Krahl, The Biodiesel Hand-
book, AOCS Press, Champaign, Ill, USA, 2005.

[24] Y. B. Zuo, A. W. Zeng, X. G. Yuan, and K. T. Yu, “Extraction
of soybean isoflavones from soybean meal with aqueous
methanol modified supercritical carbon dioxide,” Journal of
Food Engineering, vol. 89, no. 4, pp. 384–389, 2008.

[25] L. N. Ceci, D. T. Constenla, and G. H. Crapiste, “Oil recovery
and lecithin production using water degumming sludge of
crude soybean oils,” Journal of the Science of Food and
Agriculture, vol. 88, no. 14, pp. 2460–2466, 2008.

[26] U. T. Bornscheuer, “Microbial carboxyl esterases: classifi-
cation, properties and application in biocatalysis,” FEMS
Microbiology Reviews, vol. 26, no. 1, pp. 73–81, 2002.

[27] K. E. Jaeger, B. W. Dijkstra, and M. T. Reetz, “Bacterial biocat-
alysts: molecular biology, three-dimensional structures, and
biotechnological applications of lipases,” Annual Review of
Microbiology, vol. 53, pp. 315–351, 1999.

[28] R. Sharma, Y. Chisti, and U. C. Banerjee, “Production,
purification, characterization, and applications of lipases,”
Biotechnology Advances, vol. 19, no. 8, pp. 627–662, 2001.

[29] H. F. Castro, A. A. Mendes, and J. C. Santos, “Modificação de
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