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ABSTRACT

The Smc5/6 complex is implicated in homologous
recombination-mediated DNA repair during DNA
damage or replication stress. Here, we analysed
genome-wide replication dynamics in a hypomorphic
budding yeast mutant, smc6-P4. The overall replica-
tion dynamics in the smc6 mutant is similar to that
in the wild-type cells. However, we captured a dif-
ference in the replication profile of an early S phase
sample in the mutant, prompting the hypothesis that
the mutant incorporates ribonucleotides and/or ac-
cumulates single-stranded DNA gaps during replica-
tion. We tested if inhibiting the ribonucleotide exci-
sion repair pathway would exacerbate the smc6 mu-
tant in response to DNA replication stress. Contrary
to our expectation, impairment of ribonucleotide ex-
cision repair, as well as virtually all other DNA re-
pair pathways, alleviated smc6 mutant’s hypersen-
sitivity to induced replication stress. We propose
that nucleotide incision in the absence of a func-
tional Smc5/6 complex has more disastrous out-
comes than the damage per se. Our study provides
novel perspectives for the role of the Smc5/6 com-
plex during DNA replication.

INTRODUCTION

Eukaryotic DNA replication follows a temporal program
where replication origins activate in a staggered order to cre-
ate a continuum of replication forks progressing through the
chromosome before encountering another convergent fork
(1,2). Eukaryotic DNA polymerases responsible for proces-
sive synthesis have intrinsic nucleotide mis-incorporation
of not only mismatched deoxyribonucleoside monophos-
phates (dNMPs) but also ribonucleoside monophosphates
(rNMPs) at a rate of approximately 10−7 and 4 × 10−4

(10 000 per 12.5 Mbp of yeast genome), respectively (3–
6). Removal of mis-incorporated dNMPs and rNMPs dur-
ing replication requires concerted actions by distinct pro-
tein complexes in the mismatch repair (MMR) and ribonu-

cleotide excision repair (RER) pathways, respectively (7).
Virtually all DNA repair pathways require recognition and
subsequent excisions of the damaged nucleotide, giving rise
to a single-stranded gap in the DNA polymer (7). The mech-
anisms ensuring such a structural alteration of the chro-
mosome is efficiently repaired and does not lead to further
degradation are underexplored. Conceivably, these mecha-
nisms would involve protein complexes directly interacting
with the chromosomal DNA and implicated in DNA dam-
age or replication stress response.

One of the three evolutionarily conserved Structure
Maintenance of Chromosome (SMC) protein complexes,
the Smc5/6 complex, plays a key role in DNA damage re-
pair. The Smc5 and Smc6 proteins, which form the het-
erodimeric core, together with six other essential Non-
SMC Element 1–6 (Nse1-6) constitute the Smc5/6 com-
plex (8–16). Cells with mutations in any subunit of the
Smc5/6 complex are hypersensitive to various reagents in-
cluding hydroxyurea (HU, a ribonucleotide reductase in-
hibitor), methyl methanesulfonate (MMS, an alkylating
reagent) and ultraviolet light (9,12,15–28). Cruciform DNA
molecules (X-molecules) representing abnormal recombi-
nation intermediates are observed in MMS-treated smc5/6
mutants (24,29). Removal of recombinogenic proteins such
as Rad51, Mph1, Mms2 and Shu1 decreases the level of X-
molecules in smc5/6 cells and rescues their hypersensitiv-
ity to replication stress-inducing reagents (24,29,30). Thus,
it was established that the key function(s) of the Smc5/6
complex are preventing and/or resolving abnormal recom-
bination intermediates during replication stress. Consistent
with this notion loss of a functional Smc5/6 complex can
lead to aberrant chromosome segregation during mitosis
and meiosis (31–33). Removal of the joint molecule in-
termediates in meiosis via the XPF-family endonuclease,
Mus81-Mms4/Eme1, requires a functional Smc5/6 com-
plex (34,35). Finally, the Smc5/6 complex counteracts repli-
cation fork regression (a source of X-molecules) by the
Mph1 helicase in vitro (36).

On the other hand, studies have also implicated a
role of the Smc5/6 complex during an unperturbed S
phase (without replication stress). First, transcription of
SMC6 peaks in late-G1 phase and chromosome loading
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of Smc6 is replication-dependent (33,37–39). Second, im-
paired Smc5/6 function (via temperature-sensitive muta-
tions) in S phase, but not in G2 phase, resulted in anaphase
bridges and mitotic failure (33). More recent studies also
suggest related replicative roles of the Smc5/6 complex in
promoting replication fork progression through ribosomal
DNA tandem repeats or in extraneous topological stress
(40,41). However, the precise function(s) of the Smc5/6
complex in S phase are still unclear, at least in part owing
to the lack of replication studies of the smc5/6 mutants in
the absence of replication stress. A recent study employed
a creative approach to deplete cells of the Smc5/6 complex
during S phase using cell cycle-specific promoter and ob-
served minimal impact on S phase progression (42). Instead,
it argued for an essential role of the Smc5/6 complex in reg-
ulating sister chromatids separation during G2. Neverthe-
less, it stands to reason that the absence of a protein might
have fundamentally different cellular impact than a defec-
tive protein due to mutations.

We set out to analyse the replication dynamics in a hy-
pomorphic budding yeast mutant, smc6-P4, which carries
a K239R mutation near the ATPase domain of Smc6p (24).
Our results also revealed minimal changes in the S phase
dynamics in the smc6 mutant. However, we did observe an
early S phase-specific phenotype that was best explained
by the presence of ribonucleotide and/or single-stranded
DNA (ssDNA) gaps in the replicated DNA of smc6 cells.
We demonstrated that smc6-P4 cells accumulated rNMPs
and contained higher level of ssDNA than WT cells. We also
observed that during replication stress by HU smc6 cells
showed more extensive fork progression than WT. These
data are consistent with a function of the Smc5/6 complex
in restraining replication fork movement and preventing nu-
cleotide mis-incorporation. We tested if inhibiting DNA re-
pair would exacerbate the smc6 mutation by examining the
genetic interactions between smc6-P4 and deletion muta-
tions of key enzymes in the RER and MMR pathways. Un-
expectedly, inactivation of nuclease functions in either path-
way alleviated, rather than exacerbated, the hypersensitiv-
ity to replication stress of the smc6 mutant. In addition, re-
moval of nucleases in base excision repair (BER) and nu-
cleotide excision repair (NER) inducible by DNA alkyla-
tion damage similarly rescued drug sensitivity of the smc6
mutant. Therefore, we concluded that initiating DNA re-
pair in the smc6 mutant during replication stress is detri-
mental to cell viability. We also suggest a protective role of
the Smc5/6 complex of DNA repair intermediates following
the initial damage incision. Our study thus provides a novel
view of the Smc5/6 complex function at the crossroads of
DNA transactions.

MATERIALS AND METHODS

Yeast strains and cell growth

Yeast strains used in this study are listed in Supple-
mentary Table S3. They are derived from A4070, a
RAD5 derivative of W303 (MATa or α ade2-1 can1-
100 ura3-1 his3-11,15 leu2-3,112 trp1-1 rad5-535) (43)
or the EUROSCARF collection of nonessential yeast
deletion mutants (MATa ura3Δ leu2Δ his3Δ met15Δ
YFGΔ::KAN) (44) or �/(-2)/-7B-YUNI300 (MATa

CAN1 his7-2 leu2Δ::KanMX ura3Δ trp1-289 ade2-1 lys2-
ΔGG2899-2900 agp1::URA3-OR2) (45). Cells were grown
in YPD medium at 25◦C unless otherwise noted. Double
mutants, unless otherwise noted below, were constructed
using standard mating, zygote selection, followed by tetrad
dissection. To generate smc6-P4 hnt3Δ, the endogenous
HNT3 was replaced by a KAN cassette by gene replace-
ment in the smc6-P4/SMC6 diploid cells followed by
tetrad dissection. The KAN cassette was generated by
polymerase chain reaction (PCR) on genomic template
DNA from the hnt3Δ strain from the EUROSCARF
collection using the following primers: HNT3 L, 5′-
gtcgaattcTGACGGATGAAGAGCTGAGAG-3′ and
HNT3 R, 5′-ccgaagcttCCCATAAGAGATGACCGTGATC-
3′. During the construction of smc6-P4 pol2 double mu-
tants, it was necessary to distinguish pol2-M644L from
pol2-M644G mutation and SMC6 from smc6-P4 by PCR
and sequencing. The following primers were used to
amplify the SMC6 and POL2 loci, respectively: SMC6 L,
5′-TGCGGTCAAGGATTATTGCG-3′, SMC6 R, 5′-
CCATGTCCATCGCTGTTCAG-3′; and POL2 644 L,
5′-ATCCGAGACTTACGTGGGTG-3′, POL2 644 R,
5′-GAAGCCGGATTGTGCCTAAG 3′.

Spot assay

Single colony from each yeast strain under analysis was in-
oculated in 5 ml of YPD medium and the culture grown
overnight at 30◦C. The resulting culture was then used to in-
oculate 25 ml fresh YPD medium. When the culture reached
late log phase (OD600 ∼1.0), cell pellet was collected by
centrifugation, washed in 10 ml of ‘-N’ medium (1.61 g/l
YNB without (NH4)2SO4 or amino acids, 94 mM succinic
acid and 167 mM NaOH) and re-suspended in 1 ml of ‘-
N’ medium. Cells were then sonicated in a Bioruptor (Di-
agenode) to reduce clumping before measuring cell concen-
tration by a hemocytometer. Cells were first diluted to 107

cells per ml followed by 1:10 serial dilutions. Two microlitres
of each serial diluted culture was spotted onto solid YPD
medium or that containing 10 mM HU or 0.015% MMS un-
less otherwise noted and the plates were incubated at 30◦C.
Plates were photographed every 24 h for 2–3 days.

Flow cytometry

One millilitre of cells collected in the density transfer exper-
iment were spun at 5000 rpm for 5 min and the pellet was
washed with autoclaved glass-distilled (AGD) H2O and re-
suspended in 1 ml of cold 70% ethanol. The ethanol-fixed
samples could be stored at 4◦C. A total of 500 �l of fixed
cells were used for flow cytometry analysis. The cell pellet
was first washed by 1 ml of 50 mM sodium citrate, pH 7.4,
then resuspended in 1 ml of 50 mM sodium citrate, pH 7.4
with 50 �g/ml RNase A and incubated at 50◦C for 1 h. Fifty
microlitres of 20 mg/ml protein kinase K was then added
to the cells and continue incubation at 50◦C for another
hour. The cells were then spun and resuspended in 1 ml of
50 mM sodium citrate, pH 7.4 with 1 �M of Sytox Green
(Life Technologies) at 4◦C overnight in the dark. Follow-
ing brief sonication using a Bioruptor to reduce clumping,
10 000 cells from each sample were analysed on a Becton
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Dickinson Fortessa Cell Analyser (BD Biosciences). Data
were analysed by FlowJo.

Density transfer coupled with microarray analysis

Detailed procedures for density transfer, slot blotting,
microarray hybridization and data analysis were described
previously (46). Briefly, cells were grown in ‘-N’ medium
supplemented with 0.1% D-Glucose-13C6 (Sigma 389374-
2G), 0.01% Ammonium-15N2-sulfate (Sigma 299286-1G)
and required amino acids at 25◦C for at least 8 generations.
A total of 200 nM �-factor was added to synchronize cells
until fewer than 10% budded cells remained in the culture.
Cells were filtered and transferred to normal Y-complete
medium containing 200 nM �-factor for acclimation for 30
min, followed by the addition of 0.02–0.03 mg/ml pronase
to degrade �-factor and cell cycle release into S phase. Sam-
ples were collected every 10 min for either flow cytometry or
genomic DNA isolation. Genomic DNA was extracted and
digested with EcoRI restriction enzyme. The digested DNA
was loaded onto CsCl gradient for ultracentrifugation and
followed by fractionation. An aliquot of each fraction was
used for slot blot analysis and the remainder used for mi-
croarray hybridization. Slot blotting using a genomic DNA
probe was used to determine the fractions containing HH
and HL DNAs. The respective fractions were then pooled
and the differentially Cy5- or Cy3-dUTP-labeled HH and
HL DNAs were co-hybridized onto Agilent Yeast Whole
Genome ChIP-on-Chip 4 × 44K (G4493A) microarrays
following the manufacturer’s instructions and the features
were scanned by an Agilent G2565B scanner and the
data extracted by the Agilent Feature Extraction software
(v9.5.1). Raw microarray data were Lowess smoothed over
a 36 kb-window and percentage of replication (% Rep)
was calculated for each genomic locus, followed by nor-
malization using the maximum % Rep obtained from slot
blot analysis as described (46). DNA fragments containing
ARS607 or ARS609 were amplified by PCR from the yeast
genome with the following primers and used for Southern
blot: ARS607-F, 5′-CGATGTCCGCATCACTGGCA-3′;
ARS607-R, 5′-CAGGTGAATCAGAATGGCTC-3′;
ARS609-C, 5′-GCTGATTGTGTAATAGTGGTG-3′;
ARS609-D, 5′-CATTGTACTAGGATGTTTCGC-3′.

Quantification of total level of ssDNA

Three hundred millilitres of exponentially growing cells
(∼107 cells/ml) were incubated for 3 h in the absence
or presence of 10 mM HU before harvesting for DNA
preparation. Genomic DNA was isolated according to
the ‘NIB-n-grab’ method (http://fangman-brewer.genetics.
washington.edu/nib-n-grab.html). Slot blot analysis of bulk
level ssDNA was performed similarly as described (47).
Briefly, un-denatured (native) genomic DNA was slot blot-
ted in triplicates, 1 �g per slot, onto nylon membranes.
An additional 100 ng of each genomic DNA sample was
heat-denatured in 0.2 N NaOH and also slot blotted in
triplicates, serving as a total DNA control. The mem-
branes were hybridized with a genomic DNA probe and
signal quantification was done with ImageJ. Total % ss-
DNA was calculated as SignalNative/(10 × SignalDenatured)

× 100. Reported values were averaged from four inde-
pendent experiments. The ARS1 fragment was amplified
from the yeast genome with the following primers: ARS1-
F, 5′-GGAGGGAGATGGATTGTTGA-3′; ARS1-R, 5′-
GGAGGCAAGTGCACAAACAA-3′.

Genomic ssDNA mapping by microarrays

Detailed procedures for ssDNA labeling, microarray hy-
bridization and data analysis were described previously
(48). Briefly, cell cultures were grown and cell cycle syn-
chronized similarly as in density transfer except that normal
YPD medium was used. G1 control sample was collected
prior to cell cycle release and the S phase sample was col-
lected 1 h after pronase addition. Cell pellets were washed
with 50 mM EDTA, pH 8.0 before casting into 0.5% low
melting agarose gel plugs in 50 mM EDTA, pH 8.0. The em-
bedded cells were then spheroplasted in-gel and the result-
ing chromosomal DNA were labelled for ssDNA at 37◦C
for 3 h. The DNA was eluted from the plugs by either elec-
trophoresis in dialysis tubing with a molecular weight cut-
off of 12–14 000 (Spectrum Laboratories, Inc) in 0.5x TBE
at 3V/cm for 4 h or by �-agarase (New England Biolab)
digestion. The eluted DNA was then sonicated by Biorup-
tor and purified using the QIAquick PCR Purification Kit.
Differentially Cy5- or Cy3-dUTP-labelled G1 and S phase
DNA were co-hybridized onto microarrays and feature ex-
tracted similarly as described above. Raw data were Lowess
smoothed over a 6 kb window and subsequent data analysis
was performed as previously described (48).

Definition of early and late origins in the W303 strain back-
ground

Rad53 check- and unchecked-origins were previously de-
fined as those origins that are subject to (Rad53-checked,
or inferred late origins) or exempt from (Rad53-unchecked,
or inferred early origins) the replication checkpoint con-
trol in the RM14-3a strain background (47). We performed
ssDNA mapping in isogenic WT and rad53K227A strains
in the W303 background and curated origins activated in
the W303 background. We then compared these origins
to 626 confirmed or likely origins from the OriDB (http:
//oridb.org, v2.0.1) and those origins that have correspond-
ing entries in OriDB were selected for a final list of 467
W303-specific origins (205 early origins and 262 late origins,
to be described elsewhere).

Meta-analysis of %Rep in DT experiments and origin-
associated ssDNA

Meta-analysis of microarray data (%Rep or relative ratio of
ssDNA) was performed similarly as described (49). Lowess
smoothed values of either %Rep or ssDNA ratio with a
250-bp step window were used for calculating the average
level of signals in a 20-kb window on both sides of the ori-
gins. For the DT experiments the analysis was performed
for both early and late origins. The maximal level of %Rep
in the 40 kb window of the two groups of origins were then
plotted against the genomic average %Rep for each sample
in the three DT experiments. For measuring fork distance
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from the ssDNA profiles only the 205 early origins were
used as HU precluded the majority of late origins from fir-
ing. The maximal ssDNA value in the 20-kb window on the
left and right of the origin were determined as MaxL and
MaxR, respectively, in each experiment. Likewise, the min-
imal ssDNA values were determined as MinL and MinR in
each experiment. The position at which the average value
between Max and Min occurred in the left and right win-
dow was converted to distance (for origin position was set
arbitrarily at 0) as DistL and DistR, respectively. The repli-
cation fork distance (Distave) was calculated as the average
of DistL and DistR, respectively, from each experiment. The
final replication fork distance was averaged from multiple
biological replicate experiments. Total amount of origin-
associated ssDNA was determined by integrating the area
under the curves above the average value of MinL and MinR
for WT and smc6, respectively. For measuring origin activa-
tion from the ssDNA profiles all 467 W303-specific origins
were analysed. A 5-kb window on both sides of the origins
was used instead of the 20-kb window to better differentiate
ssDNA associated with close-spaced origins. Sub-telomeric
origins and origins with poor sequence coverage (<5% in
the chosen window on either side of the origin) were also
excluded from the analysis. The maximal ssDNA value in
the 5-kb window flanking each origin was similarly deter-
mined as above. Origins with both MaxL and MaxR being
at least three standard deviations above the genomic me-
dian were defined as activated in each experiment, but only
origins that showed activation in at least two independent
experiments were considered activated in the final call.

RESULTS

Comparative analysis of replication dynamics genome-wide

We studied the replication dynamics in the smc6-P4 mutant
and an isogenic WT using a previously described method
of density transfer (DT) coupled with microarray (2,46).
Briefly as outlined (Figure 1A), we synchronously released
cells that were cultured in medium containing heavy iso-
topes from G1 into S phase in fresh medium containing
light isotopes. Thus, replicating DNA would adopt a hy-
brid density (HL, for ‘heavy-light’) compared to a uniform
density (HH, for ‘heavy-heavy’) of the unreplicated DNA,
which can be separated from each other in a cesium chlo-
ride (CsCl) gradient using ultracentrifugation. We collected
samples every 10 min up to 120 min after the G1/S transi-
tion in three independent DT experiments (DT1-3). We then
calculated the percentage of replication (%Rep) for a spe-
cific DNA fragment or average genomic DNA in each sam-
ple by slot blot analysis. The observed %Rep values were
then normalized to account for non-cycling cells in each cul-
ture.

Both WT and smc6 cells synchronously entered the cell
cycle, though there appeared to be an advanced entry into S
phase in the smc6 cells compared to WT (Figure 1B). How-
ever, the ∼10–20% budded cells at the G1/S transition most
likely represent non-cycling cells. Flow cytometric profiles
showed that the smc6 mutant progressed through S phase
faster than WT cells (Figure 1C). Consistently, we detected
more advanced replication timing of the genomic DNA in
the mutant, as exemplified by an average TRep (the elapsed

time after release from G1 when half of the maximal replica-
tion level is achieved) of 47.7 min compared to 52.8 min for
WT from three DT experiments (Figure 1A and D and Sup-
plementary Table S1). We then analysed the genomic repli-
cation profile for each of the samples collected between 30
and 60 min (Figure 1A and Supplementary Table S2). Be-
cause smc6 cells always showed advanced replication tim-
ing to WT in the same experiment it was difficult to com-
pare their replication profiles at the same time point during
S phase (Figure 2A and Supplementary Figure S1). To cir-
cumvent this problem we compared samples from different
DT experiments with similar level of genomic DNA repli-
cation. To do so, we first performed a meta-analysis (49)
of %Rep across a 40 kb region over each of the early and
late origins in the genome (details of definition in Materi-
als and Methods). We then compared samples both within
and between WT and smc6 strains if they shared similar
%Rep values. The majority of such comparisons revealed
similar replication profiles between WT and smc6 cells (not
shown) except for early S phase samples, i.e. between WT
at 30 min from DT1 (10.3%) or WT at 35 min from DT3
(11.1%), and smc6 at 30 min from DT2 (10.8%) (Figure 2B
and Supplementary Table S2). The smc6 mutant showed rel-
atively higher %Rep surrounding the early origins than WT,
accompanied by a lower %Rep at the summits of the origins
in the mutant (Figure 2B). No such difference was observed
for the late origins among these samples, or any other sam-
ples sharing similar %Rep (data not shown). These results
suggested that the replication dynamics in the smc6 mutant
deviated from that of the WT, at least at the early origins. We
then asked if replication at the origins differ from genome
average throughout S phase. To do so we assembled a vir-
tual replication progression for WT and smc6 cells by us-
ing samples that contained variable level of %Rep from the
three experiments. We plotted the maximal %Rep over the
40 kb region across all early or late origins against the ge-
nomic %Rep in the same sample. Both the early and late
origins showed steady progression proportional to the ge-
nomic average over time (Figure 2C and D), indicating that
the phenotype we observed for samples in early S phase was
likely transient and did not impact overall replication pro-
gression.

This early origin-specific phenotype can be explained by
two non-mutually exclusive causes. First, the smc6 cells pre-
sented lower synchrony than WT while entering S phase.
Second, the replication forks descended from the early ori-
gins progressed faster in the smc6 mutant at the early stage
of S phase, but the replicated (HL) DNA behind the forks
suffered from some unknown defects that resulted in its ap-
parently lower quantity. We hypothesized that HL DNA
at the early origins in the mutant possessed higher density
than the normal hybrid density, causing it to sediment closer
to the HH DNA. Thus, when the HH and HL fractions
were pooled for microarray hybridization, the HL DNA
fragments from early origins would be under-represented
whereas the HH DNA would be over-represented, hence
lower %Rep than the actual level. We tested this hypothesis
by slot blot analysis of DNA fragments containing either
an early (ARS607) or a late (ARS609) origin (Figure 3A).
The ARS607 profiles showed that the HL DNA in the mu-
tant sedimented relatively lower (closer to the bottom of the
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Figure 1. S phase progression is accelerated in the smc6-P4 mutant under unchallenged condition. (A) Schematic representation of density shift experiment:
(i) sample collection from cells that were cultured in medium containing heavy isotopes (13C-glucose and 15N-ammonium sulfate) synchronously released
from G1 into S phase in fresh medium containing light isotopes (12C-glucose and 14N-ammonium sulfate), (ii) separation of replicated (HL, ‘heavy/light’)
DNA and unreplicated (HH, ‘heavy/heavy’) DNA on CsCl density gradient, (iii) fractionation of the gradient for slot blot analysis and (iv) differential
labelling and microarray co-hybridization of pooled HL and pooled HH DNA from the gradient. Slot blot facilitates (v) replication kinetic analysis to
derive maximal percentage of genomic DNA replication subsequently used for (vi) normalizing microarray data and construction of replication profiles
for comparisons between samples. (B) Budding indices indicate similar kinetics of cell cycle entry in the smc6-P4 and the WT cells in three independent
DT experiments. (C) FACS profiles (number of cells plotted against contents of genomic DNA) of the smc6-P4 mutant and the WT cells from DT1 at
indicated times following cell cycle release from G1/S transition (‘0’). ‘1C’ and ‘2C’ denote positions of genomic DNA before and after replication. (D)
Genomic replication kinetics of the smc6-P4 and WT cells in each experiment. Maximal normalized % of genomic DNA replication in each sample is as
indicated.

tube) than that in the WT, whereas the ARS609 profiles were
similar between the WT and mutant, consistent with our hy-
pothesis (Figure 3B). Ribonucleotides and ssDNA gaps in
duplex DNA can both increase its buoyant density (50,51),
and incision of rNMPs from the DNA produces ssDNA in-
termediates. Therefore, we wondered if the smc6 mutant in-
corporates rNMPs at a higher rate. If so, removal of RNase
H2 would be detrimental to the smc6 mutant.

Removal of RNase H2 alleviates the sensitivity to replication
stress of the smc6-P4 mutant

The RER pathway is initiated when RNase H2 incises the
5′-side of the rNMP, but complete removal of the rNMP
occurs after the incision of its 3′-side by the Fen1/Rad27
nuclease (52). Topoisomerase I can also incise the rNMP
in DNA, albeit less frequently than RNase H2 (53). Dele-
tion of the gene encoding the catalytic subunit of RNase
H2, RNH201, despite having no impact on the growth of

smc6 cells without replication stress, actually rescued the
HU and MMS sensitivity of the mutant (Figure 4A). We
confirmed this observation as well as established the speci-
ficity of this genetic suppression as follows. First, removal
of one of the two regulatory subunits, Rnh203 (54), also res-
cued drug sensitivities of the smc6 mutant (Figure 4B). Sec-
ond, removal of RNase H1, which functions primarily in re-
solving RNA:DNA hybrids with tandem rNMPs as in tran-
scriptional R-loops (55), did not suppress smc6-P4 (Figure
4C). Third, a ‘separation-of-function’ mutant of rnh201 that
is defective in rNMP removal in the RER pathway but not
in processing R-loops, rnh201-P45D-Y219A (56), also res-
cued the drug sensitivities of the smc6 cells (Figure 4D). Fi-
nally, removing the Rad27/Fen1 nuclease also suppressed
the drug sensitivity of the smc6 mutant (Figure 4E). There-
fore, we propose that (i) the smc6 mutant accumulates sub-
strates for the RER pathway through rNMP incorporation
during replication and not co-transcriptional R-loop for-
mation; (ii) the incision and possibly subsequent processing
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Figure 2. Genome-wide replication dynamics show smc6-P4 cells with advanced average replication timing to WT. (A) Overlay of replication profiles with
normalized %Rep plotted against chromosome coordinates (kb) for ChrXV, for all samples analysed by microarray in the DT1 experiment. Please see
Supplementary Figure S1 for all three DT experiments. Origin locations derived from OriDB are shown: 205 early origins (solid green diamonds) and 262
late origins (solid red circles) (see Materials and Methods for details). (B) Meta-analysis of %Rep over early origins in the early S phase samples which
share similar genomic average %Rep between WT and smc6 cells. (C) Comparison of %Rep of early origins (determined as the maximal %Rep in the
meta-analysis profile for each sample) with %Rep of genomic average. (D) Same as in (C), for late origins.

of rNMPs are detrimental to the smc6 mutant. We further
demonstrated that inactivating RER conferred the suppres-
sion of drug sensitivity of the smc6 mutant by specifically
inactivating RNase H2, and not Top1, consistent with a mi-
nor role of the latter in the RER pathway in the presence of
a functional RNase H2 (Figure 4F).

Genetic suppression by rnh201Δ is specific for the smc6 mu-
tation

The smc6 mutant is among a group of mutants includ-
ing esc2Δ and sgs1Δ that are known to accumulate re-
combination intermediates (24). It has been shown that re-
moving recombination-promoting proteins such as Mph1,
Mms2 and Shu1 synthetically rescues the MMS sensitiv-
ity of smc6-P4, esc2Δ and sgs1Δ mutants (24,29). Thus,
if RNase H2 also functions as a recombinogenic protein,
its removal would also benefit the esc2Δ and sgs1Δ mu-
tants. However, we did not find synthetic interaction be-
tween rnh201Δ and esc2Δ (Supplementary Figure S2A). In
fact, rnh201Δ showed synthetic sickness with sgs1Δ (Sup-
plementary Figure S2B), as previously shown (56–59). This
result suggested that RNase H2 does not function as a re-
combinogenic protein and that its removal does not prevent
the formation of recombination structures in mutants other
than smc6. Because Smc6 physically interacts with Rtt107
during DSB repair (60,61) we also tested for but did not ob-
serve a genetic suppression of rtt107Δ by rnh201Δ (Supple-
mentary Figure S2C). This result suggested that Smc6 has

a distinct function during replication stress-induced RER,
which is independent of Rtt107. Finally, we also checked
if rnh201Δ could suppress other mutations in the Smc5/6
complex, such as smc6-56 and the mms21-11 mutation in
the SUMO ligase Mms21 (62,63). As shown in Supple-
mentary Figure S2D and E, rnh201Δ rescued smc6-56 but
not mms21-11, suggesting that the genetic suppression by
rnh201Δ is allele-specific.

The smc6 mutant accumulates rNMPs and ssDNA

We then tested if the smc6 mutant incorporates rNMPs
at a higher rate than normal by alkaline gel electrophore-
sis of genomic DNA. Incorporated rNMPs was subject to
base catalysis of the 2′-OH group and subsequent break-
age of the phosphodiester bond, thus giving rise to smaller
DNA fragments upon strand separation (64). We only com-
pared the genomic DNA from exponentially growing cell
cultures without HU treatment for the following reason. We
rationalized that the HU treatment (for 2–3 h), by partially
synchronizing the cell cycle in early S phase, enriched for
nascent DNA fragments varying in size due to differential
replication fork speed among different strains. Thus, with-
out further correcting the intrinsic size difference of the tem-
plate DNA it is difficult to compare HU-treated samples at
the present. In the absence of HU rnh201Δ cells exhibited
enrichment of smaller DNA fragments (Figure 5A and B),
as previously described (4,5). The smc6 mutant also showed
increased level of small DNA fragments, though to a lesser
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Figure 3. Replicated (HL) DNA in the smc6 mutant shows relative higher
density than that in the WT. (A) Selected origins at higher resolution show-
ing relatively lower amount of replicated DNA at ARS607 (shaded yellow)
compared to the flanking regions in the smc6 mutant. WT cells show ex-
pected patterns where replicated DNA is the highest at the center of these
early origins. (B) Slot blot analysis confirms HL DNA in the mutant at
ARS607 sediments lower on the CsCl gradient, hence possessing a higher
density, than that in WT. ARS609, a late origin (shaded grey in (A)), served
as control.

extent than the rnh201 mutant (Figure 5A and B). Finally,
the smc6 rnh201 double mutant showed a distribution of
DNA fragments between those of the rnh201 and smc6 sin-
gle mutants (Figure 5A and B). These observations indi-
cated that the smc6 mutant indeed accumulated more rN-
MPs than WT cells. Moreover, they also suggested that inci-
sion of rNMPs from the smc6 cells did not lead to complete
repair as there was merely marginal difference between the
base catalysis-induced strand breakage in smc6 and smc6
rnh201 cells.

We then asked if the incision of rNMPs leaves ssDNA
gaps, which could in turn produce toxic homologous recom-
bination intermediates. To do so, we directly measured ss-
DNA level by slot blotting undenatured genomic DNA fol-
lowed by hybridization with a genomic DNA probe, as pre-
viously described (65). Our results demonstrated that smc6
cells indeed accumulated more ssDNA than WT, but only
specifically during HU treatment (Figure 5C). Moreover,
the ssDNA level in smc6 cells was reduced by the rnh201Δ
mutation (Figure 5C). It is also noteworthy that the ssDNA
levels in cells exposed to HU were not significantly different
from untreated cells, likely due to the low level of replication
stress by transient exposure (3 h), as opposed to several days
in the spot assay, to 10 mM HU. Nevertheless, consistent

with our hypothesis removal of RNase H2 activity reduced
the level of ssDNA in the smc6 mutant in HU (Figure 5C).

smc6 cells does not accumulate a toxic adenylate monophos-
phate intermediate

Our results thus far supported the hypothesis that incision
of damaged DNA in the smc6 mutant is detrimental to cell
survival during replication stress. We then asked if toxic in-
termediates following rNMP incision constitute the reason
for the demise of the smc6 mutant. The RER pathway can
be blighted by either abortive ligation of the incised rNMP
to an adenylate monophosphate (AMP, transferred from a
DNA ligase I-AMP intermediate after ATP hydrolysis) and
formation of a toxic 5′-adenylated (5′-AMP) RNA–DNA
adduct (66) or by Top1-mediated formation of a toxic 2′-3′
cyclic phosphate intermediate in the DNA (53,67–68). Re-
moval of the 5′-AMP requires Hnt3, a functional homolog
of the mammalian enzyme, Aprataxin (66,69). Therefore, if
the incision of rNMPs in the smc6 mutant led to abortive
ligation and 5′-AMP formation, deleting HNT3 would be
detrimental. We did not observe any synthetic sick or lethal
interactions between smc6-P4 and hnt3Δ (Supplementary
Figure S2F). Therefore, we concluded that the toxic inter-
mediate following rNMP incision in the smc6 mutant is un-
likely to be a 5′-AMP-modified DNA:RNA hybrid. The
lack of interaction between smc6 and top1Δ (Figure 4F)
also precludes the conclusion that cyclic phosphate inter-
mediates formed in the smc6 mutant.

The smc6-P4 mutant shows unrestrained fork progression
during acute exposure to HU in S phase

Our analysis so far suggests that the smc6 mutant suffers
from rNMP incision during replication stress, possibly be-
cause it leads to unsupervised ssDNA formation that ulti-
mately generates toxic replication intermediates. It is un-
clear how these defects relate to a potential role of the
Smc5/6 complex in regulating replication fork progression.
To more rigorously test if replication fork progression is de-
fective in the smc6 mutant, we analysed replication fork-
associated ssDNA genome-wide in WT and smc6 cells us-
ing a previously described ssDNA mapping method (47,48).
We detected significant levels of ssDNA at early but not
late origins, suggesting that the S phase checkpoint was ac-
tive in both WT and smc6 cells during HU treatment (Fig-
ure 6A). The ssDNA signals at many of the origins formed
‘split peaks’ in the WT cells, indicative of well-resolved bi-
directional replication forks. In contrast, the ssDNA signals
appeared broader and noisier in the smc6 mutant, suggest-
ing that replication forks had traversed a greater distance
and left more ssDNA behind (Figure 6A). To measure av-
erage replication fork distances we used a meta-analysis to
quantify ssDNA encompassing a 40 kb region centering on
205 early origins, the predominant group of activated ori-
gins in smc6 cells, in three independent experiments (Figure
6B). We calculated that replication forks traversed ∼1.6-fold
the distance in the smc6 mutant (7167 bp) of that in WT
(4542 bp) (P = 0.02, Student’s t-test) (Figure 6C). These
data support the notion that Smc5/6 plays a role in restrain-
ing replication fork progression. However, we acknowledge
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Figure 4. Inactivation of the RER pathway specifically rescues hypersensitivity to replication stress by the smc6-P4 mutant. Late log phase cultures of the
indicated cells were 1:10 serial diluted (1:5 for panel E) and 2 �l of the cells from each dilution was spotted on either YPD plates or YPD plates containing
10 mM HU or 0.015% MMS. Note 0.005% MMS was used for the analysis with rad27Δ, which renders cells hypersensitive to 0.015% MMS. (A–B) Lack
of catalytic subunit Rnh201 (A) or one of the regulatory subunit Rnh203 (B) of RNase H2 rescues the drug hypersensitivity of the smc6-P4 mutant. (C)
Removing RNase H1 does not affect the drug hypersensitivity of the smc6 mutant. (D) Inactivation of the single rNMP processing function with intact
R-loop processing function of RNase H2 suppresses the smc6 mutant. (E) Removal of flap endonuclease, Rad27/Fen1, rescues the drug hypersensitivity
of the smc6 mutant. (F) Loss of Top1 does not suppress smc6.

that equating the HU-induced ssDNA track length to repli-
cation fork distance is contentious a priori. For instance, it
may be argued that ssDNA is a by-product during homol-
ogous recombination and does not reflect fork progression
per se. For instance it was demonstrated that an Smc5/6
complex mutant, nse5-ts1, showed very different BrdU IP-
on-chip profile from WT (70). Therefore, we asked if remov-
ing the recombinase Mph1 from smc6 cells has any impact
on the ssDNA track distance. If indeed ssDNA formation
were merely the result of recombination, we would expect
that the smc6 mph1Δ double mutant to show a shorter ss-
DNA track in the meta-analysis. Our data indicated that
there was no significant difference between the ssDNA track
lengths between smc6 and smc6 mph1Δ cells (Figure 6D and
E). This result underscores the validity of inferring fork dis-
tance using ssDNA mapping. We then tested if RNase H2
impacts replication fork progression in the smc6 mutant. In-
terestingly, rnh201Δ cells showed longer fork distance than

WT and similar distance as smc6 cells (Figure 6D and E).
This result suggests that impaired RER allows fork to travel
faster. Moreover, there was an even greater fork distance in
the smc6 rnh201 double mutant (Figure 6D and E), suggest-
ing an additive effect between the two mutations. These data
together suggest that the mph1 and rnh201 mutations are
fundamentally different in their impact on replication fork
progression in the smc6 mutant, thus underscoring the dif-
ferent modes of genetic suppression of smc6 by these muta-
tions.

We also analysed origin activation in WT versus smc6
cells by scoring those origins with significant amount of ss-
DNA in at least two of the three biological replicates in each
strain. Our analysis showed that the smc6 mutant activated
more origins than WT (216 versus 157 with 152 in common,
Supplementary Figure S3). The 64 smc6-specific origins are
randomly distributed in the genome and are evenly split be-
tween early and late origins (32 in each category). We also
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Figure 5. The smc6-P4 mutant accumulates rNMPs and ssDNA. Genomic DNA isolated from exponentially growing WT, smc6, rnh201Δ and smc6
rnh201Δ cells (OD660 ≈ 0.8) were analyzed for rNMP incorporation by (A and B) alkaline gel electrophoresis and for percentage of total ssDNA by (C)
slot blot. (A) Autoradiogram of the alkaline gel electrophoresis followed by Southern blotting with either a genomic DNA probe or an ARS1 probe. Equal
amount (4 �g) of DNA was heat-denatured in alkaline buffer and used for alkaline gel electrophoresis, followed by alkaline transfer to nylon membrane and
Southern hybridization with a 32P-labelled genomic DNA probe. (B) Normalized hybridization signals (using total signals in each sample) in (A) plotted
against DNA size. (C) Quantification results of total percentage of ssDNA in the genomic DNA by slot blotting un-denatured DNA and hybridization
with a genomic DNA probe. Paired Student’s t-test was performed between WT and smc6 and between smc6 and smc6 rnh201, and only those relevant
comparisons with P-values < 0.05 were shown.

show that the vast majority of origins activated in the smc6
cells are also active in the smc6 mph1 and smc6 rnh201 cells,
indicating that the mph1 and rnh201 mutations have mini-
mal impact on origin activation in the smc6 mutant (Sup-
plementary Table S4).

Specific blockage of lesion incision in mismatch repair, nu-
cleotide excision repair or base excision repair also suppresses
the drug-sensitivity of the smc6 mutant

Our analysis so far suggests that inhibiting RNase H2 activ-
ity in the smc6 mutant is beneficial during replication stress.
We then asked if deletion of genes encoding key compo-
nents of other repair pathways similarly rescues the drug-
sensitivity of smc6 cells. We tested the removal of Msh2,
Msh3 and Msh6 in the mismatch repair (MMR) pathway,
Apn1 and Apn2 in the BER pathway, Rad1 and Rad2 in the
NER pathway. We observed suppression of smc6 by all dele-
tions except apn2Δ, msh3Δ and rad2Δ (Supplementary Fig-
ure S4). Yeast Apn2 plays a minor role in the incision step of
BER with <5% of in vitro activity attributed to Apn2 (71),

consistent with the observation that apn2Δ did not suppress
smc6. In MMR, the Msh2/Msh6 heterodimer primarily rec-
ognizes sites with 1 or 2 nucleotide mismatches, whereas the
Msh2/Msh3 dimer is specifically responsible for recogniz-
ing a longer (up to 15 nucleotides) mismatched patch due to
insertions/deletions (72,73). Therefore, the lack of suppres-
sion by msh3Δ suggested that the nucleotide mismatches
in the smc6 mutant primarily involve single nucleotides. In
the NER pathway, the Rad1–Rad10 complex and Rad2
are structure-dependent endonucleases responsible for the
5′ and 3′ incision of the damaged nucleotide, respectively
(74). A study in human cells has suggested that 5′ incision
precedes 3′ incision (75). Therefore, rad1Δ would preclude
Rad2 incision whereas rad2Δ would still permit Rad1 in-
cision and thus produce the toxicity in smc6 cells. Finally,
we tested the impact of Exo1, a 5′-3′ exonuclease involved
in multiple repair pathways, in mediating damage repair in
the smc6 mutant. We observed only moderate suppression
of the HU-sensitivity but not the MMS-sensitivity of the
smc6 mutant (data not shown). This result is not unexpected
considering the complicated role of Exo1 in both promot-
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Figure 6. Replication fork progresses faster and ssDNA accumulates behind the replication fork in the smc6-P4 mutant during acute exposure to HU in S
phase. (A) Genomic ssDNA mapping in cells synchronously released from �-factor arrest (G1 control sample) into S phase in the presence of 200 mM HU
for 1 h (S phase sample). Relative ssDNA enrichment in S phase sample was plotted against chromosome coordinates (kb) for ChrX. Early and late origins
are as described in Figure 2. (B) Meta-analysis of the ssDNA signals in a 40 kb region encompassing 205 early origins in the smc6-P4 mutant and WT cells
averaged from three independent experiments. (C) Distance travelled by replication forks calculated from (B) (see Materials and Methods for detail). (D)
Comparison between ssDNA formation in the indicated cells using meta-analysis as described in (B). (E) Same as in (C), for the indicated strains in (D).
Only those relevant comparisons with P-values < 0.05 were shown.

ing and interfering with DNA damage repair in different
contexts (76,77). In summary, our data taken together also
suggest that DNA repair-induced chromosomal DNA pro-
cessing in the presence of an impaired Smc5/6 complex in-
duces a common detriment to genome stability.

DISCUSSION

The essential function of the Smc5/6 complex during an
unperturbed cell cycle has remained enigmatic. By study-
ing genome-wide replication dynamics using density trans-
fer we uncovered evidence for fast-migrating replication
forks accompanied by ssDNA formation in the smc6-P4
mutant, specifically during early S phase. Admittedly subtle
and transient as the overall replication dynamics are simi-
lar between the smc6 mutant and WT, this mutant pheno-
type is consistent with our observation that replication fork-
associated DNA traversed a greater distance in the smc6
mutant than WT during exposure to HU. Thus, our data
seem at face value contradictory to a recent study, which
demonstrated that precluding Smc5/6 protein expression
from S phase does not significantly impact cell viability or S
phase progression (42). However, we rationalize that the ex-
perimental designs in these two studies are different. First,
it is possible that the smc6-P4 mutation is dominant com-
pared to the depletion of Smc5/6 expression. Second, to
examine an unperturbed S phase Menolfi et al. relied on
EdU-labelling of replicating DNA for 10 to 20 min in an
asynchronous population, in contrast to our synchronous

release of G1-arrested cells into S phase. Thus, the reso-
lution of early S phase cells in the former was necessar-
ily lower in comparison. Menolfi et al. also analysed cells
synchronously entering S phase in the presence of HU for
45 or 90 min, compared to the 60 min HU treatment in
our experiments. We note that for the 45 min HU-treated
sample the BrdU IP-on-chip signals were in fact noticeably
wider at the earliest origins (ARS305 and 306) in cells de-
pleted for S phase-specific Smc5/6 than in WT. We also note
that longer HU-treatment (such as the 90 min treatment)
would likely reduce the difference between replication track
lengths. Finally, as conceded above the difference in fork
progression between WT and smc6 cells was rather tran-
sient, and therefore would likely elude detection in alterna-
tive experimental design. Moreover, our study does not ar-
gue against the proposed essential function of the Smc5/6
complex in the G2 phase to resolve recombination struc-
tures at genomic sites experiencing endogenous replication
stress (42). In fact, in pursuing the cause for the fork mi-
gration difference in the smc6 mutant we found that DNA
damage incision is detrimental in the absence of a functional
Smc5/6 complex. This discovery provides damage incision
during S phase as another reason for the endogenous stress
in the smc6 mutant, in addition to the proposed replication
fork pausing-induced stress (42). We also found that smc6
cells accumulate rNMPs and ssDNA gaps. Therefore, we
propose new functions of the Smc5/6 complex in preventing
rNMP, and possibly mismatched dNMP, mis-incorporation
during replication and ensuring proper DNA repair after
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Figure 7. Model of the Smc5/6 complex function during chromosome replication. We propose that the Smc5/6 complex (depicted only as a Smc5/6
heterodimer without the Nse subunits) plays an important function in preventing rNMP and possibly dNMP mis-incorporation. Replication stress-induced
replication errors such as rNMP (‘2’-OH’) and mismatched dNMP (‘G-T’ or ‘A-C’ pair) mis-incorporation as well as DNA damage (e.g. methylation, ‘-
CH3’) are properly corrected by multiple repair pathways in the WT cells. But nucleotide incision in the presence of a defective Smc5/6 complex due to
the smc6-P4 mutation leads to extensive ssDNA and formation of toxic HR intermediates. The defective Smc6 protein is depicted as the subunit with a
kink. We hypothesize that the smc6-P4 mutation impairs the ssDNA binding capacity of the Smc5/6 complex, hence the depicted disengagement from the
DNA template. However, we note that such a depiction is strictly speculative at this stage. It is unknown if and how Smc5/6 complex interacts with the
replisome, or the relative position of the Smc5/6 complex at the replication fork, i.e. whether ahead of or behind the replisome. The authors favour the
former possibility as depicted in this model for there are functional interactions between Smc5/6 complex and Topoisomerase II, which serves to relieve
torsional stress ahead of the replication fork (41,92).

damage incision (Figure 7). Our model, together with the
proposed essential function for the Smc5/6 complex in G2
(42), echoes a previous model where Smc5/6 has multiple
functionalities (78).

The genetic suppression of the smc6-P4 mutant pheno-
type by virtually all DNA repair pathways was at first sur-
prising because it has been shown that select mutants of the
Smc5/6 complex (nse1, mms21 and smc6-9), exhibited ei-
ther no interaction or negative interaction with DNA repair
mutants (79,80). Studies in S. pombe also reported nega-
tive interactions between mutations in the Smc5/6 complex
and in DNA repair (13,81–82). We also confirmed that an
mms21Δ mutant of the Smc5/6 complex is in fact synthet-
ically sick with rnh201Δ. In contrast, rnh201Δ genetically
rescued both smc6-P4 and smc6-56, suggesting that a func-
tional Smc6 subunit is specifically important for coordinat-
ing DNA repair during replication stress, possibly through
its interaction with and stabilization of ssDNA (see be-
low). Therefore, our analysis underscores the importance of
studying allele-specific interactions in order to reveal impor-
tant functions of the Smc5/6 complex. The genetic suppres-

sion of smc6-P4 by repair mutants is also apparently specific
to induced replication stress by HU and MMS. This ob-
servation suggests that the DNA damage incision-induced
toxicity requires a threshold level of substrates unattainable
in the smc6 mutant without prolonged external replication
stress.

Previous studies suggested that smc6 mutants have el-
evated mutation and gross chromosomal rearrangement
rates (22,23), and here we report that rNMP incorpora-
tion is also increased in the mutants. We believe the rNMP
substrate in the smc6 mutant is predominantly single rN-
MPs incorporated by the processive DNA polymerases, Pol
� and Pol �, rather than those tandem rNMPs synthesized
by the Pol �/Primase in the Okazaki fragments. We are led
to this conclusion because removal of the RNA primers in
Okazaki fragments is performed by RNase H1 (83) and
we did not observe genetic suppression by rnh1Δ of the
smc6-P4 mutation. We also observed that the introduction
of pol2-M644L mutation, which incorporates rNMP at a
lower level than WT (4,5), into the smc6 cells led to a re-
duction of HU sensitivity (data not shown). The genetic
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interaction between smc6 and the MMR pathway suggests
the presence of mis-incorporated dNMPs. However, recent
studies demonstrated that mismatched rNMPs could also
be repaired by the MMR pathway (84,85). Therefore, it is
probable that the main substrate for DNA in the smc6 mu-
tant is mismatched rNMPs, instead of dNMPs. We also ob-
served evidence for BER and NER substrates in the smc6
mutant during replication stress, presumably due to the
alkylation damage produced by MMS as well as base ox-
idation during oxidative stress known to occur in both HU
and MMS treatment (86).

We also propose that DNA damage incision in the pres-
ence of a defective Smc5/6 complex generates toxic interme-
diates due to extensive ssDNA formation and subsequent
engagement in HR. Our analysis did not reveal negative
genetic interaction between smc6-P4 with either hnt3Δ or
top1Δ, arguing against 5′-adenylated rNMP or 2′-3′ cyclic
phosphate, respectively, being the toxic intermediate precip-
itating cell death. Therefore, the simplest explanation for the
increased density of replicated DNA and toxicity associated
with nucleotide incision by multiple nucleases in the smc6
mutant is persistent ssDNA formation. The smc6 mutant
might be defective in short patch synthesis by Pol � and/or
subsequent ligation by DNA ligase I, leaving a ssDNA gap
in the template DNA. However, a gap of single nucleotide
is unlikely responsible for the density change of the duplex
DNA. Therefore, the persistent single nucleotide gap in the
smc6 mutant might be converted to a longer patch of ss-
DNA to initiate HR.

Our study thus points to a novel role of the Smc5/6 com-
plex, i.e. in preventing unsupervised ssDNA formation dur-
ing DNA replication as a result of damage incision. Defects
in this pathway then manifest in unresolved HR interme-
diates and sister chromatids non-disjunction. Both Smc5p
and Smc6p have two independent DNA binding regions,
one near the hinge domain and the other one near the AT-
Pase domain. The smc6-P4 (K239R) mutation resides very
close to the ATPase domain and therefore likely impacts
DNA binding of the Smc6 protein. Indeed, Smc5p, Smc6p
and the heterodimer all have higher binding affinity towards
ssDNA than dsDNA (87–89). Moreover, the ssDNA affin-
ity is even higher than Rad51p (90,91). Therefore, we specu-
late that the Smc5/6 complex is instrumental in binding and
stabilizing ssDNA arising from multiple DNA repair pro-
cesses, thus protecting them from being engaged in patho-
logical homologous recombination events.

Finally, during our investigation we also revealed intrigu-
ing phenotypes of replication fork progression in the mph1Δ
and rnh201Δ mutants in HU. First, replication forks ap-
peared to traverse further in the absence of RNase H2, sug-
gesting that inactivating the RER pathway accelerates fork
speed. We also note that the mph1Δ mutant did not show
the ‘split peak’ ssDNA signals as did other strains (Figure
6D). It is unclear whether this phenotype is due to unre-
solved bi-directional forks (limited by the resolution of the
microarray) or elevated level of ssDNA behind the replica-
tion forks as opposed to at the forks. We favour the latter
possibility because WT cells, with similar fork progression,
showed well-resolved bi-directional forks. It will be inter-
esting to further dissect the ssDNA species at versus behind

replication forks in these cells with the advent of higher res-
olution methods in the future.

SUPPLEMENTARY DATA

Supplementary Data are available at NAR Online.
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