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1. INTRODUCTION

In the field of drug discovery, some classes of proteins have
been deemed undruggable. This typically means that no small
molecule (≤800 Da) has been found that is capable of binding
to a given site with sufficient potency (typically KD ≪ 10 μM)
and that elicits a biological response. Protein−protein
interactions (PPIs) have generally been deemed undruggable
because high-throughput screens (HTS) for small-molecule
inhibitors have often failed to identify viable hits. The central
issue complicating PPIs is that the interacting surfaces are
usually larger and flat (1500−3000 Å) compared to those of
other targets that have been found to be druggable. This
suggests that high-affinity (low-micromolar KD) compounds are

unlikely to be found from a random screen; rather, compounds
of more modest affinity are expected.1,2 In addition, HTS
campaigns often rely exclusively on spectrophotometric, plate-
based assays to test a large collection of small molecules. This
approach is notoriously plagued by a large number of artifacts
such as promiscuous aggregators, nonspecific binders, protein
denaturing compounds, and redox compounds. There are also
other artifacts due to liquid handling and compound
instability.3−15 Under these conditions, weaker positive hits
are often buried in the noise produced by frequent false
positives.
It seems therefore intuitive that alternative approaches based

on more robust biophysical methods for the detection of ligand
binding are likely to be more successful than spectrophoto-
metric HTS approaches, especially when targeting PPIs.
Although a number of biophysical methods are available,
protein-based NMR spectroscopy is the most robust and
reliable method to study ligand binding.16−35 While such NMR
assays are most often adopted for hit validation studies as part
of a lead discovery campaign, their direct deployment for de
novo drug discovery campaigns targeting PPIs is warranted by
recent examples.36−51

In this paper we will briefly review the fundamental concepts
of NMR-based approaches to drug discovery and then describe
the use of these approaches to derive inhibitors of PPIs.

2. TARGETING PPIs: A CASE FOR BIOPHYSICAL
APPROACHES TO LIGAND DISCOVERY

Most therapeutically relevant PPIs can be regarded as one
protein functioning as a “receptor” and the other playing the
role of its “ligand”. Typically, the ligand consists of a peptide
region adopting an α-helical, a β-strand, or a loop
conformation. Hence, PPIs can often be targeted by peptides
mimicking these secondary structure elements. The most
common strategy in this regard consists in chemical
modification of the peptides aimed at stabilizing these
secondary structures to increase affinity along with the half-
life in biological media, cell permeability, and overall druglike-
ness.52−55

Rather than mimicking the entire peptide though, recent
approaches have focused on identifying and targeting essential
“hot spots” on the PPI interfaces.2,56 For example, a typical
binding pocket for an α-helix is formed by a few adjacent
subpockets that collectively form an elongated crevice that can
accommodate side chains projecting out from one side of the α-
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helix. At the edge of the cavities, electrostatic interactions are
formed with charged residues on the other side of the helix
(Figure 1A). One can easily imagine that this arrangement of
adjacent subpockets makes this type of PPI particularly
amenable to fragment-based lead (or drug) discovery (FBLD
or FBDD) strategies.57−64 In its original description,40,65 FBLD
consists of identifying pairs of binding fragments that can

occupy adjacent sites and then be linked chemically into more
potent bidentate compounds. Small molecules designed to
occupy the hot spots in these subpockets are expected to
effectively displace the binding of the entire α-helix, even if the
ligand does not occupy the entire protein surface.66 Protein
NMR spectroscopy has been used for the identification,
structural characterization, and design of such binders, as
exemplified in the pioneering structure−activity relationship
(SAR) by NMR approach40,65 described later in section 4.1.
When applied to the PPI formed between the antiapoptotic
Mcl-1 protein, a member of the Bcl-2 family of proteins, and its
α-helical BH3-containing binding partners, SAR by NMR
readily identified viable inhibitors (Figure 1A).48 When applied
to other Bcl-2 family proteins, this approach led to the Abbott
drug candidates ABT-73739 and ABT-19967,68 (see section 4.1),
currently under clinical investigations for treating cancer. To
date, these compounds are the first antagonists of PPIs to reach
the clinic. Notably, HTS approaches against the same Bcl-2
targets by the same laboratories failed to produce viable hits.39

When β-strands mediate a protein−protein interface, the
surface of the receptor is usually shallower than those involved
in α-helix-mediated interactions (Figure 1B). The major
anchoring contacts are often formed by intermolecular
backbone hydrogen bonds that are supported by amino acid
side chains occupying shallow subpockets. These backbone
hydrogen bonds are critical as small molecules that mimic side
chain interactions and are joined by a chemical linker typically
do not bind with sufficiently high affinity to block PPIs. In these
cases, FBDD combined with fragment linking is less likely to
produce potent inhibitors. Rather, combinatorial strategies that
start from either the natural peptide or the critical amino
acid(s) (or their mimetics) are more likely to succeed. For
example, an NMR-based approach was used to perform a
stepwise replacement of binding events in the PPI between the
AVPI natural tetrapeptide and the BIR3 domain of XIAP
(Figure 1B).42 While several laboratories have approached this
class of protein targets in recent years,69−76 scientists at
Genentech have recently demonstrated that orally active
compounds can be obtained starting with the natural
tetrapeptide AVPI as a template followed by careful
replacement of amino acid side chains to increase pharmaco-
logical properties and druglikeness.77 This example suggests
that the optimal starting point for lead optimization for β-sheet
ligands is to identify short peptide sequences and the critical
residues essential for binding (see section 4.2).
Finally, the ligand in a PPI can be represented by peptides

adopting a loop conformation (Figure 1C). Also, in this case,
the surface area of these interactions is often much larger than
those of readily druggable targets. This can be further
exacerbated when multiple loops form the interacting surfaces,
making the identification of small molecules against such
targets very challenging. Nevertheless, the binding pockets for
these flexible loops are often also dynamic and thus are more
likely to accommodate small molecules either from a fragment-
based approach or from a library of peptide mimetics. For
example, an NMR-based screen of a combinatorial library of
peptide mimetics identified compound 22 as a relatively potent
and selective agent, stable in biological media and capable of
antagonizing the interactions between EphA4 and ephrin
ligands (Figure 1C; see section 4).45

In each of these instances, NMR-based assays were used for
the unambiguous detection and characterization of PPI
inhibitors throughout the lead discovery process, from initial

Figure 1. Representative PPIs mediated by an α-helix (A), an extended
β-strand (B), or a loop region (C) and corresponding NMR
approaches used to guide the discovery of hit compounds. Panel A
displays the structure of Mcl-1 (surface representation) in complex
with a BH3 peptide from Bim (red ribbon) (PDB ID 2NL9).166 The
chemical structure of the SAR-by-NMR-derived compound inhibitor
5348 is shown. Panel B displays the structure of the third BIR domain
(BIR3) of XIAP (surface representation) in complex with a peptide of
sequence AVPI (ribbon and stick representation) from Smac/
DIABLO (PDB ID 1G73).167 The chemical structure of an AVPI
mimetic derived from an NMR-fragment-based approach is also
shown.42 Panel C displays a close-up view of the structure of EphA4
(surface representation) in complex with its ephrin-B2 ligand (stick
and tube model) (PDB ID 3GXU).168 Obtained by the HTS by NMR
approach, the chemical structure of a compound capable of displacing
these interactions is also shown.45 Surface representations were
obtained with MOLCAD169 as implemented in Sybyl-X 2.0 (Certara,
NC). The surfaces are color coded according to lipophilic potential
(brown, more lipophilic; green, more hydrophilic).
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hit identification to the hit-to-lead optimizations. In the
remainder of this paper we will focus on reiterating the basic
principles and technical aspects of NMR binding assays and
their implementation in drug discovery campaigns targeting
PPIs.

3. NMR ASSAYS TO DETECT AND CHARACTERIZE
LIGAND BINDING TO PROTEIN TARGETS

Key to the success of any lead discovery campaign is the ability
to unambiguously detect and characterize the binding of test
ligands to a given protein target. As mentioned above, this task
can be particularly difficult when using indirect fluorimetric
assays to identify inhibitors of PPIs. While these indirect assays
are often sufficient to detect and characterize displacement by
very potent ligands (KD < 1 μM), these methods are less
reliable for detecting weaker binders. This is particularly
problematic when these assays are used in HTS for the de novo
identification of initial hits. Numerous factors are often evoked
as the cause for the low success rate in such campaigns. The
compound libraries used in HTS typically do not contain
molecules that mimic peptides, and the large and often shallow
surface binding area is not too receptive to small ligands.
Perhaps an even greater factor is the prevalence of false
positives in HTS campaigns, including promiscuous aggregators
and other assay- or compound-dependent artifacts.3−15,78

Taken together, these considerations suggest that assays that

can unambiguously detect the binding of weaker hits to a
protein surface may provide a much needed alternative or
complement to spectrophotometric assays, especially at early
stages of hit discovery and optimizations.
NMR spectroscopy allows one to study the interaction of

proteins and compounds in solution using sensitive and robust
assays that are less prone to artifacts.16−35 By the term “NMR-
based assays”, we broadly mean any study of the excitation and
subsequent relaxation properties of nuclear spins in a strong
external magnetic field within test molecules, observed in the
presence and absence of binding partners. In drug discovery of
PPI inhibitors, NMR can be used to study nuclei of 1H, 15N,
13C, 19F, or 31P.
Two general NMR-based assays can be envisioned. We

classify protein-based assays as those in which the observed
nuclei belong to the protein receptor. In these cases, the effect
of a test ligand on observable nuclei is directly monitored by
collecting NMR spectra of the protein receptor in the absence
and presence of various concentrations of ligand(s). This
typically is done by observing 1H, 15N, or 13C nuclei in
isotopically enriched targets. Conversely, we classify ligand-
based techniques as those in which the NMR spectra of test
ligands are monitored in the absence and presence of the target
protein. This typically is done by observing 1H or sometimes
19F nuclei of the ligand. The nature of the NMR spectrum of a
molecule, whether it is the protein target or a test ligand, is

Figure 2. Example of 1D 1H protein-based NMR assays. The 1D 1H NMR spectra of a protein collected in the absence (red) and presence (blue) of
a ligand are reported. Protein spectral resonance regions of different proton nuclei within the protein are identified. 1H resonances of small molecules
or peptides resonate usually in the region between 1 and 10 ppm. Therefore, two small spectral regions outside this range (insets) can be used to
monitor protein NMR signals in the absence and presence of the test ligand. The spectra were collected with the protein vSrc-SH2 domain in
complex with a pY-mimetic ligand.
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greatly influenced by its chemical-physical characteristics and
chemical environment. As the formation of a complex causes
changes in these properties, binding events can be readily and
unambiguously detected by NMR spectroscopy.
The ability of NMR to detect binding events is of general

use. Given however the sensitivity of these methods, NMR-
based assays have been particularly useful in finding inhibitors
of PPIs. Several excellent reviews are available that describe in
great detail the critical and technical aspects related to the use
of NMR spectroscopy in drug discovery.16−35 In this review, we
will reiterate only the most important aspects of these strategies
with an emphasis on their utility in the identification of PPI
inhibitors.

3.1. Protein-Based NMR Assays

Protein-based NMR assays detect ligand binding by observing
changes in NMR nuclei in the target protein in response to test
ligands. Because this is by far the most direct and reliable
NMR-based assay, it is our opinion that these methods should
be the preferred approach to either hit identification or hit
validation when initial putative hits are selected by other
methods.17,29,34,35 A ligand binding to the surface of a protein
will almost always cause a change in the electron density that
surrounds certain observable protein nuclei. These changes
could result in a shielding or deshielding effect, either of which
readily translates into significant changes in the resonance
frequency (or chemical shift) of the observed nuclei. These
general principles are the same by which NMR can be used to
elucidate the chemical structure of a molecule or to determine
the three-dimensional structure of a macromolecule.79−83

Indeed, one could observe the spectrum of a target protein
and monitor binding of a test ligand by observing changes in
the resonance frequency of the protein nuclei upon ligand
titration.16,17,34 One significant challenge though is to
distinguish the resonances of the target from those of the test
ligands. This can be accomplished in several ways as discussed
below.
The most sensitive and straightforward protein-based NMR

binding assay measures signals in the aliphatic region of the
protein’s spectrum (usually below 0.7 ppm, 1D 1H-aliph NMR
spectrum) in the absence and presence of test ligands (Figure
2).16,42,44,64,84,85 This spectral region contains protein signals
belonging to methyl protons that are likely proximal to
aromatic side chains due to the three-dimensional structure of
the protein. This causes their resonances to be shifted to the
extreme right region of the spectrum, a region that is rarely
(almost never) populated by signals from small peptides or
small molecules (Figure 2). This means that it is very likely that
there is no spectral overlap between ligand and protein
resonances occurring in this region. In addition, methyl signals
usually appear as intense, sharper peaks because methyl protons
are chemically equivalent and less prone to rapid nuclear spin
relaxation than any other proton in a protein. Depending on
the molecular weight of the protein, it is possible to directly
observe the 1D 1H-aliph NMR spectrum of a given protein in
just a few minutes using a modern high-field NMR instrument
(for example, operating at 600 MHz 1H frequency or above)
with relatively low protein concentrations (about 1−10 μM
depending on the protein MW). Experiments that use as little
protein as possible not only have the obvious advantage of
reducing costs but also increase the sensitivity by allowing for
the identification of weaker interacting molecules, hence
increasing the hit rate of a given screen. Under ideal conditions,

a ligand that binds with off rates fast on the NMR time scale (as
a rule of thumb, KD ranging from 1 μM to 1 mM or above) and
particularly well-resolved resonances in the 1D 1H-aliph NMR
region, it is possible to provide an estimate of the dissociation
constant of the complex by measuring the chemical shift upon
ligand titration.17,29

Detection of ligand binding by 1H-aliph 1D NMR does have
its limitations. Not all protein targets will have methyl
resonances shifted below 0.7 ppm that are located in proximity
to the binding site of the protein. In our experience though to
date, most targets do have methyl resonances that are sensitive
to ligand binding. Notably, ligand-induced conformational
changes can also cause resonances of residues that are not in
direct contact with the ligand to be perturbed; hence, the
resolved methyl resonances do not necessarily need to be
located in the site of binding to “report” a binding event.
Spectral crowding in the 1H-aliph 1D NMR spectrum can,
however, limit the detection of binding events, especially for
proteins that are larger than 30 kDa. Nonetheless, we strongly
recommend investigation of the potential utility of these simple
1D NMR protein spectra for any protein target. The use of a
known ligand such as a reference peptide can be used to define
the sensitivity of the method and to provide a reference with
which to compare test ligands. Although simply a binary
binding assay, the ease of implementation and sensitivity of this
approach combined with the relatively low amounts of protein
needed make this a powerful primary assay for ligand screening
and for hit validation.
There is also useful information on the extreme left side of

the protein 1D 1H spectrum. Trp side chain 1Hε resonances
usually reside above 10 ppm (Figure 2), a region of the
spectrum that is rarely populated by resonances from small
molecules or peptides (with few exceptions). If one or more
Trp residues are in the proximity of the binding site, this region
can also be suitable for detecting ligand binding. One
disadvantage though of working with Trp side chains is that
they are more prone to exchange broadening due to relaxation
unlike the methyl groups. As a consequence, detecting such
signals usually requires longer measurement times and/or
higher protein concentration, as only a single proton is being
measured instead of three as in the case of methyl groups.
Finally, spectral crowding and line broadening, both of which
get worse as proteins get larger, also limit the utility of this
approach. In general, these assays are only applicable for
proteins of <30 kDa, although exceptions to this limit may
occur.
For larger proteins, ligand binding is more frequently

measured using protein targets that are labeled uniformly or
selectively with NMR-observable nuclei such as 15N and 13C.
Isotopically enriched recombinant proteins are typically
produced in Escherichia coli using appropriately labeled media.
Although a variety of labeled rich media are available, minimal
medium containing 15NH4Cl as the sole source of nitrogen
and/or 13C-glucose as the sole source of carbon is typically
sufficient to produce a uniformly labeled recombinant protein.
Either [1H, 15N] or 2D [1H, 13C] NMR spectra can be used to
analyze the chemical shift perturbations caused by a test ligand
upon titration. When combined with sequence-specific
resonance assignments, chemical shift perturbations induced
by a given test ligand can be mapped on the three-dimensional
structure of the target to roughly identify the site of binding.
For uniformly 15N-labeled proteins of small to medium size

(up to 30 kDa) at concentrations of 20−50 μM, collection of

Chemical Reviews Review

dx.doi.org/10.1021/cr500043b | Chem. Rev. 2014, 114, 4749−47634752



2D SOFAST-HMQC (HMQC = heteronuclear multiple-
quantum correlation) spectra86,87 can be accomplished within
30 min using a modern high-field instrument equipped with a
cryogenic probe (Figure 3A). For larger proteins, deuteration
and transverse relaxation optimized spectroscopy (TROSY)-
type correlation spectra88 may overcome line-broadening
effects.
While the majority of screening campaigns can reliably use

1HN, 15N backbone resonances (observing the region of ∼100−
130 ppm in the 15N dimension) to detect and characterize
ligand binding, [1H, 15N] correlation spectra based on the side
chains of Trp, Arg, Asn, Gln, and His can also be used. Trp side
chain 1Hε, 15Nε resonances are usually well resolved in the [1H,
15N] correlation spectra resonating around 10 and 130 ppm in
the 1H and 15N dimensions, respectively. In addition, selective
15N excitation pulses can be used to select Arg 1Hε, 15Nε

resonances as they appear in a distinct spectral region (∼80
ppm in the 15N dimension) (Figure 3B). Similarly, correlation
spectra of His side chains 1Hε/δ, 15Nε/δ (∼160−200 ppm in the
15N dimension) can provide information on different
protonation states of the imidazole rings, particularly useful
especially in cases when these residues are present in the
binding sites. Asn and Gln side chains resonate around 110
ppm in the 15N dimension and in principle overlap with
backbone resonances. However, these side chains can be
isolated using a simple modification of the magnetization
transfer step in a [1H, 15N] correlation experiment (Figure 3C)
that selects for the −NH2 groups over other −NH groups.
Other 1H, 15N resonances of Lys and Arg side chains are
generally less visible in the NMR spectra due to their rapid
exchange with water.
Uniformly 13C-labeled protein targets can also be used for

side chain specific binding studies using 2D [1H, 13C]
correlation NMR spectra collected in the presence and absence
of test ligand(s). Typical spectral regions that can be well
resolved include again the aliphatic region of the spectrum
(∼10−30 ppm in the 13C dimension) (Figure 3D) and the
aromatic region (∼100−130 ppm in the 13C dimension when
observing resonances of the side chains of Tyr, Trp, Phe, and
His). Spectral crowding for larger protein targets (>30 kDa)
can be resolved with selective labeling of amino acids. This can
easily be attained by supplementing the bacterial growth
medium with an excess of the desired labeled amino acids
(usually about 100−200 mg/L of culture) just prior to the
induction of protein expression. While some metabolic
scrambling occurs, successful incorporation of different amino
acids has been reported also by using labeled precursors or
inhibitors of enzymes involved in the biosynthesis of a given
amino acid.89−93 This approach can result in simplified 2D [1H,
13C] correlation spectra, making it easier to directly observe
perturbations induced by test ligands on a particular residue or
set of residues. Combined with deuteration and the 2D [1H,
1H] NOESY (nuclear Overhauser effect spectroscopy) type of
experiments16,84 (or by directly using 3D 13C-resolved [1H, 1H]
NOESY), these protein samples can be used to indirectly
measure intermolecular distances useful to dock ligands into
the binding site of the target.16,84

The ability to unambiguously detect ligand binding while
simultaneously providing information about the site and mode
of binding makes NMR-based protein methods particularly
powerful for hit identification and optimizations, especially for

the design of PPI antagonists as will be discussed later in this
paper (section 4).
3.2. Ligand-Based NMR Assays

Just as the binding of a test compound can influence the NMR
spectra of the target protein, the spectra of the ligand can be
perturbed by binding to a receptor. A key chemical-physical

Figure 3. Examples of 2D protein-based NMR assays. Overlays of 2D
heteronuclear NMR spectra of the vSrc-SH2 domain collected in the
absence (red) and presence (blue) of a ligand. Panels A and B show
[1H, 15N] SOFAST-HMQC spectra collected for backbone 1HN, 15N
(A) or Arg 1Hε, 15Nε side chains (B). Panel C shows the spectra
obtained with a modified [1H, 15N] HSQC (heteronuclear single-
quantum coherence) experiment that selects for the 1Hδ, 15Nδ and 1Hε,
15Nε side chains of Asn and Gln, respectively. Panel D shows the [1H,
13C] HSQC spectra in the aliphatic region of the protein. Selected
chemical shift perturbations in well-resolved regions of each spectrum
are highlighted.
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property that affects the NMR spectrum of a biomolecule is its
rotational correlation time. Small magnetic fields induced by
neighboring spins fluctuate with the rotational correlation time
of a molecule. In slowly rotating macromolecules, these small
fluctuating fields cause fast nuclear spin relaxation. Fast nuclear
spin relaxation times manifest in NMR spectra as line
broadening. Small molecules though have a much lower spin
density and rotate much faster in solution than macro-
molecules. As such, they usually relax more slowly and
consequently present NMR spectra with much sharper
resonance lines than proteins. However, if a small-molecule
ligand binds to a macromolecule, it assumes the overall slow
rotational correlation time characteristic of the macromolecule,
resulting in the NMR signals broadening. This phenomenon is
still appreciable even if the ligand binds transiently to a
macromolecule. For ligands that bind with fast off rates with
respect to the NMR relaxation time scale (again, as a rule of
thumb for ligands with KD ranging from 1 μM to 1 mM and
above), this phenomenon is still appreciable even if the ligand is
in excess compared to the protein.94−97 This means that the
NMR relaxation effects on ligand resonances, even if the ligand
only binds weakly to its target, can be observed even when the
protein is present at very low concentrations compared to the
ligand. Hence, ligand-based NMR binding and displacement
assays are typically based on observing changes in the NMR
spectra of the ligands (at 100 μM to 1 mM concentrations)
induced by low concentrations of protein (typically present at
1−10 μM concentration).
The simplest implementation of these relaxation experiments

is the T1ρ experiment,
98 in which the magnetization is “locked”

perpendicular to the static magnetic field for a certain relaxation
time during which transverse nuclear spin relaxation takes
place. The duration of the relaxation delay is set to be
sufficiently long to cause nuclear spin relaxation to occur to
macromolecules (usually between 100 and 400 ms), but not
too long that signals from unbound small molecules or peptides
remain unperturbed. If a small molecule is bound to the
protein, it will behave like the macromolecule, and its signal will
also be largely attenuated during the relaxation time (Figure
4A). One advantage of this approach is the ability to test several
ligands (in general between 10 and 50) at once.
A second popular ligand-based approach is the saturation

transfer difference (STD) experiment.99,100 The protein target
is irradiated at selected radio frequencies resulting in a
resonance signal in the aliphatic region of its 1H spectrum. In
a second reference experiment, the irradiation is placed well
outside the spectral region of the protein. A difference spectrum
between the 1H-aliph saturated and reference spectra is then
created. The signal intensity of test ligands is largely attenuated
for binders, while it remains unaltered for nonbinders.
Therefore, in a mixture of test ligands (usually up to 50
compounds), only those that bind will present resonances in
the difference spectrum. The technique though is only effective
if the active site of the protein contains sufficient methyl
resonances in the aliphatic regions. An alternative to the STD is
the WaterLOGSY experiment (Figure 4B).101,102 Instead of
saturating the aliphatic region of the protein spectrum, the
entire protein surface is indirectly irradiated by saturating water
molecules, which invariantly will be present at the binding site.
In both experiments, however, an NMR phenomenon known
as spin diffusion will ensure that the saturation is spread from
the site of irradiation to the entire macromolecule and from
there to the bound ligand.

Similarly, 2D [1H, 1H] NOESY experiments103 are based on
the transfer of magnetization between proton nuclei that are
within 5 Å of one another. This effect though is larger for
protons that are within a slowly tumbling molecule (such as a
typical protein) and negligible for protons that are within
quickly tumbling molecules (such as a small molecule). The
detection of intramolecular NOEs in 2D [1H, 1H] NOESY
spectra of a test ligand exposed to its macromolecular target is
thus indirect evidence of binding (see section 4).
Ligand-based methods require far less protein than protein-

based methods and are not limited by the size of a protein. In
fact, larger proteins will result in larger ligand relaxation transfer
effects, making binders easier to detect. However, one has to
remember that these are indirect effects and thus do not
provide direct observations of binding events like in protein-
based NMR methods. Transient aggregation and/or non-
specific binding to the protein is often the cause of false
positives. Also, quantification of binding, while in principle
possible,99 is not as reliably attainable as in protein-based
approaches. Finally, no information about the binding site is
obtained by these general methods. To address some of these
issues, one approach is to include known binders in
displacement assays.104−107 In one clever application, a
reference ligand is labeled with a paramagnetic moiety, a
molecule with an unpaired electron that causes fast nuclear spin
relaxation to adjacent nuclei. The relaxation enhancement
induced by the unpaired spin is used to detect ligands that bind

Figure 4. Examples of 1D 1H ligand-based NMR binding assays. In
both panels, 1D 1H NMR spectra of a test ligand are collected in the
presence of a substoichiometric amount of target (vSrc-SH2). Panel A
displays data from the T1ρ experiments collected at the indicated
relaxation times. Panel B displays data from the WaterLOGSY
experiment.
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in proximity to the paramagnetic reference ligand (see section
4.1). Another interesting ligand-based NMR application uses an
immobilized target.108 This approach appears even more
sensitive than the STD in detecting weak binding fragments.109

As ligand-based approaches are technically easier and still
result in highly sensitive observations, they have been more
widely adopted than protein-based NMR methods. On the
basis of our experience though, we firmly believe that protein-
based NMR experiments should always be the method of
choice when addressing challenging targets such those
involving PPIs. Ligand-based NMR experiments, somewhat
similar to fluorimetric assays and other binding methods such
as surface plasmon resonance (SPR),110−114 do not provide the
same level of reliability and unambiguity as protein-based NMR
experiments. This is especially valuable when targeting PPIs.
Hence, we recommend that others not be charmed by the
apparent shortcut that ligand-based NMR experiments provide,
as these methods are not equivalent in their type of information
and reliability to protein-based experiments.

4. NMR APPROACHES TO GUIDE THE DESIGN AND
OPTIMIZATION OF PPI ANTAGONISTS

As should be clear from the previous section, protein- and
ligand-based NMR assays can be employed in drug discovery
campaigns as tools for screening, to guide hit optimizations, or,
more simply, for hit validation when combined with other
screening techniques. However, a common and important
feature of the NMR-based binding assays described above is
that these methods are very sensitive to weak binding events
and therefore very useful for fragment-based drug design.
FBDD is an emerging modular approach to drug design aimed
at deriving high-affinity ligands starting by identifying weakly
interacting small molecular fragments (<300 Da). Because
protein binding sites are modular, this approach is likely to be
particularly suitable for designing inhibitors to PPIs. While
different biophysical methods have been used for fragment-
based drug discoveryincluding most often SPR or isothermal
titration calorimetry (ITC)110−114 and various fragment
optimization approaches, including SAR and structure-based
design aided by computational115,116 or X-ray117−125 studies
the pioneering work known as SAR by NMR65 described in
section 4.1 is arguably the father of the current field.
In addition to FBDD, NMR can also be used to directly

screen larger compound libraries. Typical primary screens using
protein- or ligand-based NMR assays consist of mixtures of 10−
50 compounds per test sample. Combined with automated
sampling, this approach can be used in medium-throughput
screening campaigns for on the order of several thousand
compounds. When testing positional scanning combinatorial
libraries, mixtures containing thousands of test ligands can be
screened, allowing one to test >100000 compounds in a given
campaign. This latter approach is particularly efficient at
identifying peptides and peptide mimetics from large libraries
of tri- or tetrapeptides against a given protein target (see
section 4.2)
When protein-based NMR methods are deployed, whether

for a fragment screen or for a screen of a larger compound
library, these approaches present a unique advantage over a
typical HTS campaign. Specifically, NMR strategies enable the
identification of hit compounds and also generate initial
hypotheses about the binding site and binding mode. While
these seem to be obvious advantages for any drug discovery
program, these factors become even more crucial when tackling

Figure 5. Schematic illustration of the SAR by NMR approach as
applied to Bcl-xL and Bcl-2. (1) Starting from the 15N-labeled target, a
pair of fragments were identified that bound to adjacent regions of the
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a challenging target such as PPIs. The following sections will
illustrate two general NMR-based strategies for drug discovery
of PPI antagonists.
4.1. NMR-Guided Fragment-Based Drug Discovery

Recognizing the power of protein-based NMR assays in
unambiguously detecting even weakly interacting molecules, a
group at Abbott Laboratories led by Dr. Fesik came up with a
simple and powerful drug discovery strategy: SAR by NMR.65

In this approach (Figure 5), a library of fragments, typically a
few thousand small compounds (<300 Da), is screened against
a protein target using 2D [1H, 15N] correlation spectra. Hit
molecules are identified, and their dissociation constant is
measured by NMR titration. The most interesting hits are
mapped on the three-dimensional structure of the protein by
examining changes in backbone 1HN, 15N chemical shifts upon
complex formation. Selected hits are then used in a second
screening campaign in which a second library of fragments (a
few hundred) is screened in the presence of a saturating
concentration of the first hit. The goal of this screen is to
identify second-site binders, compounds that occupy a site
adjacent to that occupied by the first ligand. Finally, these two
potentially weak binders are chemically linked without
perturbing their original binding poses with the hope of
generating a high-affinity bidentate molecule. This process is
guided by the structure of the ternary complex between the
target and the two fragments (Figure 5).
The f ragment-linking approach of SAR by NMR seems

particularly well suited to targeting PPIs whose binding sites are
often formed by distinct, adjacent subpockets. An example of
using this strategy to disrupt the antiapoptotic protein Bcl-xL
binding to the α-helical BH3 peptide is shown in Figure 5. This
approach gave rise to several drug candidates, including ABT-
73739 and ABT-199 (Figure 5),68 both of which are currently
under clinical investigation. Following the initial report, other
fragment-based screening methods have been developed,
including ligand-based approaches. In one adaptation, binding
fragments that occupy adjacent pockets in the target can be
identified on the basis of ligand-to-ligand NOEs (interligand
NOEs, or ILOEs).126−128 In principle, this provides the same
information as SAR by NMR, albeit indirectly (Figure 6).
These fragments can again be chemically linked to derive a
more potent bidentate compound. As shown in Figure 6, an
Mcl-1 antagonist has been identified using this approach.43

Another ligand-based NMR method seeks to identify second-
site binders using a first ligand labeled with a paramagnetic
group. A commonly used spin label for this application is
TEMPO (2,3,4,6-tetramethylpiperidine-1-oxyl).129,130 The un-
paired electron of the paramagnetic moiety causes rapid NMR
nuclear spin relaxation to nuclei that are within a few
angstroms. Hence, second-site binders can be identified by
selecting those ligands whose NMR signals are attenuated by
the presence of the target and the first paramagnetic
ligand.84,130−133 This approach has been used to identify

Figure 5. continued

protein surface. (2) The three-dimensional structure of the ternary
complex (PDB ID 1YSG) with these two small fragments was used to
guide (3) the design of bidentate compounds, resulting in the first
clinical candidate (4) ABT-737. Additional structural studies with
optimized bidentate compounds led to the design of a further clinical
candidate, ABT-199, with improved pharmacological properties and
selectivity for Bcl-2.

Figure 6. Schematic illustration of the NMR approach using ligand−
ligand NOEs (ILOEs) as applied to Bcl-xL and Mcl-1. Starting from
unlabeled targets, pairs of fragments (1), similar to those identified by
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inhibitors of protein kinases or phosphatases.132,134 In the
example shown in Figure 7, a furanylsalicylic acid moiety was
used as a phosphotyrosine mimic135 and chemically linked to
TEMPO. Screening for second-site binders resulted in
bidentate compounds that specifically target the given
phosphatase, YopH from Yersinia pestis.132 In this case,
specificity is largely driven by the second binder as the
subpockets adjacent to the common pY binding site are not
very well conserved among phosphates. Second-site binders
were identified during the NMR-based screen, guiding the
synthesis of bidentate compounds with increased affinity and
selectivity (Figure 7).49 Proper compound linking is critical;
hence, structural information on the ternary complex is
particularly important to attain bidentate compounds with
increased affinity. Nevertheless, the fragment-linking approach,
almost invariably based on the NMR strategies described above,
has resulted in bidentate compounds with dramatically
increased affinity relative to the individual fragments. These
approaches have successfully identified PPI antagonists where
other methods have failed.
FBDD can also be used in the absence of information on a

second-site binder. Stepwise iterative optimizations are
performed on the initially weakly interacting scaffold. This
f ragment-growing approach represents a simpler and currently
more common strategy than the previously described f ragment-
linking approach. After the identification of an initial hit, higher
affinity compounds are sought first by testing commercially
available molecules containing the hit fragment. In addition,
structure-based refinements can be performed using computa-
tional models or experimentally derived by X-ray diffrac-
tion136−143 or NMR spectroscopy.16,64,65,84,127,144−146

4.2. NMR-Based Screening of Larger Compound
Collections

The compounds in the fragment libraries used above are
building blocks that can result in a hit compound, after either
fragment-linking or fragment-growing optimizations. Hence,
these compounds do not generally obey the traditional Lipinski
rule-of-five147,148 but belong to a fragmentlike rule-of-three.149

Often, medicinal chemists get directly “inspired” by the initially
discovered fragment hits and build libraries of analogues that
may lead to more potent compounds. For example, an NMR-
based screen, using a combination of STD and [1H, 15N]
correlation experiments, resulted in the identification of PDK1
allosteric inhibitors targeting a docking site for kinases, known
as the PIF pocket (Table 1).150 There are several recent
examples of lead compounds and even drug candidates that
target PPIs which were aided by NMR-based approaches, some
of which are reported in Table 1 and in Figures 1 and
5−8.36−49,151−156 As mentioned in section 2, we believe that
the FBDD approach may be best suited to targeting PPIs when
the interaction is mediated by an α-helix. This is because α-
helices produce a set of discrete interactions of spatially
adjacent substructures that can be mimicked by small molecular
fragments that are chemically linked. For PPIs that are

Figure 6. continued

the SAR by NMR approach, were directly identified by protein-
mediated ligand-to-ligand NOEs (ILOEs) collected in the presence of
a substoichiometric amount of target (2). Analysis of the ILOEs (3)
guided the synthesis of bidentate molecules, namely, compound 3
from Rega et al.43 Adapted from ref 43. Copyright 2011 American
Chemical Society.

Figure 7. Schematic illustration of the paramagnetic enhancement
approach for detection of second-site binders by using a spin-labeled
first ligand (F1-TEMPO). In the example reported against the
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mediated by the formation of an intermolecular β-strand, the
situation is different, with most pivotal interactions being
specific hydrogen bonds between the proteins augmented by
some side chain interactions that are located in usually
shallower subpockets. Likewise, PPIs mediated by loops may
prove particularly difficult when more than one nonadjacent
loop is part of the intermolecular interaction. Nonetheless, in
both cases, only a few anchoring amino acids are critical for

binding. Hence, libraries of compounds composed of mimetics
of such anchoring amino acids can lead potentially to effective
PPI antagonists. For example, the orally active XIAP antagonist
GDC-015277 closely mimics the structure of the natural
antagonist tetrapeptide motif AϕPϕ (where ϕ represents
hydrophobic residues).
These examples suggest that, as mentioned in the

Introduction, short peptides or, better, peptide mimetics
represent ideal starting points for hit to lead optimizations of
PPI antagonists.
A recent approach we have developed is based on combining

positional scanning combinatorial libraries of short tri- or
tetrapeptides with protein-based NMR screening. Starting with
libraries of well over 100000 possible compounds, this
approach can select and characterize those that bind selectively
and efficiently to a given protein target. This strategy is called
HTS by NMR to emphasize the high throughput relative to
other fragment screening campaigns. It has proven particularly
useful in identifying short peptide sequences (such as AVPI
binding to BIR3) and initial lead compounds using libraries
consisting of non-natural amino acids. In our recent example,
we screened a library consisting of 58 natural and non-natural

Figure 7. continued

phosphotyrosine (pY) phosphatase YopH, a furanylsalicilate pY
mimetic is used to design and synthesize a reference molecule (1)
(F1-TEMPO).132 Subsequently, (2) using 1D 1H T1ρ NMR experi-
ments, the binding of a test ligand is detected by a decrease of signal
intensity in the presence of a substoichiometric amount of protein
target and the F1-TEMPO compound. In the application reported
here, analysis of the F1-TEMPO-mediated relaxation (3) enhancement
second-site ligands was used to guide (4) the synthesis of bidentate
molecules, namely, compound 3 from Leone et al.49 Further NMR-
based validations and structural studies can be used to guide hit to lead
optimization studies. Adapted with permission from ref 49. Copyright
2010 John Wiley & Sons A/S.

Table 1. Examples of PPIs Antagonists Discovered Using NMR Methodsa

aFor each ligand, the NMR methods involved for the discovery and characterization of the ligands are indicated.

Chemical Reviews Review

dx.doi.org/10.1021/cr500043b | Chem. Rev. 2014, 114, 4749−47634758



amino acids linked in tripeptoids to identify an inhibitor of
EphA4−ephrin-B4 PPIs. The compounds in the library had an
average molecular weight of about 500 Da. The library was
assembled in 174 positional scanning mixtures (58 + 58 + 58),
each of which contained 3364 compounds (1 × 58 × 58). In
combinatorial chemistry, positional scanning157−160 implies that
each mixture is built systematically with one given element fixed
at one position while the other positions comprise all
combinations (Figure 8). Screening the 174 mixtures is easily
accomplished using protein-based NMR methods. 1D 1H-aliph
was used as the primary screening method44 to identify
preferred amino acids at each position.45 Following synthesis of
each selected tripeptoid (usually between 5 and 10 possible
tripeptoids), 2D [1H, 15N] and/or [1H, 13C] correlation NMR
experiments are used to characterize the binding of these
potential ligands. Hence, this relatively simple strategy can
sample all possible tripeptoids from a potential pool of nearly
200000 compounds using sensitive and unambiguous protein-
based NMR binding assays. When used against a variety of
targets, the dissociation constants of the initial hits range from 5
to 300 μM. Further optimization can follow different routes,
but most are based on the traditional SAR in which individual
“scaffolds” (each of the non-natural amino acids) are iteratively
optimized. When applied to the EphA4−ephrin-B4 PPIs, this
approach led to the discovery of a compound with high binding
affinity and high selectivity relative to other Eph members. In
addition, the compound was very resistant to proteases present
in biological fluids, thereby conferring high stability in plasma.45

The method can be further extended by synthesizing and
testing nonpeptide libraries arranged in the same positional
scanning format.161 Compared to SAR by NMR, this approach
has the advantage that, once the library has been prepared, it
can be used for several targets. Also, the resulting scaffolds are
already preassembled on a common backbone and thus will not
require extensive medicinal chemistry expertise to obtain
properly linked compounds. This latter consideration may
prove particularly useful in initiating a PPI targeting project
when dedicated medicinal chemistry resources are not readily
available.
In another variation of the method, libraries of compounds

can be produced with one anchoring fragment (or amino acid)
fixed while other positions are randomized. For example, in
searching for possible SH2 domain antagonists, positional
scanned libraries of tri- or tetrapeptides composed of non-
natural amino acids can be synthesized, all containing phosho-
Tyr (or a pY mimetic) at a given position. The pY will provide
the anchoring residue, and an NMR screen can be used to
identify the most suitable side chains in neighboring positions.
Considering the versatility of the positional scanning libraries

Figure 8. Schematic illustration of HTS by NMR of combinatorial
libraries. (1) The synthesis of the library is performed in a
combinatorial position scanning fashion. In the example, a three-

Figure 8. continued

position combinatorial library is prepared with n fragments (F1, ..., Fn).
This entails the synthesis of 3n mixtures, each containing n2 molecules.
Following testing of such mixtures using protein-based NMR assays
(2), preferential binding fragments at each position are deduced (3).
Individual compounds with proper combinations of fragments are
synthesized and tested using protein-based NMR experiments (4) for
follow-up hit to lead optimizations. In the example reported,
antagonists of EphA4−ephrin-B4 are identified from an initial HTS
by NMR screen of a positional scanned library of ∼200000
compounds, resulting in compound 22 from Wu et al.45 Adapted
with permission from ref 45. Copyright 2013 Cell Press.
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and the unambiguous detection provided by protein-based
NMR experiments, we are confident that this approach may
find general and widespread utility in the identification of
inhibitors of PPIs.
Like any protein-based NMR method, these screening

approaches are not biased to a particular site of the protein
surface. This will allow in principle the identification of
additional hot spots on the surface of the given target,
recognizing other potential interaction sites and/or allosteric
sites and their inhibitors.

5. CONCLUSIONS AND PERSPECTIVES

One of the most appealing aspects of using NMR in drug
discovery is that challenging targets can be addressed,
particularly when using protein-based methods. Given the
sensitivity and unambiguous binding data, artifacts that plague
nearly every other binding assay can be avoided. The SAR by
NMR approach not only pioneered the entire field of current
FBDD, but also produced the very first inhibitors of PPIs that
reached the clinic. Unfortunately, setting up an NMR protein-
based screening laboratory requires a variety of expertise,
including NMR spectroscopy, molecular biology, protein
chemistry, and, of course, medicinal chemistry. These special-
ties are often not centralized in a typical industrial setting but
rather are compartmentalized in different groups. This is
unfortunate as we believe that the power of protein-based
NMR approaches has been underutilized. Most current FBDD
campaigns rely on less sensitive and less informative
approaches, such as ligand-based NMR techniques or other
methods such as SPR. These methods are generally easier to
implement than protein-based NMR assays and have the
advantages of being less limited by the size of the macro-
molecule and not requiring isotope labeling. Nonetheless, we
believe that protein-based NMR approaches are the most suited
to identify PPI antagonists. The key advantages are the
availability early in the discovery process of structural
information on the mode of binding and the reliability of
robust and unambiguous binding data. Hence, we hope and
encourage that those interested in deriving antagonists of
therapeutically viable PPIs will consider first those targets that
are amenable to protein NMR spectroscopy. With the
resurgence of peptide mimetics as therapeutics, we also
envision that protein-based NMR will be used in HTS
campaigns. Direct NMR-based screening of large libraries of
peptide mimetics as in HTS by NMR may provide viable hit
compounds for more immediate hit-to-lead optimizations.
Because the synthetic chemistry methods for the production
of the positional scanned libraries are well established160,162−165

and amenable to outsourcing from specialized peptide-synthesis
companies, we are hopeful that these approaches will become
widely used in both industry and academic research.
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