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internal limitations and overcoming them.

from lignocellulosic feedstock economic.

(Bacl(ground: The exact mechanism by which cellulases degrade cellulose is still elusive.
Results: An empirical model of the structural dynamics of cellulose degradation is shown.
Conclusion: Enzymatic cellulose hydrolysis is subjected to deceleration and acceleration caused by periodically emerging

Significance: Understanding structural dynamics of enzymatic cellulose disintegration is pivotal for making biofuel production
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Enzymatic hydrolysis of cellulose is key for the production of
second generation biofuels, which represent a long-standing
leading area in the field of sustainable energy. Despite the wealth
of knowledge about cellulase structure and function, the elusive
mechanism by which these enzymes disintegrate the complex
structure of their insoluble substrate, which is the gist of cellu-
lose saccharification, is still unclear. We herein present a time-
resolved structural characterization of the action of cellulases
on a nano-flat cellulose preparation, which enabled us to over-
come previous limitations, using atomic force microscopy
(AFM). As a first step in substrate disintegration, elongated fis-
sures emerge which develop into coniform cracks as disintegration
continues. Detailed data analysis allowed tracing the surface evo-
lution back to the dynamics of crack morphology. This, in turn,
reflects the interplay between surface degradation inside and out-
side of the crack. We observed how small cracks evolved and ini-
tially increased in size. At a certain point, the crack diameter stag-
nated and then started decreasing again. Stagnation corresponds
with a decrease in the total amount of surface which is fissured and
thus leads to the conclusion that the surface hydrolysis “around”
the cracks is proceeding more rapidly than inside the cracks. The
mesoscopic view presented here is in good agreement with various
mechanistic proposals from the past and allows a novel insight into
the structural dynamics occurring on the cellulosic substrate
through cellulase action.

Long-term global efforts in the field of renewable energy aim
at efficient utilization of lignocellulosic biomass for fuel pro-
duction with the saccharification of cellulose being considered
as the key bottleneck (1-5). In today’s markets, a competitive
commercial process requires the formation of soluble sugars
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from plant cell wall microfibrils being highly efficient. This effi-
ciency, however, is largely restrained by what is referred to as
substrate recalcitrance: the structural resistance of the insolu-
ble cellulose core to enzymatic conversion manifesting itself in
sluggish rates of hydrolytic breakdown of cellulose, even at high
enzyme concentrations (1, 3). Overcoming cellulose recalci-
trance, therefore, constitutes a central aim in biofuel develop-
ment. Despite extensive research spanning over more than four
decades, processes for cellulose hydrolysis are still advanced
empirically because of insufficient understanding of the mecha-
nisms underlying insoluble substrate deconstruction by enzyme
action. Translating the wealth of knowledge about the structure
and the catalytic function of cellulose-degrading enzymes (6; see
CAZy the carbohydrate-active enzyme database) into compre-
hension of cellulase activity on the insoluble substrate has proven
to be remarkably difficult, essentially because of two main com-
plexities: first, the heterogeneous morphology of the cellulosic
substrate (3); and second, the methodological difficulties in visual-
izing the action of cellulases on the cellulose surface at the nano-
meter scale (7—8). Schematic views of enzymatic hydrolysis of cel-
lulose published nowadays have hence changed little compared
with decades ago (4, 7, 9-10), which is the best evidence of the
tedious progress made in the field. Multiple factors concerning the
enzyme (i.e. mode of adsorption to substrate, individual compo-
nents of cellulase systems showing synergy (cooperative interac-
tion), product inhibition, stability) and the cellulosic substrate (i.e.
crystallinity, available surface area, pore size, degree of polymeri-
zation) certainly play a crucial role in hydrolysis (9). The relative
importance and interdependence of these factors will nevertheless
remain elusive, pending clarification of fundamental questions.
In this article, we present a study employing atomic force
microscopy (AFM)? in which we achieved a time-resolved in
situ visualization of the effect of enzyme action on the surface of

2 The abbreviations used are: AFM, atomic force microscopy; BMIMCI, 1-butyl-
3-methylimidazolium chloride; CBH, cellobiohydrolase; DSC, differential
scanning calorimetry; EDX, energy dispersive X-ray spectroscopy; EG,
endoglucanase; FPU, filter paper unit; MS, mass spectrometry; RMS, root-
mean-squared; TGA, thermogravimetric analysis; STA, simultaneous ther-
mal analysis; XRD, X-ray diffraction.
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cellulose at a nanoscale resolution. By using a special nano-flat
preparation of cellulose we were able to directly monitor the
complete process of deconstruction of the substrate from early
fissuring events on the cellulose surface to the progressing sur-
face erosion at longer hydrolysis times. We extracted the
dynamic alteration of the cellulose surface structure quantita-
tively from AFM data, which reflects the interplay between sur-
face degradation inside and outside of cracks. The cracks prob-
ably develop as a result of the combined laterally processive and
penetrating actions of the adsorbed cellulases. This mesoscopic
structural view on cellulose degradation provides a visualiza-
tion of the dynamics occurring on the substrate during enzy-
matic cellulase degradation. Based on our results we suggest
factors, which possibly are responsible for the peculiar crack
characteristics observed (4, 9, 11-12).

EXPERIMENTAL PROCEDURES

Materials—All materials were purchased of the highest
purity available from Carl Roth (Karlsruhe, Germany) unless
stated otherwise. Avicel PH-101 and the glucose assay reagent
were from Sigma-Aldrich. B-Glucosidase was from Novozymes
(Bagsvaerd, Denmark).

Preparation of the Complete Cellulase System—W e produced
the complete cellulase system of Trichoderma reesei SVG 17 as
described by Esterbauer et al. (13), supplemented it with 0.05%
sodium azide, and stored it at 4 °C for the time course of the
experiments. Routinely, we checked activity and protein con-
tent of the preparation to verify stability and consistency. As
recommended by the IUPAC, we determined the cellulolytic
activity using the well-established filter paper unit (FPU) assay
(13-14). According to this assay, the cellulase system had a
specific activity of 2.14 FPU/mg at a protein concentration of
0.5 mg/ml. We measured the protein concentration as
described by Bradford (15) employing Roti®-Quant and Roti®-
Nanoquant assays standardized with bovine serum albumin.
For the preparation of appropriate dilutions and for the wash-
ing steps for the AFM experiments described below, we used a
50 mm sodium citrate buffer (pH 5.0), which is denoted as
buffer.

Cellulose Substrate and Specimen Preparation—First, we
prepared a primary cellulose gel according to a previously pub-
lished protocol (16). Second, we cut the formed primary gel into
small squares and removed the solvent and loosely bound water
using a fractionated ethanol extraction step (stepwise from 30%
to absolute ethanol). Subsequently the substrate was air-dried.
This procedure resulted in a dehydrated gel. In contrast to the
primary gel material, the dehydrated gel was stiff, non-trans-
parent, and substantially smaller.

We performed x-ray diffraction (XRD) analysis of dehy-
drated gel samples using a Siemens D501 diffractometer (CuKa
1 radiation; Siemens, Munich, Germany). Additionally, we con-
ducted combined differential scanning calorimetry (DSC)/
thermogravimetric analysis (TGA) measurements with a Netz-
sch STA 449C (Netzsch Gerdtebau GmbH, Selb, Germany)
using a heat rate of 10 °C/min under a constant flow of helium
(50.0 ml min™"). We analyzed the gas products, which evolved
in the course of the measurement online with a Netzsch QMS
403C quadrupole mass spectrometer.
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To generate a stationary substrate for AFM investigation, we
embedded the dehydrated gel in epoxy resin (supplemental Fig.
S1) without employing elevated temperatures or pressure. We
confirmed the absence of epoxy diffusion into the substrate
experimentally by energy dispersive x-ray spectroscopy (EDX)
measurements in a variable pressure scanning electron micro-
scope (VP-S.E. Quanta 200 and Quanta 600). Finally, to achieve
a nano-flat surface, the embedded specimen was subjected to
ultramicrotomy using an Ultracut UCT (Leica microsystems,
Wetzlar, Germany).

Experimental Strategy, and AFM Data Collection—DPrior to
cellulase exposure, we recorded AFM reference images of the
dry substrate at defined areas. Thereafter, we allowed the sub-
strate to equilibrate in buffer at room temperature for 2 h.
Again, we recorded AFM reference images at defined areas.
Following this, we incubated the substrate in the complete cel-
lulase system at an appropriate dilution to achieve the desired
enzyme/substrate ratio (36; 3.6; 0.36 mg/g bstrate) fOr the time
indicated below at 30 °C without agitation. Then, we performed
appropriate AFM control measurements of the substrate sam-
ples incubated at 30 °C in buffer continuously (supplemental
Fig. S2). This was done to affirm the absence of surface altera-
tion by buffer alone or by the applied washing and blow-drying
process performed before AFM imaging as described below.

After each incubation step during the discontinuous strat-
egy, we withdrew the substrate from the enzyme solution,
washed it three times in buffer, blow-dried by CO, spraying,
measured it using the AFM, and afterward re-incubated it in a
fresh enzyme dilution at the breakpoints indicated as follows
(referring to total incubation time): 30 min, 60 min, 90 min (36
MG, otein/ Gsubstrate)s 15 Min, 45 min, 105 min, 165 min, 225 min,
285 min (3.6 M, o tein/Esubstrate)s 30 Min; 90 min; 210 min; 450
min (0.36 Mg, tein/Gsubstrate)- FOr cONtinuous measurements,
the incubation time was 90 min for 36 mg,, ,cin/Esubstrates 285
min for 3.6 Mg, ,cin/Gsubstrates aANd 450 min for 0.36 Mg, yein/
S.ubstrater LESPECtively. Eventually, we dried these samples as
described above for the discontinuous samples.

We used a commercial Dimension 3100 AFM equipped with
a Hybrid scanner and Nanoscope IVa controller (Bruker AXS,
Santa Barbara) for all AFM measurements. We performed the
imaging in tapping mode on dry substrate surfaces in air with an
OMCL-AC 240/160 TS silicon probe (Olympus, Tokyo, Japan).
To guarantee relevance and comparability of individual mea-
surements, images were always obtained at identical areas using
the same scan sizes. We chose the scan rates, setpoints and
drive amplitudes appropriately to obtain stable scanning with
the lowest energy dissipation possible. During image recording,
we gave careful consideration to avoiding tip-related artifacts
by permanently evaluating sidewall angles and morphological
features of the surface.

AFM Image Analyses—We performed detailed image analy-
sis using the software packages Research Nanoscope (V7.13,
Bruker, AXS) and Gwyddion (V2.2) to quantify observed fea-
tures and confirm extracted data by cross-checking the results.
To prove non-monotonic development of cracks, it was essen-
tial to gain information about the geometry of selected individ-
ual cracks, i.e. length, width, and depth. To assure reliability, we
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FIGURE 1. Visualization of single cellulases in an emerging crack. Height
(A) and phase (B) image of a 200 nm scan, taken ~ 15 min after incubation with
a cellulase concentration of 0.36 Mg, oiein/Tsubstrater €XDibiIt features not
observed on the buffer-swollen image Blank. These new features are ~5 nm
in diameter and show a distinct phase signal (no slope effects). It is therefore
very likely that they are single cellulases. The scale bar represents 20 nm.

thoroughly pre-investigated side walls of the cracks with
respect to AFM tip-related limitations.

We extracted data describing the changing topology of the
overall substrate surface, i.e. root-mean-squared (RMS) surface
roughness, crack footprint, and number of cracks, with care-
fully adapted masking tools including height and curvature fil-
ters. To estimate the error of analyses, we did over- and under-
estimation of the applied masks on purpose, and we chose the
maximum deviation as error. To follow the trend of the foot-
print over time, we compared the extracted footprint areas of
identical sample areas with same scan size at specified points in
time. Additionally, merging of cracks was proven both through
observing the time-dependent evolution of cracks during enzy-
matic attack and by statistical methods. Finally, high resolution
phase imaging, which yields the image of the dissipative inter-
action energy density, allowed for localization of enzymes on
the substrate (Fig. 1).

Enzymatic Hydrolysis of Cellulose—W e performed accompa-
nying hydrolysis experiments and designed them to resemble
the conditions used in the AFM experiments. To this end, we
incubated samples of the dehydrated gel continuously or dis-
continuously at the three different enzyme loadings employed
(36; 3.6; 0.36 ME/ g psirare) N buffer. The incubation time was
the same as described above for discontinuous and continuous
experiments. The samples were washed three times in buffer
and dried in the same way as for AFM investigations.

Samples withdrawn at the respective breakpoints were boiled
to stop the reaction, chilled on ice, and centrifuged (4 °C, 13,000
rpm, 10 min). Then, we added 1.2 units of B-glucosidase to the
supernatant, incubated it at 50 °C for 30 min and stopped the
reaction as described above. Eventually, the amount of glucose
in the supernatant was determined using a glucose assay rea-
gent according to the manufacturer’s protocol.

RESULTS AND DISCUSSION

Specimen Preparation and Characterization—Not unex-
pectedly, the reproducible preparation of a cellulosic substrate
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specimen suitable for AFM analysis presented a critical chal-
lenge: to make a general statement about cellulose degradation,
it is, first of all, crucial that the substrate is chemically unmod-
ified. Second, studying cellulase attack by means of AFM
requires a homogeneously smooth, nano-flat surface. In a
recent AFM study, which aimed at understanding the mecha-
nism of cellobiohydrolase (CBH) I an important finding was
published: CBHI preferably attacks crystalline cellulose at the
hydrophobic faces (2). The types of native and processed cellu-
loses applied in earlier AFM studies, however, were limiting in
various ways (2, 7, 17-20). The use of highly crystalline cellu-
lose alone, for instance, does not allow the investigation of an
entire cellulase system featuring CBHs and endoglucanases
(EGs), with the latter ones being known to preferably attack
amorphous areas (2, 9, 11, 18, 21). In contrast to previous
research, we took a distinct approach involving the dissolution
of the microcrystalline cellulose Avicel in the ionic liquid 1-bu-
tyl-3-methylimidazolium chloride (BMIMCI) at 100 °C, which,
upon cooling, resulted in a gel-like material (16). From this
primary gel material we then removed the ionic liquid and
excess water using ethanol, which yielded a dehydrated gel of
pure cellulose. We want to emphasize that this type of prepara-
tion does not involve precipitation of amorphous cellulose from
the ionic liquid (22). It is rather a dissolution process involving
formation of a gel consisting of BMIMCI, water, both loosely
and tightly bound, and cellulose. Dehydration with ethanol
removes a significant amount of water as well as all of the ionic
liquid from this primary gel as confirmed by STA and MS anal-
yses (Fig. 2, supplemental Table S1) (16, 23). Thus, the dehy-
drated gel is a pure cellulosic substrate. In accordance with
Prasad et al. (16), evidence from XRD analysis revealed a pre-
dominantly amorphous substrate structure with, however,
some regions of higher order (Fig. 3). The presence of a broad
peak of low intensity in the XRD graph indicates that only a
small amount of crystalline cellulose is present. These highly
ordered areas are reflected in a major peak of crystalline cellu-
lose L at 6-2622.7° (24). Along with cellulose I, a minor fraction
of cellulose 1II is also present (0-260 19.8°) (24). Therefore, our
substrate is a mixed crystalline-amorphous cellulose.

The RMS surface roughness of the dehydrated gel was 8 -10
nm after a 2-h equilibration period in buffer. Compared with
the size of the catalytic unit of a typical cellulase (~ 6 nm (25)),
this clearly validates the above mentioned substrate for the pur-
pose of this study in terms of surface smoothness. This special
preparation enabled us not only to localize single enzymes in
situ (Fig. 1), but also to observe the dynamic change of the
surface during hydrolysis (9, 11).

AFM Investigation of Enzymatic Cellulose Disintegration—For
the examination of substrate degradation we employed the cel-
lulolytic enzyme system of the soft-rot fungus T. reesei (9, 13).
This well-known cellulase contains all the individual activities
required for an efficient breakdown of crystalline cellulose into
soluble sugars, including CBHs, which cleave cellulose chains
from the chain end (“ex0”), and EGs, which cleave in the middle
of a chain (“endo”). As the first step in our study, we incubated
the cellulose specimen at 30 °C in sodium citrate buffer con-
taining a defined amount of cellulose, which we varied at three
different levels reflecting limiting, intermediate, and saturating
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FIGURE 2. STA curves of microcrystalline cellulose (Avicel), the ionic lig-
uid BMIMCI, the primary and the dehydrated gel. DSC (A) and TGA (B)
measurements show remarkable differences in behavior of the dehydrated
gel as compared with the primary gel. In both graphs the behavior of the
dehydrated gel sample more closely resembles the one of the microcrystal-
line cellulose than the one of the primary gel. B, the difference in weight loss
at 100 °Cindicates a pronounced loss of water in the primary gel but notin the
dehydrated gel.
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FIGURE 3. XRD profile of a dehydrated cellulose gel sample. The main peak
at 22.7°, which corresponds to crystalline cellulose |, is highlighted.
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FIGURE 4. Enzymatic cellulose degradation reflected by RMS roughness
variation. The image at 0 min shows the nano-flat surface after buffer swell-
ing. Images A to D reveal the formation of elongated cracks with time at a
cellulase loading of 3.6 Mgy, oiein/Jsubstrate: AS @an example, a representative
crackis circled, and it is shown how it grows at first (A and B), then stagnates (C
compared with B), and eventually becomes narrower (D compared with C).

adsorption of enzyme on the cellulose surface (36; 3.6; 0.36
MG, oein/ Gsubstrate) At certain breakpoints, we interrupted the
enzyme action by removing the substrate, which we subse-
quently washed by dipping into buffer. Upon blow-drying, we
performed AFM imaging. Thereafter, we placed the sample
into a fresh enzyme solution with the same cellulase concentra-
tion as before and incubated it until the next breakpoint. To
rule out that the effects observed are biased by washing and
re-incubation, we analyzed controls subjected to continuous
incubation. The comprehensive data set thus obtained allows
for quantitative monitoring of the disintegration of the cellu-
lose surface upon enzymatic attack (Fig. 4). In this article, we
discuss the results measured at intermediate enzyme loading as
they gave the best resolution with respect to incubation time. At
extended incubation times and/or higher enzyme loading, tip
limitations occurred as a result of the deeply rugged surface.
The overall pattern of surface disruption, however, was inde-
pendent of the amount of enzyme applied (supplemental Fig.
S3).

Visualization Results and Implications—Intriguingly, the
first snapshot of the enzymatic reaction (Fig. 4A4) shows elon-
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FIGURE 5. Quantitative analysis of AFM data. A, course of the crack foot-
print over time. B, the total number of cracks is decreasing over time, despite
constantly emerging new cracks. This is a result of numerous merging events,
which eventually lead to a network of valleys on the substrate surface. C,
development of depth and width of a representative small crack.

gated fissures, which have instantly emerged all over the sur-
face. They are aligned in their elongation direction, implying a
preferred direction of enzymatic processing on the surface.
This finding correlates well with the observation of processive
action of CBHI, which was confirmed by AFM in recent publi-
cations (2, 7). Cellulose surface fissuring was mirrored in an
increase of overall RMS roughness. Interestingly, however,
RMS roughness did not evolve continuously but rather step-
wise, passing through a distinct plateau of constant RMS rough-
ness (Fig. 4). Considering the small experimental error of =1.5
nm, the data points strongly suggest the presence of this pla-
teau. Furthermore, we observed the appearance of an RMS
roughness plateau at all three cellulase concentrations studied
(365 3.6; 0.36 M@, otcin/ Gsubstrate) (SUPPlemental Fig. S4). For the
two higher loadings, AFM measurements are not reliable at
extended incubation times because of AFM tip limitations.
These are caused by deep cracks formed during longer incuba-
tion times.

Detailed analysis of the time dependence of the crack foot-
print gave further insight into the peculiar dynamics of RMS
surface roughness: this footprint is a measure of the percentage
of substrate surface that has become fissured by enzymatic
attack. Strikingly, the RMS roughness reaching its plateau coin-
cided with the decrease of the crack footprint, passing through
its minimum value at the end of the plateau phase. Then the
course of the crack footprint rises to a temporary maximum
(Fig. 5A). Already fissured surface can obviously not be rebuilt
in the enzymatic process; the observed decrease in crack foot-
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FIGURE 6. Model of enzymatic cellulose digestion based on quantitative
AFM data. This schematic model aims at visualizing the mesoscopic perspec-
tive on enzymatic disruption of cellulose. Along the timeline we follow the
cellulolytic degradation of the surface from random early fissuring events (A)
to a completely fissured surface, where the entire external surface has been
consumed and rate retarding factors become operative (D). The proportions
in A through C reflect typical dimensions observed in relevant AFM
measurements.

print therefore inevitably implies that diminution in the cross-
section of the formed cracks must occur. In fact, this is solely
explained through advancing degradation of the surface out-
side the crack taking the lead over intra-crack hydrolysis,
thereby causing an overall surface reduction (Fig. 6). The ques-
tion now is, why is surface degradation (“external rate”) pro-
ceeding continuously whereas hydrolysis in the small cracks
(“internal rate”) is stalled? Generally, appearance of internal
rate limitation seems to be local and temporary until the limit-
ing factors supposedly are neutralized by external hydrolysis
promoting cross-section diminution and crack merging. The
discontinuation of the internal rate limitation is clearly indi-
cated by the increase in the crack footprint at longer reaction
times. This signifies a further increase in cracked surface, which
was not reflected by an increasing total number of cracks, indi-
cating the occurrence of merging events (Fig. 5B).

In Fig. 5C, we selected a typical small crack and extracted
data about the evolution of its width and depth over time. Both
parameters increased steeply at first, reaching their maximum
at 105 min. Subsequently, width and depth decreased, thus
causing a cross-section diminution as indicated by the crack
footprint. Unexpectedly, this occurred despite a simultaneously
increasing overall RMS roughness (Fig. 4). These opposed
trends of development of crack size parameters and RMS
roughness can only be accounted for by an overall surface
reduction, well consistent however, with the observation of a
concurrent increase in the crack footprint (Fig. 54). If smallish
cracks lose rather than gain in size, the observed increase in
RMS roughness must be due to three major reasons: first, con-
stantly evolving new fissures; second, concomitant elongation
of existing small and medium cracks; and finally, constant over-
all growth of the large cracks in both width and length. Con-
cerning the latter one, the decrease in crack number over time
(Fig. 5B) indicates that crack coalescence is partially involved in
the growth of these cracks. Fig. 4 shows the time course of RMS
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roughness supported by AFM images. These images reveal the
dynamics of the cross-sectional area of a rather small crack
alongside the unrestrained growth of a large crack. RMS rough-
ness would seem to pass through the observed plateau at the
point where hydrolysis in small cracks becomes limiting overall
(“deceleration”), only to increase when surface hydrolysis has
overcome the internal limitations (“acceleration”).

The causes for the internal rate deceleration in small cracks
could be substrate-related as well as enzyme-related. Concern-
ing the substrate, cracks might be the result of a primary attack
on cellulose regions of lower order. Consequently, hydrolysis
would slow down when this material is digested, leaving regions
of higher order behind which are harder to degrade. With
regard to the enzymes, diffusional restrictions occurring in the
confined space of the cracks might influence cellulolytic activity
at two different levels: first, through loss of synergy among indi-
vidual cellulase components and second, by product inhibition.

According to the literature (26), the maximum accessible
radius of a cylindrical pore with a diameter of 3 nm is 1.31 nm,
which illustrates how the space in narrowing pores becomes
limiting for macromolecules. On top of that, wall confinement
plays an increasingly important role when the diffusing mole-
cule is ten times or less smaller than the diameter of the pore.
For example, for a cylindrical pore with a diameter of 1.5 nm,
which is about five times the size of a water molecule, the axial
diffusion coefficient for water was calculated to be 3.43 X 10~°
cm?/s as compared with in bulk (5.19 X 10~ ° cm?/s) (26). In
case of a typical cellulase with its ellipsoid core shape having a
diameter of 4— 6.5 nm and a total enzyme length of 18 -21.5 nm
(25, 27, 29), this implies that every pore having a so called crit-
ical width of about 40 — 60 nm will already limit macromolecule
diffusion to a high degree by wall confinement. Probably, even
bigger pores up to 200 nm limit diffusion to a certain extent,
especially, when previously bound enzymes add up to the con-
finement effect. Thus, dynamic features of cellulase adsorption
to cellulose, in particular the exchange of complementary
endo- and exo-enzyme activities on the substrate surface,
might become attenuated within narrow cracks.® Furthermore,
a possible sliding movement of exo-acting enzymes could be
hampered. The basis for synergistic interaction between cellu-
lases would thus be gradually removed, and deactivation of
enzymes and pore clogging by protein aggregates might receive
significance through phenomena such as irreversible adsorp-
tion, jamming, and aggregation (9-11, 30-31).

As a known fact, cellobiose is the main product of cellulose
hydrolysis and strongly inhibits CBHI, the major protein com-
ponent and “pacemaker” exo-enzyme of the T. reesei cellulase
system (12). According to the dynamics we observed, we think
it is conceivable that the formation of a concentration gradient
for cellobiose might be promoted by restricted diffusivity
within narrow cracks. This would a fortiori be favored by partial
size exclusion of B-glucosidase by confinement effects dis-
cussed above. 3-Glucosidase is a natural companion enzyme of
the actual cellulases. This enzyme, which lacks the ability to
adsorb to cellulose, cleaves cellobiose to yield glucose. As a

3 Note: the dynamics of cellulase adsorption and desorption were not fol-
lowed in the course of the AFM measurements.
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matter of fact, the cellobiose binding constant of the 7. reesei
cellulase system is greater by a factor of 6 than its glucose bind-
ing constant, which makes glucose considerably less inhibitory
than cellobiose (9, 32). Actually, when comparing our continu-
ous and discontinuous AFM experiments, we found that con-
tinuous hydrolysis results in essentially the same surface dis-
ruptions but proceeds much more slowly than discontinuous
hydrolysis (supplemental Fig. S5). The discontinuous setup
involved repeated removal of the supernatant, thus probably
alleviating high local product concentrations. It should there-
fore be interesting to perform in the future a quantitative anal-
ysis of diffusional restrictions of the cellulase activity, using the
geometrical features of the formed cracks as an essential basis.

An Empirical Model of Enzymatic Cellulose Disintegration—
The mesoscopic view of enzymatic disintegration of cellulose
presented here sheds new light on what was hitherto known
about the mechanism of cellulose disruption. The overall sur-
face disruption caused by cellulase action is not a mere surface
phenomenon or proceeds layer-wise (28): by contrast, it seems
to consist of an external (surface erosion) and internal (surface
penetration) component. As visualized in Fig. 6, the evolution
of surface structural features along the reaction timeline are
proposed to reflect the dynamics of surface erosion and pene-
tration rates: in the initial phase of hydrolysis, the reaction
would proceed “acceleratedly” (Fig. 6A). Then, the transient
occurrence of internal limitations would lead to a “decelera-
tion”, meaning that surface hydrolysis predominates, thus caus-
ing cross-section diminution of those cracks where limiting fac-
tors prevail (Fig. 6B). As soon as these limitations are overcome
by the ever progressing surface erosion, acceleration would
occur again (Fig. 6, B and C).

We want to emphasize that, because of tip limitations, our
study captures only the early phase of hydrolysis where the rate
proceeds linearly (supplemental Fig. S6). Hence, our observa-
tions cover the early stage processes, which exhibit deceleration
and acceleration caused by periodically emerging internal lim-
itations and overcoming them. Presuming that this stage is the
basis of the entire hydrolysis process, the observed processes in
this phase are extremely interesting. Phenomena occurring at
this point are likely to recur or possibly even to continue peri-
odically throughout hydrolysis. Figuring that the observed
early-phase processes persist through the entire course of cel-
lulose saccharification, this might provide an explanation for
the pronounced rate limitation, which was observed with
essentially all types of cellulosic substrates. This typically
occurs at 20—40% of conversion of the solid material (30-31).
According to our suggested model, the substrate surface will be
completely rugged at some point, far ahead of what we are able
to observe using AFM, with essentially the entire external sur-
face area consumed (Fig. 6D). At this point, internal limitations
will prevail and acceleration will be stalled completely, thus
causing a decline in soluble sugar formation. This, in turn, is
reflected in the stagnation of the hydrolysis rate.

The model we developed based on the observations and
quantitative evaluation of our AFM studies connects and pro-
vides a possible explanation for the different “rate-retarding
factors,” which have been proposed in literature before: inhibi-
tion by cellobiose, (apparent) enzyme deactivation, loss of syn-
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ergism, and decrease of substrate reactivity. Our visualization
also implies that these factors are causative related to each
other, and our model serves to expand the knowledge gained
about early stage processes on the entire hydrolysis process.
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