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Abstract. 

 

In the biflagellated alga 

 

Chlamydomonas

 

, 
adhesion and fusion of the plasma membranes of ga-
metes during fertilization occurs via an actin-filled, mi-

 

crovillus-like cell protrusion. Formation of this 

 

z

 

3-

 

m

 

m-
long fusion organelle, the 

 

Chlamydomonas

 

 fertilization 
tubule, is induced in mating type plus (mt

 

1

 

) gametes 
during flagellar adhesion with mating type minus 
(mt

 

2

 

) gametes. Subsequent adhesion between the tip 
of the mt

 

1

 

 fertilization tubule and the apex of a mating 
structure on mt

 

2

 

 gametes is followed rapidly by fusion 
of the plasma membranes and zygote formation. In this 
report, we describe the isolation and characterization of 
fertilization tubules from mt

 

1

 

 gametes activated for 
cell fusion. Fertilization tubules were detached by ho-
mogenization of activated mt

 

1

 

 gametes in an EGTA-
containing buffer and purified by differential centrifu-
gation followed by fractionation on sucrose and Percoll 
gradients. As determined by fluorescence microscopy 
of samples stained with a fluorescent probe for filamen-

tous actin, the method yielded 2–3 

 

3

 

 10

 

6

 

 fertilization 
tubules/

 

m

 

g protein, representing up to a 360-fold en-
richment of these organelles. Examination by negative 
stain electron microscopy demonstrated that the puri-
fied fertilization tubules were morphologically indistin-
guishable from fertilization tubules on intact, activated 
mt

 

1

 

 gametes, retaining both the extracellular fringe 
and the internal array of actin filaments. Several pro-
teins, including actin as well as two surface proteins 
identified by biotinylation studies, copurified with the 
fertilization tubules. Most importantly, the isolated 
mt

 

1

 

 fertilization tubules bound to the apical ends of 
activated mt

 

2

 

 gametes between the two flagella, the 
site of the mt

 

2

 

 mating structure; a single fertilization 
tubule bound per cell, binding was specific for gametes, 
and fertilization tubules isolated from trypsin-treated, 
activated mt

 

1

 

 gametes did not bind to activated mt

 

2

 

 
gametes.

 

T

 

he 

 

defining moment of fertilization is the adhesion
and fusion of the plasma membranes of two inter-
acting gametes. Although gametes are nonfusogenic

when they first encounter their partners, their initial adhe-
sive interactions generate a signal transduction cascade
that renders the gametes capable of cell fusion (Snell and
White, 1996). In multicellular organisms, adhesion-induced
signaling prepares sperm for adhesion and fusion of the
plasma membranes by inducing the acrosome reaction, an
exocytic event that exposes previously cryptic membrane
domains that contain adhesion/fusion molecules (Prima-
koff et al., 1980; Ward and Kopf, 1993). Moreover, hydro-
lytic enzymes released from the sperm during the acrosome
reaction digest the extracellular matrix surrounding the

egg, thereby exposing the adhesion/fusion molecules on the
egg plasma membrane (Primakoff et al., 1980).

Although the molecules that mediate adhesion and fu-
sion vary widely among species (Glabe, 1985; Hong and
Vacquier, 1986; Blobel et al., 1992; Snell and White, 1996),
evolution appears to have favored a common cellular
structure, an actin-filled cell protrusion, that provides the
scaffolding for presentation of adhesion/fusion proteins
(for example see Monroy, 1985; Yanagimachi, 1988). Mi-
croscopic analysis of sperm–egg interactions in mouse and
many other vertebrate and invertebrate species has shown
that sperm selectively bind to the microvillus-rich portion
of the egg plasma membrane (Tegner and Epel, 1976; Hy-
lander and Summers, 1977; Yanagimachi, 1988; Foltz and
Lennarz, 1992; Hart et al., 1992; Ohlendieck et al., 1994). In
a manner analogous to eggs, the adhesion/fusion proteins
on sperm also appear to be restricted to specialized regions
of the plasma membrane. Although eutherian sperm bind
and fuse via their apparently microvillus-free equatorial re-
gion, the male gametes in most other organisms studied
form an apically localized, actin-filled cell protrusion or fu-
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sion organelle similar to a microvillus (Jessen et al., 1973;
Tilney et al., 1973; Tilney, 1975; Yanagimachi, 1988).

The nearly universal use of actin-filled fusion organelles
in fertilization suggests that the regulated fusion of cell
membranes requires a complex interplay of adhesion/fu-
sion molecules and other, as yet unidentified features of
these microvillus-like structures. Therefore, and by anal-
ogy to studies of fusion of intracellular membranes (Roth-
man, 1994), a complete understanding of the cellular and
molecular events that underlie gamete fusion will require
both the development of methods for isolating these do-
mains of the cell surface in a structurally and functionally
intact form as well as assays for in vitro reconstitution of
adhesion and fusion. To this end, we have begun to study a
fusion organelle, the mating type plus (mt

 

1

 

)

 

1

 

 fertilization
tubule, in the genetically tractable organism, 

 

Chlamydo-
monas.

 

 The initial stage of fertilization in this unicellular,
biflagellated alga occurs when gametes of opposite mating
types undergo a signal-transduction cascade, induced by
flagellar adhesion, that generates fusion-competent ga-
metes (Goodenough, 1991; Snell, 1993). Cyclic AMP gen-
erated during signaling induces activation of the mating
structures, specialized regions of the apical plasma mem-
brane where gametic adhesion and fusion will occur (Pas-
quale and Goodenough, 1987). Activation of the mt

 

1

 

mating structure results in both the rapid recruitment of
membrane and the explosive polymerization of actin to
form the 

 

z

 

3-

 

m

 

m-long, microvillus-like fertilization tubule
(Friedmann et al., 1968; Goodenough et al., 1982; Detmers
et al., 1985). Ultrastructural analysis has shown that the
mt

 

1

 

 mating structure contains an overlying extracellular
coat, called fringe, as well as a densely staining submem-
branous structure, the doublet zone, proposed to nucleate
actin filament polymerization during activation. In con-
trast, while the activated, dome-shaped mating type minus
(mt

 

2

 

) mating structure displays fringe, it does not contain
filamentous actin as determined by electron microscopy
and staining with antiactin antibodies and NBD-phallaci-
din (Friedmann et al., 1968; Goodenough et al., 1982; Det-
mers et al., 1985).

Both thin section and scanning electron microscopic
analyses have indicated that binding and subsequent fu-
sion occur between the tip of the mt

 

1

 

 fertilization tubule
and the apex of the activated mt

 

2

 

 mating structure (Fried-
mann et al., 1968; Goodenough et al., 1982; Detmers et al.,
1983; Forest, 1983). Consistent with this observation,
freeze-fracture electron microscopic studies have revealed
that, in contrast to membrane on other portions of the fer-
tilization tubule, the membrane at the tip of this structure
contains a cluster of intramembranous particles (Weiss et
al., 1977). These results suggest that molecules involved in
the adhesion and fusion of gametes not only are seques-
tered in the fertilization tubule but may be further re-
stricted to the tips of these fusion organelles.

Although much is known about their morphology, little
biochemical information about the mating structures is
available. For example, ultrastructural analysis has dem-
onstrated that actin is present within the fertilization tu-

bule, but the overall protein composition of this organelle
is unknown. Similarly, identifying adhesion/fusion mole-
cules, ascertaining whether their expression is restricted to
mating structures, and determining if adhesion/fusion mol-
ecules are expressed on unactivated mating structures
have remained elusive because of the lack of in vitro meth-
ods for studying these organelles. To learn more about the
mechanism of cell fusion in 

 

Chlamydomonas

 

, we have
used cell biological and biochemical methods to character-
ize the mt

 

1

 

 mating structure, the fertilization tubule.
Here, we describe a method for isolating fertilization tu-
bules from 

 

Chlamydomonas

 

 mt

 

1

 

 gametes. We identify
several proteins associated with this structure and show
that two are surface proteins. Finally, by use of an in vitro
assay, we demonstrate that: (

 

a

 

) isolated fertilization tu-
bules bind to activated mt

 

2

 

 mating structures; (

 

b

 

) there is
little if any binding to unactivated mt

 

2

 

 mating structures;
and (

 

c

 

) adhesion molecules on fertilization tubules are
protease sensitive.

 

Materials and Methods

 

Materials

 

Fluoromount-G was from Fisher Scientific (Pittsburgh, PA). Formvar,
EM-grade paraformaldehyde, EM-grade glutaraldehyde, lead citrate, ura-
nyl acetate, Spurr’s resin, osmium tetroxide, and grids were from Electron
Microscopy Sciences (Ft. Washington, PA). Phalloidin and [4-(2-amino-
ethyl)benzenesulfonylfluoride, HCl] were obtained from Calbiochem (La
Jolla, CA). Saponin was obtained from ICN Biomedicals, Inc. (Costa
Mesa, CA). KCl, sucrose, NaCl, Na

 

2

 

HPO

 

4

 

, NaH

 

2

 

PO

 

4

 

, CaCl

 

2

 

, K

 

2

 

HPO

 

4

 

,
and KH

 

2

 

PO

 

4

 

 were from Mallinckrodt Inc. (Paris, KY). DMSO (catalog
No. D2650), 

 

n

 

-amyl alcohol, cytochrome c, trypsin, and soybean trypsin
inhibitor were from Sigma Chemical Co. (St. Louis, MO). All other chem-
icals were of reagent grade.

 

Cells and Cell Culture

 

Chlamydomonas reinhardtii

 

 strains 21gr (mt

 

1

 

) [cc-1690] and 6145c (mt

 

2

 

)
[cc-1691] (available from the 

 

Chlamydomonas

 

 Genetics Center, Duke
University, Chapel Hill, NC) were cultured with aeration at 22

 

8

 

C in Me-
dium I or Medium II of Sager and Granick (1954) on a 13:11-h light/dark
cycle. Gametogenesis was induced by transferring vegetatively growing
cells to nitrogen free medium (N-free medium) as previously described
(Snell, 1976

 

a

 

). To harvest gametes in 6-liter cultures in N-free medium,
cells were allowed to accumulate in the bottom of the culture bottles by
negative phototaxis for 30 min under illumination by a bank of fluorescent
lights. The supernatant was removed by aspiration with a water pump
(model 1P579E; Teel Water Systems; Dayton Electric Mfg., Co., Chicago,
IL), and the sedimented cells were resuspended in fresh N-free medium.
This procedure was repeated once or twice to ensure that only highly mo-
tile cells were used for experiments.

 

Bodipy Phallacidin Staining

 

Fertilization tubules on cells and in cell fractions were visualized by fluo-
rescent staining with bodipy phallacidin (Molecular Probes, Eugene, OR),
a fluorescein-containing molecule that binds filamentous actin (Nothnagel
et al., 1981; Detmers et al., 1985). To do this, wells of an eight-well glass
slide (Cel-Line Associates, Inc., Newfield, NJ) were precoated with 10 

 

m

 

l
of an aqueous solution of 0.1% polyethylenimine (Sanders and Salisbury,
1994). Excess polyethylenimine was removed by blotting from the side of
the well, and the slide was allowed to air-dry. Samples of cells and cell
fractions were fixed by mixing with an equal volume of freshly prepared
4% paraformaldehyde in 10 mM Hepes, pH 7.2, and 5-

 

m

 

l portions were
applied to wells of the precoated glass slide. After the samples had dried,
the slides were immersed for 6 min in 80% acetone, 30 mM NaCl, and 2
mM sodium phosphate buffer, pH 7.0, at 

 

2

 

20

 

8

 

C followed by immersion in
100% acetone at 

 

2

 

20

 

8

 

C for 6 min. Slides were air-dried and incubated
with 20 

 

m

 

l/well of bodipy phallacidin staining solution for 25 min at 37

 

8

 

C

 

1. 

 

Abbreviations used in this paper

 

: ft, fertilization tubule; FTSB, fertiliza-
tion tubule stabilization buffer; mt, mating type; N-free medium, nitrogen-
free medium.
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in the dark. To prepare the staining solution, an aliquot of a 200 U/ml
stock solution of bodipy phallacidin in 100% HPLC-grade methyl alcohol
was allowed to dry in a microfuge tube in the dark and the dried sample
was resuspended in PBS (150 mM NaCl, 10 mM sodium phosphate buffer,
pH 7.0) to yield a 50 U/ml solution. After the incubation with the bodipy
phallacidin, slides were washed by immersion in PBS for 6 min, and No. 0
coverslips (Thomas Scientific, Swedesboro, NJ) were applied to the slides
with Fluoromount-G mounting medium containing 2.5% 1,4-diazabicyclo-
[2.2.2]octane (Sigma Chemical Co.), an antiquenching agent. Samples
were examined with a 100

 

3

 

 plan apo, 1.3 N.A. objective (Carl Zeiss, Inc.,
Thornwood, NY) fitted on an epifluorescent microscope (model IM35;
Carl Zeiss, Inc.). Images were acquired either by a 25-s exposure on
Kodak TMAX 400 film (Rochester, NY) or 1600 daylight Provia
Fujichrome color slide film (Tokyo, Japan), or by using a chilled CCD
camera and an Argus 20 image processor (Hamamatsu Phototonics,
Hamamatsu City, Japan). Final composite images were constructed using
the image processing program Adobe Photoshop (San Jose, CA) on a
Power Macintosh 8500/120 computer (Apple Computer Co., Cupertino,
CA) and printed with a Kodak XLS 8600 printer.

 

Cell Wall Loss Assay

 

Cell wall loss was determined as previously described (Snell, 1982). Cell
suspensions (1–3 

 

3

 

 10

 

6

 

 cells) to be tested for wall loss were added to 1 ml
of 0.075% Triton X-100 in 0.5 mM EDTA in a microfuge tube, vortexed
briefly, and centrifuged for 20 s at 14,000 rpm in a Hermle microfuge (Lab-
net, Woodbridge, NJ) at room temperature. The absence of any chloro-
phyll in the sedimented material when compared to a non–detergent-
treated control indicated that 

 

z

 

100% of the cells had lost their walls.

 

Isolation of Fertilization Tubules

 

Fertilization tubules were isolated from activated, homogenized mt

 

1

 

 ga-
metes by differential centrifugation and fractionation on sucrose and Per-
coll gradients. Flagellated, highly motile cells from 12 liters of mt

 

1

 

 ga-
metes were obtained by negative phototaxis as described above and
collected by centrifugation in 1-liter polycarbonate centrifuge bottles
(Nalgene, Rochester, NY) at 4,600 

 

g 

 

for 20 min (model H6000A rotor,
RC-3B centrifuge; Dupont Sorvall, Newtown, CT). Sedimented cells were
concentrated 

 

z

 

300-fold over their starting concentration by resuspension
in 

 

z

 

40 ml of N-free medium (final cell concentration was 

 

z

 

3 

 

3

 

 10

 

9

 

 cells/
ml). To activate mt

 

1

 

 gametes, a concentrated dibutyryl cAMP solution
(0.3 M made up in N-free medium) was added to cells to obtain a final
concentration of 15 mM, and a 100

 

3

 

 stock solution (freshly prepared in
100% DMSO) of the phosphodiesterase inhibitor, papaverine, also was
added to yield a final concentration of 0.15 mM. (It was important to use a
freshly opened vial of DMSO to prepare the 15 mM papaverine stock.)
During this incubation, cells were agitated by vigorous aeration under illu-
mination at room temperature for 30–40 min; activation of mt

 

1

 

 gametes
was confirmed both by the cell wall loss assay described above and by the
appearance of fertilization tubules on cells as determined by bodipy phal-
lacidin staining.

Activated mt

 

1

 

 gametes were washed several times with ice-cold fertili-
zation tubule stabilization buffer (FTSB, 40 mM KCl, 50 mM EGTA, 0.5
mM EDTA, 1 mM [4-(2-aminoethyl)benzenesulfonylfluoride, HCl], 1 

 

m

 

M
leupeptin [100

 

3

 

 stock made up in water], 1 

 

m

 

M pepstatin A [100

 

3

 

 stock
made up in 100% methyl alcohol], 20 

 

m

 

M chymostatin [100

 

3

 

 stock made
up in 100% DMSO], and 10 mM imidazole, pH 7.2), resuspended in 

 

z

 

80
ml of FTSB, and homogenized on ice (model 5000 homogenizer, 32 mm
generator probe; Omni International, Gainesville, VA) until 80–90% of
the cells appeared to have been disrupted upon examination by phase
contrast microscopy. All subsequent steps were carried out at 4

 

8

 

C or on
ice. To remove unbroken cells, cell fragments, and larger cell organelles,
the homogenate was centrifuged at 2,600 

 

g

 

 for 4 min in 50-ml conical poly-
carbonate centrifuge tubes (Nalgene), followed by centrifugation of the
supernatant in 50-ml round-bottomed polycarbonate centrifuge tubes
(Dupont Sorvall) at 6,000 

 

g 

 

for 6 min (model SA-600 rotor, RC-5C centri-
fuge; Dupont Sorvall). Fertilization tubules and other particulate material
in the supernatant were harvested by centrifugation at 37,000 

 

g

 

 for 20 min
in 50-ml polycarbonate centrifuge tubes and resuspended in 

 

z

 

4.5 ml of
0.5

 

3

 

 FTSB containing 60% sucrose (wt/vol) to yield a suspension whose
density was equivalent to 

 

z

 

30% sucrose. Aliquots (0.6 ml) of this suspen-
sion were loaded onto sucrose gradients consisting of 1 ml steps of 40, 50,
and 60% sucrose in 6-ml polycarbonate centrifuge tubes (Dupont Sorvall),

and the samples were overlaid with 1-ml steps of 20 and 15% sucrose.
(The sucrose solutions were prepared by dilution of a 60% sucrose solu-
tion with FTSB.) The gradients were centrifuged at 14,000 

 

g

 

 (model HB-4
rotor, RC-5C centrifuge; Dupont Sorvall) for 25 min. Fractions (0.5 ml)
were collected from the top of each gradient, pooled with equivalent frac-
tions from the other gradients, and examined for the presence of fertiliza-
tion tubules by staining with bodipy phallacidin. Fertilization tubule–
enriched fractions were diluted with FTSB, transferred to 3-ml polycar-
bonate centrifuge tubes (Beckman Instruments, Inc., Houston, TX) and
centrifuged at 68,000 

 

g

 

 for 30 min (model TLA100.3 rotor, Optima TLX
Ultracentrifuge; Beckman Instruments). Sedimented fertilization tubules
were resuspended in 1.2 ml of 150 mM NaCl, 8% sucrose, FTSB, sheared
by seven passages through a 25-gauge needle, and mixed with 100% Per-
coll and 60% sucrose that was further diluted with FTSB to generate a
30% Percoll, 8% sucrose solution. This solution was mixed by inversion,
and a Percoll gradient was formed in situ by centrifugation in 6-ml poly-
carbonate tubes (Dupont Sorvall) at 37,000 

 

g

 

 for 22 min. Fractions were
collected from above, pooled, and assayed for the presence of fertilization
tubules by staining with bodipy phallacidin. Fertilization tubule–contain-
ing fractions were diluted with FTSB and harvested by centrifugation in
3-ml polycarbonate centrifuge tubes (Beckman Instruments) for 1 h at
100,000 

 

g

 

 (model TLA100.3 rotor, Optima TLX Ultracentrifuge; Beck-
man Instruments). The fertilization tubules, which formed a fluffy, white
sediment on top of the clear Percoll pellet, were resuspended in a small
volume of FTSB, flash-frozen, and stored in liquid nitrogen until used. In
some cases, small amounts of remaining Percoll were removed by centrif-
ugation in 1-ml polycarbonate tubes (Dupont Sorvall) at 128,000 

 

g

 

.
For isolation of fertilization tubules from protease-treated mt

 

1

 

 ga-
metes, cells activated as described above were diluted 10-fold with ice-
cold N-free medium, and the suspension was divided into two equal por-
tions and placed on ice. A freshly prepared stock solution of trypsin (36
mg/ml in 0.1 N HCl) was added to one portion to a final concentration of 1
mg/ml. After 16 min on ice, at which time cells had lost their ability to un-
dergo flagellar agglutination with tester mt

 

2

 

 gametes, a freshly prepared
stock of soybean trypsin inhibitor (200 mg/ml in N-free medium) was
added to a final concentration of 2 mg/ml, and fertilization tubules were
isolated from both the trypsin-treated cells and the control cells after sur-
face labeling with biotin as described below. Fertilization tubules isolated
from the trypsin-treated and control mt

 

1

 

 gametes were indistinguishable
in bodipy phallacidin-stained samples.

 

Surface Biotinylation

 

Surface proteins were biotin-labeled following the method of Reinhart
and Bloodgood (1988). mt

 

1

 

 gametes were activated with dibutyryl cAMP
and papaverine as described above, washed two to four times in FTSB
(free of protease inhibitors) by centrifugation at 2,600 

 

g

 

 for 4 min at 4

 

8

 

C,
and resuspended in 

 

z

 

40 ml of buffer to which Sulfo-NHS-Biotin (Pierce,
Rockford, IL) was added to a final concentration of 1 mg/ml. After incu-
bation on ice for 10–20 min, the reaction was terminated by the addition
of 3–4 vol of FTSB containing 1% glycine and centrifuged at 2,600 

 

g

 

 for 4
min at 4

 

8

 

C, followed by three additional washes by centrifugation with
FTSB containing 1% glycine. After the final wash, mt

 

1

 

 gametes were re-
suspended in glycine-free FTSB containing protease inhibitors, and fertili-
zation tubules were isolated as described above.

 

Determination of Protein Concentration

 

The protein concentration of samples was determined using the BCA Pro-
tein Assay kit (Pierce) according to the manufacturer’s instructions. BSA
supplied in the kit was used as a standard.

 

Quantification of Fertilization Tubule Enrichment

 

The number of fertilization tubules per milliliter in samples from various
steps of purification was determined by counting bodipy phallacidin–
stained fertilization tubules in a fluorescent microscope. Fertilization tu-
bules within the area defined by the photographic field in the microscope
were counted. 20 random fields per sample and two to three different dilu-
tions per sample were counted in duplicate. The average number of fertil-
ization tubules per field was used to calculate the total number of fertiliza-
tion tubules in the original sample based on the dilution and the calculated
number of photographic fields per well.
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Determination of Chlorophyll Content

 

Chlorophyll content was determined by a modification of the Wintermans
and De Mots (1965) method described in Harris (1989). To do this, sam-
ples that had been flash-frozen in liquid nitrogen were quickly thawed and
20–50-

 

m

 

l portions were transferred to microfuge tubes containing 1.45 ml
of 95% ethyl alcohol, vortexed briefly, and allowed to incubate at room
temperature for 30–60 min. After vortexing again and centrifugation at
14,000 rpm for 2 min, the green, chlorophyll-containing supernatants were
removed and the OD

 

665

 

 and OD

 

649

 

 were determined in a spectrophotome-
ter (model DU-68; Beckman Instruments).

 

Electron Microscopy

 

For visualization of fertilization tubules on intact mt

 

1 gametes, the cells
were activated by mixing with an equal number of mt2 gametes in N-free
medium for z1 min and fixed on ice by addition of 50% EM-grade glu-
taraldehyde to a final concentration of 1%. After 10 min, the cells were
concentrated by centrifugation (14,000 rpm in a Hermle microfuge for 3 s)
to 2 3 108 cells/ml, and 10 ml of the sample was placed onto Formvar- and
carbon-coated grids that had been treated by glow-discharge in a Med 010
Mini deposition system (Balzers Union Ltd., Balzers, Liechtenstein).
Grids were rinsed with distilled water and stained with two drops of 1%
aqueous uranyl acetate. Excess stain was removed by blotting from the
side with Whatman No. 1 filter paper; grids were allowed to air-dry and
examined on an electron microscope (model 1200EX; JEOL Ltd., Tokyo,
Japan).

Isolated fertilization tubules were analyzed by negative stain electron
microscopy using a modification of the method of Berryman et al. (1995).
Fertilization tubules were collected by centrifugation in 1-ml polycarbon-
ate centrifuge tubes at 128,000 g for 30 min. The sedimented fertilization
tubules were resuspended in 5 mM MgCl2, 50 mM KCl in 0.1 M sodium
phosphate buffer, pH 7.2, and mixed with an equal volume of 4% EM-
grade glutaraldehyde, 4% EM-grade paraformaldehyde, 2% tannic acid,
20 mM phalloidin, 0.5 mg/ml saponin, 5 mM MgCl2, 50 mM KCl, in 0.1 M
sodium phosphate buffer, pH 7.2. After 1–5 min, 2 ml of the fixed sample
was placed onto Formvar- and carbon-coated grids that had been treated
by glow-discharge. Grids were rinsed with three drops of distilled water,
two drops of 1% n-amyl alcohol containing 0.02% cytochrome c, followed
by three drops of 1% aqueous uranyl acetate (Snell, 1983). Excess stain
was removed by blotting from the side with Whatman No. 1 filter paper,
and grids were allowed to air-dry and were examined on an electron mi-
croscope (model 1200EX; JEOL Ltd.).

SDS-PAGE
Samples (diluted to z0.5 mg/ml) were boiled for 4 min in SDS-PAGE
sample buffer (10% glycerol, 10% SDS, 0.1% bromphenol blue, 0.1 M
DTT, and 0.0625 M Tris, pH 6.8) and subjected to electrophoresis on
Laemmli (1970) mini-slab gels made as linear 4–20% polyacrylamide gra-
dient gels at 30 mA (Jarvik and Rosenbaum, 1980). Typically, each well
was loaded with 20–30 ml of sample containing 12 mg of protein. After
electrophoresis, the gels either were fixed and stained for protein by Coo-
massie blue (De St. Groth et al., 1963; Meyer and Lamberts, 1965) or sil-
ver (Merril et al., 1980) or prepared for transfer for antibody or streptavi-
din blot analysis.

Antibody and Streptavidin Blotting
For blots to be probed with streptavidin or with antiactin antibody, pro-
teins were transferred to Immobilon-P membranes (Millipore, Bedford,
MA) in buffer containing 192 mM glycine, 20% methyl alcohol, 25 mM
Tris, pH 8.3, at 100 V for 1 h at room temperature or 20 V overnight at 48C
(Towbin et al., 1979). All subsequent steps were carried out at room tem-
perature on an orbital shaker (Bellco Biotechnology, Vineland, NJ). For
streptavidin blots, membranes were fixed by incubation in TBS (137 mM
NaCl, 20 mM Tris, pH 7.6) containing 0.2% glutaraldehyde (Hulen et al.,
1991) for 45 min and then washed twice for 10 min each with TBS. Mem-
branes were blocked in TBS containing 5% Carnation Dry Milk and 0.5%
Triton X-100 for 1 h. Blocked membranes were rinsed and incubated for
15 min with wash buffer (0.2% Carnation Dry Milk, 0.2% Triton X-100 in
TBS). For detection of biotinylated proteins, membranes were incubated
in peroxidase-streptavidin (Jackson ImmunoResearch Laboratories, Inc.,
West Grove, PA) diluted 1:7,500 in antibody dilution buffer (1% Carna-

tion Dry Milk, 0.2% Triton X-100 in TBS) for 1 h, rinsed twice in wash
buffer, and then washed once for 15 min followed by four changes of wash
buffer every 5 min. Membranes were developed with enhanced chemilu-
minescence as described by the manufacturer (Amersham Life Science,
Arlington Heights, IL), exposed to Hyperfilm (Amersham Life Science),
and the film was developed in an x-ray developer (model Konica QX-
60A; Konishiroku Photo Ind. Co., Ltd., Japan).

For antiactin blots, membranes were blocked and washed as described
above. Membranes were incubated with an anti-Volvox actin polyclonal
antibody (Ehler et al., 1995) at a 1:1,000 dilution for 2 h or overnight at
48C, rinsed twice in wash buffer, and then incubated once in wash buffer
for 15 min followed by two changes of wash buffer every 5 min. Mem-
branes were incubated with a 1:30,000 dilution of peroxidase-labeled goat
anti–rabbit antibody (Organon Teknika Corp., West Chester, PA) in anti-
body dilution buffer for 1 h, washed, and developed as described above.

For anticentrin blots, proteins were transferred to Immobilon-P mem-
branes in 25 mM potassium phosphate buffer, pH 7.0, at 20 V overnight at
48C (Hulen et al., 1991). All subsequent steps were carried out at room
temperature on an orbital shaker (Bellco Biotechnology). After transfer,
membranes were fixed for 45 min in 0.2% glutaraldehyde, 25 mM potas-
sium phosphate buffer, pH 7.0, washed twice for 10 min in TBS, and incu-
bated with primary and secondary antibodies as described above. The an-
ticentrin monoclonal antibody, 17E10 (Salisbury and Sanders, 1988), was
used at a 1:500 dilution and peroxidase-labeled goat anti–mouse antibody
(Organon Teknika Corp.) was used at a 1:30,000 dilution. Washing and
detection of signal were as described above.

Binding of Fertilization Tubules to mt2 Gametes
Isolated fertilization tubules were incubated with activated mt2 gametes,
and fertilization tubules that remained bound after washing were detected
by staining with bodipy phallacidin followed by examination in a fluores-
cence microscope. To do this, mt2 gametes were activated either with
dibutyryl cAMP and papaverine as described above or by incubation with
isolated mt1 gametic flagella at a ratio of 10 flagella/cell; activation was
assessed by loss of cell walls (Witman et al., 1972; Weiss et al., 1977; Kaska
and Gibor, 1982; Snell, 1982). Bodipy phallacidin staining could not be
used as an assay for activation of mt2 gametes because the mt2 mating
structure does not contain filamentous actin (Goodenough et al., 1982;
Detmers et al., 1985). To assay binding, 1–5 ml of freshly isolated fertiliza-
tion tubules or fertilization tubules that had been flash-frozen were incu-
bated with activated mt2 cells (2 3 107 cells/ml, 100 ml final volume, z10
fertilization tubules/cell) in N-free medium supplemented with 2.5 mM
CaCl2. After 12–15 min of agitation at room temperature on an orbital
shaker (Bellco Biotechnology), the samples were diluted with 1.4 ml of
N-free medium supplemented with 2.5 mM CaCl2, and cells were sepa-
rated from unbound fertilization tubules by centrifugation at 14,000 rpm
for 9 s. After removal of the supernatant, the sedimented cells were resus-
pended in 50–100 ml of 3.7% formaldehyde (Fisher Scientific) freshly di-
luted in 2 mM MgSO4, 0.7 mM CaCl2, 20 mM KCl, and 40 mM sodium
phosphate buffer, pH 6.4 (Detmers et al., 1985), and bound fertilization
tubules were detected by staining with bodipy phallacidin as described
above. In some experiments, activated mt2 gametes were fixed before in-
cubation with isolated fertilization tubules. To do this, activated cells were
mixed with an equal volume of freshly prepared 4% paraformaldehyde,
10 mM Hepes, pH 7.2. After 10 min on ice, the fixed cells were washed
several times in 1% glycine in N-free medium by centrifugation at room
temperature, resuspended in N-free medium, and incubated with isolated
fertilization tubules followed by washing with N-free medium as described
above. The sedimented samples were resuspended in N-free medium,
mixed with an equal volume of 4% paraformaldehyde, 10 mM Hepes, pH
7.2, and bound fertilization tubules were detected as described above. In
control experiments with mt2 vegetative cells, cell walls were removed by
incubation with g-lysin (Buchanan et al., 1989) before the binding assay.
To quantify binding, the number of cells that had bound a fertilization tu-
bule was determined by examining bodipy phallacidin-stained samples in
the fluorescence microscope. For each cell population tested in the bind-
ing assay with fixed cells, 100–200 cells/well and 2–4 wells/sample were
scored for binding of fertilization tubules. Data in Table II are averages
from two experiments and are presented 6 SEM. In the assays with live
cells, a more qualitative assessment was made, and binding was scored as
no binding (,5% of the cells had bound fertilization tubules), low binding
(z10–20% of the cells had bound fertilization tubules), or extensive bind-
ing (30–60% of cells had bound fertilization tubules). Data from several
independent isolations of fertilization tubules are included.
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Results

Isolation of Fertilization Tubules

Negative stain electron microscopy shows a fertilization
tubule emerging from the apical end of an activated mt1
gamete between the two flagella (Fig. 1 A). Fig. 1, B and
C, shows higher magnification views of fertilization tu-
bules on activated mt1 gametes and reveals the character-
istic actin filaments within these microvillus-like struc-
tures. Fig. 2 shows a fluorescence micrograph of activated
mt1 gametes stained with bodipy phallacidin. To learn
about the biochemical and cell biological properties of fer-
tilization tubules, it was necessary to develop a method for
obtaining fractions highly enriched in these fusion or-
ganelles, which represent only z1/500 of the cell volume.
For detection of fertilization tubules, which are not visible
by phase contrast microscopy (Cavalier-Smith, 1975; Pas-
quale and Goodenough, 1987), we took advantage of the
fact that the fertilization tubule is the only cellular constit-
uent in activated mt1 gametes that contains filamentous
actin (Detmers et al., 1985). To assay rapidly for the pres-
ence of fertilization tubules on cells and in cell fractions,
samples were adsorbed onto the wells of eight-well glass
microscope slides, stained with bodipy phallacidin, a fluo-
rescein-containing phallotoxin that binds to filamentous
actin (Nothnagel et al., 1981; Detmers et al., 1985), and ex-
amined in a fluorescence microscope. We also refined pre-
viously published methods for activation of mt1 gametes
(Pasquale and Goodenough, 1987) so that we were able to
consistently induce formation of long fertilization tubules
in large numbers of highly concentrated cells. Finally, the
buffer used for the purification of fertilization tubules was
a modification of previously described buffers used for the
isolation of microvilli (Bretscher and Weber, 1978; Bretscher,
1986) and other actin-containing structures (Rosenberg et
al., 1981). A critical modification was the use of increased
EGTA to chelate Ca21; this divalent cation is known to
destabilize actin filaments (Glenney et al., 1980; Walsh et
al., 1984; Neely and Gesemann, 1994) and is reported to be
present in high levels in Chlamydomonas gametes (Good-
enough et al., 1993).

The method for isolating fertilization tubules is summa-
rized in Fig. 3. mt1 gametes were induced to undergo sex-
ual signaling by incubation with 15 mM dibutyryl cAMP
and 0.15 mM papaverine for 30 min. Activated mt1 ga-
metes were separated by centrifugation from cell walls
that had been released during signaling and resuspended
in FTSB. Examination by phase contrast microscopy indi-
cated that, in the majority of cells, homogenization de-
tached the apical region of the cell from the rest of the cell
body. Cell bodies, flagella, and other large cellular compo-
nents were separated from the fertilization tubules and
smaller particulate material by differential centrifugation.
As evidenced by the dark green color, partially disrupted
chloroplasts remained a major contaminant of the crude
preparation of fertilization tubules harvested after differ-
ential centrifugation.

The next step in the isolation, the sucrose gradient, gen-
erated a colorful set of fractions, including more rapidly
sedimenting dark green fractions (Fig. 4 A, fractions 7–10)
that contained fragments of chloroplasts and small num-

bers of flagella as indicated by microscopic inspection, and
more slowly sedimenting orange and light-green fractions
(Fig. 4 A, fractions 4 and 5) that contained the majority of
the fertilization tubules. Sucrose gradient fractions en-
riched in fertilization tubules were collected by centrifuga-
tion and further fractionated on Percoll gradients. The
Percoll step separated the orange and the remaining green
material from the denser, milky-white fraction that con-
tained the majority of the fertilization tubules (Fig. 4 B).
Fractions enriched in fertilization tubules were collected
by centrifugation and stained with bodipy phallacidin. Fig.
5 A illustrates the large number of fertilization tubules ob-
served upon examination of these samples in the fluores-
cence microscope. No fluorescence was visible when the
same field was examined in the rhodamine channel, indicat-
ing that contamination of the purified fertilization tubules
with chloroplast components (which autofluoresce red) was
below the level of detection in the fluorescence microscope
(Fig. 5 B).

Table I shows the fold-enrichment of fertilization tu-
bules from key steps of the isolation; homogenized cells,
pooled fractions from the sucrose gradient, and purified
fertilization tubules from the Percoll gradient were stained
with bodipy phallacidin, and the numbers of fertilization
tubules were determined. Routinely, 2–3 3 106 fertiliza-
tion tubules/mg protein were obtained in the final fraction
of purified fertilization tubules with a z0.1% recovery of
protein and 15–60% recovery of fertilization tubules. With
this procedure, it was possible to obtain up to z360-fold
enrichment of fertilization tubules, indicating a substantial
purification of this important organelle.

Morphology of Isolated Fertilization Tubules

Examination of purified fertilization tubules by negative
stain electron microscopy indicated that the isolation pro-
cedure preserved their key ultrastructural features. The
organelles ranged from 1 to 3 mm in length with diameters
of z0.05–0.08 mm (Fig. 6). Although a significant number
of fertilization tubules retained a small portion of the basal
region of the mating structure and some of the surround-
ing plasma membrane, most appeared as simple tubes
(Figs. 6 and 7). Both actin filaments as well as the extracel-
lular coat of fringe, two of the defining ultrastructural
characteristics of fertilization tubules, are visible in many
of the fertilization tubules shown in Fig. 6 and are more
evident in the higher magnification views shown in Fig. 7,
A and B.

De-enrichment of Other Cellular Organelles

In addition to monitoring numbers of fertilization tubules
during the isolation procedure, the levels of other key cel-
lular constituents were assessed. Examination by phase
contrast microscopy of the final purified fraction of fertili-
zation tubules indicated that, as expected, it contained few
if any flagella and no cell walls, and it was composed al-
most exclusively of fine, particulate material (data not
shown).

Spectrophotometric analysis indicated that the amount
of chlorophyll in the starting material was consistent with
levels previously reported for Chlamydomonas (Harris,
1989) (Fig. 8 A, homogenized cells [HC]). As expected
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from their much lighter green appearance, the fertilization
tubule–enriched fractions from the sucrose gradient con-
tained significantly less chlorophyll (Fig. 8 A, sucrose pel-
let [SP]), and the milky-white preparation of purified fer-
tilization tubules contained little if any chlorophyll (Fig. 8

A, Percoll pellet [PP]). These results were consistent with
the absence of chlorophyll autofluorescence observed in
the rhodamine channel of the fluorescence microscope
(Fig. 5 B) and indicated that the purified fertilization tu-
bules were essentially free of chloroplasts.

Figure 1. Negative stain electron microscopy of fertilization tubules on activated mt1 gametes. mt1 gametes activated by mixing with
an equal number of mt2 gametes were negatively stained and examined by electron microscopy. (A) Low magnification view of an acti-
vated mt1 gamete with a fertilization tubule extending from the apical region of the cell between the two flagella. (B and C) Higher
magnification views of fertilization tubules on intact mt1 gametes. Bars: (A) 1 mm; (B and C) 0.05 mm.
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We also assessed the levels of centrin, a component of
the apically localized, nucleus–basal body connector that
ultrastructural studies have shown to be associated with
basal portions of the mt1 mating structure (Goodenough
and Weiss, 1978; Salisbury and Sanders, 1988). Immuno-
blot analysis demonstrated that although centrin was de-
tectable in homogenized cells (Fig. 8 B, lane HC), the fer-
tilization tubule–enriched fraction from the sucrose
gradient (Fig. 8 B, lane SP) contained much less centrin,
and centrin was not detectable in purified fertilization tu-
bules (Fig. 8 B, lane PP).

Identification of Proteins that Enriched during Isolation 
of Fertilization Tubules

SDS-PAGE and silver stain analysis demonstrated that a
number of proteins (indicated by asterisks in Fig. 9 A) in
the starting material were de-enriched as fertilization tu-
bules were purified (Fig. 9 A, compare homogenized cells,
lane HC, to Percoll pellet, lane PP). On the other hand, al-
though some proteins neither enriched nor de-enriched,
examination of profiles from several isolations indicated
that a number of proteins consistently enriched during pu-
rification of fertilization tubules including proteins with
molecular masses of z500, 350, 200, 134, 56, 55, 51, 45, 37,
34, 30, and 27 kD. The more prominent of these, including
proteins with molecular masses of 350, 200, 56, 55, 51, 45,
and 30 kD, are indicated by arrows in Fig. 9 A.

Among these more prominent fertilization tubule (ft)
proteins, an z45-kD protein (ft45; Fig. 9 A, lane PP) was
identified as actin based on its comigration on SDS-PAGE
with purified rabbit actin and its reactivity with the mono-
clonal antibody N350 (Amersham Life Science) (Detmers
et al., 1985; Harper et al., 1992), a broad-specificity antiac-
tin antibody (data not shown). In addition, ft45 reacted
with a polyclonal antiactin antibody (raised against a
COOH-terminal, eight–amino acid peptide from Volvox

actin) that has been shown to cross-react with Chlamydo-
monas actin (Cresnar et al., 1990; Ehler et al., 1995). Fig.
10, showing the relative amounts of the ft45 antigen in ho-
mogenized cells (lane HC), sucrose pellet (lane SP), and
purified fertilization tubules (lane PP), documents the en-
richment of actin during purification of fertilization tu-
bules. An z51-kD protein (ft51; Fig. 9 A) was the most
prominent and as yet unidentified protein of purified fer-
tilization tubules; ft51 migrated slightly above tubulin as
shown in Fig. 9 B, which compares flagellar tubulin (lane
FLG) with fertilization tubule proteins (lane PP). In addi-
tion to ft45 and ft51, an z350-kD protein (ft350; shown in
Fig. 9 A, lane PP) was another prominent protein of puri-
fied fertilization tubules. Based on its comigration with an
z350-kD protein in flagella (not shown), it is likely that
ft350 is a previously described, ubiquitous cell surface pro-
tein found on the plasma membranes both of flagella (Wit-
man et al., 1972; Bergman et al., 1975; Bloodgood and May,
1982) and of cell bodies (Hunnicutt et al., 1990).

Surface Biotinylation of Fertilization Tubule Proteins

Surface-labeling studies also were consistent with the iden-
tification of ft350 as a previously identified cell surface pro-
tein. Fertilization tubules were isolated from activated
mt1 gametes that had been surface labeled with biotin,
and biotinylated proteins were detected by SDS-PAGE
and streptavidin blotting (see Materials and Methods). As
shown in Fig. 11 A, ft350 enriched with fertilization tu-
bules. With equal amounts of protein loaded in each lane,
ft350 was not detectable in the streptavidin blots of ho-
mogenized cells (Fig. 11 A, lane HC), appeared in the su-
crose pellet (lane SP), and was a prominently labeled protein
in isolated fertilization tubules (lane PP). A second sur-
face-biotinylated protein, ft500, also copurified with fertil-
ization tubules as shown in Fig. 11 A. ft500, which stained
poorly with silver, was most evident after Coomassie blue
staining; Fig. 11 B shows Coomassie blue staining of the

Figure 2. Bodipy phallacidin staining of activated mt1 gametes.
mt1 gametes were activated with dibutyryl cAMP and papaver-
ine, and fertilization tubules were visualized by fluorescent mi-
croscopy after staining with bodipy phallacidin. Bar, 5 mm.

Figure 3. Diagrammatic representation of the method for isola-
tion of fertilization tubules.



The Journal of Cell Biology, Volume 137, 1997 1544

Figure 4. Enrichment of fertilization tubules by fractionation on sucrose and Percoll gradients. (A) Crude preparations of fertilization
tubules from differential centrifugation were fractionated on 15–60% sucrose gradients as described in Materials and Methods. After
centrifugation, 0.5-ml fractions were collected from above, and the numbers of fertilization tubules/mg protein in each fraction were de-
termined (gray line, protein; black line, fertilization tubules). (B) Fractions 4 and 5 from the sucrose gradients in A were pooled, col-
lected by centrifugation, and further fractionated on 30% Percoll gradients as described in Materials and Methods. Fractions of the indi-
cated volumes were collected from above, and the numbers of fertilization tubules/mg protein in each fraction were determined (gray
bars, protein; black bars, fertilization tubules).

Figure 5. Bodipy phallacidin staining of purified fertilization tubules. Isolated fertilization tubules were harvested from the Percoll gra-
dient fraction enriched in fertilization tubules, fixed, and diluted 1:80 with FTSB before staining with bodipy phallacidin. Large numbers
of fertilization tubules were visible in the fluorescein channel (A), while no obvious chloroplast contamination was observed in the
rhodamine channel (B). Bar, 5 mm.
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biotinylated samples shown in Fig. 11 A and also docu-
ments the enrichment of ft500 in purified fertilization tubules.
These results suggest that ft350 and ft500 are surface pro-
teins that contain a domain accessible to labeling with biotin.

Several controls for the biotinylation experiment are
presented in Fig. 11 C; the biotinylation pattern of the ho-
mogenized cell fraction of cells biotinylated after homoge-
nization was significantly different from the pattern ob-
tained when cells were biotinylated before homogenization
(compare lane HC, H → B in Fig. 11 C with lane HC in
Fig. 11 A), indicating that the cells remained intact during
biotinylation. In addition, although streptavidin bound two
proteins in the homogenized cell fraction from nonbiotiny-
lated cells (Fig. 11 C, lane HC, 2B), no binding of strepta-
vidin was observed in purified fertilization tubules from
the nonbiotinylated cells (compare lane PP, 2B in Fig. 11
C with lane PP of Fig. 11 A), indicating the specificity of
streptavidin binding.

Isolated Fertilization Tubules Contain Functional 
Adhesion Molecules

Having developed methods for isolating fertilization tu-
bules that were morphologically intact, we wanted to de-
termine if the isolated organelles retained functional adhe-
sion molecules. To do this, fertilization tubules were
incubated with activated and unactivated mt2 gametes,
and binding was assessed as described in Materials and
Methods. As shown in Table II, nearly 30% of fixed, acti-
vated mt2 gametes bound a fertilization tubule, whereas
4% of fixed, unactivated mt2 gametes bound fertilization
tubules. In similar experiments, 30–50% of live, activated
mt2 gametes bound a fertilization tubule (Table II). Fig.
12 shows images of control mt2 cells and activated mt2
gametes incubated with fertilization tubules. Fig. 12 A,
showing fixed, activated mt2 gametes incubated with
FTSB alone, documents the absence of filamentous actin
in mt2 gametes. Fluorescent images of fixed, activated
mt2 gametes that had bound fertilization tubules (Fig. 12,
C and D) show that cells bound just a single fertilization
tubule. Moreover, examination of the cells with bound fer-
tilization tubules in both the fluorescein and rhodamine
channels (the latter was used to locate chloroplasts) indi-
cated that the fertilization tubules bound to the apical
ends of the cells.

Cell morphology was better preserved in experiments in
which live, activated mt2 gametes were incubated with

fertilization tubules. As shown in fluorescence (Fig. 12 E)
and phase contrast images (Fig. 12 F) of the same cells,
fertilization tubules (Fig. 12 E, arrows) bound at the apical
ends of the cells, between the two flagella (Fig. 12 F, ar-
rowheads), the site of the mt2 mating structure. Fertiliza-
tion tubules were not observed to bind to flagella on mt2
gametes (Fig. 12, E and F) or to mt2 vegetative cells (Fig.
12 B). Moreover, in mt2 gametes to which a long fertiliza-
tion tubule was bound, the fertilization tubule appeared to
have bound by one end only, with the other end extending
away from the mt2 cell body (Fig. 12 D). This observation,
which was consistent with ultrastructural studies (Good-
enough et al., 1982; Forest, 1983) showing interactions in
vivo between the tip of the fertilization tubule and the
apex of the mt2 mating structure, suggested that adhesion
molecules were restricted to the tips of the fertilization tu-
bules. The binding of fertilization tubules to mt2 gametes
shown here demonstrated that isolated fertilization tu-
bules retained functional adhesion molecules.

Characterization of Adhesive Interactions
Between Isolated Fertilization Tubules and mt2
Mating Structures

Development of this in vitro adhesion assay allowed us to
bypass the requirement for flagellar adhesion and begin to
examine directly the adhesive properties of isolated fertili-
zation tubules and their interaction with mating structures
on mt2 gametes. Thus, it became possible to determine if
the fertilization tubule molecules responsible for adhesion
to mt2 mating structures were protease sensitive. To do
this, fertilization tubules isolated from mt1 gametes that
had been treated with trypsin after activation were as-
sayed for their ability to bind to live, activated mt2 ga-
metes. As shown in Table II, protease-treated fertilization
tubules were inactive in the binding assay. While 30–50%
of mt2 gametes bound fertilization tubules isolated from
non–trypsin-treated mt1 gametes, only 5% of mt2 gametes
bound the protease-treated fertilization tubules, further
documenting the specificity of binding and indicating that
fertilization tubule adhesion is protease sensitive.

We also used the binding assay to study adhesion mole-
cules on mating structures of mt2 gametes. Although the
data in Table II indicate that fertilization tubules did not
bind to unactivated cells, the cells used in those experi-
ments were enclosed by their cell walls. To determine
whether mating structures on unactivated mt2 gametes
displayed functional adhesion molecules, cell walls were
removed from otherwise untreated mt2 gametes by incu-
bation with g-lysin, a cell wall–degrading enzyme (Buchanan
et al., 1989). Results varied from experiments in which
15% of the cells in samples of de-walled, unactivated mt2
gametes bound fertilization tubules to experiments in which
there was no binding of fertilization tubules; in those same
experiments, 25–50% of the activated mt2 gametes bound
fertilization tubules (data not shown). These results sug-
gested that in the experiments where there was some bind-
ing by cells in the unactivated cell samples, either a small
percentage of unactivated gametes expressed functional
adhesion molecules, or more likely, a small percentage of
untreated mt2 gametes had undergone spontaneous acti-
vation.

Table I. Enrichment of Fertilization Tubules

Step

Number
tubules/mg

(3 106)

Percentage
of protein
recovery

Percentage
of tubule
recovery

Fold
enrichment

Homogenized cells .014 100 100 1
Sucrose gradient* .29 1 20 21
Percoll gradient* 2.35 0.1 15 168

(2.2–3.1)‡ (76–360)‡

*Fractions from the gradient enriched in fertilization tubules that were pooled and col-
lected by centrifugation.
‡Ranges of the number of fertilization tubules/mg protein and fold enrichment over
starting material are shown in parentheses.
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Figure 6. Negative stain electron microscopic analysis at low magnification of isolated fertilization tubules. Isolated fertilization tubules
were harvested from the Percoll gradient fraction enriched in fertilization tubules, fixed, stained as described in Materials and Methods,
and examined by electron microscopy. Actin filaments and fringe are visible in these images of isolated fertilization tubules. Bars, 0.05 mm.
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Discussion

Actin, Ca21, and the Isolation of Fertilization Tubules

This report describes a method for isolation of fertilization
tubules from activated mt1 gametes as well as the first cell
biological and biochemical analysis of a plasma membrane
fraction specialized for cell fusion. One of the key discov-
eries in the development of the isolation method was that
preservation of fertilization tubules during isolation re-
quired a buffer with a high concentration of the Ca21 che-

lator, EGTA. This requirement for chelation of Ca21 during
isolation of actin-containing structures has been observed
in a number of systems (Bretscher and Weber, 1978;
Rosenberg et al., 1981; Bretscher, 1986) and presumably
derives from the actin filament destabilizing activity of
several cytoplasmic Ca21-binding proteins, including pro-
teases (Phillips and Jakabova, 1977; Rosenberg et al.,
1981), actin-severing proteins, and actin-nucleating pro-
teins (Vandekerckhove, 1990; Hartwig and Kwiatkowski,
1991). The higher level of EGTA required for isolation of
fertilization tubules compared to that required for isola-

Figure 7. Negative stain electron microscopic analysis at high magnification of isolated fertilization tubules. (A) High magnification
view of an isolated fertilization tubule showing the extracellular fringe on the distal portion of the fertilization tubule. (B) Enlargement
of an isolated fertilization tubule from the panel in Fig. 6, showing the large number of actin filaments in this structure. Bars, 0.05 mm.



The Journal of Cell Biology, Volume 137, 1997 1548

tion of actin-containing structures in other systems is likely
due to the high concentrations of Ca21 in Chlamydomonas
gametes. It has been shown that 2 3 107 gametes/ml re-
lease enough Ca21 in 30 min to increase the concentration
of Ca21 in their medium by 20–40 mM (Goodenough et al.,
1993), and the starting cell concentration for isolation of
fertilization tubules was z150-fold higher than in the ex-
periments by Goodenough et al. (1993).

Using the methods described here a highly enriched
fraction of isolated fertilization tubules was obtained.

Routinely, this method yielded 15–60% recovery, up to a
360-fold enrichment of fertilization tubules, and 2–3 3 106

fertilization tubules/mg protein (Table I). As expected for
a microvillus-like structure, actin was a major constituent
of the purified fertilization tubules (ft45 in Figs. 9 A and
10, lane PP). In addition, a number of other proteins copu-
rified with fertilization tubules. Although many of these
remain unidentified, two are surface proteins (see below).
In contrast to the enrichment of actin and several other
proteins, purification of fertilization tubules was accompa-
nied by de-enrichment of two key cytoplasmic compo-
nents, chlorophyll and centrin. The absence of chlorophyll,
a marker for the chloroplast (which occupies z40% of the
cell volume) (Schotz et al., 1972; Harris, 1989), in purified
fertilization tubules (Fig. 8 A) was consistent with the ab-
sence of rhodamine autofluorescence upon examination of
the isolated fertilization tubules in a fluorescence micro-
scope (Fig. 5 B). The levels of centrin, a component of the
nucleus–basal body connector, also were followed during
purification of fertilization tubules. The nucleus–basal
body connector comprises a series of contractile fibers that
extend from the apically localized basal bodies to form a
basket around the nucleus. Although ultrastructural stud-
ies have shown that this structure interacts with the basal-

Figure 8. De-enrichment of chlorophyll and centrin. (A) The
amounts of chlorophyll present at various steps in the isolation of
fertilization tubules (homogenized cells [HC], sucrose pellets
[SP], and Percoll pellets [PP]) were determined as described in
Materials and Methods (gray bars, chlorophyll; black bars, fertili-
zation tubules). (B) Immunoblot analysis with anticentrin mono-
clonal antibody, 17E10, of various steps in the isolation of fertili-
zation tubules. Samples (12 mg) of homogenized cells (lane HC),
sucrose pellets (lane SP), and Percoll pellets (lane PP) were sepa-
rated by SDS-PAGE and analyzed by immunoblotting as de-
scribed. The location of centrin is indicated by the arrowhead on
the left. The migration of prestained molecular weight markers is
shown on the right.

Figure 9. SDS-PAGE analysis of fertilization tubule proteins.
(A) Samples (12 mg) of homogenized cells (lane HC), sucrose
pellets (lane SP), and Percoll pellets (lane PP) were separated by
SDS-PAGE and stained with silver. Asterisks indicate proteins
that de-enriched, and arrows indicate proteins that enriched dur-
ing isolation of fertilization tubules. The migration of unstained
molecular weight markers is indicated on the left. (B) Migration
of ft51 above flagellar tubulin on SDS-PAGE. Samples of puri-
fied fertilization tubules (12 mg, lane PP) and isolated mt1 ga-
metic flagella (z3 mg, lane FLG) were analyzed by SDS-PAGE
and silver staining as described.
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most aspect of the mating structure through a connective
lattice (Goodenough and Weiss, 1978), immunoblot analy-
sis revealed that the isolation method described here dis-
rupted this interaction, as illustrated by the absence of
centrin in purified fertilization tubules (Fig. 8 B).

Negative Stain Electron Microscopic Analysis of 
Isolated Fertilization Tubules

Examination of the isolated fertilization tubules by nega-
tive stain electron microscopy revealed a morphology sim-
ilar to that seen by electron microscopy of fertilization tu-
bules on activated mt1 gametes (compare Fig. 1, B and C,
with Figs. 6 and 7). As is apparent in the panel of isolated
fertilization tubules (Fig. 6), some of the fertilization tu-
bules appeared as simple tubes, while others maintained
their association with the basal aspect of the mating struc-
ture, including the cell body plasma membrane in this re-
gion. Many of the fertilization tubules retained their extra-
cellular coat of fringe, indicating that the integrity of the

membrane was preserved during isolation (Figs. 6 and 7
A). In addition, closely packed actin filaments were
readily observed (Figs. 6 and 7 B), consistent with the
presence of filamentous actin visible by staining with bo-
dipy phallacidin (Fig. 5 A). The preservation of ultrastruc-
tural features suggests that future biochemical, genetic,
and molecular genetic investigations with purified fertili-
zation tubules should provide new information on the as-
sembly and disassembly of these microvillus-like struc-
tures.

Surface Proteins of Fertilization Tubules

Biotinylation studies identified ft350 and ft500 as two ma-
jor surface proteins that copurified with fertilization tu-
bules. Other minor surface proteins were detected using
this method, but ft350 and ft500 were consistently the most
prominently labeled proteins. Although it is likely that
ft350 and ft500 are not the only surface proteins of the fer-
tilization tubules, they may be much more abundant than
other surface proteins, or the two proteins may be more
accessible to biotinylation on live cells. This relatively sim-
ple profile of surface proteins on fertilization tubules is

Figure 10. Enrichment of actin
during purification of fertiliza-
tion tubules. Samples (12 mg) of
homogenized cells (lane HC),
sucrose pellets (lane SP), and
Percoll pellets (lane PP) were
separated by SDS-PAGE and
analyzed by immunoblotting
with an anti-Volvox actin poly-
clonal antibody as described.
The location of actin is indicated
by the arrowhead on the left.
Prestained molecular weight
markers are shown on the right.

Figure 11. Identification of
surface proteins by vectorial
labeling with biotin. (A) Acti-
vated mt1 gametes were la-
beled with Sulfo-NHS-Biotin,
fertilization tubules were iso-
lated, and samples (12 mg) of
homogenized cells (lane HC),
sucrose pellets (lane SP), and
Percoll pellets (lane PP) were
separated by SDS-PAGE and
analyzed by streptavidin blot-
ting. Arrows indicate the loca-
tions of surface-biotinylated
proteins of 500 (ft500) and 350
kD (ft350). (B) Staining with
Coomassie blue of the same
samples as in A. Arrows indi-
cate the locations of ft500 and
ft350. (C) To identify proteins
biotinylated in disrupted cells,
activated mt1 gametes were
homogenized before biotinyla-
tion (lane H → B) and 1.5 mg

of protein was analyzed by SDS-PAGE and streptavidin blotting. In addition, potential streptavidin-binding proteins were identified by
analyzing both nonbiotinylated homogenized cells (12 mg, HC, 2B) and fertilization tubules purified from nonbiotinylated cells (12 mg,
PP, 2B).

Table II. Binding of Fertilization Tubules to mt2 Gametes

mt2 gametes Fertilization tubules

Percentage of cells with
bound fertilization 

tubules

Unactivated* Control 4 6 3
Activated* Control 27 6 8

Activated‡ Control 30–50
Activated‡ Trypsin-treated ,5

*mt2 gametes were fixed with 2% paraformaldehyde before use in the binding assay.
‡Live mt2 gametes were used in the binding assay.
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consistent with studies of membrane proteins of microvilli
isolated from other cell types. While membranes of mi-
crovilli isolated from some cells have been shown to contain
a complex protein profile detected by surface iodination
(Truman and Ford, 1986), protein profiles of membrane
fractions from brush border microvilli (Bretscher and
Weber, 1978) and rat adenocarcinoma cells are dominated

by a small number of proteins (Carraway et al., 1982).
The ft350 protein (Fig. 11 A, lane PP), a previously

identified, abundant cell surface molecule (Witman et al.,
1972; Bergman et al., 1975; Bloodgood and May, 1982;
Hunnicutt et al., 1990), may be distributed over the entire
surface of the fertilization tubule, or it could be restricted
to the basal region of this organelle, whose membrane is

Figure 12. Binding of fertilization tubules to activated mt2 gametes. (A) Fluorescence microscopy of bodipy phallacidin stained mt2 ga-
metes activated and fixed as described in Materials and Methods and incubated with FTSB alone. (B) De-walled, fixed, mt2 vegetative
cells incubated with isolated fertilization tubules. (C and D) Activated, fixed mt2 gametes incubated with isolated fertilization tubules.
(E) Fluorescence and (F) phase contrast micrographs of activated, live mt2 gametes incubated with isolated fertilization tubules. E and
F are images of the same cells. Arrows point to the fertilization tubules visible in the fluorescent image shown in E, and arrowheads in F
indicate the apically located flagella on the same cells. Bars (for pairs A and B, C and D, and E and F), 5 mm.



Wilson et al. Isolated Chlamydomonas Fertilization Tubules 1551

continuous with the cell body plasma membrane. The
ubiquitous distribution of ft350 suggests that it may play
more of a structural, rather than a unique functional role
in adhesion/fusion. Although the second surface protein,
ft500 (Fig. 11 A, lane PP), remains unidentified, several
roles for it can be proposed: (a) It could protect the sur-
face of this transient fusion organelle; (b) it may anchor
proteins to the underlying actin cytoskeleton; or (c) it
might establish membrane domains within the fertilization
tubule (e.g., at the tip). In addition, ft500 could be an ad-
hesion/fusion molecule or a component of fringe, the ex-
tracellular coat overlying both mt1 and mt2 mating struc-
tures, that has been proposed to function in an adhesive
capacity during mating (Goodenough et al., 1982). Re-
cently, Ferris et al. (1996) reported on the cloning and se-
quencing of fus1, a gene that was found to restore expres-
sion of fringe and fusion competence to impotent mt1
mutants. These workers proposed that mt1 fringe repre-
sents a single glycoprotein encoded by fus1 (Ferris et al.,
1996). Although these results are promising and have the
potential to offer new insights into molecules involved in
adhesion/fusion, the native fus1 protein has not been iden-
tified yet. Thus, the questions of whether the fus1 protein
indeed is a fertilization tubule protein and whether it is on
the cell surface remain to be elucidated. When more mo-
lecular information is gained about ft500 and when spe-
cific probes for ft500 and the fus1 protein become avail-
able, it should be possible to learn more about the location
of these molecules, their relationship to each other, and
their roles, if any, in gametic adhesion and fusion.

Adhesion Molecules on Mating Structures

The observation that isolated fertilization tubules bound
to activated mt2 gametes indicated that the molecules re-
quired for adhesion between activated mt1 and mt2 mat-
ing structures were retained during the isolation method
(Fig. 12, C–E). Binding of the fertilization tubules was spe-
cific to gametic cells, a single fertilization tubule bound per
cell, and fertilization tubules did not bind to flagella or
randomly on the cell surface. Instead, binding occurred
only at the apical ends of the mt2 gametes between the
two flagella, the site of the mt2 mating structure. Thus,
adhesion molecules on fertilization tubules indeed are dis-
tinct from flagellar agglutinins (Adair et al., 1982; Pas-
quale and Goodenough, 1987); moreover, mt2 adhesion
molecules are not distributed over the entire cell surface
but are exquisitely localized to a specific cell surface do-
main. These results are consistent with previous studies on
gametes of other species, showing that molecules involved
in the initial adhesive interactions between unactivated ga-
metes are distinct from the molecules involved in the final
adhesion/fusion of the fusogenic regions of the plasma
membranes of the two gametes (Snell and White, 1996).

The development of the in vitro binding assay was par-
ticularly exciting because it allowed us to bypass the re-
quirement for flagellar adhesion and permitted direct ex-
amination of the adhesive properties of isolated fertilization
tubules and their interaction with mating structures on
mt2 gametes. Studying the effects of proteases, for exam-
ple, on the adhesion/fusion properties of activated mating
structures has been difficult since the flagellar adhesion

and sexual signaling required for mating structure activa-
tion also are affected by incubation of whole cells with
proteases (Wiese and Hayward, 1972; Snell, 1976b; Forest,
1983). Experiments to address these issues are theoreti-
cally possible with flagella-less and agglutinin-defective
mutants, which can be induced to form mating structures
by addition of dibutyryl cAMP, but the rates of cell fusion
are low (Pasquale and Goodenough, 1987). Furthermore,
although microscopic studies of fusion-defective mutants
have suggested that adhesion and fusion of mating struc-
tures are distinct events (Goodenough et al., 1982; Forest,
1983, 1987; Ferris et al., 1996), the in vitro assay described
here makes it possible to study adhesion separately from
fusion in wild-type and mutant cells. Our studies showing
that fertilization tubules isolated from activated, protease-
treated mt1 gametes did not bind to mt2 gametes (Table
II) indicated that, as expected, protease-sensitive mole-
cules are critical in this first step in cell fusion. In future
studies, it will be interesting to determine if, in addition to
their ability to bind to mt2 gametes, the isolated fertiliza-
tion tubules retain the ability to fuse with mt2 gametes,
thereby making it possible to study eukaryotic cell–cell fu-
sion using methods similar to those used in studies of viral
fusion with their target cells (White, 1996).

We also used the assay to begin to study expression of
adhesion molecules on mt2 gametes. The observation that
very low numbers of cells in samples of unactivated mt2
gametes bound isolated fertilization tubules, even if their
cell walls had been removed, suggested that gametic acti-
vation is required for the expression of functional adhe-
sion molecules. Although it is possible that unactivated
mt2 gametes display a low number of functional adhesion
molecules on their mating structures, it is more likely that
the small numbers of cells that bound fertilization tubules
in the unactivated samples in some experiments were a
subset of the mt2 gametic population that had undergone
spontaneous activation. This interpretation is consistent
with previous studies on fusion of agglutinin-defective mu-
tants. Pasquale and Goodenough (1987) showed that ag-
glutinin-defective mutant gametes did not undergo flagel-
lar adhesion, and therefore did not activate their mating
structures after mixing with mt2 gametes. If, however, the
mt1 and mt2 gametes were activated by addition of dibu-
tyryl cAMP before they were mixed, 75% of them fused.
On the other hand, only 5% of de-walled, unactivated cells
underwent fusion with activated mt2 gametes. Taken to-
gether, these data suggest that unactivated mt2 mating
structures contain few, if any, functional adhesion/fusion
molecules and that expression of active molecules requires
either modification of preexisting, inactive molecules or
insertion of new molecules into the membrane overlying
the mating structures.

This reconstitution in vitro of interactions between mt1
fertilization tubules and activated mt2 gametes should
make it possible to learn more about the properties inher-
ent in microvillus-like structures that have resulted in their
ubiquitous use as scaffolds for display of adhesion/fusion
molecules (Poste and Allison, 1971; Monroy, 1985; Carpen
et al., 1992; Berlin et al., 1995; von Andrian et al., 1995)
and may be one of the first systems available for studying a
fusogenic cell surface membrane domain that contains the
elements required for the final steps in fertilization.
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