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Short-lived cell membrane complexes play a key role in regulating cell signaling and

communication. Many of these complexes are formed based on low-affinity and transient

interactions among various lipids and proteins. New techniques have emerged to study

these previously overlooked membrane transient interactions. Exciting functions of these

transient interactions have been discovered in cellular events such as immune signaling,

host–pathogen interactions, and diseases such as cancer. In this review, we have

summarized current experimental methods that allow us to detect and analyze short-lived

cell membrane protein–protein, lipid–protein, and lipid–lipid interactions. These methods

can provide useful information about the strengths, kinetics, and/or spatial patterns of

membrane transient interactions. However, each method also has its own limitations.

We hope this review can be used as a guideline to help the audience to choose

proper approaches for studying membrane transient interactions in different membrane

trafficking and cell signaling events.
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INTRODUCTION

Cell membranes are composed of various lipid, protein, and carbohydrate compounds. These
membrane components dynamically interact with each other to regulate cell cycles and
communications (Lee, 2003; Contreras et al., 2011; Varshney et al., 2016; Sezgin et al., 2017). Based
on the affinity and duration of these interactions, there are two types of membrane interactions:
strong/stable and weak/transient. Strong/stable interactions last for a long time with binding
affinities in the range of fM to nM. In contrast, weak/transient interactions happen only in the
range of microseconds to seconds, with a µM–mM binding affinity (De Keersmaecker et al., 2018;
Corradi et al., 2019). While it is worth mentioning that there is no absolute clear cut between these
two types of membrane interactions, many membrane stable interactions have been well-studied,
whereas in comparison, those transient interactions are often more challenging to investigate. This
is because at any given time, only a small number of membrane transient interactions happen.
The formed short-lived complexes are always under a dynamic equilibrium with monomers that
will freely diffuse in the membrane. Meanwhile, these transient complexes are often disrupted or
overlooked during in vitro isolation and purification processes.

In this review, we will first discuss the biological importance of these membrane transient
interactions in regulating cellular functions. We will then focus on available experimental methods
that can be used to study these transient interactions, especially in living cell membranes. We hope
this review can provide some useful guidelines for future cell membrane studies.
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IMPORTANCE OF MEMBRANE
TRANSIENT INTERACTIONS

The first role of membrane transient interactions is to regulate
the activation or suppression of many membrane protein
complexes (Ikonen, 2008; Larsen et al., 2015; Sezgin et al.,
2017). These protein complexes or oligomerizations cannot
function without transient binding and interactions (Heldin
et al., 1997; James et al., 2006). In membrane signaling network,
the same protein is often involved in forming more than one
complex and need to interact with different membrane partners.
Weak and transient interactions will allow these membrane
proteins to function in several signaling and trafficking pathways
simultaneously. In addition, intracellular proteins can also
be transiently recruited to the membrane to form dynamic
receptor complexes (Sezgin et al., 2017; Corradi et al., 2019).
Disruption of these fine-regulated membrane dynamic network
will result in ineffective signal transduction and cell damage
(Wymann and Schneiter, 2008).

FIGURE 1 | Transient interactions control membrane functions. (A) During T-cell signaling, the MHCp ligand binding induces dynamic protein–protein interactions

between T-cell receptor (TCR) and CD4. (B) The strength of lipid–lipid interactions regulates membrane phase separation and domain formation. White circles

represent that lipids prefer ordered domain. The darker the blue shading of circles, the poorer the ability of these disordered phase-preferred lipids to pack tightly. (C)

The correlation between membrane protein location and their interactions with lipids. Membrane lipids can be thus categorized into three groups: bulk, annular, and

non-annular. (D) Dynamic cholesterol interaction with TCR regulates its activation and prevents non-specific responses.

For example, the oligomerizations and functions of G-
proteins and some electron transport complexes are controlled
by membrane local environment (Nooren and Thornton, 2003;
Acuner Ozbabacan et al., 2011; Sevcsik et al., 2015). G-
proteins regulate various metabolic, developmental, humoral,
and neuronal functions (Simon et al., 1991). Dependent on
GTP and GDP levels, G-protein subunits (α, β, γ) can switch
between stable binding and transient interaction to modulate
cellular reactions (Neer and Clapham, 1988; Ritter and Hall,
2009). T-cell receptor (TCR) activation is also fundamentally
regulated by membrane transient interactions of several protein
subunits (Figure 1A). Immediately after T-cell engagement to the
activating antigens, nanometer-sized TCR clusters are formed
to function as a platform for the recruitment and activation of
downstream effectors such as LAT and SLP-76 (Bunnell et al.,
2002; Zal and Gascoigne, 2004; Yi et al., 2019).

In addition to these transient protein–protein interactions,
lipid–protein and lipid–lipid interactions also play a major
role in the cell membrane fluidity, curvature, and domain
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formation (Leikin et al., 1996; Aimon et al., 2014; McMahon
and Boucrot, 2015). These short-lived and transient lipid-
mediated interactions provide a mechanism allowing membrane
compounds to quickly respond to stimuli, yet retain the ability to
return to their original state. Based on the structure and degree of
saturation, lipids tend to arrange themselves into either ordered
or disordered domains (Bakht et al., 2007; Kaiser et al., 2009;
Figure 1B). In the case that a membrane compound has similar
binding affinities with several binding partners, by forming these
lipid domains, the high chance of colocalization with a particular
partner will clearly increase their opportunity of interactions. As
a result, specific membrane complexes can form because of high
local concentrations, despite their weak binding affinities.

For example, transient lipid interactions (in the range of µs–
ms) have resulted in the formation of lipid rafts, i.e., small
membrane domains that are usually <200 nm in diameter
(Kolmakov et al., 2010; Smith, 2012; Sezgin et al., 2017;
Bolmatov et al., 2020). Cholesterols, sphingolipids, and various
proteins participate in these raft-like structures and regulate
cellular processes such as in immune signaling, host–pathogen
interaction, cancer, and cardiovascular diseases (Lorizate et al.,
2013; Larsen et al., 2015; Varshney et al., 2016; Stone et al., 2017;
Bolmatov et al., 2020).

Lipids can also directly interact with proteins to define their
membrane structures and locations (Sezgin et al., 2017; Bolla
et al., 2019). Dependent on the relative position of lipids to
proteins, membrane lipids can be categorized into three groups:
annular, non-annular, and bulk (Figure 1C; Lee, 2003; Contreras
et al., 2011; Marius et al., 2012). Bulk lipids function as general
membrane composition and usually have minimal interactions
with membrane proteins (Lee, 2004). Annular lipids can form
a ring-shaped shell that non-specifically surrounds membrane
proteins (Contreras et al., 2011). In contrast, non-annular lipids
can selectively occupy the cavities of proteins and function as
specific building blocks or cofactors for the target proteins. Both
annular and non-annular lipid–protein interactions are largely
mediated by hydrophobic interactions. Meanwhile, hydrophilic
interactions between polar amino acid chains and lipids’ head
groups have further increased the affinity and specificity of
these lipid–protein conjugates (Lee, 2004; Contreras et al., 2011).
Compared to the transient annular lipid–protein interactions,
many non-annular lipid–protein interactions are more stable and
long-lasting (Lee, 2011; Marius et al., 2012), e.g., as that happens
during the selective interactions between phosphatidylglycerol
and the homotetrameric potassium channel KcsA (Heginbotham
et al., 1998; Valiyaveetil et al., 2002).

We can also distinguish membrane lipid–protein interactions
based on the different categories of membrane proteins
(Figure 1C). Integral membrane proteins and lipid-anchored
proteins can interact with lipids through hydrophobic
interactions. While peripheral proteins will normally interact
with lipids through transient binding with lipids’ head groups,
different strengths of these interactions can be used to define
proteins’ locations and functions. For example, proteins that
specifically bind glycosphingolipids or sphingomyelin can
be recruited to the aforementioned membrane nanodomains
(Fantini and Yahi, 2010; Pontier and Schweisguth, 2012; Sezgin

et al., 2017). During T-cell activation, cholesterol can selectively
bind to the resting TCR and activate the allosteric transition of
the TCR complex (Swamy et al., 2016; Figure 1D). Meanwhile,
the dynamic interactions between CD28 and cholesterol or
sphingomyelin also help recruit these membrane proteins into
the same submembrane domains of the TCR complex for
the efficient T-cell activation (Kabouridis et al., 2000; Yang
et al., 2017). These transient lipid–protein interactions are
required to prevent spurious TCR activation and ensure accurate
membrane functions.

Membrane lipid domains are also involved in cancer
development and progression. It has been shown that oncogenic
proteins such as mucin 1 and urokinase plasminogen activator
surface receptor are centered in raft-like domains (Staubach et al.,
2009). Mitogenic signaling is also initiated from cell surface
receptors in the lipid domains (Heldin et al., 2016; Varshney et al.,
2016). In addition, by disrupting raft-like membrane domains,
anticancer drugs can be developed (Gajate and Mollinedo, 2007).
Similarly, lipid domain partitions have also been observed in
other health threats such as vascular diseases (Maguy et al., 2006).
Membrane transient interactions are indeed important cellular
events that require better understanding.

METHODS TO STUDY MEMBRANE
TRANSIENT INTERACTIONS

In the past few decades, several computational and experimental
methods have been developed to study membrane transient
interactions (Loura et al., 2010; Smith, 2012; Corradi et al., 2019).
With significant improvement in the computing power and
theoretical models, computational approaches can now predict
and explain many membrane short-lived interactions. Dynamic
simulations have been applied to study various membrane
interactions (Corradi et al., 2019; Muller et al., 2019), such as the
effect of lipid environment on membrane channel functions (Gu
and de Groot, 2020), the impact of polyunsaturated fatty acids
on lipid raft structure and distribution (Levental et al., 2016),
and lipid-induced cross-talk through the leaflets (Bossa et al.,
2015). There are several great reviews on using computational
methods to studymembrane dynamic interactions (Corradi et al.,
2019; Muller et al., 2019; Siebenmorgen and Zacharias, 2020).
Here, we will mainly discuss experimental methods that can be
used to really detect and analyze transient interactions in the
cell membranes.

Nuclear Magnetic Resonance
Spectroscopy
X-ray crystallography and electron microscopy can provide
valuable structural information about stable membrane protein–
lipid complexes (Zhou et al., 2001; Nooren and Thornton,
2003). However, these methods are normally not suitable for
studying transient interactions or conformational changes. In
comparison, nuclear magnetic resonance (NMR) spectroscopy
is better for analyzing structure and dynamics of membrane
transient complexes (Díaz-Moreno et al., 2005; Dannatt et al.,
2016; Purslow et al., 2020). Thermodynamic information such as
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FIGURE 2 | The use of NMR and mass spectrometry for studying membrane transient interactions. (A) Dynamic membrane protein structural changes and

interactions can be analyzed from the observed chemical shifts in 2D NMR spectrum. (B) Schematic of a general HDX-MS workflow to study protein conformation

changes induced by dynamic lipid–protein interactions.

the binding affinities of membrane partners can also be measured
in NMR (Purslow et al., 2020). NMR is a powerful technique for
studying membrane transient interactions, especially if atomic-
level structural information is needed.

Chemical shift of proteins is very sensitive to the local
electronic environment. As a result, changes in the chemical
shift can be used for the NMR analysis of protein complex
formation and structure (Ahuja et al., 2013; Figure 2A). For
example, chemical shift perturbation is a suitable method for
studying transient interactions with µM–mM binding affinities
(Acuner Ozbabacan et al., 2011). In this method, a 15N- or
13C-labeled target protein is titrated with different amounts
of unlabeled binding partner. Changes in the two-dimensional
(2D) heteronuclear single-quantum coherence spectra are then
used to calculate the binding affinity and binding site of
the protein complex. Several other NMR-based methods have
also been developed to study membrane dynamic protein–
protein interactions, such as solvent paramagnetic relaxation
enhancement, residual dipolar coupling, and nuclear Overhauser
effect (Vinogradova and Qin, 2012; Gell et al., 2017; Larsen et al.,
2018).

However, it is still difficult to use NMR to characterize
structures of large-molecular-weight complexes. Appropriate

kinetic models should also be carefully chosen to convert
the obtained NMR data into accurate interaction parameters
(Furukawa et al., 2016). In this regard, a relevant strategy based
on site-directed spin labeling electron paramagnetic resonance
(EPR) spectroscopy can be advantageous for the more direct
study of membrane transient interactions (Subczynski et al.,
2010; Zhang et al., 2011). However, both NMR and EPR are still
challenging to be directly applied for studying interactions in
live cell membranes. The differences between real cell membrane
environment and in vitro conditions have to be considered.

Mass Spectrometry
Mass spectrometry (MS) is another common method to study
membrane dynamic interactions (Konijnenberg et al., 2014;
Gupta et al., 2017, 2018; Bolla et al., 2019; Frick and Schmidt,
2019). MS does not provide high-resolution target structure,
but it can measure the mass and stoichiometry of the complex
(Pyle et al., 2018; Frick and Schmidt, 2019). Among different
types of MS, hydrogen–deuterium exchange MS (HDX-MS)
has gained much attention for studying transient (millisecond
range) protein conformational changes (Rist et al., 2005; Giladi
and Khananshvili, 2020). For example, HDX-MS has been used
to study how transient lipid–protein interactions can induce
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conformational and functional changes of bacterial leucine
transporter LeuT (Adhikary et al., 2017), rhomboid protease
GlpG (Reading et al., 2017), and various secondary transporters
(Martens et al., 2018). In HDX-MS, labile hydrogens in the
protein complex can be exchanged with deuterium. The mass
uptake at different locations of the complex will then bemeasured
and mapped to allow visualization of its structural dynamics
(Figure 2B; Martens et al., 2019; Giladi and Khananshvili, 2020).
High-purity samples are desirable but not essential, because the
contaminants can be easily ruled out during data processing
(Martens et al., 2019).

HDX-MS is still limited with some shortcomings. First, HDX-
MS reports the changes in the protein uptake of deuterium,
not directly the complex conformation. For a 50-kDa protein,
analyzing and converting one set of data to the conformational
changes may take ∼2 days (Martens et al., 2019). Detergents
are normally used to extract membrane protein complexes
in MS studies. However, affected by the choice of detergent,
the obtained results may not represent the native structure of
membrane complexes. Membrane-mimic lipid nanostructures,
such as picodiscs, nanodiscs, styrene maleic acid lipid particles,
bicelles, and liposomes (Grinkova et al., 2010; Dürr et al., 2012;
Marty et al., 2016; Frick and Schmidt, 2019), have been developed
to alleviate this problem, while the effect of these artificial lipid
structures should be still carefully considered.

Secondary ion MS (SIMS) has been used to image lipid
distributions in the cell membranes. For example, by
metabolically incorporating isotopic form of lipids, SIMS
allows the imaging of sphingolipid and cholesterol distributions
in the membrane domains, with a resolution of <100 nm
(McQuaw et al., 2007; He et al., 2017; Kraft, 2017). Compared to
fluorescent labeling as mentioned below, such isotope labeling
has less impact on the natural membrane properties of the
target lipids. SIMS can indirectly verify lipid–lipid or lipid–
protein interactions by quantifying target lipid distributions and
transitions upon addition and depletion of the partner lipids or
proteins (McQuaw et al., 2007; He et al., 2017). However, SIMS
cannot directly assess membrane interactions, especially those
being transient. In addition, SIMS is not suitable for live-cell
studies. Cells need to be dehydrated first, and the measurements
are performed in vacuum.

Fluorescence Correlation Spectroscopy
and Cross-Correlation Spectroscopy
The development of fluorescence techniques has revolutionized
membrane biophysical studies (Triffo et al., 2012; Martinez-
Moro et al., 2019). Fluorescence methods enable the real-time
study of dynamic phenomena in living cell membranes with
high temporal and spatial resolution. Here, we will discuss some
fluorescence spectroscopy and microscopy approaches that have
been used to study transient interactions in the cell membranes.

The first method is based on fluorescence correlation
spectroscopy (FCS). FCS can be used to analyze the
concentrations, motilities, and interactions of membrane
fluorescent-labeled compounds (Haustein and Schwille,
2003; Bacia et al., 2006). It works by measuring fluorescence

fluctuations in a tiny focal spot. Membrane complex formation
results in changes in the mobility. In order to obtain reliable
interaction information in FCS, a large-molecular-weight
difference (usually >eight-fold) between bound and unbound
state is needed. To study membrane interactions between
molecules of similar molecular weight, fluorescence cross-
correlation spectroscopy (FCCS) can be a good option. FCCS
measures the fluctuations and correlations of two fluorescent-
labeled partners in the same focal spot (Bacia et al., 2006;
Bacia and Schwille, 2007). If these two molecules interact, even
transiently, they will diffuse together and exhibit a positive
cross-correlation signal.

FCCS has become a popular method to study, at the single-
molecule level, membrane dynamic interactions (Bacia et al.,
2006; Sadamoto and Muto, 2013; Ma et al., 2014; Martinez-Moro
et al., 2019). FCCS is able to report the correlated diffusion and
binding stoichiometry over multiple time scales (10−7-101 s)
(Bacia et al., 2006). For example, FCCS has been used to study the
regulation effect of cardiolipin and phosphatidylglycerol on the
dynamic oligomerization of mitochondrial membrane voltage-
dependent anion channel (Betaneli et al., 2012). In another
example, SNARE proteins were found to prefer incorporating
into disordered membrane domains (Bacia et al., 2004). As an
example for measuring transient protein–protein interactions
in live cell membranes, pulsed-interleaved excitation FCCS was
used to investigate anchor-mediated dynamic colocalization of
lymphocyte cell kinase, RhoA, and K-Ras proteins (Figure 3A;
Triffo et al., 2012).

FCS and FCCS are not suitable for monitoring slowly
moving membrane particles, though. In this case, the number
of interactions within the focal spot is hardly sufficient to
obtain good statistics; meanwhile, the fluorophores can be easily
bleached before leaving the focal spot (Triffo et al., 2012).
Traditional FCCS can assess only tiny focal spots rather than the
whole membrane area. To assess a large membrane, temporal
and spatial correlation analysis can be combined with scanning
FCS/FCCS now (Ruan et al., 2004).

Super-Resolution Microscopy
FCS and FCCS normally operate on a confocal microscope.
However, limited by the relatively big focal spot (∼200 nm
in diameter), it is challenging to validate if these membrane
interactions indeed happen on the molecular level, especially
in those small nanodomains. Stimulated emission depletion
(STED) microscopy is a super-resolution approach that can be
combined with FCS to image interactions below the diffraction
limit (Honigmann et al., 2014; Saka et al., 2014; Sevcsik et al.,
2015; Sezgin et al., 2019). Using STED-FCS, a 20-nm focal spot is
accessible, which allows a better distinction between membrane
free diffusion and transient interactions (Eggeling et al., 2009).

STED-FCS has been used to monitor cholesterol-dependent
membrane diffusion and colocalization of sphingolipids and
glycosylphosphatidylinositol (GPI)–anchored proteins in living
cells (Eggeling et al., 2009; Figure 3B). These lipid moieties
were found to be transiently trapped in cholesterol-mediated
complexes in a <20-nm-diameter area. In a more recent study,
the same authors applied scanning STED-FCS to investigate
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FIGURE 3 | Fluorescence correlation spectroscopy measures membrane transient interactions at the single-molecule level. (A) Schematic of fluorescence

cross-correlation of correlated and uncorrelated protein diffusions in the membrane. Increase in correlation among targets results in higher cross-correlation. (B)

STED-FCS provides better spatial resolution to distinguish target interactions than the conventional confocal FCS.

the spatial distributions of these membrane cholesterol–lipid
interactions. Again, transient interaction hotspots across the cell
membrane were observed (Honigmann et al., 2014). Dynamic
cholesterol-dependent multiprotein membrane assemblies can
also be visualized with STED-FCS (Saka et al., 2014).

In addition to STED, other single-molecule imaging and
super-resolution techniques, such as total internal reflection
fluorescence (TIRF) microscopy, structured illumination
microscopy, and photoactivated localization microscopy, have
also been used to study membrane transient interactions (Hess
et al., 2007; Galbraith and Galbraith, 2011). Considering that
the short-lived interactions usually do not result in many
accumulated signals over a large membrane plane, microscopes
of high spatial resolution and single-molecule sensitivity are
useful techniques in our understanding of these heterogeneous
and transient interactions. However, µs–ms range membrane

transient interactions are often still too fast to be analyzed
based on single-molecule imaging or colocalization methods.
Many super-resolution techniques have to sacrifice the temporal
resolution to obtain spatially resolved information (Westphal
et al., 2008; Galbraith and Galbraith, 2011).

With fast image acquisition, high signal-to-noise ratio, and
spatial resolution, TIRF is a popular approach to monitor
dynamic motions and interactions in live cell (Suzuki et al., 2012;
Stender et al., 2013). Using bright and photostable fluorophores,
transient colocalization as short as microseconds can be detected
in TIRF. For example, transient homodimerization of GPI-
anchored proteins was found as critical organization unit for
membrane domain formation (Suzuki et al., 2012; Figure 4A).
While, interestingly, somewhat controversial result was shown in
another TIRF-based study, which indicated that GPI-anchored
proteins were not found to partition in the membrane domains
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FIGURE 4 | TIRF-based single-molecule tracking to investigate membrane transient interactions. (A) Protein homodimerization and lipid–lipid interactions are transient

process that can be studied with TIRF. (B) Transient interactions between proapoptotic BH3 protein and membrane-bound antiapoptotic Bcl-2 proteins can be

studied using FLIM-FRET. FRET among Venus and mCherry facilitates Venus relaxation and lowers its lifetime.

(Sevcsik et al., 2015), this discrepancy may indicate that it
is still challenging to precisely measure membrane transient
interactions based on simply monitoring the trajectory of each
single molecule.

Meanwhile, because normally TIRF is performed close to
the surface of the coverslip, it is mainly capable of studying
the surface-attached part of the target cells (Hell et al., 2015),
e.g., the basal surface of epithelial cells but not the apical
side. Considering that basal and apical cell membrane may
have different compositions and functions, TIRF may only
provide partially representative information about the whole
cell membrane. Furthermore, close proximity with the glass
surface may also induce non-natural protein/lipid organization
and diffusion patterns.

Förster Resonance Energy Transfer
Förster resonance energy transfer (FRET) is another powerful
technique to investigate membrane molecular interactions (Rao
and Mayor, 2005; Loura et al., 2010; Loura and Prieto, 2011).
By modifying the target membrane partner with a donor and
acceptor fluorophore, respectively, once two molecules are in
close proximity (<10 nm), the energy transfer between the donor
and acceptor results in a strong FRET signal. For example,
FRET has been used to discover specific membrane interactions

between sphingomyelin and the p24 protein (Contreras et al.,
2012), as well as the membrane domain formation during the
interactions of N-Ras and K-Ras4B oncoproteins (Li et al., 2019).

FRET is often combined with fluorescence lifetime imaging
microscopy (FLIM) to study membrane transient interactions
(Llères et al., 2007; Liu et al., 2012; Gagnon et al., 2017).
In FLIM-FRET, the energy transfer between the FRET donor
and acceptor results in a fluorescence lifetime decrease of the
donor fluorophore. Compared with fluorescence intensity-based
measurement, FLIM-FRET is advantageous of being independent
of the membrane concentration of target molecules (Wallrabe
and Periasamy, 2005). This feature is critical considering the
heterogeneity and diverse distribution patterns of lipids and
proteins. For example, the effect of various mutations and
chemical inhibitors in modulating transient interactions between
membrane-bound antiapoptotic Bcl-2 protein and proapoptotic
BH3 protein has been measured using FLIM-FRET (Liu et al.,
2012; Osterlund et al., 2015; Figure 4B).

In addition to FRET, distance-dependent non-FRET
quenching has also been used to track transient interactions
in live cell membranes (Artetxe et al., 2013). For example,
fluorophore- and quencher-labeled lipid pairs were used to study
the impact of head group size of sphingolipids and ceramide
on their interactions with membrane cholesterols (Artetxe
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FIGURE 5 | Artificial membrane probes for studying dynamic membrane interactions. (A) Schematic of membrane two-hybrid assays for characterizing membrane

protein–protein interactions based on the formation of deubiquitinating enzyme (DUB). (B) Schematic of applying photoactivatable lipid probes for proteome-wide

mapping of membrane lipid–protein interactions. (C) Schematic of the toehold-mediated DNA displacement reaction for monitoring membrane lipid–lipid interactions.

Reprinted with permission from You et al. (2017). Copyright (2017) Springer Nature Limited.

et al., 2013). In these FRET or quencher approaches, both target
molecules are needed to be fused with fluorophore or quencher at
a specific location to ensure close proximity during interactions.
Meanwhile, the limited signal-to-noise ratio has prevented the
application of these FRET methods for imaging some really
transient (submillisecond) membrane interactions.

Membrane Two-Hybrid Assays
Yeast and mammalian two-hybrid assays have been developed to
characterize membrane protein–protein interactions, including
transient ones (Snider et al., 2010; Petschnigg et al., 2014). In
these assays, each half of a split ubiquitin is tagged, respectively,
to the target membrane protein (named as bait and prey).
Once bait and prey proteins interact, a pseudoubiquitin is
formed and then cleaved by cytosolic deubiquitinating enzymes

to release a reporter protein, such as a transcription factor for
generating fluorescent proteins or luciferases (Petschnigg et al.,
2014; Figure 5A).

One major advantage of membrane two-hybrid assay is that
it can be used for high-throughput screening. For example, using
this approach, CRKII has been identified as a new adaptor protein
that can dynamically interact with membrane epidermal growth
factor receptor in oncogenic signaling (Petschnigg et al., 2014).
These membrane two-hybrid assays can also potentially be useful
in discovering drug molecules that can interfere with transient
protein interactions during membrane signaling.

On the other hand, compared with the reversible FRET
interactions, these membrane two-hybrid assays are normally
irreversible and not suitable to image the location or dynamics of
membrane interactions. The relatively high rate of false-positive
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signals, e.g., from protein overexpression, requires careful data
analysis and validation. In theory, othermethods that can convert
dynamic interactions into permanent signals, such as in situ
proximity ligation assay (Petschnigg et al., 2014) and bimolecular
fluorescence complementation (Kodama andHu, 2012), may also
be useful for characterizing membrane transient interactions.
However, the interaction time required for the proximity-based
ligation or reconstitution of fluorescent proteins made these
methods practically challenging to study short-lived membrane
interaction events.

Photoactivatable Lipid Probes
A powerful method to profile proteome-wide membrane lipid–
protein interactions is based on photoactivatable lipid probes
(Xia and Peng, 2013; Peng et al., 2014). In this method, after
incorporating into the membranes and upon light irradiation,
photoactivatable lipids can be activated and cross-linked
with their interacting membrane protein partners (Figure 5B).
Transiently formed membrane lipid–protein complexes can
thus be covalently stabilized. After separation and purification,
different approaches such as MS, autoradiography, high-
performance liquid chromatography, and gel electrophoresis can
be used to analyze the cross-linked membrane complexes.

These photoactivatable lipid probes can be used in both
artificial and live cell membranes. They have been used to
proteome-wide map and identify new membrane proteins that
can transiently bind target lipids (Niphakis et al., 2015). Without
prior knowledge, unlabeled endogenous membrane proteins can
be directly cross-linked with the photoactivatable lipid probes
once an interaction happens. Meanwhile, with the help of
bifunctional lipid probes, the binding sites of these lipid–protein
complexes can also be determined (Xia and Peng, 2013; Peng
et al., 2014). In addition to membrane lipid–protein interactions,
these photoactivatable probes can also be used to map dynamic
lipid-anchored protein–protein interactions.

On the other hand, by introducing several functional groups
in the lipid molecules, the natural interaction pattern of the target
lipid may be disrupted. In addition, the crosslinking efficiency is
highly dependent on the activity and position of the functional
group. As a result, the choice of bio-orthogonal crosslinking
moiety and tagging site in lipids is critical in developing accurate
and efficient photoactivatable probes. A series of photoactivatable
lipid probes have been developed (Xia and Peng, 2013). With
continuous efforts in the characterization and optimization of
these functional probes, the photo-crosslinking approach can
play a critical role in profiling membrane transient interactions.

DNA-Based Membrane Probes
We have recently developed a DNA-based approach to image
transient interactions in live cell membranes (You et al., 2017).
In this approach, individual membrane lipid–lipid and protein–
protein interactions are converted into changes in the collective
fluorescence signal, which can be easily detected by fluorescence
microscopes. DNA probes can be covalently modified onto
target membrane lipids without affecting their lateral diffusion
and domain partition (You et al., 2017; Bagheri et al., 2019a).
The highly precise and controllable DNA hybridizations have

further allowed programmable manipulation and function of
these membrane-anchored DNA probes (Bagheri et al., 2019b;
Zhao et al., 2020).

OurDNAprobe is realized through a toehold-mediated strand
displacement reaction (Figure 5C). To measure membrane
transient lipid–lipid interactions, two target lipids were modified
with a quencher strand (S1) and an unmodified anchor strand
(S2), respectively. Once two lipids are located within ∼5 nm, a
fluorophore-labeled DNA probe (W) will translocate from S2
to S1, resulting in a fluorescence quenching. By monitoring
membrane fluorescence signal changes, this approach allows live-
cell imaging of µs-to-ms-range lipid–lipid interactions using
common fluorescence microscope and flow cytometer. Similar
strategy can also be applied to monitor membrane protein–
protein interactions using target protein-specific DNA aptamers
(You et al., 2017).

This modular DNA-based approach can be easily adopted to
different targets on the cell membrane. However, it is necessary
to carefully evaluate the effect of DNA modification on the
membrane properties and behaviors of the target molecules.
Furthermore, the membrane densities of the DNA probes should
be kept in the minimum possible level to provide enough
fluorescence signals but also avoid membrane interruptions.

DISCUSSION

Membrane transient interactions are important biophysical
events for membrane trafficking, signal transduction, and cell
proliferation (Ikonen, 2008; Kraft, 2013; Sezgin et al., 2017;
Martens et al., 2018; Yi et al., 2019). With fast emergence
of new powerful methods and tremendous advancement in
instrumentations, our understanding of these short-lived events
has been significantly improved. As shown in Table 1, we have
summarized and compared different properties and applications
of these variant experimental methods in studying membrane
transient interactions.We will discuss as follows our view on how
to further advance these methods, as well as future directions in
membrane interaction studies.

NMR and MS are both almost label-free approaches that can
measure membrane interactions in their natural forms. However,
direct in situ analysis in live cell membranes is still difficult for
both methods. The recent development of SIMS seems to provide
a promising solution for this issue. Furthermore, it is challenging
to apply NMR and MS to study really fast (<ms) membrane
interactions or conformational changes. Indeed, efforts have been
taken to improve the temporal resolution of MS, for example, by
conjugating with a flow quenching system (Rist et al., 2005; Giladi
and Khananshvili, 2020).

NMR provides great spatial resolution for structural studies.
In comparison, MS and other methods usually suffer from
low spatial resolutions. To potentially improve their resolution,
complementing the experimental data with computational
simulations can be an effective approach to obtain molecular-
level structural information (Martens et al., 2019).

Fluorescence-based methods allow direct and real-time
visualization of transient interactions in live cell membranes.
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TABLE 1 | Currently available methods for studying cell membrane transient interactions.

Method Resolution Membranes applied Interactions studied Interaction information provided

Temporal Spatial Cell Synthetic

NMR ms Atomic No Yes Lipid–protein

Protein–protein

Structure and conformation

Kinetic and equilibrium constant

HDX-MS ms µm No Yes Lipid–protein

Protein–protein

Protein conformation

Stoichiometry

SIMS min 100 nm Yes Yes Lipid–lipid

Lipid–protein

Membrane distribution

FCS and FCCS µs 200 nm Yes Yes Lipid–lipid

Lipid–protein

Protein–protein

Membrane concentration

Membrane distribution

Kinetic and equilibrium constant

STED-FCS µs 20 nm Yes Yes Lipid–lipid

Lipid–protein

Protein–protein

Membrane concentration

Membrane distribution

Kinetic and equilibrium constant

TIRF µs 20 nm Yes Yes Lipid–lipid

Lipid–protein

Protein–protein

Membrane distribution

Kinetic and equilibrium constant

FRET µs 10 nm Yes Yes Lipid–lipid

Lipid–protein

Protein–protein

Membrane distribution

Kinetic and equilibrium constant

FLIM-FRET s 10 nm Yes Yes Protein–protein Membrane distribution

Kinetic and equilibrium constant

MTH s 200 nm Yes Yes Protein–protein High-throughput screening

PAL ms µm Yes Yes Lipid–protein Proteome-wide profiling

Protein–lipid complex structure

DNA probe µs 10 nm Yes Yes Lipid–lipid

Protein–protein

Membrane distribution

Kinetic and equilibrium constant

MTH, membrane two-hybrid assay; PAL, photoactivable lipid probe.

Using commercially available microscopes, currently it is easy
to precisely measure ms–s range membrane interactions.
Meanwhile, advanced imaging systems have been designed and
applied for detecting even faster (< µs) interactions (Simmons
and Konermann, 2002; Rist et al., 2005; Honigmann et al., 2014;
Sezgin et al., 2019). We are expecting these advanced systems to
be more readily available to the broad community of researchers
in the future.

With the development of versatile fluorescent membrane
probes, advanced fluorescence microscopes have genuinely
reshaped our perception of membrane transient interactions.
However, methods that allow high-throughput and quantitative
analysis are still limited, especially for screening compounds
that can potentially regulate critical transient interactions in
diseases. As a result, membrane heterogeneities and cell-to-cell
variations of these dynamic interactions or so-called membrane
“interactome” are largely unknown.

Even using the same method, contradictory results have been
obtained for many transient interactions such as in the case of
membrane nanodomains. This inconsistency may result from
the limited precision of the methods, but also is likely due
to the dynamic nature of these transient interactions. Under
different cellular environment and conditions, the lifetime of
membrane interactions can be varied dramatically. Standard
experimental procedure and statistical data analysis should be
established. Meanwhile, it will be helpful to use more than

one method to validate the observed results for membrane
transient interactions.

A systematic comparison of the accuracy and performance of
available methods in analyzing membrane transient interactions
is highly desired. Most laboratories chose the methods based on
their own experience and expertise. One goal of this review is to
provide the first step in initiating such comparison. We believe
once a well-accepted membrane model and standard approach
were established, versatile functions of transient interactions
in regulating membrane trafficking and cell signaling can be
discovered in both healthy and diseased cell conditions.

This review has been focusing on major methods in
studying transient membrane interactions among individual
lipids and proteins. Other interesting membrane interactions,
such as membrane vesicle formation, transportation, and fusion,
are also critical for various cellular functions such as cell
growth, hormone secretion, and neurotransmission (Novick and
Schekman, 1979; Wickner and Schekman, 2008; Rupert et al.,
2017; Welsh et al., 2017). Unfortunately, because of the limited
space in this article, we are not able to cover all these topics.
We would like to refer interested audience to those reports
mentioned above.

In short, the introduction of new methodologies has been
continuously improving our knowledge of transient membrane
interactions. It is important that researchers with different
expertise to collaboratively work together in developing more
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powerful toolkits. We believe that future evolution of methods
and instrumentations will continue to play a major role in
advancing our understanding of the dynamic nature of cells and
other biological system.

AUTHOR CONTRIBUTIONS

MY provided the guidance for the whole project and
revised the manuscript. YB and AA searched the

literature and wrote the manuscript. All the authors
have reviewed, edited, and approved the manuscript
before submission.

FUNDING

The authors gratefully acknowledge NIH R35GM133507, Sloan
Research Fellowship, a start-up grant from UMass Amherst, and
an IALS M2M seed grant to MY.

REFERENCES

Acuner Ozbabacan, S. E., Engin, H. B., Gursoy, A., and Keskin, O. (2011).
Transient protein-protein interactions. Protein Eng. Des. Sel. 24, 635–648.
doi: 10.1093/protein/gzr025

Adhikary, S., Deredge, D. J., Nagarajan, A., Forrest, L. R., Wintrode, P. L., and
Singh, S. K. (2017). Conformational dynamics of a neurotransmitter:sodium
symporter in a lipid bilayer. Proc. Natl. Acad. Sci. U.S.A. 114, E1786–E1795.
doi: 10.1073/pnas.1613293114

Ahuja, S., Jahr, N., Im, S. C., Vivekanandan, S., Popovych, N., Le Clair, S. V., et al.
(2013). A model of the membrane-bound cytochrome b5-cytochrome P450
complex from NMR and mutagenesis data. J. Biol. Chem. 288, 22080–22095.
doi: 10.1074/jbc.M112.448225

Aimon, S., Callan-Jones, A., Berthaud, A., Pinot, M., Toombes, G. E. S., and
Bassereau, P. (2014). Membrane shape modulates transmembrane protein
distribution. Dev. Cell 28, 212–218. doi: 10.1016/j.devcel.2013.12.012

Artetxe, I., Sergelius, C., Kurita, M., Yamaguchi, S., Katsumura, S., Slotte, J. P., et al.
(2013). Effects of sphingomyelin headgroup size on interactions with ceramide.
Biophys. J. 104, 604–612. doi: 10.1016/j.bpj.2012.12.026

Bacia, K., Kim, S. A., and Schwille, P. (2006). Fluorescence cross-correlation
spectroscopy in living cells. Nat. Methods 3, 83–89. doi: 10.1038/nmeth822

Bacia, K., Schuette, C. G., Kahya, N., Jahn, R., and Schwille, P. (2004).
SNAREs prefer liquid-disordered over “raft” (liquid-ordered) domains when
reconstituted into giant unilamellar vesicles. J. Biol. Chem. 279, 37951–37955.
doi: 10.1074/jbc.M407020200

Bacia, K., and Schwille, P. (2007). Practical guidelines for dual-color
fluorescence cross-correlation spectroscopy. Nat. Protoc. 2, 2842–2856.
doi: 10.1038/nprot.2007.410

Bagheri, Y., Chedid, S., Shafiei, F., Zhao, B., and You, M. (2019a). A quantitative
assessment of the dynamic modification of lipid–DNA probes on live cell
membranes. Chem. Sci. 10, 11030–11040. doi: 10.1039/C9SC04251B

Bagheri, Y., Shafiei, F., Chedid, S., Zhao, B., and You, M. (2019b). Lipid-DNA
conjugates for cell membrane modification, analysis, and regulation. Supramol.

Chem. 31, 532–544. doi: 10.1080/10610278.2019.1632454
Bakht, O., Pathak, P., and London, E. (2007). Effect of the structure

of lipids favoring disordered domain formation on the stability of
cholesterol-containing ordered domains (lipid rafts): identification
of multiple raft-stabilization mechanisms. Biophys. J. 93, 4307–4318.
doi: 10.1529/biophysj.107.114967

Betaneli, V., Petrov, E. P., and Schwille, P. (2012). The role of lipids in VDAC
oligomerization. Biophys. J. 102, 523–531. doi: 10.1016/j.bpj.2011.12.049

Bolla, J. R., Agasid, M. T., Mehmood, S., and Robinson, C. V. (2019). Membrane
protein–lipid interactions probed using mass spectrometry. Annu. Rev.

Biochem. 88, 85–111. doi: 10.1146/annurev-biochem-013118-111508
Bolmatov, D., Soloviov, D., Zhernenkov, M., Zav’yalov, D., Mamontov, E., Suvorov,

A., et al. (2020). Molecular picture of the transient nature of lipid rafts.
Langmuir 36, 4887–4896. doi: 10.1021/acs.langmuir.0c00125

Bossa, G. V., Roth, J., and May, S. (2015). Modeling lipid–lipid correlations across
a bilayer membrane using the quasi-chemical approximation. Langmuir 31,
9924–9932. doi: 10.1021/acs.langmuir.5b01719

Bunnell, S. C., Hong, D. I., Kardon, J. R., Yamazaki, T., McGlade, C. J.,
Barr, V. A., et al. (2002). T cell receptor ligation induces the formation
of dynamically regulated signaling assemblies. J. Cell Biol. 158, 1263–1275.
doi: 10.1083/jcb.200203043

Contreras, F.-X., Ernst, A. M., Haberkant, P., Björkholm, P., Lindahl, E.,
Gönen, B., et al. (2012). Molecular recognition of a single sphingolipid
species by a protein’s transmembrane domain. Nature 481, 525–529.
doi: 10.1038/nature10742

Contreras, F.-X., Ernst, A. M., Wieland, F., and Brügger, B. (2011). Specificity
of intramembrane protein–lipid interactions. Cold Spring Harb. Perspect. Biol.

3:a004705. doi: 10.1101/cshperspect.a004705
Corradi, V., Sejdiu, B. I., Mesa-Galloso, H., Abdizadeh, H., Noskov, S. Y., Marrink,

S. J., et al. (2019). Emerging diversity in lipid–protein interactions. Chem. Rev.

119, 5775–5848. doi: 10.1021/acs.chemrev.8b00451
Dannatt, H. R. W., Felletti, M., Jehle, S., Wang, Y., Emsley, L., Dixon, N. E.,

et al. (2016). Weak and transient protein interactions determined by solid-state
NMR. Angew. Chemie Int. Ed. 55, 6638–6641. doi: 10.1002/anie.201511609

De Keersmaecker, H., Camacho, R., Rantasa, D. M., Fron, E., Uji-I, H., Mizuno, H.,
et al. (2018). Mapping transient protein interactions at the nanoscale in living
mammalian cells. ACS Nano 12, 9842–9854. doi: 10.1021/acsnano.8b01227

Díaz-Moreno, I., Díaz-Quintana, A., Molina-Heredia, F. P., Nieto, P. M., Hansson,
Ö., De La Rosa, M. A., et al. (2005). NMR analysis of the transient complex
between membrane photosystem I and soluble cytochrome c6. J. Biol. Chem.

280, 7925–7931. doi: 10.1074/jbc.M412422200
Dürr, U. H. N., Gildenberg, M., and Ramamoorthy, A. (2012). The magic of

bicelles lights up membrane protein structure. Chem. Rev. 112, 6054–6074.
doi: 10.1021/cr300061w

Eggeling, C., Ringemann, C., Medda, R., Schwarzmann, G., Sandhoff,
K., Polyakova, S., et al. (2009). Direct observation of the nanoscale
dynamics of membrane lipids in a living cell. Nature 457, 1159–1162.
doi: 10.1038/nature07596

Fantini, J., and Yahi, N. (2010). Molecular insights into amyloid
regulation by membrane cholesterol and sphingolipids: common
mechanisms in neurodegenerative diseases. Expert Rev. Mol. Med. 12:e27.
doi: 10.1017/S1462399410001602

Frick, M., and Schmidt, C. (2019). Mass spectrometry—A versatile tool for
characterising the lipid environment of membrane protein assemblies.
Chem. Phys. Lipids 221, 145–157. doi: 10.1016/j.chemphyslip.2019.
4.001

Furukawa, A., Konuma, T., Yanaka, S., and Sugase, K. (2016). Quantitative analysis
of protein-ligand interactions by NMR. Prog. Nucl. Magn. Reson. Spectrosc. 96,
47–57. doi: 10.1016/j.pnmrs.2016.02.002

Gagnon, E., Connolly, A., Dobbins, J., andWucherpfennig, K. W. (2017). Studying
dynamic plasmamembrane binding of TCR-CD3 chains during immunological
synapse formation using donor-quenching FRET and FLIM-FRET. Methods

Mol. Biol. 1584, 259–289. doi: 10.1007/978-1-4939-6881-7_16
Gajate, C., and Mollinedo, F. (2007). Edelfosine and perifosine induce selective

apoptosis in multiple myeloma by recruitment of death receptors and
downstream signaling molecules into lipid rafts. Blood 109, 711–719.
doi: 10.1182/blood-2006-04-016824

Galbraith, C. G., and Galbraith, J. A. (2011). Super-resolution microscopy at a
glance. J. Cell Sci. 124, 1607–11. doi: 10.1242/jcs.080085

Gell, D. A., Kwan, A. H., and Mackay, J. P. (2017). “NMR spectroscopy
in the analysis of protein-protein interactions,” in Modern Magnetic

Resonance, ed G. A. Webb (London: Springer International Publishing), 1–34.
doi: 10.1007/978-3-319-28275-6_121-1

Giladi, M., and Khananshvili, D. (2020). Hydrogen-deuterium exchange
mass-spectrometry of secondary active transporters: from structural

Frontiers in Chemistry | www.frontiersin.org 11 December 2020 | Volume 8 | Article 603259

https://doi.org/10.1093/protein/gzr025
https://doi.org/10.1073/pnas.1613293114
https://doi.org/10.1074/jbc.M112.448225
https://doi.org/10.1016/j.devcel.2013.12.012
https://doi.org/10.1016/j.bpj.2012.12.026
https://doi.org/10.1038/nmeth822
https://doi.org/10.1074/jbc.M407020200
https://doi.org/10.1038/nprot.2007.410
https://doi.org/10.1039/C9SC04251B
https://doi.org/10.1080/10610278.2019.1632454
https://doi.org/10.1529/biophysj.107.114967
https://doi.org/10.1016/j.bpj.2011.12.049
https://doi.org/10.1146/annurev-biochem-013118-111508
https://doi.org/10.1021/acs.langmuir.0c00125
https://doi.org/10.1021/acs.langmuir.5b01719
https://doi.org/10.1083/jcb.200203043
https://doi.org/10.1038/nature10742
https://doi.org/10.1101/cshperspect.a004705
https://doi.org/10.1021/acs.chemrev.8b00451
https://doi.org/10.1002/anie.201511609
https://doi.org/10.1021/acsnano.8b01227
https://doi.org/10.1074/jbc.M412422200
https://doi.org/10.1021/cr300061w
https://doi.org/10.1038/nature07596
https://doi.org/10.1017/S1462399410001602
https://doi.org/10.1016/j.chemphyslip.2019.04.001
https://doi.org/10.1016/j.pnmrs.2016.02.002
https://doi.org/10.1007/978-1-4939-6881-7_16
https://doi.org/10.1182/blood-2006-04-016824
https://doi.org/10.1242/jcs.080085
https://doi.org/10.1007/978-3-319-28275-6_121-1
https://www.frontiersin.org/journals/chemistry
https://www.frontiersin.org
https://www.frontiersin.org/journals/chemistry#articles


Bagheri et al. Cell Membrane Transient Interactions

dynamics to molecular mechanisms. Front. Pharmacol. 11:70.
doi: 10.3389/fphar.2020.00070

Grinkova, Y. V., Denisov, I. G., and Sligar, S. G. (2010). Engineering extended
membrane scaffold proteins for self-assembly of soluble nanoscale lipid
bilayers. Protein Eng. Des. Sel. 23, 843–848. doi: 10.1093/protein/gzq060

Gu, R.-X., and de Groot, B. L. (2020). Lipid-protein interactions modulate the
conformational equilibrium of a potassium channel. Nat. Commun. 11:2162.
doi: 10.1038/s41467-020-15741-8

Gupta, K., Donlan, J. A. C., Hopper, J. T. S., Uzdavinys, P., Landreh, M., Struwe,
W. B., et al. (2017). The role of interfacial lipids in stabilizingmembrane protein
oligomers. Nature 541, 421–424. doi: 10.1038/nature20820

Gupta, K., Li, J., Liko, I., Gault, J., Bechara, C., Wu, D., et al. (2018). Identifying key
membrane protein lipid interactions using mass spectrometry. Nat. Protoc. 13,
1106–1120. doi: 10.1038/nprot.2018.014

Haustein, E., and Schwille, P. (2003). Ultrasensitive investigations of biological
systems by fluorescence correlation spectroscopy. Methods 29, 153–166.
doi: 10.1016/S1046-2023(02)00306-7

He, C., Hu, X., Jung, R. S., Weston, T. A., Sandoval, N. P., Tontonoz, P.,
et al. (2017). High-resolution imaging and quantification of plasma membrane
cholesterol by NanoSIMS. Proc. Natl. Acad. Sci. U.S.A. 114, 2000–2005.
doi: 10.1073/pnas.1621432114

Heginbotham, L., Kolmakova-Partensky, L., and Miller, C. (1998). Functional
reconstitution of a prokaryotic K+ channel. J. Gen. Physiol. 111, 741–749.
doi: 10.1085/jgp.111.6.741

Heldin, C.-H., Miyazono, K., and ten Dijke, P. (1997). TGF-β signalling from
cell membrane to nucleus through SMAD proteins. Nature 390, 465–471.
doi: 10.1038/37284

Heldin, C. H., Lu, B., Evans, R., and Gutkind, J. S. (2016). Signals and receptors.
Cold Spring Harb. Perspect. Biol. 8:a005900. doi: 10.1101/cshperspect.a005900

Hell, S. W., Sahl, S. J., Bates, M., Zhuang, X., Heintzmann, R., Booth, M. J., et al.
(2015). The 2015 super-resolution microscopy roadmap. J. Phys. D. Appl. Phys.
48:443001. doi: 10.1088/0022-3727/48/44/443001

Hess, S. T., Gould, T. J., Gudheti, M. V., Maas, S. A., Mills, K. D., and Zimmerberg,
J. (2007). Dynamic clustered distribution of hemagglutinin resolved at 40 nm
in living cell membranes discriminates between raft theories. Proc. Natl. Acad.
Sci. U.S.A. 104, 17370–5. doi: 10.1073/pnas.0708066104

Honigmann, A., Mueller, V., Ta, H., Schoenle, A., Sezgin, E., Hell, S. W., et al.
(2014). Scanning STED-FCS reveals spatiotemporal heterogeneity of lipid
interaction in the plasma membrane of living cells. Nat. Commun. 5:5412.
doi: 10.1038/ncomms6412

Ikonen, E. (2008). Cellular cholesterol trafficking and compartmentalization. Nat.
Rev. Mol. Cell Biol. 9, 125–138. doi: 10.1038/nrm2336

James, J. R., Oliveira, M. I., Carmo, A. M., Iaboni, A., and Davis, S. J. (2006).
A rigorous experimental framework for detecting protein oligomerization
using bioluminescence resonance energy transfer. Nat. Methods 3, 1001–1006.
doi: 10.1038/nmeth978

Kabouridis, P. S., Janzen, J., Magee, A. L., and Ley, S. C. (2000). Cholesterol
depletion disrupts lipid rafts and modulates the activity of multiple signaling
pathways in T lymphocytes. Eur. J. Immunol. 30, 954–963. doi: 10.1002/1521-
4141(200003)30:3<954::AID-IMMU954>3.0.CO;2-Y

Kaiser, H.-J., Lingwood, D., Levental, I., Sampaio, J. L., Kalvodova, L., Rajendran,
L., et al. (2009). Order of lipid phases in model and plasma membranes. Proc.
Natl. Acad. Sci. U.S.A. 106, 16645–50. doi: 10.1073/pnas.0908987106

Kodama, Y., and Hu, C. D. (2012). Bimolecular fluorescence complementation
(BiFC): a 5-year update and future perspectives. Biotechniques 53, 285–298.
doi: 10.2144/000113943

Kolmakov, K., Belov, V., Bierwagen, J., Ringemann, C., Müller, V., Eggeling, C.,
et al. (2010). Red-emitting rhodamine dyes for fluorescence microscopy and
nanoscopy. Chem. A Eur. J. 16, 158–166. doi: 10.1002/chem.200902309

Konijnenberg, A., Yilmaz, D., Ingólfsson, H. I., Dimitrova, A., Marrink, S. J., Li, Z.,
et al. (2014). Global structural changes of an ion channel during its gating are
followed by ion mobility mass spectrometry. Proc. Natl. Acad. Sci. U.S.A. 111,
17170–5. doi: 10.1073/pnas.1413118111

Kraft, M. L. (2013). Plasma membrane organization and function: moving past
lipid rafts.Mol. Biol. Cell 24, 2765–2768. doi: 10.1091/mbc.e13-03-0165

Kraft, M. L. (2017). Sphingolipid organization in the plasma membrane
and the mechanisms that influence it. Front. Cell Dev. Biol. 4:154.
doi: 10.3389/fcell.2016.00154

Larsen, E., Olivieri, C., Walker, C., Manu, V. S., Gao, J., Bernlohr, D. A.,
et al. (2018). Probing protein-protein interactions using asymmetric labeling
and carbonyl-carbon selective heteronuclear NMR spectroscopy. Molecules

23:1937. doi: 10.3390/molecules23081937
Larsen, J. B., Jensen, M. B., Bhatia, V. K., Pedersen, S. L., Bjørnholm, T.,

Iversen, L., et al. (2015). Membrane curvature enables N-Ras lipid anchor
sorting to liquid-ordered membrane phases. Nat. Chem. Biol. 11, 192–194.
doi: 10.1038/nchembio.1733

Lee, A. (2003). Lipid–protein interactions in biological membranes: a
structural perspective. Biochim. Biophys. Acta Biomembr. 1612, 1–40.
doi: 10.1016/S0005-2736(03)00056-7

Lee, A. G. (2004). How lipids affect the activities of integral
membrane proteins. Biochim. Biophys. Acta Biomembr. 1666, 62–87.
doi: 10.1016/j.bbamem.2004.05.012

Lee, A. G. (2011). Lipid–protein interactions. Biochem. Soc. Trans. 39, 761–766.
doi: 10.1042/BST0390761

Leikin, S., Kozlov, M. M., Fuller, N. L., and Rand, R. P. (1996). Measured effects of
diacylglycerol on structural and elastic properties of phospholipid membranes.
Biophys. J. 71, 2623–2632. doi: 10.1016/S0006-3495(96)79454-7

Levental, K. R., Lorent, J. H., Lin, X., Skinkle, A. D., Surma, M. A.,
Stockenbojer, E. A., et al. (2016). Polyunsaturated lipids regulate membrane
domain stability by tuning membrane order. Biophys. J. 110, 1800–1810.
doi: 10.1016/j.bpj.2016.03.012

Li, L., Dwivedi, M., Patra, S., Erwin, N., Möbitz, S., and Winter, R. (2019). Probing
colocalization of N-Ras and K-Ras4B lipoproteins in model biomembranes.
ChemBioChem 20, 1190–1195. doi: 10.1002/cbic.201800776

Liu, Q., Leber, B., and Andrews, D. W. (2012). Interactions of pro-apoptotic BH3
proteins with anti-apoptotic Bcl-2 family proteins measured in live MCF-7 cells
using FLIM FRET. Cell Cycle 11, 3536–3542. doi: 10.4161/cc.21462

Llères, D., Swift, S., and Lamond, A. I. (2007). Detecting protein-protein
interactions in vivo with FRET using multiphoton fluorescence lifetime
imaging microscopy (FLIM). Curr. Protoc. Cytom. 42, 12.10.1–12.10.19.
doi: 10.1002/0471142956.cy1210s42

Lorizate, M., Sachsenheimer, T., Glass, B., Habermann, A., Gerl, M. J., Kräusslich,
H.-G., et al. (2013). Comparative lipidomics analysis of HIV-1 particles and
their producer cell membrane in different cell lines. Cell. Microbiol. 15,
292–304. doi: 10.1111/cmi.12101

Loura, L., and Prieto, M. J. (2011). FRET in membrane biophysics: an overview.
Front. Physiol. 2:82. doi: 10.3389/fphys.2011.00082

Loura, L. M. S., Prieto, M., and Fernandes, F. (2010). Quantification
of protein–lipid selectivity using FRET. Eur. Biophys. J. 39, 565–578.
doi: 10.1007/s00249-009-0532-z

Ma, X., Foo, Y. H., and Wohland, T. (2014). Fluorescence cross-correlation
spectroscopy (FCCS) in living cells. Nature Methods 3, 557–573.
doi: 10.1007/978-1-62703-649-8_25

Maguy, A., Hebert, T., and Nattel, S. (2006). Involvement of lipid rafts and
caveolae in cardiac ion channel function. Cardiovasc. Res. 69, 798–807.
doi: 10.1016/j.cardiores.2005.11.013

Marius, P., de Planque, M. R. R., and Williamson, P. T. F. (2012). Probing the
interaction of lipids with the non-annular binding sites of the potassium
channel KcsA by magic-angle spinning NMR. Biochim. Biophys. Acta

Biomembr. 1818, 90–96. doi: 10.1016/j.bbamem.2011.09.017
Martens, C., Shekhar, M., Borysik, A. J., Lau, A. M., Reading, E.,

Tajkhorshid, E., et al. (2018). Direct protein-lipid interactions shape the
conformational landscape of secondary transporters. Nat. Commun. 9:4151.
doi: 10.1038/s41467-018-06704-1

Martens, C., Shekhar, M., Lau, A. M., Tajkhorshid, E., and Politis, A.
(2019). Integrating hydrogen–deuterium exchange mass spectrometry
with molecular dynamics simulations to probe lipid-modulated
conformational changes in membrane proteins. Nat. Protoc. 14, 3183–3204.
doi: 10.1038/s41596-019-0219-6

Martinez-Moro, M., Di Silvio, D., and Moya, S. E. (2019). Fluorescence
correlation spectroscopy as a tool for the study of the intracellular
dynamics and biological fate of protein corona. Biophys. Chem. 253:106218.
doi: 10.1016/j.bpc.2019.106218

Marty, M. T., Hoi, K. K., and Robinson, C. V. (2016). Interfacing membrane
mimetics with mass spectrometry. Acc. Chem. Res. 49, 2459–2467.
doi: 10.1021/acs.accounts.6b00379

Frontiers in Chemistry | www.frontiersin.org 12 December 2020 | Volume 8 | Article 603259

https://doi.org/10.3389/fphar.2020.00070
https://doi.org/10.1093/protein/gzq060
https://doi.org/10.1038/s41467-020-15741-8
https://doi.org/10.1038/nature20820
https://doi.org/10.1038/nprot.2018.014
https://doi.org/10.1016/S1046-2023(02)00306-7
https://doi.org/10.1073/pnas.1621432114
https://doi.org/10.1085/jgp.111.6.741
https://doi.org/10.1038/37284
https://doi.org/10.1101/cshperspect.a005900
https://doi.org/10.1088/0022-3727/48/44/443001
https://doi.org/10.1073/pnas.0708066104
https://doi.org/10.1038/ncomms6412
https://doi.org/10.1038/nrm2336
https://doi.org/10.1038/nmeth978
https://doi.org/10.1002/1521-4141(200003)30:3<954::AID-IMMU954>3.0.CO;2-Y
https://doi.org/10.1073/pnas.0908987106
https://doi.org/10.2144/000113943
https://doi.org/10.1002/chem.200902309
https://doi.org/10.1073/pnas.1413118111
https://doi.org/10.1091/mbc.e13-03-0165
https://doi.org/10.3389/fcell.2016.00154
https://doi.org/10.3390/molecules23081937
https://doi.org/10.1038/nchembio.1733
https://doi.org/10.1016/S0005-2736(03)00056-7
https://doi.org/10.1016/j.bbamem.2004.05.012
https://doi.org/10.1042/BST0390761
https://doi.org/10.1016/S0006-3495(96)79454-7
https://doi.org/10.1016/j.bpj.2016.03.012
https://doi.org/10.1002/cbic.201800776
https://doi.org/10.4161/cc.21462
https://doi.org/10.1002/0471142956.cy1210s42
https://doi.org/10.1111/cmi.12101
https://doi.org/10.3389/fphys.2011.00082
https://doi.org/10.1007/s00249-009-0532-z
https://doi.org/10.1007/978-1-62703-649-8_25
https://doi.org/10.1016/j.cardiores.2005.11.013
https://doi.org/10.1016/j.bbamem.2011.09.017
https://doi.org/10.1038/s41467-018-06704-1
https://doi.org/10.1038/s41596-019-0219-6
https://doi.org/10.1016/j.bpc.2019.106218
https://doi.org/10.1021/acs.accounts.6b00379
https://www.frontiersin.org/journals/chemistry
https://www.frontiersin.org
https://www.frontiersin.org/journals/chemistry#articles


Bagheri et al. Cell Membrane Transient Interactions

McMahon, H. T., and Boucrot, E. (2015). Membrane curvature at a glance. J. Cell
Sci. 128, 1065–70. doi: 10.1242/jcs.114454

McQuaw, C. M., Zheng, L., Ewing, A. G., and Winograd, N. (2007). Localization
of sphingomyelin in cholesterol domains by imaging mass spectrometry.
Langmuir 23, 5645–50. doi: 10.1021/la063251f

Muller, M. P., Jiang, T., Sun, C., Lihan, M., Pant, S., Mahinthichaichan, P.,
et al. (2019). Characterization of lipid–protein interactions and lipid-mediated
modulation of membrane protein function through molecular simulation.
Chem. Rev. 119, 6086–6161. doi: 10.1021/acs.chemrev.8b00608

Neer, E. J., and Clapham, D. E. (1988). Roles of G protein subunits
in transmembrane signalling. Nature 333, 129–134. doi: 10.1038/33
3129a0

Niphakis, M. J., Lum, K. M., Cognetta, A. B., Correia, B. E., Ichu, T. A., Olucha, J.,
et al. (2015). A global map of lipid-binding proteins and their ligandability in
cells. Cell 161, 1668–1680. doi: 10.1016/j.cell.2015.05.045

Nooren, I. M., and Thornton, J. M. (2003). Structural characterisation and
functional significance of transient protein–protein interactions. J. Mol. Biol.

325, 991–1018. doi: 10.1016/S0022-2836(02)01281-0
Novick, P., and Schekman, R. (1979). Secretion and cell-surface growth are blocked

in a temperature-sensitive mutant of saccharomyces cerevisiae. Proc. Natl.
Acad. Sci. U.S.A. 76, 1858–1862. doi: 10.1073/pnas.76.4.1858

Osterlund, E. J., Liu, Q., and Andrews, D. W. (2015). The use of FLIM-FRET for
the Detection of mitochondria-associated protein interactions. Methods Mol.

Biol. 1264, 395–419. doi: 10.1007/978-1-4939-2257-4_34
Peng, T., Yuan, X., and Hang, H. C. (2014). Turning the spotlight on

protein-lipid interactions in cells. Curr. Opin. Chem. Biol. 21, 144–153.
doi: 10.1016/j.cbpa.2014.07.015

Petschnigg, J., Groisman, B., Kotlyar, M., Taipale, M., Zheng, Y., Kurat, C. F., et al.
(2014). The mammalian-membrane two-hybrid assay (MaMTH) for probing
membrane-protein interactions in human cells. Nat. Methods 11, 585–592.
doi: 10.1038/nmeth.2895

Pontier, S. M., and Schweisguth, F. (2012). Glycosphingolipids in signaling and
development: from liposomes to model organisms. Dev. Dyn. 241, 92–106.
doi: 10.1002/dvdy.22766

Purslow, J. A., Khatiwada, B., Bayro, M. J., and Venditti, V. (2020). NMR methods
for structural characterization of protein-protein complexes. Front. Mol. Biosci.

7:9. doi: 10.3389/fmolb.2020.00009
Pyle, E., Kalli, A. C., Amillis, S., Hall, Z., Lau, A. M., Hanyaloglu, A. C.,

et al. (2018). Structural lipids enable the formation of functional oligomers
of the eukaryotic purine symporter UapA. Cell Chem. Biol. 25, 840–848.e4.
doi: 10.1016/j.chembiol.2018.03.011

Rao, M., and Mayor, S. (2005). Use of forster’s resonance energy transfer
microscopy to study lipid rafts. Biochim. Biophys. Acta Mol. Cell Res. 1746,
221–233. doi: 10.1016/j.bbamcr.2005.08.002

Reading, E., Hall, Z., Martens, C., Haghighi, T., Findlay, H., Ahdash, Z., et al.
(2017). Interrogating membrane protein conformational dynamics within
native lipid compositions. Angew. Chem. Int. Ed. Engl. 56, 15654–15657.
doi: 10.1002/anie.201709657

Rist, W., Rodriguez, F., Jørgensen, T. J. D., and Mayer, M. P. (2005).
Analysis of subsecond protein dynamics by amide hydrogen exchange and
mass spectrometry using a quenched-flow setup. Protein Sci. 14, 626–632.
doi: 10.1110/ps.041098305

Ritter, S. L., and Hall, R. A. (2009). Fine-tuning of GPCR activity by
receptor-interacting proteins. Nat. Rev. Mol. Cell Biol. 10, 819–830.
doi: 10.1038/nrm2803

Ruan, Q., Cheng, M. A., Levi, M., Gratton, E., and Mantulin, W. W.
(2004). Spatial-temporal studies of membrane dynamics: scanning
fluorescence correlation spectroscopy (SFCS). Biophys. J. 87, 1260–1267.
doi: 10.1529/biophysj.103.036483

Rupert, D. L. M., Claudio, V., Lässer, C., and Bally, M. (2017). Methods
for the physical characterization and quantification of extracellular vesicles
in biological samples. Biochim. Biophys. Acta Gen. Subj. 1861, 3164–3179.
doi: 10.1016/j.bbagen.2016.07.028

Sadamoto, H., and Muto, H. (2013). “Fluorescence cross-correlation spectroscopy
(FCCS) to observe dimerization of transcription factors in living cells,” Gene
Regulation. Methods inMolecular Biology (Methods and Protocols) (Totowa,NJ:
Humana Press), 229–241. doi: 10.1007/978-1-62703-284-1_18

Saka, S. K., Honigmann, A., Eggeling, C., Hell, S. W., Lang, T., and Rizzoli, S.
O. (2014). Multi-protein assemblies underlie the mesoscale organization of the
plasma membrane. Nat. Commun. 5:4509. doi: 10.1038/ncomms5509

Sevcsik, E., Brameshuber, M., Fölser, M., Weghuber, J., Honigmann, A., and
Schütz, G. J. (2015). GPI-anchored proteins do not reside in ordered
domains in the live cell plasma membrane. Nat. Commun. 6:6969.
doi: 10.1038/ncomms7969

Sezgin, E., Levental, I., Mayor, S., and Eggeling, C. (2017). The mystery of
membrane organization: composition, regulation and roles of lipid rafts. Nat.
Rev. Mol. Cell Biol. 18, 361–374. doi: 10.1038/nrm.2017.16

Sezgin, E., Schneider, F., Galiani, S., Urbančič, I., Waithe, D., Lagerholm,
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