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ARTICLE INFO ABSTRACT

Keywords: A greener method has been tested to utilize algal biomass as a feedstock to produce bio-oil in addition to acetone,

Algal biomass butanol, and ethanol (ABE) products. Various hydrolysis treatments were used prior to fermentation including

gf"?“tla""l combination of thermal, chemical, and enzymatic, which resulted in maximum sugar release of 27.78 g/L. Bio-
iofuels

based terpenes was used instead of common toxic chemicals together with Clostridial fustants to produce bio-
alcoholic fuels. Protoplast fusion technique were used to produce the novel Clostridia fusants (C. beijernickii + C.
thermocellum and C. acetobutylicum + C. thermocellocum). Fused strains were then subjected to UV radiation for
strain enhancement. Final fusansts showed clear improvement in thermal stability and resistance to biobutanol
toxicity. Fermentation experiments showed maximum biobutanol final production of 7.98 g/L using CbCt versus
7.39 g/L using CaCt. Oil extraction from virgin algae was tested using a green, bio-based approach using ter-
penes with ultrasonication and green Bligh and Dyer method, separately. In preliminary study on algal biomass,
the combinations of ultrasonication followed by the green Bligh and Dyer have resulted in oil yield of 46.27%
(d-limonene) and 39.85% (p-cymene). Oil extraction from an algae sample following fermentation using the
combined extraction method resulted in significantly higher oil yield of 65.04%.

Simultaneous hydrolysis and fermentation
Renewable sources

Green products

Separate hydrolysis and fermentation
Green oil extraction

1. Introduction

Pressing issues of climate change, energy security and resource de-
pletion have urged the development of sustainable, greenhouse gas
(GHG) reducing technologies. Renewable energies in the form of bio-
fuels have manifested superior qualities in terms of climate mitigation
and improving clean energy availability. Biofuels can be defined as fu-
els that are derived from naturally occurring resources such as plants,
crops, and agricultural residues [1]. However, recent assessments have
indicated that biofuels have fallen short due to the disadvantages asso-
ciated with feedstock choices. First- and second-generation biofuels, de-
rived from food and non-food crops, have resulted in minute GHG emis-
sion reductions, proven to be expensive investments, and have also re-
sulted in minor environmental consequences. Consequently, the recent
development of third-generation biofuels, derived from algal biomass,
has received significant attention. Algal-based biofuels offer a superior
set of characteristics whilst also eliminating the drawbacks associated
with its predecessors. Algae can be classified as diverse set of photosyn-
thetic organisms ranging from simple unicellular cyanobacteria to com-
plex multicellular macroalgae [2]. Furthermore, algal biomass is rich
in carbohydrates, proteins, and lipids which ultimately provide an ar-
ray of biological products including biodiesel, bioethanol, biogas, and
biobutanol [2,3]. The production of biologically based products, includ-
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ing bio-alcoholic fuels, is dependent upon a fermentation process known
as the acetone-butanol-ethanol (ABE) fermentation process. During this
chemical process, which relies upon bacteria fermentation, three dif-
ferent products are produced: acetone, butanol, and ethanol from the
carbohydrate content in the algal biomass. The process depends upon
bacteria from the Clostridia family and subsequently produces acetone,
butanol, and ethanol in the following ratios: 3 parts acetone, 6 parts bu-
tanol, and 1-part ethanol [4]. Clostridia species such as C. beijernickii (Cb)
and C. acetobutylicum (Ca) are the most studied biomass-metabolizing
bacteria. Furthermore, members of the Clostridia family have the ben-
eficial ability to use both hexose and pentose sugars found in biomass
which can be converted to bio-alcoholic fuels [5-8]. Previous investiga-
tions [5-8] have successfully deployed the utilization of a fused bacteria
to improve thermal stability and improved resistance to biobutanol tox-
icity. Fused bacteria strains used during the fermentation process have
resulted in higher biobutanol yields for wheat straw and algal biomass.

Various oil extraction procedures have been developed for the re-
moval of the lipid content found in different types of biomasses includ-
ing algae. The effectiveness of utilizing a solvent for lipid extraction
is dependent upon its volatility and chemical affinity towards the po-
lar lipid [9]. When a microalgae cell is exposed to a non-polar solvent
such as d-limonene or p-cymene, the goal of the solvent is to penetrate
through the cell membrane into the cytoplasm and interact with the
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neutral lipids using Van der Waals forces [9]. A solvent-lipid complex
is created that is subjected to a concentration gradient thus leading to
the diffusion of the solvent-lipid complex outside of the cell membrane.
The effectiveness of the penetration, strength of the Van der Waal forces
and subsequent production of the solvent-lipid complex is subject to
the chemical affinity of the solvent, volatility, and most importantly the
Hansen Solubility Parameter (HSP) [9]. Although no standard procedure
is followed at the industrial scale, the most commonly used method is
chemical that is dependent upon toxic chemicals that pose significant
environmental and human health risks. Consequently, there is a neces-
sity to investigate the feasibility of alternative, green solvents. Replac-
ing toxic chemicals with bio-based solvents can be a viable alternative
and has the potential to improve oil extraction rates. Terpenes have
been recognized a viable alternative and are naturally occurring sol-
vents that are found in renewable feedstocks of citrus fruits and many
other plants [10]. Furthermore, they are comprised of a variety of hydro-
carbons that are optimal alternatives to petroleum solvents in various
industrial applications. Relative to petroleum solvents, terpenes have a
lower cost and lower toxicity [10]. Previous studies, investigating the
use of terpenes in oil extraction of rapeseed and rice bran, have shown
the promise of such bio-based solvents [10]. However, little research
has been designated towards the examination of terpene-based oil ex-
traction from algae.

The present study focuses on applying a greener approach to produce
algal derived biofuels using novel Clostridal fusants and bio-based ter-
penes. Protoplast fusion technology was applied to develop novel fused
bacteria strains of Clostridia sp. The fusants were exposed to UV radi-
ation to produce desirable mutants used during the fermentation pro-
cess to produce biobutanol using algal biomass. The algal biomass was
subjected to various hydrolysis pre-treatments prior to the fermentation
process. Additionally, this study also investigated the use of ultrasoni-
cation and a green Bligh and Dyer method using terpenes to extract oil
from algal biomass. Oil extraction was achieved from virgin, untreated
algal biomass and algal biomass recovered following the fermentation
process. In the present study, fermentation was deployed prior to oil ex-
traction because it has been recognized that fermentation processes do
not affect the fatty acid profile and quality of the lipids [11,12]. Algal
biomass showing the highest biobutanol production from fermentation
was then examined for oil extraction process. Furthermore, the extrac-
tion conditions producing the highest oil extraction yield, when using
virgin algal biomass, were applied to the recovered algal biomass.

2. Materials and methods
2.1. Materials

The following chemicals were ordered from Sigma-Aldrich and
used as received; 4-Aminobenzoic Acid, Agar, Ammonium Sulfate
((NH4)5S0,), Arabinose, Asparagine, f-glucosidase, Calcium Chloride
(CaCl,), Casein Hydrolysate, Casamino Acids, Cellulase, Cysteine Hy-
drochloride, d-Biotin, d-Limonene, Dipotassium Phosphate (K,HPO,),
Ferrous Sulfate Heptahydrate (FeSO4.7H,0), Galactose, Gelatine, Glu-
cose, Glycerol, Lysozyme, Mannose, Magnesium Sulfate Heptahy-
drate (MgSO,4.7H,0), Manganese Sulfate Pentahydrate (MnSO,.5H,0),
Monopotassium Phosphate (KH,PO,), p-Cymene, Peptone, Poly ethy-
lene glycol (PEG), Sodium Acetate (C,H3NaO,), Sodium Chloride
(NaCl), Starch, Sucrose, Sulfuric Acid (H,SO,), Thiamine Hydrochlo-
ride, Yeast, and Xylose. Algal biomass, classified as the freshwater strain
Stichococcus (in the family Prasiolaceae), that produces significant level
of lipids that can be used in pharmaceutical or fuel industries, was gen-
erously provided by Pond Technologies, located in Markham, Ontario,
Canada. Algae was grown in photobioreactors (red LED light source)
with an optimal temperature of 30°C with varying amounts of nutrients
(nitrogen and phosphorus) depending upon the specific batch. Three
different bacteria were used in the present study: Clostridium beijernickii
(ATCC BA101) (Cb), Clostridium acetobutylicum (ATCC 4259) (Ca), and
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Clostridium thermocellum (ATCC 27405) (Ct). All were purchased from
the American Type Culture Collection (ATCC), Manassas, VA 20108,
USA.

2.2. Experimental methods

2.2.1. Pre-treatment and hydrolysis of algae

Algae were subject to different pre-treatments including physical,
chemical, thermal, and enzymatic. Initially, all biomass samples were
subject to physical treatment to increase surface area. Total of 2 g of
algae was ground into fine powder using a mortar and pestle. Chemi-
cal treatments were applied which included algae soaked in 1% H,SO4
or 2% H,SO,. Enzymatic treatments, which included cellulase and g-
glucosidase, were incubated for a total of 3 days at a temperature of
40°C. A control treatment of algae soaked in 50 mL distilled H,O was
also applied. Each treatment was replicated with a thermal treatment
that consisted of 121°C for 20 minutes. Table 1 summarizes the differ-
ent pre-treatments applied.

2.2.2. Clostridia strain development and protoplast fusion process

As per the ATCC, Reinforced Clostridial Medium (RCM) was the pre-
determined cultural media for the reproduction of Ca and Cb. The parent
strains (Ca, Cb, and Ct) were subjected to protoplast fusion to form CaCt
(C. acetobutylicum + C. thermocellocum) and CbCt (C. beijernickii + C. ther-
mocellum). Despite the higher ABE yield of fused strains as indicated by
[5-8], a major issue which limits the total biobutanol production is the
toxicity of the biobutanol towards the fusants. Current toxicity levels
reported in literature are at 13 g/L [13]. Therefore, strain enhancement
can assist in improving toxicity rates. Through mutation and selection, a
clostridial strain becomes more resistant to biobutanol and consequently
improves biobutanol productivity [13]. A mutagenesis study involving
UV light was conducted on the fused strains of CaCt and CbCt [5,6,8].
Previous mutagenesis studies [5,6,8] have indicated that mutated fu-
sants can withstand greater levels of biobutanol (15 g/L). More details
on medium preparation, protoplast fusion, and mutagenesis were pub-
lished earlier [5,6,8].

2.2.3. Biobutanol production using algal biomass

Three different hydrolysis treatments were applied for the fermenta-
tion process for each of the fusants and parent strains. Hydrolysis treat-
ments included cellulase and g-glucosidase, 1% H,SO, in addition to
combining 1% H,SO, and cellulase and f-glucosidase. Total of 2 g of al-
gae was utilized in each fermentation experiment. Two different fermen-
tation procedures were applied in this study. Treatments that applied the
use of enzymes prior to fermentation were designated as separate hy-
drolysis and fermentation (SHF) and treatments that did not utilize the
addition of enzymes in the fermentation procedure were designated as
simultaneous hydrolysis and fermentation (SSF). Separate fermentation
procedures were used in the present study due to the variation in opti-
mal temperatures required for efficient enzymatic activity and fermen-
tation. The optimal temperature for cellulase and f-glucosidase activity
is 40°C whereas the optimal temperature for fermentation is 45°C [4].
Both fermentation procedures used samples that were inoculated with
the mutated fusant exposed to UV radiation showing highest cell count
in the presence of 15 g/L of biobutanol. The parent strains of Clostridia
were utilized in the fermentation process without any further mutagen-
esis. A sample from each fermentation jar was taken initially and then
every 24 h for up to 120 h. Samples were stored in a -82°C freezer until
further analysis and were later analyzed using High Performance Liquid
Chromatography (HPLC) to examine the yield of biobutanol, sugars, and
other solvents.

2.2.4. Algae oil extraction

Two primary methods were utilized separately and combined to de-
fine best oil extraction from algae feedstock. This was done in compar-
ison with oil extracted from algae recovered from the fermentation ex-
periments above. These methods include ultrasonication and a greener
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Table 1
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Impact of different pretreatment and hydrolysis conditions on sugar hydrolysate composition.

Experiment Conditions glucose (g/L) xylose (g/L) galactose (g/L) mannose (g/L) arabinose (g/L) Total Sugars (g/L)
1 H,0 4.12 2.00 1.12 1.90 1.56 10.71
2 H,0 4.41 2.02 1.20 2.00 1.60 11.22
3 1% H,S0, 8.01 4.73 1.57 4.01 1.70 20.02
4 1% H,S0,’ 8.96 4.86 1.64 4.06 1.72 21.24
5 EZ-1 8.01 5.41 1.72 4.05 1.76 20.96
6 EZ-2’ 8.60 5.99 1.76 4.27 2.68 23.30
7 EZ-3 11.04 5.82 1.84 4.35 2.72 25.78
8 EZ-4 11.97 6.63 1.92 4.46 2.81 27.78
9 2% H,S0, 3.96 1.96 1.05 1.98 1.57 10.51
10 2% H,S0,* 3.99 1.98 1.08 2.04 1.59 10.69

* Thermal application of 121°C for 20 min.EZ- enzymatic treatment w/ cellulase and f-glucosidase.

extraction medium (Bligh and Dyer) using two different biobased ter-
penes that are extracted from plants and citrus peels (d- limonene and p-
cymene). Extraction process was according to experimental procedures
in Ref. [14].

Ultrasonication assisted oil extraction was carried out using a
UP200Ht Handheld Ultrasonic Homogenizer (Hielscher Ultrasonics;
Germany). Ultrasonic homogenizer was set to standard parameters of
max frequency 26 kHz, 100% amplitude and 200 W of power. The
greener solvents were used in a modified version of the Bligh and Dyer
instead of the conventional chemicals such as chloroform and methanol.
A solution of terpene with water created the polar and non-polar solvent
ratio necessary for oil separation.

The combination oil extraction method used 2 g of algal biomass,
suspended in distilled H,O, and was subjected to 30 minutes ultrasoni-
cation. Following this, the algae suspension was centrifuged, and algae
debris was removed. Remaining solution was then transferred to 50 mL
d-limonene or p-cymene. The solution was allowed to sit for 90 min.
Within this time, the oil and solvent were at the top while the water
remained at the bottom of the test tube. A control sample was used
with distilled H,O with an exposure time of 40 min. Each experiment,
involving d-limonene and p-cymene, was repeated to ensure validity.
Following each experiment, d-limonene and p-cymene were removed
from the oily phase using a rotary evaporator. The remaining solution
was boiled at the respective solvent boiling point to ensure that all the
solvent was remove. Solvent loss did not occur as the boiling point and
thus evaporation of oil is significantly higher than that of both terpenes.

Following fermentation, the algal debris was recovered from the fer-
mentation broth. The fermentation sample was centrifuged at 1000 rpm
for 10 min and the algal debris was filtered and collected for drying
prior to oil extraction. Algal debris was dried initially through water
steam and then placed in an oven for 60 minutes at 60°C. Following
this, the algal biomass was exposed to optimal conditions of ultrasoni-
cation (30 minutes, in distilled H,0O) followed by centrifugation and thus
algae debris removal. After this, d-limonene was added to the remain-
ing suspension and allowed to sit for 90 minutes. Next, the solvent was
removed, and the oil quantity and oil yield were calculated as described
in the next section.

2.2.5. Analytical procedures

Sugar and solvent composition were analyzed using pre-calibrated
HPLC (Agilent 1260, USA) incorporated with an ion exchange pump, a
pump series (Agilent 1290 Infinity II), an auto sampler (Agilent 1290 In-
finity II) and refractive index detector (RID) (Agilent 1260 Infinity II).
Two different columns were used: Shodex SP010 for measuring sugar
concentration and Aminex HPX-87H for measuring solvent and acid con-
centrations. Each sample was centrifuged at 4,500 rpm for 25 minutes
and double filtered through 0.2 ym PTFE- filters (Whatman, USA). A
total of 10 uL from each dilute sample was injected into the column
and circulated for 35 minutes at a flow rate of 0.6 mL/min. Concentra-
tions were quantified from calibration curves that were developed from
standard solutions of known concentrations.

Cell concentration was determined using a hemocytometer (Bright-
Line, Hausser Scientific). The cell count method as described in [5,6,8]
was used to determine the number of cells following each UV exposure
and used to calculate the surviving fraction (SF) and the relative in-
duced mutation frequency (RF). SF is the number of cells that survived
the exposure to the UV radiation and RF is a proportion of the mutant
strain in the cell population that had survived exposure to the UV radia-
tion divided by the proportion of the mutant strain that was present but
not exposed to the UV radiation. Cellulose and hemicellulose contents of
the algal biomass were quantified as per the National Renewable Energy
Laboratory (NREL) as described by [15]. Following oil extraction pro-
cedures, the cell disruption efficiency was calculated to determine the
degree of cell rupture. It is calculated by the equation below as indicated
by [16]:
n= M x 100

Co

Where, Co is the initial cell count before the oil extraction method
and C; is the final cell count following the oil extraction method.

Oil quantification was determined after terpene removal [17]. The
oil sample was removed using a spatula and placed in a pre-weighed Ep-
pendorf tube (W1). The Eppendorf tube containing the oil was weighed
on an analytical scale (W2). The final weight of the oil (W,) was deter-
mined by the following equation:

Wo=W,-W,

Based upon the weight of the oil, the oil yield was calculated as per
the total amount of lipid content in the algae. The following equation
was used to determine the oil yield:

I w,
Oil Yield % = x 100
Wao
Where, W, is the weight of the oil following oil extraction and sol-
vent removal and W, is the actual weight of lipid in the algal biomass.
Values of W, were calculated as 38.5% lipid content by weight of the
total initial dry weight of Stichococcus algae [20].

2.2.6. Error analysis

All experiments were performed in triplicate, and reported data are
the mean among these three readings. The standard deviation of biobu-
tanol produced from algae was within the range of 0.1 to 0.4 and percent
error within the range of 0.5% to 6.4%. The standard deviation of ultra-
sonication experiments was within the range of 0.01 and 0.2 and percent
error within the range of 0.5% to 3.5%. The standard deviation of the
modified Bligh and Dyer method was within the range of 0.05 to 0.025
and percent error within the range of 0.4% to 0.7%. The standard devia-
tion from the combined extraction process 0.1 and percent error within
the range of 0.4% to 0.5%. The standard deviation from the combined
extraction process using the recovered algal biomass post-fermentation
was 0.1 and the percent error was 0.4%.
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3. Results and discussion
3.1. Pre-treatment and hydrolysis of algae

Table 1 indicates the individual and total sugar concentrations
from algal biomass that were subject to different pre-treatment op-
tions. Treatment #8 resulted in the highest amount total reducing
sugars (TRS) following chemical, thermal, and enzymatic applica-
tions (TRS = 27.78 g/L). Treatment #7 resulted in the second high-
est amount of TRS following chemical and enzymatic applications
(TRS = 25.78 g/L). Thermal applications generally had a positive ef-
fect upon sugar release as total sugar concentrations were higher when
exposed to heat when compared to no added heat.

Treatment #6 released the third highest amount of TRS following
thermal, water and enzymatic application (TRS= 23.30 g/L). Thus, in-
dicating that water and enzymes coupled with a thermal treatment can
be rather efficient in breaking down the algal structure. Collectively,
treatments #6, #7 and #8 suggest that enzymatic hydrolysis is integral
for disintegration of the cellulosic structure and increasing the bioavail-
ability of sugar monomers. Treatments #3 and #4 resulted in signifi-
cantly higher TRS values when compared with treatments #9 and #10.
This indicated that 1% acid treatment is far more efficient than 2% acid
treatment [18]. This can be attributed to the less rigid structure of al-
gae, which happens to be partially oxidized upon treatment with higher
concentrations of sulfuric acid [19].

Physical components of biomass play an integral role in the effective-
ness of the hydrolysis treatment as well as the availability of end prod-
ucts. Through hydrolysis, cellulose breaks down to glucose and hemicel-
lulose breaks down to xylose, mannose, galactose, and arabinose which
cumulatively yield the TRS potential. Lignin is also a defining character-
istic of biomass. Unlike other agricultural feedstocks, algae contain little
to low lignin and in this investigation, Stichococcus spp. of algae does not
possess lignin. This significantly eliminates the recalcitrant component
and allows for relatively easier disintegration of cellulose and hemicellu-
lose to produce simple sugars necessary for fermentation. The crystalline
nature of cellulose contributes to the overall recalcitrant nature of lig-
nocellulosic material. Hemicellulose furthers this difficult characteristic
because it acts as a physical barrier to the cellulose. Hemicellulose mi-
crofibers can be tightly bound and sheathed in a layer of pectin which
subsequently act a strong physical barrier to the cellulose. Therefore,
higher amounts of cellulose and hemicellulose, increase the recalcitrant
nature and consequently require more energy for hydrolysis.

Algae are comprised of lipids that can also be extracted, in addition
to sugars, to produce other biofuels such as biodiesel. Based on values
indicated in literatures, the carbohydrate and lipid contents of Stichococ-
cus are 38.9% and 38.5%; respectively [20]. This indicates that although
the sugar potential of algae may be lower than other feedstocks [4, 21-
23] it contains lipids that are not found in second-generation biomass.
Lipids can be extracted to produce other energy containing fuels such
as bio-oil and biodiesel. The addition of lipid and ability to produce dif-
ferent bio-based products increases the energy availability and overall
economic potential of algae.

3.2. Protoplast fusants mutagenesis and biobutanol production
fermentation

Fig. 1 illustrates the cell count following the UV mutagenesis study
for both fusants in the absence and presence of biobutanol. When sub-
jected to UV radiation, in the absence of biobutanol, CaCt began with a
cell concentration of 26 x 10° cells/mL and then experienced a decline
in cell concentration after 5-min time intervals. Following the 25-minute
exposure, the cell concentration dropped to 0.5 x 10° cells/mL. When
examining the effect of UV mutagenesis on CbCt, the fusant also experi-
enced a decline in cell concentration following each 5-min interval. Af-
ter the 25-min exposure to UV radiation, the cell concentration of CbCt
dropped to 1.0 x 10° cells/mL. Prolonged UV exposure has a positive
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Fig. 1. Change in cell concentration following UV mutagenesis for fused strains
CaCt and CbCt. (a) in the presence of butanol (b) in the absence of butanol.

correlation with cell count due to the impact of excessive DNA damage
[24]. When subjected to UV radiation, in the presence of butanol, CaCt
had an initial concentration of 1.5 x 10° cells/mL. Following this, CaCt
experienced an increased cell count reaching a peak at 10 minutes of
11.25 x 10° cells/mL and subsequently experienced a decline. Thus, in-
dicating highest butanol resistance at an exposure time of 10 minutes.
A similar pattern can be seen for CbCt in the presence of butanol. Ini-
tial cell concentration for CbCt was 2.25 x 10° cells/mL. Following this,
cell count increased and reached a peak at 10 minutes (16.75 x 10°
cells/mL) and subsequently experienced a decline. Like CaCt, the high-
est butanol tolerance was achieved at an exposure time of 10 minutes.

Fig. 2 indicates the surviving fraction and relative induced muta-
tion frequency of CaCt and CbCt, when exposed to UV mutagenesis in
the presence of biobutanol. The surviving fraction decreased over the
exposure time. Following the 15-min exposure time, the surviving frac-
tion began to decrease significantly for both fusants indicating exces-
sive DNA damage [24]. It is apparent that prolonged exposure to UV
radiation implicated both fusants in a similar manner as the surviving
fraction curves have similar shapes. However, it can be concluded that
CbCt resulted in a higher surviving fraction following the full- time ex-
posure of UV radiation. The surviving fraction after the 25-min exposure
was 0.019 (equivalent of 0.5 x 105 cells/mL) and 0.035 (equivalent of
1 x 10° cells/mL) for CaCt and CbCt; respectively. The higher surviving
fraction obtained with the CbCt demonstrates higher tolerance for UV
radiation.
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Table 2
Sugar concentrations and ABE concentrations following algal-based fermentation.

20 25

Sugar Compositions of Algal Hydrolysate Prior to

Concentrations of Fermentation Products

Strain  Algae Pre-treatment/ Fermentation (g/L) (g/L)
Experiment Used  Hydrolysis Conditions Sugar - — Total ABE
Total Consumed Acetic  Butyric  (g/1)
Glucose Xylose Galactose Mannose Arabinose Sugar — (9p) Acetone Butanol Ethanol Acid Acid
1 CaCt  H,O + EZ" 5.21 2.10 0.53 0.60 0.75 9.19 77.49 3.41 7.06 1.01 0.64 0.61 11.48
2 CaCt 1% H,SO, 4.80 2.03 0.40 0.50 0.56 8.29 75.31 3.61 7.39 1.10 0.73 0.66 12.1
3 CaCt 1% H,SO4+EZ 3.64 1.92 0.39 0.45 0.40 6.80 79.42 4.02 7.39 1.13 0.76 0.69 12.54
4 CbCt  H,0 +EZ 4.00 1.77 0.36 0.60 0.60 7.33 85.21 3.84 7.42 1.02 0.66 0.64 12.28
5 CbCt 1% H,SO, 3.61 1.66 0.35 0.46 0.49 6.57 79.29 4.41 7.84 1.17 0.78 0.74 13.42
6 CbCt 1% H,SO,+EZ 3.23 1.53 0.33 0.47 0.40 5.96 87.56 4.85 7.98 1.19 0.79 0.76 14.02
7 Ca* 1% H,SO,+EZ 11.35 2.05 0.75 0.48 1.21 15.84 74.15 3.18 5.94 0.83 0.59 0.42 9.95
8 Cb* 1% H,SO,+EZ 10.89 1.98 0.74 0.48 1.20 15.29  75.92 3.57 5.97 0.88 0.60 0.48 10.42
9 Ct™* 1% H,SO4+EZ 10.81 1.92 0.71 0.45 1.19 15.08 76.59 3.96 6.04 0.99 0.70 0.60 10.99

* At 121°C for 20 minutes.

** Enzymatic treatments were conducted after pretreatment w/ cellulase and f-glucosidase.

*** Used without mutagenesis as a control.

According to Table 2, fermentation experiments #3, #5 and #6 re-
sulted in the lowest remaining sugar concentrations. This indicates that
these three experiments were the most successful in releasing sugars nec-
essary for ABE production. Experiment #6 resulted in the least amount
of total sugars thus indicating that fusant CbCt with hydrolysis of al-
gae (chemical, thermal, and enzymatic) was most successful in breaking
down and utilizing majority of available sugars for ABE production.

Table 2 also shows that hydrolysis treatments incorporating thermal,
chemical, and enzymatic applications and fusant CbCt resulted in the
highest biobutanol concentration of 7.98 g/L. CaCt, coupled with the
same hydrolysis treatments resulted in a lower biobutanol concentration
of 7.39 g/L. Fusants resulted in a higher ABE concentration compared
to single strains (experiments #7, #8 and #9). Thus, this can indicate
the successful application of protoplast fusion and development of viable
fusants for biobutanol production. Moreover, this can also elucidate that
the combined properties of the two Clostridia (in the form of a hybrid)
have a greater ability to degrade algal biomass and release the necessary
sugars for the ABE fermentation pathway.

Parent strains achieved similar values of biobutanol production.
However, Ct achieved the highest concentration relative to Ca and Cb.
As per the resultant data, Ct has the highest cellulolytic rate as perceived
from the biobutanol concentration and the total sugar consumption of
61.21%. Various studies have concluded that out of all cellulose degrad-
ing microorganisms, Ct exhibits the highest rate of cellulose degradation
[25-27]. Therefore, utilizing its promising characteristics alongside ad-

vantageous qualities of Ca and Cb, the biobutanol production and sugar
consumption of the fusants are superior.

Variety of factors influence the final biobutanol concentration which
can explain differences noted in literature. Hydrolysis treatments, bacte-
ria used in the fermentation process, and physical structures of the feed-
stock can all affect the resultant biobutanol concentration. [28] obtained
a biobutanol concentration of 4 g/L using Cb which is 1.97 g/L less
than the biobutanol concentration obtained in the present study, also
using Cb. This variation in biobutanol concentration can be accounted
for by different algae species and the specificity of the Clostridia strain.
Although Ulva Lactuca has a generally higher carbohydrate range (50-
60%) when compared to Stichococcus spp. (38.9%), the lower biobutanol
concentration can be accounted for by the utilization of a mutated strain
of C. beijernickii (BA101) used in the present study. This mutated strain
has enhanced capabilities to break down starch and also has a higher
butanol tolerance (0.017-0.021 kg butanol/L of fermentation broth)
[29].

When compared with other feedstock, such as rice straw and seep-
weed, the present study was able to achieve higher biobutanol concen-
tration when utilizing Ca during fermentation [4,29]. Although the car-
bohydrate concentration of rice straw (35-40%) is similar to that of Sti-
chococcus spp., the lower biobutanol concentration can be a result of
experimental differences including the lack of additional enzymes and
variations in chemical treatments [29]. Similarly, the seepweed-based
biobutanol concentration is lower than the biobutanol concentration ob-
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Table 3
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All oil extraction procedures and resultant oil concentration (g), oil yield (%), and cell disruption (%).

Experiment Method Condition Time (minutes) Oil Amount (g) 0Oil Yield (%) Cell Disruption (%)
1 Ultrasonication in 50 mL d-limonene 10 0.04 5.14 23.46
2 20 0.24 30.85 49.38
3 30 0.30 38.56 62.96
4 40 0.225 28.92 37.04
5 in 50 mL p-cymene 10 0.035 4.50 22.22
6 20 0.14 17.99 37.04
7 30 0.27 34.70 55.56
8 40 0.20 25.71 50.62
9 in 50 mL water (control) 40 0.01 1.21 —_
10 Green Solvent Bligh Direct solvent in d-limonene (45 mL 90 0.21 26.99 33.33
& Dyer d-limonene w/ 5 mL H,0)
11 Direct solvent in p-cymene (45 mL 90 0.197 25.06 28.40
p-cymene w/ 5 mL H,0)
12 Combination Ultrasonication 50 mL distilled H,O 30 0.36 46.27 77.78
followed by Green Solvent Bligh & Dyer
(50 mL d-limonene)
13 Ultrasonication 50 mL distilled H,O 30 0.31 38.85 69.14
followed by Green Solvent Bligh & Dyer
(50 mL p-cymene)
14 Combination Ultrasonication 50 mL distilled H,O 30 0.506 65.04 —

Post-Fermentation followed by Green Solvent Bligh & Dyer

(50 mL d-limonene)

tained in the present study. This can be accounted for by the lower
carbohydrate concentration of seepweed (25%) [29]. However, when
comparing the two parent strains Ca and Cb, Cb was more successful in
breaking down wheat straw to yield a higher biobutanol concentration
of 7.6 g/L [27]. When examining the effectiveness of Cb on biobutanol
yield, it can be seen that wheat straw faired better as it resulted in a
higher biobutanol concentration of 7.4 g/L when compared to algae
(5.97 g/L). This can be explained by the higher cellulose and hemicel-
lulose contents of wheat straw. Additionally, it can be assessed that the
lower biobutanol yield from algae as compared with wheat straw can be
explained by presence of inhibitors [26,29]. Inhibitors limit growth and
also reduce the amount of available sugars necessary for ABE produc-
tion [27,30]. Despite lower biobutanol concentrations, relative to other
feedstock, such as wheat straw, the productivity of algae is significantly
greater than wheat straw.

3.3. Algae oil yield

Table 3 shows results for the oil yield from all extraction experi-
ments. Optimal time for maximum oil extraction through ultrasonica-
tion was 30 min for both terpenes examined. As shown in Table 3,
ultrasonication after the 40-min exposure negatively impacted the oil
yield as the yield decreased by 9.64% and 8.99% for d-limonene and
p-cymene, respectively. Apparently, prolonged ultrasonication time can
impede oil yield and quality through the formation of radicals [30]. Ap-
plication of chemicals alongside with ultrasonication has been known to
improve cell disruption efficiency and subsequent oil recovery [32,33].
Generally, higher sonication power that requires more energy can result
in a higher oil recovery rate. However, the utilization of organic sol-
vents reduces the amount of energy required for the process [9,31-33].
Furthermore, the physical properties of added chemicals can also influ-
ence the effect of ultrasonication upon cell disruption and subsequent
lipid recovery. Physical properties such as surface tension and viscos-
ity play a critical role in the severity of cavitation development and
collapse. During the ultrasonication process, the hydrophobic solvents,
d-limonene and p-cymene, gather at the bubble interface and can be ei-
ther radical scavengers in a hot region surrounding the bubble or reduce
the maximum temperature reached during the bubble’s collapse due to
the evaporation of the solute. Also, oscillations in the bubble allow for
solvent evaporation and consequently degradation reactions of the cell
wall. The more volatile a solvent, the more it is able to squeeze the bub-
ble through the ability of increased evaporation [9,31-33]. D-limonene

and p-cymene have fairly comparable physical properties [10]. How-
ever, the slightly more volatile state of d-limonene can account for the
3.86% increase in oil yield. The lower surface tension of d-limonene
(25.8 dyne-cm™1) relative to p-cymene (28.5 dyne-cm™') can result in
enhanced ultrasonication effects [10,35].

Achard et al. [36] utilized similar sonication parameters and solvent
combination on Chlorella spp. resulted in a significantly higher oil yield
of 67.4%. The significant increase in oil yield can be attributed to the
use of chloroform and methanol that allows for the usage of residual
endogenous water in the microalgae cell that can subsequently allow
for the complete extraction of both neutral and polar lipids [36]. Such
solvents are highly toxic. The addition of ethanol in a solvent system
can be permissible as a greener solvent. However, when comparing the
oil recovery of terpenes in this study with that in the literature [37] that
utilized a chloroform and ethanol system with 28.33% oil recovery for
algal oil extraction, the present study achieved higher oil recovery of
38.66% and 34.70% for d-limonene and p-cymene; respectively. This
can indicate the greater suitable of a single solvent system compared
to a chloroform-ethanol system when combined with ultrasonication.
Furthermore, this also indicates that combining ethanol with chloroform
reduces extraction efficiencies of chloroform. Lastly, it can be concluded
that perhaps terpenes fair better in terms of oil extraction efficiencies
when compared with ethanol. According to Table 3, the green Bligh and
Dyer method resulted in a higher oil extraction yield of 26.99% with the
application of d-limonene relative to an oil extraction yield of 25.06%
achieved through p-cymene. Further examination of the 1.93% increase
in oil yield, accounted by d-limonene, can be attributed to its higher
chemical affinity to the neutral lipids and consequently its lower HSP
value [9].

Chloroform and methanol obtained an oil yield of 70.20% from
C. vulgaris when using a direct solvent method [38]. However, when
comparing direct solvent methods utilizing other greener solvents, the
present study resulted in some variation compared with previous stud-
ies. Ionic liquid mixtures used with microalgae resulted in a lower oil
extraction of 25.27% [39]. Greener solvent, cyclopentyl/methyl Ether
(CPME), mixed with ethanol, resulted in a higher microalgae oil yield
of 39.4% [40]. Consequently, this can specify that perhaps CPME, even
combined with ethanol, in a direct solvent method, has a higher oil
extraction efficiency than terpenes. However, the single terpene sys-
tem in this study achieved higher oil extractions yields when compared
to a hexane-methanol-water system that achieved a lower oil yield of
10.46% [41].
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In the present study, the two-step oil extraction process in the pre-
liminary study on algae resulted in a higher oil yield relative to the two
separate methods. Combination processes, with d-limonene, resulted in
an oil yield of 46.27%. Combining different extraction methods can re-
sult in a great efficiency of oil recovery [31-34]. As shown in this study,
the combination of ultrasonication and a green Bligh and Dyer method
increased the oil yield for the respective microalgae. Combination ex-
traction have proven to an effective option for certain algal species that
have more rigid cell walls and that require more energy for cell disrup-
tion. Farias et al. [42] evaluated the effects of five different extraction
methods coupled with the Bligh and Dyer method. It was concluded that
the ultrasound assisted Bligh and Dyer method applied to C. vulgaris
resulted in the highest oil extraction of 52% [42]. The present study
obtained oil extraction of 46.27% with d-limonene. This is only 5.73%
lower than that of what has been reported in literature thus indicating
the viability of using terpenes in conjunction with ultrasonication. Cell
disruption efficiency of the combined extraction improved by 7.71%
and 19.28%, respectively from ultrasonication and the green Bligh and
Dyer single extraction; with application of d-limonene. Cell disruption
efficiency of the combined extraction improved by 4.25% and 14.79%;
respectively from ultrasonication and green Bligh and Dyer single ex-
traction; with application of p-cymene.

Out of all oil extraction experiments, using algae recovered from the
fermentation experiments resulted in the highest yield of 65.05% us-
ing d-limonene. The higher oil extraction yield, relative to using virgin
algae in the preliminary study, can be accounted for by the exposure
of hydrolysis treatments applied to the recovered algal biomass. This
can be advantageous as it allows for the disintegration of lignocellulose
biomass to expose sugars necessary for bio-alcoholic fuel production and
provides accesses to the lipids in the interior of the cells [34]. However,
destruction of the microalgae cell is still not sufficient to access lipid.
Thus, a solvent, in this case a terpene, is still required to create a solvent-
lipid complex to sufficiently release lipids. The recovered algal biomass
following fermentation has also been exposed to the enzyme-secreting
Clostridia fusant CbCt during the fermentation process. Enzymatic cell
disruption is an advantageous approach because it incorporates highly
selective disruption that permits the extraction of the desired products,
mild reactions, and the absence of energy intensive drying steps [34].
Additionally, enzymatic pre-treatments are used in combination with
solvents to breakdown the cell wall, release lipid bodies from the cellu-
lar structure and separate the lipids from the protein/lipid matrix [33].
Due to the high costs of enzymes, it has been recognized that improv-
ing enzymatic hydrolysis treatments is necessary in order to promote
efficiency [33].

4. Conclusions

A protoplast fusion technique was applied to develop two fusants;
CaCt and CbCt. The fusant strains were subjected to UV radiation to
improve butanol tolerance and thermal stability. The fused strains and
single Clostridia sp. (Ca, Cb, and Ct) were used in SSF and SHF processes
of algal biomass. It was indicated that the fused strains produced signif-
icantly higher biobutanol concentrations when compared to the single
stains. The biobutanol concentrations achieved by CaCt and CbCt were
7.39 g/L and 7.98 g/L, respectively. Ultrasonication in terpene solvent
and the green Bligh and Dyer with terpenes were utilized separately
for oil extraction. A combination of these two steps were applied to de-
termine the effect of combining these extraction methods. Ultrasonica-
tion with terpenes resulted in an oil yield of 38.56% (d-limonene) and
34.70% (p-cymene). When compared with another green solvent sys-
tem, comprised of chloroform and ethanol used with ultrasonication for
algae oil extraction (28.33%), the single terpene system in the present
study resulted in a higher extraction yield. The green Bligh and Dyer
method with terpenes resulted in an oil yield of 26.99% (d-limonene)
and 25.06% (p-cymene). Compared with literature, CPME/EtOH green
solvent resulted in a higher oil extraction yield of 39.4% . However,
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compared to a mixture of ionic liquids, the present study obtained a
higher extraction yield. The combination method achieved a higher oil
yield of 46.27% using d-limonene. The combination extraction method
of ultrasonication followed by a direct bio-based solvent also greatly
influenced the cell disruption efficiency. Algae recovered from fermen-
tation was subjected to the optimal two-step oil extraction procedure
(ultrasonication=30 minutes, and green Bligh and Dyer method with
d-limonene) and resulted in the highest oil yield of 65.04%. It was as-
sessed that the algal biomass used in the fermentation process was ex-
posed to various pre-treatments to breakdown the cell wall to expose the
necessary sugars for bio-alcoholic fuel production. The chemical, ther-
mal, and enzymatic pre-treatments coupled with the exposure to the
enzyme-secreting Clostridia fusant, CbCt, resulted in a disintegrated cell
wall and exposed lipid structure at a higher degree. The recovered algae
post-fermentation resulted in higher oil extraction yield when compared
with literature work that utilized chloroform and methanol. This shows
the promise of bio-based terpenes as a viable alternative and the usage
of the enzyme-secreting fusant CbCt.
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