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Deciphering metabolic enzyme catalysis in living cells remains a formidable challenge 
due to the limitations of in vivo assays, which focus on enzymes isolated from respira-
tion. This study introduces an innovative whole-cell electrochemical assay to reveal the 
Michaelis–Menten landscape of respiratory enzymes amid complex molecular interac-
tions. We controlled the microbial current generation’s rate-limiting step, extracting 
in  vivo kinetic parameters (Km, Ki, and kcat) for the periplasmic nitrite (NrfA) and 
fumarate (FccA) reductases. Notably, while NrfA kinetics mirrored those of its purified 
form, FccA exhibited unique kinetic behavior. Further exploration using a mutant strain 
lacking CymA, a periplasmic hub protein, revealed its crucial role in modulating FccA’s 
kinetics, challenging the prevailing view that molecular crowding is the main cause 
of discrepancies between in vivo and in vitro enzyme kinetics. This platform offers a 
groundbreaking approach to studying cellular respiratory enzymatic kinetics, paving 
the way for future research in bioenergetics and medicine.

interprotein interaction | Michaelis–Menten equation | enzymatic activity

 Electron transfer in cellular respiration, vital to all living organisms, operates through a 
complex and synchronized network of molecular interactions. Traditional in vitro exper-
iments have provided substantial insights into enzymatic reaction kinetics and protein 
structures, yet often fall short of replicating the intricate in vivo cellular milieu ( 1   – 3 ). This 
discrepancy has fueled ongoing debates in enzymology regarding the impact of physio-
logical states and macromolecular crowding on enzymatic behavior ( 4 ,  5 ). Techniques to 
characterize in vivo enzymatic reaction kinetics have evolved, yet their application remains 
limited, often restricted to specific proteins, such as β-lactamase or alkaline phosphatase, 
and hindered by the complexities of cellular environments ( 6     – 9 ). A particularly challenging 
aspect is the elucidation of interprotein interactions within the respiratory electron transfer 
chain, which is pivotal for biological energy generation. Existing methods struggle to 
capture the enzyme catalysis in the presence of specific interprotein interactions without 
potentially altering enzymatic functions or associated electron and cation kinetics ( 6     – 9 ).

 In the present study, we develop a groundbreaking label-free electrochemical approach 
to directly observe respiratory enzyme kinetics within intact bacteria. By enhancing micro-
bial extracellular electron uptake from an extracellular electrode to an intracellular enzyme 
as the sole electron acceptor, we couple electrochemical current production with in vivo 
enzymatic catalysis. This approach circumvents the limitations of traditional bioelectro-
chemical techniques, which, despite their sensitivity and resolution, are impeded by the 
insulating properties of cellular membranes when applied to intracellular enzymes. 
Employing Shewanella oneidensis  MR-1, renowned for its c﻿-type cytochrome complexes 
(Cyts) on the outer membrane that facilitate direct electron transfer between intracellular 
enzymes and extracellular electrodes ( 10 ,  11 ), we developed a protocol for quantifying 
intracellular enzyme kinetics. Specifically, we utilized riboflavin to enhance electron trans-
port through these cytochrome complexes to set the rate-limiting step as the intracellular 
enzymatic reaction ( 12 ,  13 ). By focusing on nitrite reductase (NrfA) and fumarate reduc-
tase (FccA), and examining their interactions with the electron donor hub protein CymA, 
we elucidate how these interactions influence their Michaelis–Menten kinetics. A series 
of antibiotics were used to quantify the contribution of these enzyme catalysis to the 
current production comparing to other biological processes. Furthermore, indirect electron 
transfer process via a soluble redox mediator was applied to monitor nitrate reductase 
activity in Escherichia coli  using a high-throughput electrochemical system. Through this 
platform, we offer a first-of-its-kind insight into the in vivo kinetics of respiratory enzymes 
and their interprotein interactions, significantly advancing our methodology for under-
standing the complex symphony of cellular respiration. 
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Results

Shifting Rate-Limiting Step to Couple the Current Generation 
with Metabolic Enzymatic Reactions. Cathodic current production 
in S. oneidensis MR-1 predominantly occurs when electrons are 
transferred from the electrode via the outer membrane Cyts and 
consumed by the periplasmic enzyme (12, 14) (Fig.  1A). To 
quantify the current production coupled with specific enzyme 
processes, it is essential to control the rate-limiting step within 
these multiple steps. More specifically, to fix the kinetics of the 
periplasmic enzymatic reaction as the rate-limiting step for cathodic 
current production, the rate of electron uptake via the Cyts has to 
be faster than the periplasmic enzymatic process (Fig. 1A).

 To set the rate-limiting step as the periplasmic enzyme, we first 
focused on nitrite (NO2﻿

− ) reduction, mediated by the NrfA pro-
tein, the sole nitrite reductase in the periplasmic space ( 15 ,  16 ). 
We added 10 µM riboflavin to enhance the rate of Cyts, as ribo-
flavin is proven to significantly enhance electron transfer through 
outer membrane Cyts, particularly OmcA, by facilitating bound 
hydroquinone formation ( 12 ).

 Utilizing a whole-cell electrochemical setup with MR-1 cells 
adsorbed on an indium tin-doped oxide (ITO) electrode within a 
three-electrode system under anaerobic conditions (see experimen-
tal) ( 17 ), we observed a stable microbe–electrode interface, with no 
significant change in the number of viable MR-1 cells over an hour 
in the presence of nitrite and 10 µM riboflavin ( Fig. 1B   and 
﻿SI Appendix, Fig. S1 ), probably due to the short duration time and 
scarce generation of reactive oxygen species. The effect of riboflavin 
was validated in our electrochemical setup, where it markedly accel-
erated the cathodic current upon the introduction of 0.1 mM nitrite 
under a constant potential of −0.45 V vs. standard hydrogen elec-
trode (SHE) ( Fig. 1C  ). This effect was absent without riboflavin, 
where the cathodic current remained minimal. The slight cathodic 
current before nitrite addition, which was observed previously ( 12 ), 
can be explained by the consumption of substrate remaining from 
preculture. Additionally, this cathodic current was diminished in 
the absence of MR-1 cells or dead cells, and the addition of lactate 
as the electron source for MR-1 scarcely altered the current of MR-1 
(SI Appendix, Fig. S2 and S3 ), indicating that the observed cathodic 
current is due to electron transport and consumption in MR-1 cells.

Fig. 1.   The microbe–electrode system couples electrical current with nitrite and fumarate reduction. (A) Schematic illustration of electrochemical assay for 
respiratory enzyme kinetics. (B) A representative confocal microscopic image of Shewanella oneidensis MR-1 cells on ITO electrodes subjected to electrochemical 
assay, which is stained with SYTO 9 (green) and propidium iodide (magenta). (C and D) Representative time courses for cathodic current under potential 
application at −0.45 V (vs. SHE). Blue and black lines represent the cathodic current production from electrode-attached S. oneidensis MR-1 cells in the presence 
and absence of 10 μM riboflavin, respectively, and the dashed line is the current of 10 μM riboflavin without MR-1 cells. The red lines show the data of ΔcymA 
with 10 μM riboflavin. The green lines show the data of (C) ΔnrfA and (D) ΔfccA in the presence of 10 μM riboflavin. Arrows indicate the point at which (C) 0.1 mM 
nitrite and (D) 1.0 mM fumarate were added to each batch. The same tendency was reproduced in at least three separate experiments. (E) Representative plots 
of the number of electrons delivered to MR-1 cells against nitrite or fumarate consumption at an electrode potential of −0.45 V (vs. SHE). The baseline current 
was subtracted from the electron number. The squares of the correlation coefficients (R2) include the point of origin.

http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
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 The linear relationship between the number of electrons deliv-
ered and nitrite consumed, with a correlation coefficient (R2 ) of 
0.99 ( Fig. 1E  ), underscores the role of riboflavin in coupling 
cathodic current to the nitrite reduction reaction. Accordingly, 
the delivered electron and consumed nitrite ratio were compared, 
representing 5.92 ± 0.40 e− /nitrite, which is stoichiometrically 
relevant with NrfA catalysis reducing nitrite to ammonia (6 e− /1 
nitrite) ( Fig. 1E   and SI Appendix, Fig. S4 ). Notably, the ΔnrfA  
mutant exhibited negligible current upon nitrite addition, affirm-
ing NrfA’s attribution for the observed cathodic current increase 
( Fig. 1C   and SI Appendix, Fig. S5 ).

 Further, we conducted cyclic voltammetry (CV) on MR-1 cells 
to analyze the dependency of the cathodic current on the applied 
electrical potential. The CV revealed that the rate-limiting step 
shifted to nitrite reduction following riboflavin addition, with a 
clear cathodic current increase at an onset potential of −0.23 V 
(vs. SHE) in the presence of nitrite and riboflavin ( Fig. 2A  ). This 
onset potential aligns with the enhanced electron transfer capa-
bilities of cytochromes mediated by riboflavin ( 12 ). The 
concentration-dependent increase in cathodic current with nitrite 
in the presence of riboflavin ( Fig. 2A  ), versus the absence of such 
dependency without riboflavin ( Fig. 2A  , Inset ), illustrates that 

nitrite reduction at NrfA limits the cathodic current in the pres-
ence of riboflavin.        

 Similarly, the addition of 1.0 mM fumarate in the presence of 
10 μM riboflavin resulted in an immediate cathodic current 
increase of about −115 μA, a response absent in the ΔfccA  mutant, 
indicating FccA’s role in fumarate reduction ( Fig. 1D   and 
﻿SI Appendix, Fig. S5 ). The stoichiometric correlation between 
cathodic current and fumarate consumption (2.06 ± 0.33 
e- /fumarate) closely matches the theoretical reduction ratio 
( Fig. 1E   and SI Appendix, Fig. S4 ). Furthermore, the cathodic 
current in CV also increased with fumarate concentration in the 
presence of riboflavin ( Fig. 2B  ), demonstrating the coupling of 
microbial current production with intracellular enzyme catalysis 
in the presence of riboflavin. This coupling was not observed with-
out riboflavin ( Fig. 2B  , Inset ), highlighting the essential role of 
riboflavin in facilitating intracellular enzymatic reactions and their 
corresponding electrochemical signatures.

 To confirm that the electrical output is solely derived from the 
enzyme catalysis with scarce interference from other intracellular 
processes, the microbial cathodic current response against an 
ATPase inhibitor, N,N-dicyclohexylcarbodiimide, and a proton 
ionophore, carbonyl cyanide 3-chlorophenylhydrazone were mon-
itored in the presence of 5.0 mM fumarate and 10 μM riboflavin. 
Both additives scarcely altered the current profile ( Fig. 3 A  and B   
and SI Appendix, Fig. S6 ), strongly suggesting that the current is 
connected to the intracellular enzyme catalysis without being 
linked with proton translocation across the inner membrane. We 
also tested five types of antibiotics with different mechanisms of 
action such as imipenem (β-lactam antibiotics), ciprofloxacin (new 
quinolone antibiotics), amikacin (aminoglycoside antibiotics), 
chloramphenicol, and polymyxin B (polypeptide antibiotics). In 
the case of imipenem, ciprofloxacin, amikacin, and chloramphen-
icol, over 90% of the cathodic current remained at even higher 
concentrations than the minimum inhibitory concentration 
(MIC) ( Fig. 3 C –F   and SI Appendix, Fig. S6 ), suggesting that the 
electrical output is scarcely interfered with by other intracellular 
processes linked with cell wall synthesis, DNA synthesis, protein 
synthesis, and cell growth. In contrast, polymyxin B and ethanol 
largely diminished the cathodic current ( Fig. 3G   and SI Appendix, 
Figs. S6 and S7 ). Because both polymyxin B and ethanol disrupt 
the outer membrane sustaining Cyts that electrically connect the 
electrode and the periplasmic enzyme, these data suggest that the 
other biological process than enzyme and electron uptake does 
not impact the cathodic current, highlighting the versatility of our 
method to applying to other enzymes. Although ethanol poten-
tially impacts cell activity through other mechanisms, such as 
interference with ATP production ( 18 ), the minimal effect 
observed with the ATPase inhibitor and proton ionophore suggests 
that the primary cause of the current decrease is likely the disrup-
tion of the outer membrane.          

Michaelis–Menten Analysis of Intracellular NrfA and FccA 
Catalysis. To characterize the kinetic properties of intracellular 
NrfA using whole-cell electrochemistry, we analyzed the cathodic 
current at various concentrations as reported for purified NrfA with 
the Michaelis–Menten equation (19). The cathodic current in the 
presence of riboflavin gradually decreased at higher concentrations 
than 0.4 mM (SI Appendix, Fig. S8), characteristic of purified NrfA 
protein exhibiting substrate inhibition at high nitrite concentration 
(19). This trend is evident by plotting the nitrite reduction kinetics 
against the concentration of nitrite (Fig. 4A). Nitrite reduction 
kinetics is calculated from the limiting current (the cathodic 
current at −0.80 V vs. SHE in CV following subtraction by the 
cathodic currents in the absence of nitrite) and the amount of 

Fig. 2.   Riboflavin shifts the rate-limiting step of current production from 
electron uptake to the enzymatic reaction. Cyclic voltammograms of  
S. oneidensis MR-1 cells with nitrite (A) and fumarate (B) in the presence of 
10 μM riboflavin. The dashed lines represent the data without nitrite and 
fumarate. The data with 1.5 mM and 3.0 mM fumarate are overlapping. The 
scan rate is 10 mVs−1. The same tendency was reproduced in at least three 
separate experiments. Inset: Data of S. oneidensis MR-1 cells without riboflavin.

http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
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NrfA present in the MR-1 cells attached on each ITO electrode 
quantified by liquid chromatography-mass spectrometry (LC-MS) 
analysis [4.63 ± 0.55 pmol (SI Appendix, Fig. S9)].

Eq. 1 is a Michaelis–Menten model in which a second substrate 
molecule binds to inhibit the enzyme that applies to purified NrfA 
protein (19). Km and Ki are Michaelis constant and inhibition 
constant, and Vmax and [S] are maximum turnover rate and 
nitrite concentration, respectively. The plots of nitrite reduction 
kinetics were fitted with this model (Fig.  4A), demonstrating 
that intracellular NrfA shows reaction kinetics following the 
Michaelis–Menten equation as with the purified one. Km, Ki, and 
Vmax were determined to be 63.0 ± 13.7 µM, 19.7 ± 3.2 mM, 
and 94.5 ± 16.8 pmol s−1, respectively (Figs.  4B and 3C). kcat 

(turnover number) of NrfA was calculated to be 20.4 ± 4.37 s−1 
(Table 1 and SI Appendix, Fig. S9). The Km and Ki of NrfA in an 
intact cell were almost identical to those of purified NrfA protein 
immobilized on electrodes: 54 ± 12 µM for Km and 18 ± 4 mM 
for Ki (Fig. 4 B and C) (19).

 In contrast, the kinetics of FccA differed significantly from anal-
ogous purified proteins. The plot of fumarate reduction kinetics 
against fumarate concentration showed nonproportional relation-
ships following a Michaelis–Menten curve ( Fig. 4D  ). Hanes–Woolf 
plots were made to quantify Km   of intracellular FccA ( Fig. 4E  ).

﻿﻿  

 
﻿﻿  

[1]v =
Vmax[S]

Km + [S](1 + [S]∕Ki)
,

[2]v =
Vmax[S]

Km + [S]
(Michaelis −Mentenequation),

[3]
[S]

v
=

[S]

Vmax

+
Km

Vmax

(

Hanes−Woolfplots
)

,

Fig. 3.   (A-G) The impact of antibiotics and inhibitors on the electrical current in the microbe–electrode system. Representative time courses for cathodic current 
from electrode-attached S. oneidensis MR-1 cells under potential application at −0.45 V (vs SHE) with 10 μM riboflavin and 5.0 mM fumarate. Each antibiotic or 
inhibitor was added at the times indicated by the arrows. The types and concentrations of antibiotics/inhibitors are noted. The minimum inhibitory concentration 
(MIC) for each antibiotic, determined by the growth in the defined medium (DM) containing 10 mM lactate under aerobic conditions, is also indicated. Inset: 
The relative cathodic current decreases at 10 min after the addition of antibiotics or inhibitors. The error bars represent the mean ± SEM obtained from three 
separate experiments.

http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
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  Km   and Vmax  were revealed to be 161 ± 23.6 μM and 751 ± 
72.0 pmol s–1  via the linear regression of Hanes–Woolf plots 
( Fig. 4F  ). kcat   of FccA was 182 ± 37.4 s–1  ( Table 1  and SI Appendix, 
Fig. S10 ). The Km   value of purified FccA protein has been 
reported to be below 50 μM ( 22 ) and analogous fumarate reduc-
tase from Shewanella frigidimarina  [with 59% amino acid 
sequence identity ( 23 )] showed Km   of 21 μM or 6 μM ( 20 ,  21 ). 
These values are significantly lower than the Km   of FccA in the 
cells ( Fig. 4F  ).

 The potential discrepancy between the bulk and the periplasmic 
fumarate concentration was investigated by increasing the mem-
brane permeability with polymyxin B. This substance creates pores 

in the cell’s outer membrane, allowing polypeptides to pass 
through ( 24 ). In our study, MR-1 cells supplemented with ribo-
flavin were treated with 6.0 µg mL–1  polymyxin B, a dose known 
to increase their membrane permeability ( 25 ). CV showed that 
the cathodic current response to fumarate was similar, regardless 
of polymyxin B treatment until 0.9 mM (SI Appendix, Fig. S11 ). 
This is consistent with conventional studies that bacterial outer 
membranes are typically permeable against most carbohydrates, 
scarcely making the substrate concentration gradient a limiting 
factor, unlike metabolites ( 26 ). The antibiotic effect of polymyxin 
B potentially disturbing the electron transfer pathways may 
explain the current reduction at the higher concentrations 

Fig. 4.   Michaelis–Menten analysis for electrochemical nitrite and fumarate reduction in intact cells. (A) Representative plots of nitrite reduction rate against 
the concentration of nitrite. The black square and black circle plots represent the data in the presence and absence of 10 μM riboflavin, respectively. Red plots 
are the data for ΔcymA cells with 10 μM riboflavin. The error bars represent the mean ± SEM obtained from three times CV scans using the same reactor. The 
same tendency was reproduced in at least three separate experiments. The solid line represents a fitting line based on the Michaelis–Menten equation. Km 
(B) and Ki (C) of nitrite reduction in MR-1 cells. White and red bars represent the data for wild type and ΔcymA, respectively. Gray bars represent the data for 
purified homologous proteins [(A): ref. 19]. Numerical data are indicated above the bars. The error bars represent the mean ± SEM obtained from at least three 
separate experiments. Statistical significance is determined by P-values from two-sided Student’s t test compared to the wild type. (D) Representative plots 
of reaction kinetics against the concentration of fumarate. The black square and black circle plots represent the data in the presence and absence of 10 μM 
riboflavin, respectively. Red plots are the data for ΔcymA cells with 10 μM riboflavin. Blue plots are the data with 6.0 mg L−1 polymyxin B and 10 μM riboflavin. 
The error bars represent the mean ± SEM obtained from three times CV scans using the same reactor. The same tendency was reproduced in at least three 
separate experiments. (E) Representative Hanes–Woolf plots for fumarate reduction kinetics in the absence (black plots) and presence (blue plots) of 6.0 µg mL–1 
polymyxin B. Red plots represent the data of ΔcymA cells. The error bars represent the mean ± SEM obtained from three times CV scans using the same reactor. 
The same tendency was reproduced in at least three separate experiments. (F) Km of fumarate reduction reaction in MR-1 cells. Blue bars represent the data 
for wild type in the presence of 6.0 mg L−1 polymyxin B and light blue bar represents Km of fumarate reduction in sealed bottles without electrodes. Gray bars 
represent the data for purified proteins [(B): ref. 20, and (C): ref. 21]. (G) An illustration of FccA accepting electrons from the periplasmic proteins in MR-1 cells. 
(H) Plots of fumarate consumption rate by MR-1 cells against fumarate concentration in sealed bottles without electrodes from three independent experiments.

http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
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( Fig. 3G  ). Analysis of the data, including linear regression of 
Hanes–Woolf plots, yielded a Km   of 179 ± 14.0 μM ( Fig. 4 E  and 
﻿F  ), suggesting that differences in enzyme kinetics between in vivo 
and purified conditions are not primarily due to the periplasmic 
space effects on localized substrate concentration. This indicates 
that factors other than the periplasmic concentration contribute 
to the kinetic discrepancies observed between purified enzymes 
and those functioning within cellular environments.  

The Impact of Interprotein Interaction on Km in Intact Cells. 
Despite previous reports suggesting crowding effects on the 
periplasmic enzyme reactions (27), our observations indicate that 
such effects are minimal for FccA. This inference is supported 
by the consistent kinetics between NrfA in its purified form 
and within the cell, and the action of polymyxin B, which 
also releases polynucleotides from the cell inside, suggesting a 
negligible impact of crowding on FccA activity. Crucially, FccA 
is known for its specific and strong interaction with CymA (14, 
28, 29), a distinct factor with the nonspecific nature of crowding 
effects. To elucidate the influence of interprotein interactions 
on in vivo enzyme kinetics, we investigated the ΔcymA mutant 
strain, which lacks the CymA protein, a key component in the 
electron transfer chain. Upon the addition of nitrite, the ΔcymA 
mutant strain exhibited an increase in cathodic current similar to 
that observed in the wild type strain, indicating that the electron 
transfer mechanism compensates for the absence of CymA in 
nitrite reduction (Fig. 1C). However, upon introducing 1.0 mM 
fumarate, the cathodic current observed in the ΔcymA strain was 
notably 10 to 20% lower than that in the wild type (Fig. 1D), 
despite similar fumarate reductase FccA levels in both strains 
(Table 1). This discrepancy underscores a specific limitation in the 
fumarate reduction pathway attributable to the absence of CymA.

 Further analysis revealed a concentration-dependent effect of 
nitrite or fumarate on the cathodic limiting current, confirming 
FccA and NrfA as limiting factors in their respective reduction 
reactions (SI Appendix, Fig. S12 ). While the CymA protein is 
essential electron donor for FccA under lactate feeding condition 
in MR-1 ( 14 ,  28 ,  29 ), these data strongly suggest that FccA and 
NrfA appear to receive electrons more readily from the 
outer-membrane cytochrome complex MtrCAB or the periplas-
mic c﻿-type cytochromes such as STC and CcpA, bypassing the 
need for direct interaction with CymA during the reduction of 
fumarate and nitrite in the absence of CymA ( Fig. 4G  ) ( 30 ).

 Kinetic analysis of the cathodic response to fumarate addition, 
following Michaelis–Menten kinetics, revealed a significant alter-
ation in the catalytic efficiency of FccA in the ΔcymA  strain 
( Fig. 4D  ), with a Km   value approximately half that of the wild type 
( Fig. 4F   and SI Appendix, Fig. S12 ). The observed changes in the 

﻿kcat   for fumarate reduction, which decreased by about 47% in 
the ΔcymA  strain ( Table 1 ), further emphasize the critical role of 
the FccA–CymA complex in modulating fumarate reduction 
kinetics. Conversely, the kinetic parameters, Km   and Ki  , for NrfA 
in the ΔcymA  strain remained nearly identical to those of the wild 
type ( Fig. 4 B  and C  ), and the kcat   for nitrite reduction in the 
ΔcymA  strain was comparable to that of the wild type ( Table 1  
and SI Appendix, Fig. S10 ), reinforcing the differential impact of 
CymA on the kinetics of FccA and NrfA. Taken together, these 
results demonstrate that the formation of the FccA–CymA com-
plex has a critical role in regulating fumarate reduction kinetics.

 Such a clear indication of FccA activity and FccA–CymA inter-
action was not visible in conventional metabolite analysis. By 
measuring fumarate consumption under anaerobic conditions 
with lactate as the electron donor, without the use of electrodes, 
we observed significant fumarate reduction in wild type cells 
(SI Appendix, Fig. S13 ). In contrast, the ΔcymA  mutant exhibited 
minimal fumarate reduction over 90 min, whereas the wild type 
strain nearly exhausted its fumarate supply (SI Appendix, Fig. S13 ). 
This stark difference underscores the critical role of CymA as an 
essential electron donor for FccA activity when lactate serves as 
the electron source ( 31 ). Furthermore, the estimated Km   value for 
fumarate reduction in wild type cells (50.4 ± 31.0 μM) was dis-
tinct from that determined electrochemically ( Fig. 4 F  and H  ). 
This discrepancy likely stems from the inability of traditional 
metabolite analysis to precisely identify rate-limiting steps among 
sequential multiple metabolic reactions, resulting in a less detailed 
understanding of enzyme kinetics. These findings highlight the 
superior precision and specificity of electrochemical assays in elu-
cidating intracellular enzyme kinetics.  

Investigating the Impact of CymA on the Binding Affinity of 
FccA–Fumarate in Intact Cells. To further explore the mechanism 
for CymA to impact the FccA kinetics, we examined the fumarate 
binding affinity. Km decreases when kcat decreases or the binding 
affinity between enzyme and substrate increases (Fig.  5A). 
Because the gene deletion of cymA decreased kcat associated with 
the decrease of Km, it is unclear whether the binding affinity of 
FccA with fumarate is altered by the interaction with CymA. To 
test this point, we measured the Ki for the fumarate reduction 
using mesaconic acid as a competitive inhibitor (20). Because 
mesaconic acid binds with FccA to block fumarate reduction, 
Ki excludes the information about the turnover rate and reflects 
the affinity of fumarate to the binding site in FccA. We added 
a variety of concentrations of mesaconic acid to MR-1 cells on 
the electrode in the presence of 5.0 mM fumarate and 10 μM 
riboflavin. The addition of mesaconic acid decreased the cathodic 
limiting current as shown in the CV in SI Appendix, Fig. S14A. 
To quantify the inhibition effect, Ki was calculated following the 
Michaelis–Menten equation.

where [I] and Ki represent the concentration of mesaconic acid and 
constant for competitive inhibition, respectively. Eq. 4 provides 
Eq. 5 as follows.

﻿﻿  

  According to Eq.  5  , Vmax /v linearly increases with [I], providing 
﻿Km  /Ki  [S] as a slope. Consistently, the plots of Vmax /v against [I] 
showed a linear relationship with the squares of the correlation 

[4]v =
Vmax[S]

Km(1 + [I]∕Ki) + [S]
.

[5]
Vmax

v
=

Km

Ki[S]
[I] +

Km + [S]

[S]
.

Table  1.   Turnover number (kcat) of NrfA and FccA in  
MR-1 cells on ITO electrodes

Vmax / pmol s−1

The amount  
of proteins  
on an ITO  

electrode /pmol kcat /s
−1

 NrfA in wild type 94.5 ± 16.8 4.63 ± 0.55 20.4 ± 4.37

 NrfA in ΔcymA﻿ 97.8 ± 13.6 6.01 ± 0.35 16.3 ± 2.46

 Purified NrfA – – 7 ± 2

 FccA in wild-type 751 ± 72.0 4.12 ± 0.75 182 ± 37.4

 FccA in ΔcymA﻿ 484 ± 128 5.00 ± 0.66 96.9 ± 28.6

 Purified FccA – – 250
The kcat of purified NrfA and FccA were cited from refs. 19 and 20 respectively.
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coefficient (R2 ) of 0.97 ( Fig. 5B   and SI Appendix, Fig. S14 ), fur-
ther supporting that mesaconic acid inhibits intracellular FccA. 
From the slope, Ki   was revealed to be 583 ± 147 μM ( Fig. 5C  ). 
This Ki   value is slightly larger than that of ΔcymA , 419 ± 150 μM, 
but Student’s t  test confirmed no significant difference, while the 
distinct Ki   in the purified enzyme suggests the flexible fumarate 
binding affinity ( Fig. 5C  ). These data indicate that FccA–CymA 
interaction likely affects kcat   rather than the binding affinity. 
Purified CymA binds with FccA near a heme that does not directly 
contact the active site to convert fumarate into succinate ( 30 ,  32 ). 
Thus, it is reasonable that the FccA–CymA interaction scarcely 
affects the binding affinity.  

Application of the electrochemical assay to E. coli in 96-well 
three-electrode systems. To evaluate the general applicability 
of our in vivo enzyme kinetic analysis, two significant challenges 
need to be addressed. First, performing Michaelis–Menten 
analyses requires electrochemical measurements across multiple 
concentration conditions using both wild type and knockout 
strains. Ensuring reproducibility necessitates a substantial 
number of electrochemical experiments. Second, the scope of 

target enzymes may be restricted to host microorganisms such 
as Shewanella, which utilize direct electron transfer mechanisms 
via outer membrane Cyts. However, indirect electron transfer 
using soluble redox molecules has been well documented (33), 
suggesting that intracellular enzyme activity can also be observed 
through such mechanisms (Fig. 6A). To test this hypothesis, we 
used E. coli strains lacking outer membrane cytochromes, along 
with safranin, a molecule characterized by high solubility and 
negative redox potential, to determine whether Michaelis–Menten 
plots could be obtained.

 To address the labor-intensive nature of these experiments, we 
utilized a high-throughput electrochemical measurement system 
with proven performance in indirect electron transfer ( 34 ,  35 ). This 
system incorporates a 96-well plate with three-electrode configura-
tions printed at the bottom of each well ( Fig. 6B  ), enabling simul-
taneous electrochemical measurements across all wells. Although 
previously only constant potential measurements had been reported 
using this system ( 34 ,  35 ), we modified the control setup to allow 
potential sweeps. Using this enhanced system, we conducted CV 
with safranin solutions, confirming that all wells successfully per-
formed CVs ( Fig. 6C  ) and exhibited redox potentials consistent 

Fig. 5.   The impact of CymA on fumarate reduction kinetics. (A) Michaelis–Menten reaction scheme and the definition of Km. E, enzyme; S, substrate; ES, complex 
of enzyme–substrate; P, product; k, rate constant. (B) Representative plots of Vmax/v against the concentration of mesaconic acid for wild type (black) and ΔcymA 
(red). v was obtained from the cathodic limiting current and the amount of FccA in the MR-1 cells attached to each ITO electrode. The error bars represent the 
mean ± SEM obtained from three times CV scans using the same reactor. The same tendency was reproduced in three separate experiments. (C) Ki for fumarate 
reduction. The white and red bars represent the data for wild type and ΔcymA, respectively, measured by whole-cell electrochemical assay, and the gray bar 
represents the data for purified protein (ref. 20). Numerical data are indicated above the bars. The error bars represent the mean ± SEM obtained from three 
separate experiments. Statistical significance is determined by P-values from two-sided Student’s t test compared to wild type. (D) An illustration of FccA–fumarate 
reaction coordinates in the presence and absence of CymA.

http://www.pnas.org/lookup/doi/10.1073/pnas.2418926122#supplementary-materials
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with established electrochemical systems (SI Appendix, Fig. S15 ) 
( 36 ). This represents a system capable of 96 CV measurements 
parallelly, significantly reducing the experimental workload and 
enhancing reproducibility across varying conditions.

 Next, using this system, we performed Michaelis–Menten anal-
yses of the periplasmic nitrate reductase enzyme (NarG) in wild 
type and a knockout E. coli  strain (∆narG ) ( Fig. 6D  ). When CVs 
were conducted with 1.0 mM safranin, wild type cells exhibited 
a cathodic current dependent on nitrate concentration ( Fig. 6E  ), 
a response that was diminished in ΔnarG  strains ( Fig. 6F  ) and 
absent in control conditions lacking safranin (SI Appendix, 
Fig. S16 ). These findings suggest that nitrate reduction by NarG 
limits the cathodic current in the presence of safranin. The 
cathodic current followed a Michaelis–Menten curve with an R2  
of 0.759, yielding a Km   value of 194 μM ( Fig. 6G  ), comparable 
to the reported Km   for NarG from Salmonella enterica  (123 ± 14 
μM) ( 37 ). In contrast, the cathodic current for the ΔnarG  strain 
resulted in an R2  of 0.005, indicating the absence of nitrate reduc-
tion activity. These results strongly suggest that the Km   derived 
using the 96-well electrochemical system reflects NarG catalysis 
in E. coli . Although the cathodic current values were not particu-
larly high and the resulting Michaelis–Menten plots were not 
exceptionally well-defined, these findings demonstrate that in vivo 
enzyme analysis is feasible even with indirect electron transfer. By 
leveraging the high-throughput potential-sweeping system to effi-
ciently screen for electron mediators that enhance catalytic current 
measurements, this methodology could achieve even greater accu-
racy in intracellular enzyme analyses.   

Discussion

﻿The exploration of electron transfer in respiration, a cornerstone 
of living systems, has historically been studied through the extrac-
tion and separation of partner enzymes ( 38 ). This approach has 
significantly contributed to our understanding of biochemical 
reaction mechanisms, yet the analysis of respiratory enzymatic 
kinetics, especially within living cells, has remained elusive due to 
methodological limitations, including the absence of systems capa-
ble of monitoring electron flux without the need for labeling.

 In microbial electrochemistry, studying bacteria that can exchange 
electrons with electrodes—acting as living electrochemical cata-
lysts—has been ongoing for over two decades, primarily within the 
energy and environmental sectors ( 39 ,  40 ). These studies have 
largely focused on the mechanisms of interfacial electron transfer 
and the elucidation of respiratory pathways, with less attention given 
to the kinetics of intracellular enzymes. Our research pivots this 
focus toward in vivo monitoring of the periplasmic enzyme kinetics 
in the model electrogenic bacterium, S. oneidensis  MR-1. By facil-
itating electron uptake from a negatively poised electrode through 
Cyts, we redirected the rate-limiting step from interfacial electron 
uptake to the reduction of nitrite or fumarate. This approach 
allowed us to determine in vivo kinetic parameters, including Km  , 
﻿Ki  , and kcat  , for the periplasmic enzymes NrfA and FccA, revealing 
similar and distinct kinetics, respectively, between the purified and 
cellular states of these enzymes.

 Our findings highlight the impact of specific interprotein inter-
actions on enzyme kinetics, particularly demonstrated by the 

Fig. 6.   High-throughput electrochemical system for in vivo enzyme assays in Escherichia coli. (A) Schematic representation of indirect electron transfer via a 
soluble redox mediator in E. coli lacking outer membrane cytochromes (Cyts). (B) Photos of the 96-well three-electrode electrochemical plate and device. Each 
well is equipped with screen-printed electrodes: a carbon working electrode, a carbon counterelectrode, and an Ag/AgCl reference electrode. (C) An example 
dataset showing 96 cyclic voltammograms (CVs) parallelly obtained using the system. (D) Conditions for the electrochemical assay on E. coli. (E) Representative 
CVs for wild type E. coli in the presence of 1.0 mM safranin and varying nitrate concentrations. (F) Representative CVs for ΔnarG mutant E. coli under the same 
conditions. Scan rate: 5 mV s−1. (G) Cathodic current at −1.0 V vs. Ag/AgCl plotted against the nitrate concentrations. Gray (wild type) and light blue (ΔnarG) plots 
represent each cathodic current from each well normalized by the current without E. coli cells, where large cathodic currents are represented to be positive. Black 
and blue square plots represent the average data at each nitrate concentration. Black and blue lines represent the fitting Michaelis–Menten curves determined 
by the least-squares method. The R2 was 0.759 for wild type and 0.005 for ΔnarG. At least three independent CVs were obtained for each condition.
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significant changes in Km   and kcat   for FccA, but not NrfA, follow-
ing the deletion of the cymA  gene. Because the gene deletion 
scarcely influenced the Ki   of FccA with a competitive inhibitor, 
the interaction between FccA and CymA likely affects kcat   rather 
than the binding affinity. Given kcat   represents the enzymatic turn-
over number linked with postprocesses of enzyme–substrate bind-
ing, the FccA–CymA interaction would primarily accelerate the 
postprocesses of FccA–fumarate binding, such as product release 
or conformational change ( Fig. 5 A  and D  ), of which dynamics 
is difficult to monitor in purified protein systems ( 29 ). This high-
lights that the transient complex formation of proteins in respira-
tory electron transfer is pivotal in defining enzymatic catalysis 
within the cellular context.

 Furthermore, our study challenges the conventional belief that 
macromolecular crowding is the primary cause for the difference 
between in vivo and in vitro enzyme kinetics ( 4 ,  5 ). By modulating 
the macromolecular concentration within the periplasmic space 
using polymyxin B, which allows for the permeation of both fuma-
rate and polypeptides across the outer membrane ( 24 ), we observed 
that changes in macromolecular crowding did not notably affect 
enzyme kinetics. This was in stark contrast to the effects seen with 
the deletion of the cymA  gene, which led to a significant decrease 
in the Km   values for FccA, suggesting that the deletion of cymA  
rather not impact macromolecular crowding but significantly 
alters enzyme kinetics through changes in interprotein interac-
tions. The relatively minor abundance of CymA compared to the 
total biomolecular content within cells ( 41 ), and its capacity to 
interact flexibly with various proteins in the periplasm ( 42 ) further 
support the conclusion that interprotein interactions exert a more 
substantial influence on the kinetics of FccA than previously rec-
ognized effects of macromolecular crowding.

 Whereas the Ki   of FccA in wild type was almost identical to 
that in ΔcymA , but was largely different from those for purified 
fumarate reductase from S. frigidimarina  ( Fig. 5B  ). This reveals 
that interactions with proteins other than CymA can modulate 
﻿Ki  , indicating a complex network of protein interactions affecting 
FccA’s activity. The dual functionality of FccA further illustrates 
this complexity within cells, which, in association with CymA, 
may serve not only in its canonical role in fumarate reduction but 
also as an electron storage mechanism within the periplasmic space 
(SI Appendix, Fig. S18 ) ( 43 ). These dual roles facilitate the tem-
porary storage of respiratory electrons, contributing to forming a 
proton motive force and transmitting electrons to other enzymes, 
thereby terminating the reduction reactions of various substrates 
( 43 ). This could indicate the importance of specific interprotein 
interactions in shaping the functional landscape of enzymes within 
the complex cellular environment.

 Previous methods for measuring enzymes within cells required 
the enzymes to function independently to obtain kinetic parameters, 
restricting the breadth of measurable targets ( 6     – 9 ). Our study has 
successfully tracked enzyme reactions within the complex network 
of the respiratory chain. By leveraging riboflavin to enhance electron 
transfer through Cyts, we were able to set the enzymatic reaction as 
the rate-limiting step. Riboflavin’s specificity and high binding affin-
ity to Cyts significantly accelerate electron transfer, enabling precise 
quantification of reaction kinetics for respiratory enzymes that 
receive electrons from Cyts. Ion chromatography measurements of 
fumarate and nitrite consumption showed a conversion efficiency 
of nearly 100% ( Fig. 1E  ). This indicates that the cathodic current 
directly correlates with intracellular reduction reactions. The core 
principle of our assay—that the electrode acts exclusively as the 
electron donor and a specific enzyme as the sole electron acceptor—
ensures high electron-substrate conversion efficiency and limits 
cathodic current only to the intended reactions.

 Despite complex electron transfer pathways, our method directs 
electrons to the target enzyme. While other redox-active enzymes 
or proteins may initially consume some electrons, these are neg-
ligible in our system since one electron acceptor substrate is pro-
vided, and competing enzymes do not recycle electrons catalytically. 
The electron flow toward the primary substrate vastly outweighs 
any diversion to nontarget enzymes (10−6  mol s−1  scale for primary 
substrate versus 10−9  mol s−1  for nontargets, SI Appendix, Fig. S17 ), 
ensuring minimal impact on assay accuracy and underscoring the 
method’s robustness and reliability.

 Transitioning from direct to indirect electron transfer mecha-
nisms, in alignment with our core principles, did not compromise 
our ability to analyze enzyme kinetics. Despite the complex nature 
of electron transfer pathways in E. coli  ( 44 )—which are likely more 
intricate than the direct transfer from the outer membrane Cyts 
to the periplasmic enzymes in S. oneidensis  MR-1—the use of 
safranin, a highly soluble electron shuttle, enabled the observations 
of substrate-dependent catalytic currents. These currents con-
formed to the Michaelis–Menten model, as illustrated in  Fig. 6 . 
This methodological innovation broadens the potential applica-
tions of in vivo kinetic analyses, enabling the estimation of Km   
and Ki   values across a wide array of enzymes.

 By exploring suitable redox mediators tailored to specific bac-
terial species or enzymes, we can further enhance the accuracy and 
versatility of electrochemical assays based on indirect electron 
transfer mechanisms. This approach not only broadens the appli-
cability of our methods across various biochemical contexts but 
also confirms the potential of these techniques to provide detailed 
insights into enzymatic functions under physiological conditions. 
For example, in biofilms of Pseudomonas aeruginosa , phenazine is 
secreted in high concentrations. Utilizing phenazine as a redox 
mediator to track specific enzyme kinetics with our method could 
yield vital ecological insights into the roles enzymes play within 
biofilm contexts ( 45 ,  46 ).

 Determining kcat   in vivo requires accurate quantification of the 
total number of active enzymes participating in electrocatalysis, 
as this parameter normalizes reaction kinetics by enzyme abun-
dance. In E. coli , where the redox mediator is uniformly distrib-
uted in the electrolyte, the total protein concentration within the 
reactor likely provides a reliable estimate of the active enzyme 
population. In contrast, in S. oneidensis  MR-1, planktonic cells 
do not contribute to direct electron transfer. To address this, we 
carefully removed planktonic cells by washing the electrochemical 
reactor before the assay, ensuring a reproducible and stable elec-
trochemical output from electrode-attached MR-1 cells ( 12 ,  17 ). 
Furthermore, S. oneidensis  MR-1 cells are known to interact 
homogeneously with flat ITO electrode surfaces at the population 
level ( 47 ), allowing the enzyme abundance in electrode-attached 
cells to serve as a robust estimation of active enzyme numbers.

 The integration of synthetic biology, for example, the expression 
of specific respiratory enzymes and MR-1 Cyts in E. coli  ( 48 ), 
further broadens the scope of observable intracellular electron 
transfer reactions. However, the current technique may have lim-
itations in monitoring the cytoplasmic enzyme reactions, espe-
cially those involving the NAD+ /NADH cycle, due to the 
thermodynamic challenges posed by external electrode-driven 
reactions ( 49 ). A promising solution lies in the synthetic biology 
strategy of expressing light-driven proton pumps to facilitate elec-
tron input into the cytoplasm, as evidenced in acetoin reduction 
reactions ( 49 ), suggesting a synergistic potential between electro-
chemical methods and synthetic biology to explore a wide array 
of intracellular respiratory enzyme kinetics.

 Additionally, our research underscores the critical role of the 
interprotein interaction network in understanding enzymes vital 
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for various applications, from medical drug design to biocatalysis 
in the food industry, energy devices, and environmental technol-
ogies ( 39 ,  50 ,  51 ). A notable application of this technique is in 
quantifying intracellular inhibition or inactivation by antibacterial 
drugs, offering a more precise assessment than traditional cell 
viability and growth metrics ( 52 ). This distinction is crucial for 
minimizing undesirable side effects by accurately identifying drug 
cytotoxicity versus enzyme inhibition ( 53 ). Although chemicals 
affecting the electron transfer pathway such as ethanol and poly-
myxin B have interfered with the electrochemical output, the 
present technique has successfully distinguished the target enzyme 
kinetics from other biological events, confirmed by antibiotics and 
inhibitors uses ( Figs. 3  and  4E   and SI Appendix, Figs. S6 and S7 ). 
Moreover, the high time resolution of this enzyme kinetics assay 
( 54 ), coupled with the development of high-throughput systems 
and data-driven approaches ( 34 ,  55 ), presents a significant 
improvement over conventional substrate quantification methods, 
promising a robust framework for evaluating antibacterial drugs 
efficiently.

 In conclusion, our study introduces an electrochemical method 
that captures enzymatic kinetics and interprotein interactions 
within their cellular context. We have charted the catalytic mech-
anism landscape in its native environment, offering insights into 
enzyme function and cellular biochemistry. This breakthrough is 
a significant stride in unraveling the complex symphony of elec-
tron transport in cellular respiration. Our approach refines bio-
chemical analysis, improving precision while closely reflecting 
physiological states, and expands our grasp of biological processes. 
This sets a foundation for future research to further elucidate the 
subtle interplay of enzymes and their networks, offering valuable 
insights for the broader field of biological sciences.  

Materials and Methods

Culture Conditions of S. oneidensis MR-1. S. oneidensis MR-1 has grown 
aerobically in 15 mL Luria-Bertani (LB) medium (20 g L−1, Becton Dickinson, 
Sparks, MD) at 303 K for 24 h. The culture was then centrifuged at 6,000×g for 
10 min, and the resultant cell pellet was resuspended in a 15 mL defined medium 
(DM; 2.5 g L−1 NaHCO3, 0.08 g L−1 CaCl2 2H2O, 1.0 g L−1 NH4Cl, 0.2 g L−1 MgCl2 
6H2O, 10 g L−1 NaCl, and 7.2 g L−1 HEPES) supplemented with 0.5 g L−1 yeast 
extract and 10 mM lactate. The cells were further cultivated aerobically at 303 K 
for 12 h. After centrifugation at 6,000×g for 10 min, the resultant cell pellet was 
washed once with DM before electrochemical measurement. ΔfccA and ΔcymA 
were reported by Bretschger et al. (56) and ΔnrfA was reported by Gao et al. (57).

Electrochemical Measurement of S. oneidensis MR-1 Cells on ITO 
Electrodes. Enzyme redox kinetics was monitored using a single-chamber three-
electrode system (17). The reactor comprised an ITO substrate (surface area of 3.1 
cm2) located at the bottom of the reactor, Ag/AgCl (KCl saturated), and a platinum 
wire, which were used as working, reference, and counterelectrodes, respectively. 
Four milliliters of DM containing yeast extract (0.5 g L−1) and lactate (10 mM) 
was deaerated by bubbling with N2 in the reactor and then maintained at 303 K 
without agitation. A cell suspension of S. oneidensis MR-1 with an optical den-
sity at λ = 600 nm (OD600) of 0.1 was inoculated into the reactor. The constant 
potential was applied at +0.40 V (vs. SHE) for 25 h using automatic polarization 
systems (PS-08, TOHO Technical Research Co., Ltd., Kanagawa, Japan). After con-
firming that S. oneidensis MR-1 cells are adsorbed on the ITO electrode, the 
supernatant in the reactor was replaced, and the ITO electrode was washed with 
anaerobic DM twice to remove planktonic cells as described previously (17, 58). 
Cathodic current from S. oneidensis MR-1 cells was monitored at −0.45 V vs. 
SHE, and CV was conducted at a scan rate of 10 mVs−1, confirming that the scan 
rate is slow enough to exhibit limiting current (SI Appendix, Fig. S19). For the 
assessment of the impact of inhibitors or antibiotics, the cathodic current was 
monitored with 10 μM riboflavin and 5.0 mM fumarate, and the extent of relative 
cathodic current decreases at 10 min after the addition of antibiotics or inhibitors 
was also recorded. For quantification of nitrite/fumarate reduction kinetics, the 

cathodic currents in the absence of nitrite/fumarate were subtracted from those 
in the presence of nitrite/fumarate using the current at −0.80 V vs. SHE in cyclic 
voltammograms as the limiting currents.

Confocal Fluorescence Microscopy. For visualization of the cells attached to an 
ITO electrode ex-situ, we used a confocal laser scanning microscope (LS880, Carl 
Zeiss AG, Oberkochen, Germany) with a 63× water-dipping objective lens. After gen-
tly rinsing the surface of the ITO electrodes with PBS buffer, we stained the cells with 
SYTO 9 and propidium iodide. Finally, we obtained confocal fluorescence images of 
the stained cells. The excitation and emission wavelengths are 488 nm and 505 to 
545 nm for SYTO 9, and 543 nm and 620 to 660 nm for propidium iodide.

Metabolite Analysis. 200 μL of supernatant in the electrochemical reactor was 
collected during constant potential application at −0.45 V (vs. SHE) in the pres-
ence of 0.1 mM nitrite or 1.0 mM fumarate and was subsequently filtered. The 
concentration of nitrite and fumarate in the supernatant was quantified using an 
ion chromatograph system (HIC-20Asuper, Shimadzu Corporation, Kyoto, Japan). 
Shim-pack IC-A3 (Shimadzu Corporation) was used as the column for analysis in 
anion chromatography kept at 40 °C with a flow rate of 1.2 mL/min. The mobile 
phase comprised 1.11 gL−1 p-hydroxy benzoic acid, 0.67 gL−1 Bis-Tris, and 3.09 
gL−1 boric acid. The number of electrons was calculated by subtracting the base-
line cathodic current (current without nitrite/fumarate) from the cathodic current 
in the presence of nitrite/fumarate.

Preparation of FccA and NrfA by Cell-Free Protein Synthesis. FccA 
(NC_004347.2:c1003324-1001534) and NrfA (AE014299.2:c4117617-4116214) 
fused with a histidine tag at the C-terminus were expressed by the cell-free protein 
synthesis system, PUREfrex 2.0, (GeneFrontier, Chiba, Japan) according to the man-
ufacturer’s instructions. The template DNA sequences for cell-free protein synthesis 
were designed using CodHonEditor (Supplementary Data 1 and 2) to optimize 
codon usage to E. coli and synthesized by Eurofins Genomics (Tokyo, Japan). The 
template DNA contained the 5′-UTR (5′-GAAATTAATACGACTCACTATAGGGAGACCAC
AACGGTTTCCCTCTAGAAATAATTTTGTTTAACTTTAAGAAGGAGATATACCA-structure gene-
3′), including the T7 promoter (underlined) and Shine–Dalgarno sequence (double 
underlined), and the 3′-UTR (5′-structure gene-TAATGAATAACTAATCC-3′). The tem-
plate DNA was amplified by PCR using primers 5′-GAAATTAATACGACTCACTATAG-3′ 
and 5′-GGATTAGTTATTCATTAACCAG-3.’ Proteins were synthesized by mixing the 
template DNA with the PUREfrex reaction mixture at 37°C for 4 h. Synthesized 
proteins were purified using Ni-Sepharose 6 FF (Cytiva, Marlborough, MA). Purified 
protein was dialyzed against 50 mM Tris-HCl buffer (pH 8.0). To confirm the purity 
of the synthesized proteins, the samples were subjected to reduced SDS-PAGE (10 
to 20% w/v gradient gel; ATTO Corporation, Tokyo, Japan) and stained with Rapid 
Stain CBB (Nacalai Tesque, Kyoto, Japan). Protein concentrations were quantified 
using the Micro BCA Protein Assay Kit (Thermo Fisher Scientific Inc., Waltham, MA).

Quantification of NrfA and FccA in MR-1 Cells on ITO Electrodes. S. onei-
densis MR-1 cells were collected from ITO electrodes and washed using 100 
mM ammonium bicarbonate buffer. The cells were then homogenized, and the 
proteins in the lysate were extracted with methanol and chloroform and subse-
quently solubilized with 8 M urea. The synthesized FccA and NrfA, along with 
these samples, were subjected to reductive alkylation and trypsin digestion. In 
the case of NrfA, the fractions corresponding to 45 to 60 kDa were extracted 
with SDS-PAGE before reductive alkylation and trypsin digestion (SI Appendix, 
Fig. S17). The liquid chromatography/mass spectrometry analysis was performed 
using a nanoadvance LC system (Bruker Daltonics, Bremen, Germany) interfaced 
with a Q-Exactive Plus Orbitrap mass spectrometer (Thermo Fisher Scientific Inc., 
Waltham, MA) via an Advance Captive Spray ionization source (AMR Inc., Tokyo, 
Japan), as reported previously (59). The LC process involved loading the peptides 
onto a trap column (L-column ODS 5 μm, Chemical Evaluation and Research 
Institute Japan, Tokyo, Japan) with Buffer A for concentration and desalting. 
The samples were then eluted from the trap column and the analytical column 
[Zaplous α-Pep C18 nano high-performance liquid chromatography (HPLC) col-
umn, AMR Inc., Tokyo, Japan] with a linear gradient of Buffer B from 5 to 45% 
at a flow rate of 500 nL min−1 (Buffer A: 99.9% distilled water and 0.1% formic 
acid; Buffer B: 100% acetonitrile). The gradient time for Buffer A to B was 20 and 
40 min for FccA and NrfA, respectively. The mass spectrum parameters were set 
as follows: electrospray voltage, 1.2 kV; temperature of the ion transfer tube, 
150 °C; collision energy, 27; threshold of ion selection for MS/MS, 1700 count; 
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mass range at 350 to 2,000 m/z, resolution at 70,000, and a maximum acqui-
sition time of 60 ms. MS/MS scanning was performed on the top 10 abundant 
precursor ions with dynamic exclusion for 20 s after selection. The raw data were 
analyzed using Proteome Discoverer 2.4 software (Thermo Fisher Scientific Inc., 
Waltham, MA) with an in-house Mascotv.2.5 search engine (Matrix Science Ltd., 
London, UK). The following parameters were used: maximum missed cleavage 
sites, 2; instrument type; ESI-TRAP, precursor mass tolerance, ten ppm; fragment 
mass tolerance, 0.02 Da; dynamic modifications, methionine oxidation, static 
modification, and cysteine carbamidomethyl. All proteins were identified with a 
false discovery rate of <1% based on a decoy database search. The amount of NrfA 
and FccA in each sample was quantified by averaging the abundances of four to 
six peptide groups, which were quantified using LC-MS (SI Appendix, Table S1). 
A calibration curve was created for each peptide group using the synthesized 
NrfA and FccA, and the abundance of peptide groups contained in each sample 
was quantified. The average abundance of these four to six peptide groups was 
taken as the amount of NrfA and FccA in each sample.

Estimation of Fumarate Reduction Rate by Supernatant Sampling. 
S. oneidensis MR-1 cells at OD600 of 0.2 were inoculated in a sealed bottle con-
taining anaerobic DM with 10 mM lactate and 0 to 1.0 mM fumarate. Fumarate 
in the supernatant was quantified by ion chromatography before and after 10 
min incubation. The fumarate consumption rate was approximated as the extent 
of fumarate decreased during 10 min.

Electrochemical Measurements using a 96-Well Three-Electrode System. 
E. coli strains BW25113 (wild type) and ΔnarG (JW1215-KC) were cultured in 
LB medium. Both strains were obtained from the KEIO collection of National 
BioResource Project (NIG, Japan). Cells were harvested by centrifugation at 
4,200×g for 3 min at 4 °C. The resulting pellets were resuspended in DM 
containing 0.5 g L−1 yeast extract and subjected to a second centrifugation 
at 4,200×g for 3 min at 4 °C. This washing step was repeated twice. The final 
bacterial pellets were resuspended in DM containing 0.5 g L−1 yeast extract, 
10 mM glucose, and 20 mM nitrate, and OD600 was adjusted to 10. Following 
N2 gas purging for 2 h, the bacterial suspensions were again washed twice 
by centrifugation at 4,200×g for 3 min at 4 °C and resuspended in fresh DM 
containing 0.5 g L−1. Electrochemical measurements were performed using a 
custom-made 96-well electrode plate, as previously described (34, 35). Briefly, 

each well is equipped with screen-printed electrodes: a carbon working elec-
trode, a carbon counter electrode, and an Ag/AgCl reference electrode. (Fig. 6B). 
The electrodes in the wells were sterilized by UV exposure. Bacterial cell suspen-
sions, safranin solution, and nitrate were prepared in DM containing 0.5 g L−1 
separately and mixed in the wells within an anaerobic chamber. The chamber 
atmosphere was maintained using a tabletop air filtration unit (KOACH T500-F, 
Koken, Tokyo, Japan). After sealing the plate with an aluminum cover (ALUM-
1000, Diversified Biotech, Dedham, MA), it was placed in a 96-potentiostat 
system, originally developed at the National Institute for Materials Science, 
Japan (34, 35) for CV operations. CV was conducted at a scan rate of 5 mV s−1, 
spanning a potential range from -1.0 V to 0 V (vs. Ag/AgCl).

Data, Materials, and Software Availability. The electrochemical data in 
96-well three-electrode system has been deposited at Figshare (https://doi.
org/10.6084/m9.figshare.28469264.v5) (60). All other data are included in the 
article and/or supporting information.
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