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ematic design of multilayer O/W
emulsions with tannic acid as an interfacial
antioxidant†

Savvia Alexandraki and Epameinondas Leontidis *

This work discusses the possibility of designing multilayer oil-in-water emulsions to introduce the

maximum possible amount of an antioxidant at the droplet interfaces for the optimal protection of

a linseed oil core against oxidation, using a systematic three-step colloidal procedure. An antioxidant

(here Tannic Acid – TA) is chosen and its interactions with a primary emulsifier (here Bovine Serum

Albumin – BSA) and several polysaccharides are first examined in solution using turbidity measurements.

As a second step, LbL deposition on solid surfaces is used to determine which of the polysaccharides to

combine with BSA and tannic acid in a multilayer system to ensure maximum presence of tannic acid in

the films. From UV-vis and polarization modulation infrared reflection–absorption (PM-IRRAS)

spectroscopic measurements it is suggested that the best components to use in a multilayer emulsion

droplet, together with BSA and TA, are chitosan and pectin. BSA, chitosan and pectin are subsequently

used for the formation of three-layer linseed oil emulsions, and tannic acid is introduced into any of the

three layers as an antioxidant. The effect of the exact placement of tannic acid on the oxidative

stabilization of linseed oil is assessed by monitoring the fluorescence of Nile red, dissolved in the oil

droplets, under the attack of radicals generated in the aqueous phase of the emulsion. From the results it

appears that the three-stage procedure presented here can serve to identify successful combinations of

interfacial components of multilayer emulsions. It is also concluded that the exact interfacial placement

of the antioxidant plays an important role in the oxidative stabilization of the valuable oil core.
1. Introduction

Modern food technology depends on intelligent formulation
systems for the medium to long-term storage of sensitive food
ingredients, the protection of ingredients from oxidation, the
incorporation of important nutraceuticals into functional
foods, and the guided release of the encapsulated active mate-
rial. Several storage and delivery media have been exploited in
the food industry, including various emulsion types, protein
and polymer nanoparticles, hydrogels, and lipid aggregates.1–3

Innovative emulsion types, such as multiple emulsions, nano-
emulsions, and multilayer emulsions (MEs) have appeared.2,4–8

MEs are a relatively recent idea in food encapsulation.2,5,7,9–11

They are based on the layer-by-layer deposition of poly-
electrolytes, rst applied to solid surfaces.12–14 Multilayers of
alternatively charged polyelectrolytes can be stable on curved
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particle surfaces,15 leading to smart nanocapsules.16 It was
a natural step to apply them to emulsion droplet surfaces,
preventing emulsion coalescence and creaming through elec-
trostatic and steric stabilization. Polyelectrolyte nanocapsules
attracted immediately the attention of food technolo-
gists.1–3,5–7,9,11,17,18 MEs are attractive to researchers because their
interfacial composition is extremely versatile, which allows to
stabilize the emulsions under broad ranges of pH, salinity and
temperature, not easily attainable with conventional emul-
sions.9,19–21 They are however tedious to prepare, cannot contain
large volumes of the oil phase due to instabilities, and are
expensive to produce in large volumes, and as such can be
technologically useful only for valuable core materials.9

In the present work the focus is on MEs of oils rich in the
omega-3 fatty acids docosahexanoic acid (DHA) and eicosa-
pentaenoic acid (EPA). These compounds have attracted much
attention since their benecial effects on patients with cardio-
vascular diseases were found.22 Despite recent scepticism about
their positive effects,23 a huge market of dietary supplements
has been built around omega-3 fatty acids, especially around
sh-oil and linseed oil rich in EPA and DHA. Unfortunately,
these unsaturated fatty acids are easily oxidized. To circumvent
this problem food technology has turned to encapsulation
methods, some of which are based on MEs. It has been found
© 2021 The Author(s). Published by the Royal Society of Chemistry
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that the nature of the wall material plays an important role in
the oxidative stabilization of sh oil.24–27 In general however,
additional antioxidants must be incorporated in ME formula-
tions as one cannot rely solely on the antioxidant protection of
the interfacial layers for long-term stability. In addition, in
certain methods used for the long-term storage of omega-3-rich
oil phases, such as spray-drying,28–31 one should rely on anti-
oxidants located preferentially on the droplet walls, as one
cannot rely on the protective action of molecules dissolved in
the continuous phase. In recent years, researchers are trying to
assess if the localization of antioxidants at the emulsion inter-
faces is advantageous.32,33 Several groups have examined the
effect of localization on antioxidant action, and have oen
found surface-active antioxidants advantageous.34–36 The idea of
localizing antioxidants at the walls of the emulsion droplets by
taking advantage of their complexes with appropriate wall
materials has only recently begun to be exploited in the litera-
ture.32,33,37–39 In principle, this would best be achieved by cova-
lently binding the antioxidant to the biopolymer; a few such
attempts have indeed been made.21,36,38,40 In the present work,
however, it is attempted to enhance the interfacial placement of
antioxidant molecules in MEs by intermolecular forces alone,
using a systematic sequential approach, based on the principles
of colloid and interface science, which is described in Fig. 1:

In this three-step colloidal approach, one rst chooses an
antioxidant that is not soluble in the oil phase and is preferably
surface-active. First, it is veried that the chosen antioxidant
forms strong “physical” complexes in solution with the various
biopolymers that can be components of the interfacial multi-
layers of the ME droplets. This is achieved by measuring anti-
oxidant–biopolymer interactions in aqueous solutions, and
carrying out various measurements, and in particular
measuring turbidity to probe potential larger-scale aggregation
phenomena, which must be carefully assessed before using
materials for emulsion-wall formation. Second, a layer-by-layer
Fig. 1 Use of colloid science principles for the systematic design of ME

© 2021 The Author(s). Published by the Royal Society of Chemistry
methodology on solid surfaces is used to prove that the anti-
oxidant–biopolymer complexes will form high-quality layer-by-
layer structures with the other selected biopolymers on at
solid surfaces. The successful formation of multilayer struc-
tures is monitored using UV-vis and PM-IRRAS (polarization
modulation infrared reection–adsorption) spectroscopy. The
use of PM-IRRAS for interfacial component quantication is an
innovation, since it is not typically applied to layer-by-layer lms
of biopolymers. It is a powerful method, which is mostly applied
to lipid and biopolymer monolayers at water surfaces,41 and very
infrequently used for polymer or lipid layers on electrodes.42–44

The LbL work serves to choose the best layer materials by
limiting the large number of potential choices to those systems
that demonstrate the best synergy at a solid surface. Finally,
MEs with the chosen components in combination with the
antioxidant in various potential positions are built. The anti-
oxidant action of the ME layers is examined by monitoring the
uorescence decay of Nile red, solubilized in the oil droplets
(ORAC method,36). Other possible ways to probe the antioxidant
action are not used in this work, because the focus is really on
the oxidation barrier at the surface of the droplets, where it is
hoped that much of the antioxidant will be located.

The success of this three-step approach strongly depends on
the selection of a suitable antioxidant. Recent innovative
work45–47 suggests that tannic acid, an efficient natural antioxi-
dant, may be used as a wall component in conjunction with
proteins and cationic polyelectrolytes, and leads to excellent
emulsion stabilization. Tannic acid is a large, exible molecule,
which is both water-soluble and interfacially active.48,49 Tannic
acid is the ideal antioxidant to validate the colloidal approach
presented in Fig. 1 for many reasons: (a) it is a molecule that can
be obtained in pure form and in large quantities from natural
sources. (b) It is known to form strong, even insoluble
complexes with a variety of proteins,50 including those used as
primary emulsiers in MEs.51–56 It also interacts quite strongly
s with maximum placement of antioxidants at the droplet shells.
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with many polysaccharides that are used at ME interfaces, such
as chitosan,57 pectin,58 alginate,59 and carboxymethylcellulose.60

In many of the quoted works, tannic acid has been used as
a cross-linker of proteins and polysaccharides for the formation
of stable nanoparticles. Given the information in the literature,
it is not necessary to prove the interaction of TA with proteins
and polysaccharides in solution, which is an important part of
the necessary rst step in Fig. 1! (c) Tannic acid is known to
form robust multilayers with a large variety of polymers and
proteins on solid substrates using the layer-by-layer method
adopted in the present investigation.61–69 (d) Good antioxidant
activity has been reported for multilayer lms67,69 and for
emulsions54,70–72 containing tannic acid. (e) The ME work
mentioned before proves that tannic acid can be a valuable
component of MEs simultaneously providing interfacial stabi-
lization and antioxidant protection.45–47

A central goal in the present work is to probe if and how the
location of the antioxidant (here of tannic acid) at the droplet
interface of a ME affects the stability of the encapsulated oil
towards oxidation. To examine this issue, linseed oil as the
omega-3-rich oil is used to produce MEs, using BSA as the
primary emulsier and various polysaccharides as the layer
materials. Tannic acid is used in conjunction with BSA, or with
polysaccharides in any of the layers. The colloidal approach of
Fig. 1 suggests the optimal polysaccharides for ME formulation
(from a set of four different molecules), which turn out to be
chitosan and pectin, a combination that has been used before
successfully for the formation of MEs.73,74

To summarize, the rst goal of this work is to prove the
general principle that formulations based on strong antioxi-
dant–biopolymer complexation interactions in the bulk, which
give high quality LbL lms on surfaces with optimal antioxidant
loading, are also highly successful in stabilizing the oil
component of MEs towards oxidation. The second major goal is
to prove that the localization of tannic acid at the ME droplet
surfaces at well-denedmolar ratios to the ME wall components
is important andmay ne-tune the antioxidant properties of the
interfaces. In the end, an efficient way of generatingME systems
with excellent antioxidant action from rationally predetermined
sets of suitable wall components will be demonstrated.

2. Materials and methods
2.1. Materials

Monobasic and dibasic potassium phosphate and tannic acid
(TA) were procured from Sigma-Aldrich. 2,20-Azobis-2-
methylpropanimidamide dihydrochloride (AAPH) was ob-
tained from Sigma-Aldrich. Glacial acetic acid, sodium acetate
and chloroform were purchased from Merck. Nile red was ob-
tained from ACROS and used without purication. Bovine
serum albumin Fraction V (BSA 66.5 kDa) was obtained from
Roche Diagnostics. Sodium alginate (SA) was from Sigma-
Aldrich (W201502) and is reported (personal communication)
to have a molecular weight distribution from 1.2 to 40 kDa.
Chitosan (CH) (lowmolecular weight, estimated at 120 kDa with
a distribution of 50 kDa and medium molecular weight, esti-
mated at 250 kDa) was purchased from Sigma Aldrich.
23618 | RSC Adv., 2021, 11, 23616–23626
Chondroitin sulfate sodium salt (CS) (CAS-9007-28-7) was ob-
tained from Xi'an Huisun Bio-Tech Co. Ltd., China. It was
analyzed by GPC and has an average molecular weight of 150
kDa. Pectin (PE) was from ACROS (lot A0388115); it has an
esterication degree of about 70% and an approximate molec-
ular weight of 150 kDa (personal communication). Linseed oil
(KTC – 100% Pure Cold-Pressed Linseed/Flaxseed Oil) was
purchased from a local supermarket. All experiments were
performed at pH ¼ 4 and pH ¼ 7 using 0.01 M acetate and
phosphate buffer solutions. When necessary, the pH was
adjusted to the desired value by the addition of HCl or NaOH.
All chemicals were used without further purication.
2.2. Methods

2.2.1 Turbidity. Solutions of TA and proteins or poly-
saccharides were prepared in acetate (pH ¼ 4) and phosphate
(pH ¼ 7) buffer solutions at concentrations in the range 7.5 �
10�6 M to 6.0 � 10�5 M for BSA, 6.25 � 10�6 M for chitosan, 4.0
� 10�6 M for pectin, 3.85� 10�5 M for sodium alginate and 5.71
� 10�6 M for chondroitin sulfate. Chitosan solutions were
prepared only at pH ¼ 4 in acetate buffer. Various amounts of
the stock solution of tannic acid (1.8 � 10�3 M) and buffer
solution as needed were respectively added into the protein
solution (0.5 mL) to a total volume of 1.5 mL, in order to vary the
nal molar ratio of tannic acid to protein or polysaccharide.
Aer 5 min shaking at room temperature, the absorbance of the
mixture was recorded (UV-1900 Shimadzu spectrophotometer)
at 600 nm.

2.2.2 Layer-by-layer formation and study using UV-vis and
PM-IRRAS spectroscopy

2.2.2.1 Multilayer preparation. Regarding the deposition
process, the substrate was sequentially immersed in a solution
of polysaccharide (1 g L�1) and in a solution made from stock
solutions of tannic acid (1 g L�1) and BSA (1 g L�1), such that
tannic acid is in 15-fold molar excess over BSA (n(TA)/n(BSA) ¼
15). Different molar ratios of TA to BSA from 7.5 to 30 have also
been used in some experiments. The immersion speed was
100 mm s�1 and the plate removal speed was 25 mm s�1. The
duration of each immersion was 15 minutes, followed by 15
minutes of air-drying at room temperature. Throughout the
immersion the solutions were stirred continuously, as in the
absence of stirring signicant precipitation was observed from
BSA/TA solutions with molar ratios of TA to BSA larger than 20.
The immersion cycle was repeated to obtain up to 4 bilayers.
The progress of protein/polysaccharide multilayer assembly on
solid surfaces was monitored using UV-vis and PM-IRRAS
spectroscopies. Following a typical deposition process, a multi-
layer lm was deposited on a quartz plate (5� 3 cm) for the UV-
vis studies or on a gold-coated stainless steel plate for the PM-
IRRAS studies, using a dip coating device (Nima Technolo-
gies). For the UV-vis studies, the quartz plates were rst cleaned
with aqueous nitric acid (50%) for 30 minutes, then rinsed with
ultra-pure water, and then air-dried. For the PM-IRRAS studies,
the plates were cleaned with ultra-pure water and ethanol.

2.2.2.2 Multilayer characterization. UV-vis spectra were ob-
tained for each layer, following each immersion (UV-1900
© 2021 The Author(s). Published by the Royal Society of Chemistry
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spectrophotometer, Shimadzu). TA has an absorbance
maximum at 305 nm, while BSA absorbs more strongly in the
range 270–290 nm. The maximum absorbance thus depends on
both TA and BSA, while the intermediate polysaccharide layers
contribute very little around 300 nm. PM-IRRAS spectra were
recorded using a KSV-NIMA instrument with a ZnSe photoe-
lastic modulator (PEM) and a MCT detector. The rinsed and
dried plates with the deposited lms were mounted on a home-
made sample holder. The wavelength setting of the PEM was
xed at 2500 cm�1. The sample was scanned for 300 s with
8 cm�1 resolution and the resulting absorption spectra were
recorded between 1400 and 2000 cm�1. The incident beam
angle used in all experiments was 83�, where the signal is
maximized for the geometry used. Manipulations of the
resulting spectra, including baseline correction and subtraction
and spectral deconvolution, were performed using the Origin.-
Pro soware.

Powder FTIR spectra of BSA, TA and chitosan were obtained
with a JASCO 460 Plus FTIR spectrophotometer. The spectra
were recorded using the KBr pellet technique, the sensitivity
was 1 cm�1 and the scanning range was 1000–2000 cm�1.

2.2.3 ME formation and characterization
2.2.3.1 Method for stripping linseed oil. The aim of the

stripping process was to remove endogenous tocopherols and
other potential antioxidants present in commercial linseed
oil.75 The stripping method used is based on the affinity chro-
matography principle and is solvent-free. 600 g of aluminum
oxide were previously activated at 200 �C for at least 3 h, and
then cooled down in a dessicator (high temperatures may
promote oil oxidation during the stripping process). Then 700 g
of the commercial linseed oil were stripped by passing the
sample through the activated aluminum oxide (200 g) placed in
a Büchner funnel. Vacuum was applied, with an initial pressure
of 75 mbar, reduced progressively to 30 mbar. This process was
repeated twice and the aluminum oxide was changed for each
new passage.76

2.2.3.2 Preparation of multilayer emulsions. A primary
emulsion of linseed oil was obtained by dispersing 10 mL
linseed oil in 90 mL of the aqueous phase (BSA 4 g L�1 by itself
or in the presence of tannic acid so that n(TA)/n(BSA) ¼ 9, in
a 0.01 M acetate buffer solution at pH ¼ 4), and mixing with
a simple laboratory mixer for 2 minutes at room temperature.
The mixture was subsequently passed through a high-pressure
homogenizer (EmulsiFlex-C5) three times at a pressure of
1000–1200 bar.

To prepare the secondary emulsions 30 mL of a poly-
saccharide solution (chitosan 0.5 g L�1 by itself or in the pres-
ence of tannic acid so that n(TA)/n(CH)¼ 130 in a 0.01 M acetate
buffer at pH ¼ 4) and 30 mL of the same acetate buffer solution
were added to 30 mL of the primary emulsions and passed
through the high-pressure homogenizer three times, at a pres-
sure of 1000–1200 bar. Tannic acid was added in the secondary
emulsion only if it was not already incorporated in the primary
emulsion.

To form tertiary emulsions, 15 mL of the polysaccharide
solution (pectin 0.25 g L�1 by itself or in the presence of tannic
acid so that n(TA)/n(PE) ¼ 90) with 45 mL of acetate buffer
© 2021 The Author(s). Published by the Royal Society of Chemistry
solution, were added to 30 mL of the secondary emulsions and
were homogenized as described above. Tannic acid was added
in the tertiary emulsion only if it was not already incorporated
in the primary or secondary emulsions.

For all these three-layer emulsions, the nal composition
was BSA (0.44 g L�1), tannic acid (0.1 g L�1), chitosan (0.16 g
L�1) and pectin (0.16 g L�1), based on total solution volume. The
equality of total component concentrations is necessary for
a direct comparison of the antioxidant activity of tannic acid in
these emulsions. In some cases, pectin was used as the second
layer of the MEs and chitosan as the third layer. The protocol
was modied to ensure that the nal ternary MEs contain the
same quantities of BSA, TA and polysaccharides as those quoted
above.

Oil-soluble, peroxyl-radical sensitive dye Nile red was added
to the linseed oil before emulsication (250 mL of a 5 g L�1

chloroform solution of the dye to 10 mL linseed oil) followed by
the multilayer shell assembly, as described.

2.2.3.3 Emulsion characterization. The stability of the
multilayer emulsions towards creaming or occulation was
visually assessed over a period of 1–2 weeks, within which all
relevant measurements of antioxidant action were performed.
Following the high-pressure homogenization stage, the emul-
sions were very stable in most cases, with the exception of
emulsions with pectin as the second layer (see Results section).
Following the deposition of each new layer the size distribution
of the emulsion droplets and their zeta potential were measured
using a Zetasizer Nano ZS system (Malvern Instruments) at
25 �C. Prior to these measurements, all emulsions were diluted
2000 times with their respective buffer solution (at pH¼ 4 or pH
¼ 7). Disposable polystyrene cuvettes were used, and each
measurement was repeated three times.

2.2.3.4 Assessment of antioxidant action of the MEs. AAPH
was selected as a peroxyl radical generator in the aqueous phase
of emulsions. An AAPH solution was prepared by dissolving
0.1 g AAPH in 10 mL ultra-pure water. 2.75 mL of 2000-fold
diluted emulsion samples were mixed with 0.25 mL of the AAPH
solution. Immediately aer addition of AAPH, the sample was
placed in the Fluorescence Spectroscopy Instrument (Jasco FP-
8300). Changes in the uorescence intensity of Nile red were
measured at a regular time interval of 10 seconds for a total of
12 hours. The excitation and emission wavelengths for the
uorescence measurements were 535 nm and 582 nm, respec-
tively. The control sample, which consisted of 2.75 mL of the
emulsion with 0.25 mL ultra-pure water, was measured at the
same time. The relative uorescence intensity (RFI) was calcu-
lated using the following equation:

RFI ¼ It;AAPH

�
I0;AAPH

It;control
�
I0;control

(1)

where It,AAPH is the uorescence intensity of emulsion aer
‘t’min of exposure to AAPH, I0,AAPH is the uorescence intensity
of emulsion immediately aer addition of AAPH, and It,control
and I0,control are the corresponding quantities for the control
solution. Duplicate or triplicate experiments were run for some
emulsion wall combinations to check reproducibility.
RSC Adv., 2021, 11, 23616–23626 | 23619



Fig. 2 Turbidity of tannic acid/BSA solutions at pH¼ 4 as a function of
the molar ratio, for different fixed concentrations of BSA. Inset: critical
molar ratio values for the onset of increased turbidity as a function of
BSA concentration.

Fig. 3 Turbidity (600 nm) of TA/polysaccharide solutions vs. the molar
ratio of tannic acid to polysaccharidemonomer. 1 g L�1 polysaccharide
solutions at pH ¼ 4.

RSC Advances Paper
3. Results and discussion
3.1. Turbidity

As mentioned before, TA interacts strongly with several proteins
that are oen used as primary emulsiers inMEs, e.g. BSA, whey
protein isolate (WPI), and sodium caseinate among others.51–56

It was decided to use BSA as a model emulsier, because it has
been used successfully in many emulsion formulations, in
particular together with tannic acid.45–47 The interaction of
tannic acid with polysaccharides or the disruption of protein–
tannin interactions by polysaccharides is very signicant, and
has been documented in the literature in various
contexts,57–60,77–80 although complete physicochemical evalua-
tion of the interactions in solution is scarce in the case of
polysaccharides. We have opted to use four different poly-
saccharide molecules in this work, which are chitosan (a poly-
cation, being a linear copolymer of D-glucosamine and N-acetyl-
D-glucosamine), chondroitin sulfate (a polyanion, being
a sulfated glucosaminoglycan), pectin (a heteropolysaccharide
with carboxylic groups, but source-dependent composition),
and sodium alginate (a copolymer of b-D-mannuronic acid and
a-L-guluronic acid).

Turbidity measurements were carried out keeping the
protein or polysaccharide concentration xed and changing
tannic acid concentration. These measurements establish the
concentration ranges above which large scale aggregation
between TA and the biopolymers take place. It is an important
exercise, because TA oen serves as a crosslinking agent for
proteins and polysaccharides. In Fig. 2 the turbidity at 600 nm is
plotted as a function of the molar ratio of tannic acid to BSA for
different values of the latter's concentration at pH ¼ 4. The y-
axis is in fact the quantityDs600¼ s600([TA],[BSA])� s600(0,[BSA])
for any BSA concentration (s stands for turbidity). This quantity
will be equal to zero, unless the presence of tannic acid induces
a measurable increase in the turbidity of a biopolymer solution.
23620 | RSC Adv., 2021, 11, 23616–23626
As expected, turbidity depends on both the concentration
ratios of the two components and the absolute values of the
concentrations. For each BSA concentration there is a critical
tannic acid concentration, at which turbidity due to larger-scale
aggregation begins to appear. This is plotted as a function of
BSA concentration in the inset, and appears to be anticorrelated
with the BSA concentration. Fig. S1† in the ESI section shows
that the interactions between BSA and tannic acid are much
weaker at neutral pH. Critical molar ratios at pH¼ 4 are close to
10 while at pH ¼ 7 they are in the range of 100. This is probably
related to charge repulsion between BSA (pI ¼ 4.7 (ref. 81)) and
TA (pKa ¼ 6, although a range of acidity has been quoted for
TA82) at neutral pH.

In Fig. 3 one sees that the situation is different for the four
polysaccharides examined in this work. The data shown are for
solutions of polysaccharides of 1 g L�1 at pH¼ 4. The abscissa is
the ratio of moles of tannic acid per moles of monomer of the
polysaccharide. The reason for this choice is that for these
natural biopolymers the molecular weight distribution is quite
wide and uncertain.

The turbidity increases almost linearly even at very low
tannic acid concentrations and no critical threshold is visible as
in the BSA case. The strongest interactions of tannic acid are
with chitosan and pectin. Chitosan is nearly insoluble at pH ¼
7, but the rest of the polysaccharides exhibit similar turbidities
at pH ¼ 7. At pH ¼ 4 chondroitin sulfate is still strongly nega-
tively charged, hence its considerably weaker interaction with
tannic acid.
3.2. Layer-by-layer work, UV-vis and PM-IRRAS

The formation of layers of emulsiers and polysaccharides on
solid surfaces is by no means equivalent to the situation
encountered at the droplet interfaces of MEs, but the investi-
gation of such LbL systems is enlightening. As stated, notable
goals of this part of the investigation are: (a) to examine the
stability of a layer when a subsequent layer of a different
material is deposited. (b) To nd out the best possible
© 2021 The Author(s). Published by the Royal Society of Chemistry



Fig. 5 Deposited amount of BSA/TA for 1–4 bilayers of LbL films of
alternating BSA/TA and various polysaccharides.
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combinations of components and concentration ranges that
ensure maximum deposition of materials (especially the anti-
oxidant) at the surface.

The protocol behind the surface deposition experiments was
kept as simple as possible, given the huge number of possible
combinations of the layers. The pH was equal to 4 in all depo-
sition solutions, since TA–biopolymer interactions are stronger
at this pH. Only chitosan was used as the rst layer to take
advantage of its known good adhesion to negative glass
surfaces.83,84 Tannic acid was always deposited together with
BSA, although tannic acid is by itself an excellent component of
LbL lms.61–66 It was examined if the deposition is linear or not,
and if subsequent layers have a negative effect on previous
layers. The UV-vis absorbance at 280–310 nm was used to assess
the deposited amount of BSA/TA, since both these compounds
absorb at this wavelength range while the four polysaccharides
used do not. In principle, one could try to distinguish between
BSA and TA by more carefully monitoring the absorbance and
deconvoluting the spectra above 300 nm, but it turned out that
PM-IRRAS measurements reported below offer an excellent
alternative.

3.2.1 UV-vis investigation. Fig. S2† shows the absorbance
of alternating layers of chitosan and mixtures of BSA and tannic
acid (1 g L�1 BSA, with TA being in 15 foldmolar excess over BSA
n(TA)/n(BSA) ¼ 15). The deposition of several layers proceeds
successfully. However, some deposited BSA/TA material is lost
when the next chitosan layer is deposited, and the absorbance
exhibits a zig-zag behaviour (Fig. S3†), similar to that observed
in other LbL systems.85–88 This behaviour is related to the re-
ported effect of polysaccharides on protein–tannic acid inter-
actions.77–80 It may be attributed to the changing charge density
at the surface as subsequent layers are deposited, and can be
avoided by using very high ionic strength in the deposition
solutions, something not wanted in the present experiments in
view of the subsequent emulsion application. A related reason
for this behaviour may be the changing water content in the
lms as the lm is built. Very similar results are obtained for
Fig. 4 UV-vis absorbance from LbL-deposited films at pH ¼ 4 with
chitosan as the first layer and a sequence of alternating layers of pectin
and BSA/TA.

© 2021 The Author(s). Published by the Royal Society of Chemistry
a more “structured” deposition, where a layer of chitosan is
deposited rst and then alternating layers of pectin (from 1 g
L�1 solutions) and BSA/TA (from 1 g L�1 BSA solutions and
n(TA)/n(BSA) ¼ 15 as before). UV-vis spectra of such lms are
shown in Fig. 4.

Similar experiments were run for different molar ratios of
tannic acid to BSA in the BSA/TA layers (ranging from 7.5 to 30),
as well as for lms in which the chitosan layers are completely
replaced by pectin, chondroitin sulfate, or sodium alginate. The
results are similar to those in Fig. S2 and 4,† so they are not
presented. Fig. 5 summarizes the deposition results for alter-
nating layers of the four different polysaccharides used in this
work with BSA/TAmixtures, when all polymers were at 1 g L�1 in
their respective solutions and TA was present together with BSA
with tannic acid always being in 15 fold molar excess over BSA
(n(TA)/n(BSA) ¼ 15). The graph shows that more BSA/TA is
deposited when chitosan or pectin are used as intermediate
Fig. 6 FTIR spectra of powders of BSA, chitosan and tannic acid
compared to a scaled PM-IRRAS spectrum of a bilayer of chitosan and
BSA/TA (molar ratio n(TA)/n(BSA) ¼ 15) deposited on a reflective
surface.

RSC Adv., 2021, 11, 23616–23626 | 23621
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layer materials. It also shows that the deposition is not entirely
linear, although for such a small number of layers it is impos-
sible to tell if it is eventually becomes exponential as in other
systems.86,88,89 The results of Fig. 5 indicate that chitosan and
pectin should be preferable for emulsion work over chondroitin
sulfate, and sodium alginate. The amount of TA actually
deposited on the interfacial layers is an important quantity that
should be optimized for emulsion work. Polarization-
modulation infrared reection–absorption spectroscopy (PM-
IRRAS) has been used to determine this issue.

3.2.2 PM-IRRAS examination of the LbL-lms. As far as we
know, PM-IRRAS is seldom used to characterize LbL lms of
polymers on solid surfaces,42–44 for which ATR-IR spectroscopy
is more frequently used.90,91 Since the focus here is on the
antioxidant, the challenge of using PM-IRRAS, or any IR spec-
troscopy, in these systems is to identify peaks that belong to
tannic acid and are distinct from the peaks of proteins and
polysaccharides. This is nontrivial, because all these organic
compounds have similar IR-active groups. In Fig. 6 one sees the
powder FTIR spectra of BSA, chitosan and TA, and super-
imposed a scaled PM-IRRAS spectrum from a lm with one layer
of chitosan and one of BSA/TA (at a molar ratio of TA to BSA
equal to 15). There is a signicant spectral overlap of several of
the peaks, although tannic acid has a considerably different
spectrum. Both BSA and chitosan have characteristic amide
peaks at 1650 and 1500–1550 cm�1, while the carboxylic ester
peaks of tannic acid are located at 1720 and 1625 cm�1. The
black lled circles under the PM-IRRAS spectrum identify BSA
peaks, the grey lled stem from chitosan while the empty circles
are TA peaks. For the analysis of BSA–TA/polysaccharide
multilayer lms different peaks for potential TA quantitation
were evaluated, but most of them turned out to be too weak for
accurate work. We ended up by focusing on the region from
1400 to 1800 cm�1 and using the carbonyl peak above
1700 cm�1, which was obtained by spectral deconvolution using
Origin.Pro, as demonstrated in Fig. S4.† The method cannot be
Fig. 7 PM-IRRAS signal from layered films where the odd layers are
polysaccharides (adsorbed from 1 g L�1 solutions) and the even layers
are BSA/TA mixtures (adsorbed from 1 g L�1 solutions of BSA con-
taining TA at a molar ratio TA/BSA ¼ 15 : 1).
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applied in a straightforward way to lms containing poly-
saccharides with signicant absorption in the carbonyl region,
such as pectin or sodium alginate. As will be seen however, it is
still possible to evaluate lms with such components, sub-
tracting the absorbance of the pectin from the total to calculate
the absorbance of pure TA in the layers.

Fig. S5,† obtained for a system with alternating layers of
pectin and BSA/TA, shows that the PM-IRRAS signal is much
higher for a gold-coated substrate than for an uncoated
stainless-steel substrate. For some systems the laser beam of the
IRRAS instrument was focused on two different positions of the
sample to ensure that the deposition is homogeneous. Such
results from a lm with alternating layers of chitosan and BSA/
TA 1 : 15 are shown in Fig. S6.† Small differences in the read-
ings from the two spots are obvious, but the overall reproduc-
ibility in this and other cases examined is satisfactory.

The analysis of adsorbed layers for the TA peak above
1700 cm�1 provides a good measure of the relative amount of
tannic acid incorporated in the layers. This is shown in Fig. 7,
where the height of this deconvoluted peak is plotted as
a function of layer number for an even number of layers. A
polysaccharide is used as the sole component of the odd layers
while BSA/TA mixtures with a molar ratio n(TA)/n(BSA) ¼ 15 : 1
is used for the even layers. As mentioned before, even for
a polysaccharide like pectin, which adsorbs strongly in the
carbonyl region, it is possible to evaluate the absorbance due to
tannic acid alone, by subtracting the signal introduced by the
odd (pectin) layers. The assumption is that each new layer does
not lead to a loss of pectin previously deposited. This is not
necessarily correct, so for pectin the results in Fig. 7 are only
indicative.

The results in Fig. 7 show that chitosan is a better interlayer
material than chondroitin sulfate, and is comparable to pectin.
With chitosan and pectin as interlayers, it is possible to transfer
and keep larger TA amounts at the surface. The deposited
amount of TA increases with its concentration (or molar ratio to
BSA) in solution. However, TA/BSA ratios higher than 20 give
Fig. 8 Relative fluorescence intensity of Nile red in various multilayer
emulsions created using BSA as the primary emulsifier and chitosan
and pectin as layer materials in the absence of a specific antioxidant.

© 2021 The Author(s). Published by the Royal Society of Chemistry



Table 1 Droplet sizes and zeta potentials for the three-layer MEs
examined

Layer composition Layer number D (sD)/nm z (sz)/mV

BSA–CH–PE 1 267 (127) 33.8 (4.6)
2 217 (97) 40.2 (5.5)
3 294 (121) 24.9 (4.1)

BSA/TA–CH–PE 1 664 (98) 29.1 (3.5)
2 353 (240) 42.3 (4.3)
3 354 (153) 30.9 (3.8)

BSA–CH/TA–PE 1 267 (127) 33.8 (4.6)
2 250 (125) 42.9 (6.5)
3 279 (120) 29.9 (4.8)

BSA–CH–PE/TA 1 267 (127) 33.8 (4.6)
2 217 (97) 40.2 (5.5)
3 337 (151) 21.1 (3.7)

BSA–PE–CH 1 267 (127) 33.8 (4.6)
2 914 (189) 10.4 (3.1)
3 982 (204) 31.1 (3.3)
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cloudy solutions and the deposition fails in the absence of
stirring due to precipitation of the BSA–TA coacervates. For this
reason, but also to compare emulsions with different layers (see
below), the actual TA/BSA molar ratio used in the next part is
closer to 10.

3.2.2.1 Work on multilayer emulsions. Following the work in
the bulk aqueous phase and the LbL deposition, it is now time
to examine how multilayer emulsions behave, when tannic acid
is used as an antioxidant. The comparison is made by inserting
Nile red in the oil droplets of multilayer emulsions and exam-
ining its oxidation rate in the presence and absence of the
radical generator molecule AAPH (2,20-azobis-2-methylpro-
panimidamide dihydrochloride). Since the focus of this work
is on the oxidation barrier for radicals at the droplet surfaces, it
was not deemed necessary to assess the antioxidant action in
other ways (e.g., via the measurement of oxidation products, see
ref. 27, 39, 45 and 92).

In contrast to the layer-by-layer experiments on solid
surfaces, the multilayer emulsions are rst stabilized with
a layer of BSA, which is an established emulsier. Chitosan or
pectin are not ideal emulsiers by themselves, although some
recent reports examine this issue in more detail as a function of
their degree of deacetylation (for chitosan) or methyl esteri-
cation (for pectin).93,94 Aer a rst emulsifying layer of BSA,
second and third layers of chitosan and pectin or vice versa were
added as discussed in the Experimental section† to prepare
a three-layer ME. Table 1 contains the results of emulsion
characterization in such MEs, including systems in which TA
has been introduced in the formulation of any of the three
layers. Both dynamic light scattering and zeta potential
measurements show that the emulsions with BSA as a rst layer,
chitosan as a second layer and pectin as a third layer are stable
and produce droplets with similar sizes and electrical proper-
ties. The expected variation of the zeta potential is observed and
essentially proves the multilayer nature of the droplet inter-
faces, i.e. the BSA layer has a positive potential at pH ¼ 4, chi-
tosan makes the potential more positive and pectin less
© 2021 The Author(s). Published by the Royal Society of Chemistry
positive. Addition of tannic acid with the polysaccharide of the
second or the third layer does not lead to considerable varia-
tions, but it leads to a much larger size when present in the rst
layer, proving a deleterious effect on the emulsifying properties
of BSA. If pectin is used as the second layer and chitosan as the
third, it is found that the emulsions are less stable, as implied
by the larger droplet sizes. This may also be due to weaker
electrostatic stabilization, since the zeta potential value in the
BSA–PE–CH system is much lower than that in the BSA–CH–PE
system.

The presence of tannic acid at the droplet interfaces is veri-
ed indirectly by these results, especially by the destabilization
of the rst layer.

Fig. S7† shows how the oxidation behavior is assessed in the
present work. It is the result of two parallel experiments, in
which the normalized uorescence intensity of Nile red is
monitored in the presence and in the absence of the radical
generator AAPH. The normalized (with respect to time zero)
intensities of the two experiments are divided at all times to
obtain the relative uorescence intensity (RFI) of eqn (1). In
Fig. 8 the effect of placing chitosan as a second layer and pectin
as a third layer or vice versa on the stabilization of the droplets
against oxidation is examined. Results of MEs with one layer,
two layers or three layers are juxtaposed. It is clear that BSA by
itself does not provide any protection to the oil core, while any
second layer improves the oxidative stability considerably, a fact
that is known from other emulsion systems.95,96 Surprisingly,
while pectin is satisfactory as a single second layer, it deterio-
rates when chitosan is added as a third layer. This could be due
to a chitosan-pectin coacervate formation in the bulk.97 The
sequence BSA–CHI–PE appears to provide maximum protection
to the droplets, even in the absence of a specic antioxidant in
the system. This is the sequence that will be subsequently used
as the basis to probe the effect of positioning of the tannic acid
antioxidant in the emulsions.

The relative antioxidant action of TA in BSA–CHI–PE multi-
layer emulsions as a function of tannic acid position in the
layers is nally examined. Since tannic acid interacts quite
strongly with all three components, it is expected to be present
to a large extent in the layers at pH¼ 4. The percentage of tannic
acid that exists in the layers has not been measured in this
work, since this is usually done in indirect and rather uncertain
ways involving emulsion break-up. For its presence at the
interfaces only indirect indications exist, from DLS and zeta
potential measurements and from the knowledge that tannic
acid interacts quite strongly with BSA, chitosan and pectin. In
Fig. 9 it is demonstrated that indeed it matters how the anti-
oxidant is administered to the system. Surprisingly, preferential
placement of the antioxidant at the rst layer actually decreases
the oxidative stability of the system. This may stem from
a modication of the emulsifying ability of BSA, since tannins
are known to affect BSA conformation in solution,51,53 which
might have an effect on the compactness of the BSA layer at the
droplet interfaces. Using isothermal titration calorimetry, uo-
rescence, circular dichroism and spectroscopy, it has been
veried that the interaction between tannic acid and BSA is
strong and extends to molar ratios of tannic acid to BSA as large
RSC Adv., 2021, 11, 23616–23626 | 23623



Fig. 9 Relative fluorescence intensities of Nile red in various three-
layer (BSA–CHI–PE) emulsions where tannic acid has been added as
antioxidant.
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as 30–40 (in preparation for submission – but see also98). A
denite indication for such a structural effect of tannic acid is
seen in the DLS results of Table 1, where much larger droplets
are observed when tannic acid is introduced together with BSA
at the rst layer. The rest of the results are in agreement with the
picture generated so far from the bulk and solid surface
measurements. Introduction of the TA in the second (chitosan)
layer denitely provides the strongest antioxidant action, while
incorporation in the third layer (with pectin) is also advanta-
geous. RFI values larger than unity observed in the BSA–CHI/
TA–PE case should be viewed with caution, but they denitely
highlight the excellent oxidative stabilization observed for this
system.

4. Conclusions

From the results presented in this work, it appears that the
colloidal approach outlined in the beginning of this paper holds
considerable promise for the systematic design of multilayer
emulsions with the goal to improve the stability of the encap-
sulated oils towards oxidation, despite the fact that the present
investigation has been limited to a small set of possible
systems. Tannic acid has been used throughout as a model
antioxidant. First, it was veried using turbidity measurements
that tannic acid interacts quite strongly with BSA, which is the
primary emulsier used exclusively in the present work. From
these measurements it was possible to identify the optimal
molar ratios of TA/BSA to use in emulsion work (in the range of
10, as for larger ratios one observes considerable aggregation in
solution). It was also established that chitosan and pectin are
the polysaccharides that interact more strongly with TA,
compared to sodium alginate and chondroitin sulfate, hence
they are preferable in multilayer emulsions where it is attemp-
ted to incorporate tannic acid at the droplet interfaces. At the
second stage, in layer-by-layer deposition experiments on solid
surfaces it was veried that chitosan and pectin are the optimal
layer components for a multilayer conguration that can
23624 | RSC Adv., 2021, 11, 23616–23626
maximize the interfacial concentration of tannic acid in such
systems. Finally, three-layer O/W emulsions with BSA as the
primary emulsier, and chitosan and pectin as layer materials
were constructed and tested for their ability to stabilize the
sensitive linseed oil towards oxidation. The results demonstrate
that the precise location of TA is also important. Surprisingly,
its introduction in the rst emulsifying layer (with BSA) leads to
stability deterioration, presumably because TA affects BSA
conformation and emulsier action. The introduction of TA in
the second layer together with chitosan provides excellent
stabilization against attack by radicals generated in the aqueous
phase.

Further generalization of this work should involve a precise
quantication of the interfacial concentration of the antioxi-
dant for these systems, for correlation with the antioxidant
action in the layers. The strongest validation of the three-stage
design concept presented here should involve a different anti-
oxidant, a different primary emulsier, and different combi-
nations of layer materials. In particular, working with natural
antioxidants (e.g. anthocyanins or betalains), for which the
precise bulk interactions with proteins and polysaccharides
have not been extensively documented, would prove the
importance of the rst stage (study of bulk interactions), which
plays a relatively minor role in the present work. It would also
provide a stronger proof of the validity of the colloidal approach
for the design of multilayer emulsions presented in this paper.
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