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Abstract

Current investigations of bat White Nose Syndrome (WNS) and the causative fungus Pseudogymnoascus (Geomyces)
destructans (Pd) are intensely focused on the reasons for the appearance of the disease in the Northeast and its rapid spread
in the US and Canada. Urgent steps are still needed for the mitigation or control of Pd to save bats. We hypothesized that a
focus on fungal community would advance the understanding of ecology and ecosystem processes that are crucial in the
disease transmission cycle. This study was conducted in 2010–2011 in New York and Vermont using 90 samples from four
mines and two caves situated within the epicenter of WNS. We used culture-dependent (CD) and culture-independent (CI)
methods to catalogue all fungi (‘mycobiome’). CD methods included fungal isolations followed by phenotypic and
molecular identifications. CI methods included amplification of DNA extracted from environmental samples with universal
fungal primers followed by cloning and sequencing. CD methods yielded 675 fungal isolates and CI method yielded 594
fungal environmental nucleic acid sequences (FENAS). The core mycobiome of WNS comprised of 136 operational
taxonomic units (OTUs) recovered in culture and 248 OTUs recovered in clone libraries. The fungal community was diverse
across the sites, although a subgroup of dominant cosmopolitan fungi was present. The frequent recovery of Pd (18% of
samples positive by culture) even in the presence of dominant, cosmopolitan fungal genera suggests some level of local
adaptation in WNS-afflicted habitats, while the extensive distribution of Pd (48% of samples positive by real-time PCR)
suggests an active reservoir of the pathogen at these sites. These findings underscore the need for integrated disease
control measures that target both bats and Pd in the hibernacula for the control of WNS.
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Introduction

White Nose Syndrome (WNS) has devastated bat populations in

the Northeastern United States for almost a decade [1,2,3]. The

disease first appeared in cave hibernacula near Albany, NY, and it

has since spread to many other states and several adjoining

provinces in Canada. A number of bat species are affected,

particularly little brown bats (Myotis lucifugus), northern long-

eared bats (M. septentrionalis), Indiana bats (M. sodalis), and

tricolored bats (Perimyotis subflavus) [4].

Pseudogymnoascus (Geomyces) destructans (Gargas & Blehert)

Minnis & Lindner, the etiologic agent of WNS, is a newly

recognized fungus [5,6]. It is well adapted to grow under the cold

conditions found in caves and mines (‘psychrophile’), secretes

proteolytic enzymes similar to fungi that cause skin infections

(‘dermatophyte’), and seems to have a single genetic population in

US (‘clonal’) [5,7,8,9,10]. The closely related Geomyces pannorum
sensu lato is a widely dispersed species complex of fungi that share

phylogenetic, psychrophilic and pathogenic attributes with Pd
[11,12,13]. Pseudogymnoascus destructans infects hibernating bats

and is capable of invading living tissue [1,5,14,15,16]. The

infection disrupts the normal sleep and arousal cycle of infected

bats causing a premature depletion of fat reserves necessary for the

completion of hibernation and successful spring emergence. Loss

of energy reserves may be compounded by dehydration and

electrolyte imbalances related to skin damage as winter proceeds;
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secondary bacterial infections of fungal lesions may ensue post-

emergence [17,18,19]. Historically, Pd appears to be quite well

established in European caves, but bats harboring the fungus

seldom exhibit pathology similar to that seen in the North

American bats, and no mass mortality has been recorded in

Europe [10,15]. It is unknown whether smaller winter colony

densities in Europe or other environmental conditions may explain

this discrepancy [9]. There are only few ecological studies focused

on Pd and other fungi in WNS affected sites. An extensive survey

of affected sites revealed wide distribution of Pd DNA [20,21,22].

However, DNA based surveys provide a limited assessment of

fungal diversity. Contemporary fungal community studies have

employed an integrated approach based upon culture-dependent

(CD) and culture-independent (CI) methods for the better

estimation of true fungal diversity [23,24]. The CI method is

crucial considering that more than 90% of the extant fungi are

unlikely to be documented by the culture-dependent method

alone; CI allows better insight into fungal diversity

[25,26,27,28,29]. Therefore, the present study used CD and CI

methods to assess Pd and fungal diversity (‘mycobiome’) in some of

the worst affected caves and mines in the WNS outbreak [1,2,30].

The broad objective of our work is to advance the understanding

of the fungal ecology and ecosystem processes that might be

crucial in the transmission of WNS.

Materials and Methods

Ethics statement
Landowner permission to collect samples was granted at all six

study sites. Sites included one publicly owned property (Hailes

Cave in John Boyd Thatcher State Park, NYS Department of

Parks, Recreation and Historic Preservation) as well as five sites on

private lands. All collecting of samples in New York State (NYS)

was done with the permission and cooperation of DEC as

supplemental activities during standard winter hibernacula surveys

conducted by the NYS Department of Environmental Conserva-

tion (NYSDEC). Aeolus Cave samples were collected with the

permission and cooperation of the Vermont Department of Fish

and Wildlife (VDFW) as a supplemental activity during a

scheduled visit to the site. Authors collected samples as members

of the agency teams were counting the bats, thus there was no

additional disturbance events. No visitation or sampling permits

were required in either state. Because these sites are all important

bat hibernacula, and states are trying to coordinate all work

conducted within their borders relating to bats, the authors worked

closely with the bat specialists for the respective State wildlife

agencies (Carl Herzog, NYSDEC, 625 Broadway, Albany, NY;

Scott Darling, VTFW, 271 North Main Street, Rutland, VT).

These individuals will provide permit information or landowner

contact information for projects that they deem consistent with the

protection of the sites and the bats. Consequently, the site

coordinates are not being provided for these study sites to prevent

unauthorized access.

Sites and samples
The six sites selected for this study are located in what is

considered the ‘epicenter’ of the WNS outbreak, with the last, the

Bennett Hill Hitchcock Mine (Hitchcock Mine), being confirmed

infected during 2009 [31]. Two sites are solution caves. Aeolus

Cave, in Bennington County VT, has no flowing water, while

Hailes Cave, in Albany County, NY, has a resurgent stream that

seasonally covers the entire width of the cave and on rare

occasions, floods most of the cave. Four sample sites were

abandoned mines. The Walter Williams Preserve (Williams

Preserve) in Ulster County, NY, was a cement mine. The

Hitchcock Mine and the Barton Hill Mines in Essex County

NY, and Main Graphite Mine (Graphite Mine) in Warren County

NY were all iron mines. These six sites host the largest winter

colonies of hibernating bats in the Northeast. Pre-WNS counts

ranged from 16,134 in Hailes Cave to 185,022 in the Graphite

Mine (NYSDEC Files). The population estimate of

300,000630,000 in Aeolus Cave, where most hibernating bats

cannot be accessed, is consistent with observations of the level of

bat activity both pre- and post-WNS at other sites where winter

survey counts have been conducted [32]. Declines due to WNS

have varied considerably among study sites, with the lowest

survival rate (1%) noted in Graphite Mine [31]. The most recent

winter bat counts by NYSDEC at Barton Hill Mine (51,144) and

Williams Preserve (16,961) indicated that they apparently have

amongst the highest survival rates of any northeast hibernacula

and are today the two largest remaining hibernation colonies

known in this region of the country. Barton Mine, William

Preserve Mine and Hailes Cave have had stable or increasing

numbers of hibernating bats for several years. It is not known if

this is due to the survival of residents, or the immigration of bats

from other sites.

With the exception of sampling conducted in August 2010 at

Aeolus Cave, all sampling was completed during the hibernation

period (samples collected November 2010–February 2011). The

samples were collected in two ways. Hard rock surfaces were

sampled with sterile polyester-tipped swabs (Puritan Medical

Products, LLC, Guilford, ME, USA). Swabs were moistened with

sterile water if dry swabbing of dry surfaces yielded little visible

residue (each site was swabbed two times). Loaded swabs were

placed in sterilized Ziploc bags. Sediment on hibernacula floors

and some ledges was collected with sterilized metal laboratory

spatulas and placed in 50 mL sterile plastic centrifuge tubes.

Samples were transported from the field in coolers containing

freezer-packs. The samples were processed within two weeks of

laboratory storage at 6uC.

Within hibernacula, sampling effort was focused primarily on

sites most likely to yield evidence of Pd. Swabbing targets included

wall and ceiling surfaces and drill holes within a few centimeters of

roosting bats, or similar sites known or likely to have been

occupied by hibernating bats pre-WNS. Sediment was collected

from floor or ledge areas directly below roosting bats. Such

sediments frequently included bat feces and remnants of decom-

posed bats that were likely to have been WNS casualties. A few

samples were collected just outside the entrance of Aeolus Cave,

and one sample outside the entrance to Barton Mine. Extensive

mortality had occurred at these external locations in previous

winters. In total, 90 samples were obtained including 15 from

Aeolus Cave, 20 from Barton Mine, 19 from Graphite Mine, 9

from Hailes Cave, 2 samples from Hitchcock Mine, and 25 from

Williams Preserve Mine (Table S1). In few instances, agar plates

from four sites of William Preserve Mine were also exposed (5–

10 min) to recover aerial spores of Pd, but this was not the primary

focus of the study.

Fungal diversity by culture dependent methods
Approximately 100 mg of sediments were mixed with 1.0 mL of

sterile distilled water, vortexed vigorously for 2 min in sterile

plastic centrifuge tubes, and allowed to stand for 5 min. Two

hundred mL of supernatant was spread on 150-mm diameter

sterile Petri plates containing Sabouraud dextrose agar fortified

with antibacterials (SDA-A) and Rose Bengal Chloramphenicol

(RBC) agar, respectively [1,33]. Each swab sample was processed

for the fungal recovery by first submerging it into 500 mL of sterile
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distilled water in sterile plastic centrifuge tube, vortexing

vigorously for 2 min and spreading 200 mL aliquots on culture

plates as described above for the sediments. The remaining

300 mL of swab suspension was saved for DNA extraction

(described in a later section). All plates were incubated at 15uC,

checked periodically for fungal growth for up to 45 days, and all

colonies transferred to SDA-A plates, and re-incubated at 15uC.

The fungal identification was done by morphological, biochem-

ical, and molecular methods [1,34]. For molecular testing, DNA

from single colonies was extracted with a rapid thermolysis-phenol

extraction method as described in a published protocol [35]. In

brief, a loopful of the fungal colony was removed from the agar

plate and placed in 300 mL of modified genomic DNA extraction

buffer (100 mM Tris [pH 8.0], 10 mM EDTA, 2% SDS, 1.4 M

NaCl, 1% CTAB, 0.4 mg/ml proteinase K). The mixture was

incubated at 65uC for 1 h followed by chloroform: isoamyl alcohol

(24:1) extraction, and precipitation with isopropanol and washing

with 70% ethanol. The precipitated DNA was centrifuged at

12,000 rpm and the resulting pellet was dried under air and

dissolved in 50 mL of Tris-EDTA (TE) buffer. The fungal DNA

was used for the amplifications of the internal transcribed spacer

(ITS) regions 1 and 2 (ITS1, 5.8S, and ITS2) or ITS2 region alone

of the ribosomal gene using primer set V1827 59-GGAAG-

TAAAAGTCGTAACAAGG-39 or V49 59-GCATCGATGAA-

GAACGCAGC-39 and V50 59-TCCTCCGCTTATTGA-

TATGC-39 and proof reading KlenTaq DNA polymerase

(Sigma-Aldrich, St. Louis, MO, USA). In few instances where

ITS regions failed to provide fungal identification, the D1/D2

region of the large subunit (LSU) of the 28S rDNA gene was PCR

amplified using primer set V1798 59GCATATCAATAAGCG-

GAGGAAAAG-39 and V1799 59-GGTCCGTGTTTCAA-

GACGG-39. PCR were carried out as described in published

protocols [36,37]. Briefly, the initial denaturation was done at

95uC for 3 min followed by 30 cycles of 94uC for 1 min, annealing

at 55uC for 1 min and extension at 68uC for 2 min, followed by

final extension at 68uC for 10 min. The PCR amplicons were

sequenced, assembled, and edited using Sequencher software 4.6

(Gene Codes Corp., Ann Arbor, MI, USA) and BLAST searched

against two databases - GenBank (www.ncbi.nlm.nih.gov) and

Centraalbureau voor Schimmelcultures (www.cbs.knaw.nl). Op-

erational taxonomic units (OTUs) with a 97% similarity threshold

were defined by the average neighbor hierarchical clustering

algorithm using Mothur program [38]. Those OTUs that had

similarities greater than 97% with GenBank records were defined

as known OTUs; those with less than 97% similarities were

defined as unknown OTUs. All fungal isolates were stored at

280uC in sterile cryogenic vials containing 15% sterile glycerol; all

isolates were catalogued in the culture collection of the Mycology

Laboratory, New York State Department of Health, Albany, NY,

USA.

Fungal diversity by culture independent methods
Approximately100 mg of sediment samples and remaining swab

suspensions (300 mL) were processed for DNA extraction using the

SoilMasterTM DNA Extraction Kit (Epicentre, Madison, WI,

USA) according to the manufacturer’s instructions. DNA samples

were stored in aliquots at 220uC. The Pd DNA in the samples

was determined by a published real-time PCR assay that targeted

the L-rhamnosidase gene [20]. In brief, the assay was performed

with TaqMan chemistry in an iQ5 real-time detection system (Bio-

Rad, Hercules, CA, USA). Two microliters of each extracted

DNA was added to 18 mL of real-time PCR mix (Roche Applied

Science, Indianapolis, IN, USA). The amplifications were

performed in duplicate wells. For each sample analyzed, no

DNA template control was always included. The samples that

crossed the cycle threshold (CT) within 40 cycles were considered

positive for Pd DNA. The samples negative for Pd DNA were

tested for the presence of inhibitors by spiking the same reaction

with 1.0 ng of Pd gDNA [39].

For the construction of clone libraries, 24 environmental DNA

samples including sediments and swabs representing all mines and

caves were randomly selected based on the presence or absence of

Pd DNA by real-time PCR assay (Table S2). These DNA samples

were subjected to ITS and LSU PCR amplifications using

published protocols as described in an earlier section [36,37].

Ten microliter of PCR product was checked on 2% agarose gel.

The amplicons were purified from 10 ml PCR product using

PrepEaseH DNA Clean-Up Kit (USB Corporation, Cleveland,

OH, USA). Twenty-four individual PCR amplicons (2 ml) each for

ITS or LSU were pooled based on either source (cave or mine) or

sample type (sediment or swab) as detailed in Table S2. These

amplicons were then cloned into pCR2.1-TOPO plasmid and

transformed into One-Shot Competent Escherichia coli using

TOPO TA cloning kit (Invitrogen, Carlsbad, CA, USA). Thus,

there were 12 pools each of LSU and ITS clones (Table S2).

Positive bacterial clones were screened according to a-comple-

mentation on LB agar plates supplemented with 100 mg/mL

ampicillin, and 5-bromo-4-chloro-3-indolyl-b-D-galactopyrano-

side (Sigma-Aldrich, St. Louis, MO, USA). Approximately 20–

30 clones from each library (LSU or ITS) were randomly selected,

plasmids DNA extracted using standard protocol, digested with

EcoRI, and digested DNA was separated on 2% agarose gels to

check for inserts. Selected clones harboring inserts were sequenced

using universal primers M13 and T7 flanking the cloning site of

the vector [1]. A total of 500 LSU clones and 300 ITS clones were

selected for nucleotide sequencing at the Wadsworth Center

Molecular Genetics Core, Albany, NY, USA. Vector sequence

contamination was removed from all fungal sequences using the

automated vector trimming function in Sequencher 4.6 (Gene

Codes, Ann Arbor, MI, USA). All sequences were analyzed using

the rDNA Database (http://www.arb-silva.de/) and sequences

containing chimeric artifacts were removed using CHECK_CHI-

MERA program (http://rdp.cme.msu.edu/). Final sequences

were analyzed using GenBank and CBS databases as described

earlier for the identification of fungal cultures. Sequences that

showed matches to protozoa, algae, insects, and plants were

excluded from BLAST search results [40].

Phylogenetic analysis and taxonomic attributions
Multiple alignments were obtained using the CLUSTALX 1.81

and MAFFT programs [41,42]. Operational taxonomic units

(OTUs) with a 97% similarity threshold were defined by the

average neighbor hierarchical clustering algorithm using the

Mothur program [38]. Multiple alignments were created with

reference to selected GenBank sequences using BioEdit v7.0.9

[43]. The alignments were used in neighbor-joining (NJ) and

maximum parsimony (MP) phylogenetic analyses with 1,000

bootstrap replicates using MEGA 5.1 [44]. Values (in percentage)

were shown on all branch nodes supported by .50% of the trees,

and the taxonomic status of each OTU was deduced with the

assistance of annotations of these downloaded sequences. The

MycoBank and UniProt (http://www.uniprot.org/taxonomy)

served as the source of taxonomic references for fungal species

[45,46,46].

Diversity analyses
The diversity analyses were performed on data obtained from

CI method using bioinformatics software freely available for the
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academic users [38,42]. The analyses were restricted to CI data as

it was expected to include all fungi at a sample site. Distance

matrixes were constructed for each sample and the combined data

from the alignments by using the Mothur program [38]. OTU

richness and diversity estimates were calculated using Mothur

program [38]: coverage and rarefaction curves of the number of

observed OTUs were constructed for theoretical richness in

samples using the nonparametric richness approaches ACE and

Chao 1. Shannon (H9) and Simpson (D) indices were computed to

describe OTU diversity [38]. Difference in community composi-

tion among samples was investigated by plotting relative abun-

dances of various taxonomic groups at hierarchically nested

taxonomic scales for each sample. Venn and Tree shared modules

were carried out to calculate the number of shared OTUs and

phylogenetic relationship among the different fungal communities,

respectively [38].

Nucleotide sequence accession numbers
All nucleotide sequences obtained in this study were deposited

in GenBank under accession numbers: JX534602-JX534931,

JX545249-JX545310, JX534602-JX534931, JX898533-

JX898551, and KC009247-KC009285 (LSU sequences);

KC008730-KC009128, KC009286-KC009522, KC993815-

KC993831, JX898552-JX898635, and JX675050-JX675217

(ITS sequences).

Results

Fungi in culture
Six hundred seventy-five fungal isolates recovered in pure

culture were identified by a combination of classical and molecular

methods (Table S3). Of these, molecular identification of 399

isolates were confirmed by full-length ITS sequences, 237 isolates

by ITS2 sequences and 39 isolates by LSU sequences. The most

frequent isolates belonged to Ascomycota followed by early

diverging fungal lineages (EDFL) and Basidiomycota (Figure 1).

The most abundant classes in Ascomycota were Eurotiomycetes,
Leotiomycetes, and Sordariomycetes followed by Saccharomycetes,
Dothideomycetes, and Hyphomycetes. The most dominant genera

were Penicillium (Eurotiomycetes), followed by Geomyces (Leotio-
mycetes), Oidiodendron (Leotiomycetes), and Kernia (Sordariomy-
cetes). Mortierella and Trichosporon constituted the most abundant

genera in EDFL, and Basidiomycota, respectively. Twenty-two

LSU OTUs, 81 ITS OTUs and 57 ITS2 OTUs were identified by

CD method (Table S4, S5, S6). However, when all the datasets

were compared, 24 OTUs were common and therefore, 136

unique OTUs were identified by CD method. The phylogenetic

tree by maximum likelihood method revealed three distinct clades

including Ascomycota, Basidiomycota and EDFL (Figure 2).

Pseudogymnoascus destructans was recovered in culture from 16

of the 90 (18%) environmental samples from four of the six caves

and mines (Table S1). The pathogen was not isolated in culture

from Barton Mine and Hitchcock Mine. In contrast, Pd DNA was

detected by real-time PCR assay from 41 of the 86 (48%)

environmental samples from all mines and caves (Table S1).

Fungi in library clones
We obtained 703 sequences from 451 LSU clones (average

length 462 bp) and 252 ITS clones (average length 400 bp) (Table

S3). Of these, 594 cloned sequences were assigned to fungal

environmental nucleic acid sequences (FENAS) comprising 353

LSU clones and 241 ITS clones. The majority of fungal sequences

recovered belonged to the Ascomycota (40%), followed by EDFL

(27%) and Basidiomycota (19%), and relatively smaller numbers

from Chytridiomycota and Glomeromycota (Figure 3). The

distributions of Ascomycota and EDFL sequences were different

in the LSU and ITS clone libraries (Ascomycota relative

frequency = 47% LSU, 26% ITS; EDFL relative frequency = 16%

LSU, 47% ITS), respectively. Thus, more Ascomycota fungal

sequences were identified in the LSU clone library than the ITS

library, which yielded more EDFL. Additionally, the smaller

number of Basidiomycota clones recovered in the study showed a

much closer distribution between the LSU (17%) and ITS (21%)

libraries. One hundred eighty nine LSU OTUs and 73 ITS OTUs

were identified and of these 14 OTUs were common to both the

datasets and hence, 248 OTUs were identified from cloned

libraries (Table S7, S8). Of 248 OTUs, 167 LSU OTUs (89%) and

51 ITS OTUs (70%) were singletons. The phylogenetic tree using

ITS dataset revealed that all sequences appeared within expected

monophyletic groups (Figure 4). Pseudogymnoascus destructans
clones were detected at low frequency (five clones). One clone each

originated from Barton Mine (BME_D02-07), and Hailes Cave

(HCA_D08-05) while three clones originated from Williams

Preserve Mine (WMU_D11-40, WMU_D12-21, and

WMU_D12-23).

Comparison of cultures and clones
Ascomycota predominated among sequences discovered by

both CD and CI methods (Figure 1 & Figure 3). Nearly equal

proportions of EDFL were recovered by two methods, but

Basidiomycota sequences were more numerous in CI method

(Figure 3). LSU clone library had more representatives of

Ascomycota and non-fungal sequences while ITS clone library

showed higher representation of EDFL (Figure S1). The CD

method detected a higher percentage of singletons (Figure S1).

Among the CD isolates and CI clones, 13 OTUs were common

(Table S9); the remaining OTUs were detected by only one of the

two methods, and the similarity coefficient (Cs) of the two methods

was only 0.127. The relative abundance of the most dominant

OTUs recovered from the CD, and CI methods were as high as

13.5% (91 isolates within 675 isolates, CD method) and 10.1% (71

clones within 703 clones, CI method), respectively. Penicillium
polonicum was most abundant in results by CD methods and

Trichosporon dulcitum in the results by CI methods.

Diversity analytics
Rarefaction curves with positive slopes were obtained for OTUs

recognized in LSU and ITS clone libraries constructed for CI

analyses (Figure 5). These findings indicated that our sampling did

not reach saturation and thus, CI results reflect under sampling of

potential OTUs in caves and mines. Similarly, two different

richness estimators (ACE and Chao-1) predicted considerably

higher number of OTUs at the sample sites than the observed 189

LSU OTUs and 73 ITS OTUs, respectively (Table S10). Shannon

and Simpson alpha diversity indices showed a diverse fungal

community, which was most pronounced in LSU clones. A similar

pattern emerged when Venn diagrams of OTU distributions at the

six sample sites were plotted. Most sites had unique OTUs and as

few as 1–3 OTUs overlapped among the sample sites (Figure 6).

Notably, Mortierella spp., Trichosporon spp., and Geomyces spp.

were frequently recovered from caves and mines samples.

Discussion

Mycobiome of WNS sites
This report constitutes the first published mycobiome of WNS-

affected caves and mines. The integrated survey using culture-

dependent and -independent methods allowed the discovery of a

Mycobiome of White Nose Syndrome Sites
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great diversity of fungi including possible novel taxa. The

dominant members of this mycobiome were ascomycete com-

monly found in soil, including cold, nutrient poor conditions.

Many of these fungi have enhanced keratinolytic or toxigenic

activities- Doratomyces stemonitis, Fusarium merismoides, Geomyces
pannorum sensu lato, Kernia spp., Oidiodendron truncatum
[39,47,48]. Other generalist fungi isolated in our study were

Penicillium polonicum and Polypaecilum botryoides, which are

found in a wide variety of substrates, including dried meat or fish

stored under cold conditions. The human and animal pathogenic

species in the mycobiome included agents of skin infections such as

Arthroderma vanbreuseghemii, Geomyces pannorum sensu lato and

Oidiodendron truncatum [13,39,47]. The prominent members of

EDFL and Basidiomycota were Helicostylum pulchrum and

Trichosporon spp., respectively; both are widely distributed

including in cold environments [49]. Thus, the dominant fungi

in caves and mines in Upstate New York and Vermont are similar

to typical soil fungal communities found in the coldest parts of the

earth [49,50,51].

A recent review of published studies on fungi recovered in

culture from cave environments listed over 500 genera and 1,000

species with most studies reporting between 18–25 species [52]. In

general agreement with the current study, most of the fungal

species were cosmopolitan ascomycetes prevalent in the temperate

parts of the world and belonged to the following genera -

Aspergillus, Penicillium, Mucor, Fusarium, Trichoderma, Clado-
sporium, Alternaria, and Paecilomyces. No ‘cave-specialist’ genera

have yet been identified. This pattern of over-representation of

common ascomycetes is consistent with the culture-dependent

results obtained in the present study.

A few other recent studies are worth recapitulating here to

underline the emerging information from mycobiomes of diverse

habitats. Orgiazzi and colleagues [53] have defined ‘core soil

mycobiome’ of generalist fungi by identifying over 1,600 ITS

OTUs in soil samples from distinct ecosystems. Most of the

identified OTUs belonged to ‘ubiquitous taxa of generalist fungi.’

Using a similar approach, Porras-Alfaro et al. [54], described 67–

78 soil OTUs from semiarid grasslands. Giordano et al. [55]

utilized both culture-dependent and -independent methods to

describe fungal communities on bark beetles; they found 55 species

in culture, 33 OTUs in clone libraries and 3 OTUs common in

both analyses. Their results are likely to reflect both beetle-specific

OTUs, as well as soil fungi. Thus, there is a great variation in the

number of fungal OTUs reported from abiotic habitats. It is

reasonable to assume that variation in the number of OTUs

reported in these studies is not solely due to different analytical

methods. Clearly, additional studies that utilize integrated

approaches for the mycobiomes are needed for meaningful

comparisons across diverse habitats.

Mycobiome challenges
The high proportions of species that were found singly and the

limited sampling of six sites imply that the actual diversity of fungi

in the WNS-infested environment in upstate NY and VT is much

higher than detected in this study. This limitation presents both an

opportunity and an obstacle in assembly of the mycobiome of

Figure 1. Fungal isolates recovered by culture-dependent methods. (A) Relative distribution of all cultures according to different fungal
phyla; (B) Relative distribution of isolates identified by homologies to ITS sequences; (C) Relative distribution of isolates identified by homologies to
ITS2 sequences. The zero percent assigned in pie chart represents isolates with less than 1% relative distribution.
doi:10.1371/journal.pone.0108714.g001
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WNS affected sites. Future studies must include enhanced

sampling and additional media for the culture-recovery of fungi,

and more primer sets for the construction of diverse clone libraries.

It is well known that the culture-dependent methods are biased

towards rapidly growing cosmopolitan fungi. Besides the physical

competition for space, the growth of fastidious fungi is limited by

the temperature and length of the incubation period, the

composition of the medium and the aerobic conditions for

recovery [56,57,58,59]. Thus, the fungi recovered in culture in

this study do not represent all culturable fungi at the WNS sites.

Along similar lines, the success of the culture-independent method

is conditional to the quality of DNA available for amplification and

the universality of the primers used for the construction of clone

libraries [55]. All of the available ‘universal’ primers introduce a

degree of bias in the amplification of fungal DNA, which could

lead to over- or under-representations of certain OTUs. We have

utilized three primer sets targeting ITS and LSU regions of the

ribosomal genes that were used in other mycobiome studies.

However, these primers sets are known to be not equally efficient

in the amplification of ascomycetes, basidiomycetes and EDFL

[55,60,61,62,63]. Additional difficulties in the use of cloned

libraries come from their dependence on the alignments of

database nucleotide sequences to determine OTUs. The assign-

ment of ITS sequences is less problematic as there is a

comprehensive nucleotide database for the species level identifi-

cation of many fungi. Higher taxonomic assignments especially of

unknown fungi are more problematic as they rely on LSU

sequences that are not as numerous in the databases. It has also

been recognized that increasing the availability of reference LSU

sequences in the databases could lead to definitive assignments of

isolates of common soil fungus Mortierella to known species within

the genus instead of to new OTUs [64]. Mycobiome studies that

incorporate CD and CI methods are certainly valuable, but still

face many methodological and database challenges.

Pseudogymnoascus destructans
The results of DNA sampling and culture-dependent and -

independent surveys all confirmed that Pd was an important

constituent of fungal communities of surveyed caves and mines.

Pseudogymnoascus destructans DNA was detected from approx-

imately half of the environmental samples examined by real-time

PCR assay. The pathogen was also recovered in culture from four

of the six caves and mines. It was not isolated from Barton Mine

and Hitchcock Mine. In the latter instance, there were only two

samples tested. However, the results from Barton Mine were

intriguing, as twenty environmental samples were tested from this

Figure 2. Phylogenetic relationships among ITS phylotypes for OTUs isolated by culture-dependent method. Phylotypes recovered in
this study are shown in bold type. Sequence code prefix denotes location. ACV, Aeolus Cave, Bennington County, VT; BME, Barton Mine, Essex
County, NY; GMW, Graphite Mine, Warren County, NY; HME, Hitchcock Mine, Essex County, NY; WMU, Williams Preserve Mine, Ulster County, NY; HCA,
Hailes Cave, Albany. Blue font denotes the isolated phylotypes, red font denotes the Geomyces spp. and Pseudogymnoascus destructans and black
font denotes the ITS sequences of reference strains retrieved from GenBank. Three topologies are supported by the program Mega 5.1 [44]. The
numbers at node indicate the bootstrap percentages of 1,000 resamples.
doi:10.1371/journal.pone.0108714.g002

Figure 3. Phyla distribution in culture-independent (CI) clones. A) Relative proportions of different phyla of all clones; B) Relative proportions
of different phyla of LSU clones; C) Relative proportions of different phyla of ITS clones. The zero percent assigned in pie chart represents clones with
less than 1% relative distribution.
doi:10.1371/journal.pone.0108714.g003
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site. Inability to obtain Pd in culture could be due to

overwhelming presence of other fungi at the two sites or on

culture plates used for recovery in the laboratory. Pseudogym-
noascus destructans clones were detected at low frequency by CI

method. This finding could be due to limited clones assessed for

each library prepared from sediment or swab samples; alternately,

fungal DNA from other taxa predominated amplification process.

Notably, sediments from the floor and the swabs from the walls

and the roof were positive for Pd by one of the three survey

methods used. Thus, there was a widespread distribution of the

pathogen at the affected sites. Our findings further suggested the

existence of a reservoir of Pd in WNS-affected caves and mines.

The colonies of Pd were recovered from culture plates in the

presence of many other species, affirming its abundance in the

presence of common fungi, which raised the possibility that this

newly arrived pathogen was locally adapted [65,66,67]. Experi-

mental studies will be needed to evaluate the extent of local

adaptation of Pd in caves and mines. The conditions prevailing in

caves and mines would indicate a specialized ecological niche for

Pd. This finding is notable considering other human and animal

pathogenic fungi also have a higher incidence in specialized

ecological niches. Thus, Histoplasma capsulatum is abundant in

caves and poses high risk for spelunkers, very high numbers of

Cryptococcus neoformans have been reported from dried pigeon

droppings, and Penicillium marneffei is frequently recovered from

feces and viscera of bamboo rats [68,69,70,71,72,73].

Three recently published fungal surveys that used culture-

dependent methods have partial bearings on our findings. Lorch et
al. [21] described a soil survey of WNS sites by documenting 324

fungal isolates identified to genus level including Geomyces spp.

and Pd. The study was an early snapshot of the fungal

communities at WNS-affected sites and raised the possibility that

Pd is widely dispersed among cave fungi. Recent reports by

Johnson et al. [50] and Vanderwolf et al. [74] using direct

sampling of bats from WNS-free hibernacula, allowed enumera-

tion of fungi on bats and their surroundings before the arrival of

WNS. Johnson et al. [50] reported 53 OTUs from five US

hibernacula without specifying species. Vanderwolf et al. [74]

reported 117 species of psychrophilic, coprophilous and keratino-

lytic fungi from eight Canadian caves. As expected, neither of

these studies found any Pd in the US and the Canadian sites,

which were considered free of WNS at the time of sampling.

Taken together, fungal surveys including the present study have

now provided evidence to support the widely held perception

among bat biologists that the isolation of Pd at a given site

correlates with the presence of WNS, while the absence of this

fungal pathogen predicts a WNS free location. The present study

demonstrates that Pd is a member of diverse fungal communities

inhabiting WNS-affected caves and mines in NY and VT. The

ecological interactions that may limit or regulate Pd within these

communities are not known. Earlier investigations have docu-

mented a clonal population of Pd as WNS spread across the

United States [7,8]; it is not yet clear if Pd is spreading by

outcompeting or displacing other fungi and/or microbes in the

affected sites.

Figure 4. Phylogenetic relationships among ITS phylotypes for OTUs recovered by culture-independent investigation. Phylotypes
recovered during this study are shown in bold type. Sequence code prefix denotes location. ACV, Aeolus Cave, Bennington County, VT; BME, Barton
Mine, Essex County, NY; GMW, Graphite Mine, Warren County, NY; HME, Hitchcock Mine, Essex County, NY; WMU, Williams Preserve Mine, Ulster
County, NY; HCA, Hailes Cave, Albany. Blue font denotes the recovered phylotypes; red font denotes the Geomyces spp. and Pseudogymnoascus spp.,
and black font denotes the ITS sequences of reference strains retrieved from GenBank database. Three topologies are supported by the program
Mega 5.1 [44]. The numbers at node indicate the bootstrap percentages of 1,000 resamples.
doi:10.1371/journal.pone.0108714.g004

Figure 5. Rarefaction curves of estimated OTUs richness across bat WNS-afflicted niches environmental samples. A) LSU clones
rarefaction curves analyses, cutoffs = 0.03, 0.05, 0.10, respectively; B) ITS clones rarefaction curves analyses, cutoff = 0.03.
doi:10.1371/journal.pone.0108714.g005
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