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Abstract: Flight dispersal represents a key aspect of the evolutionary and ecological success of insects,
allowing escape from predators, mating, and colonization of new niches. The huge energy demand
posed by flight activity is essentially met by oxidative phosphorylation (OXPHOS) in flight muscle
mitochondria. In insects, mitochondrial ATP supply and oxidant production are regulated by several
factors, including the energy demand exerted by changes in adenylate balance. Indeed, adenylate
directly regulates OXPHOS by targeting both chemiosmotic ATP production and the activities of
specific mitochondrial enzymes. In several organisms, cytochrome c oxidase (COX) is regulated at
transcriptional, post-translational, and allosteric levels, impacting mitochondrial energy metabolism,
and redox balance. This review will present the concepts on how COX function contributes to flying
insect biology, focusing on the existing examples in the literature where its structure and activity are
regulated not only by physiological and environmental factors but also how changes in its activity
impacts insect biology. We also performed in silico sequence analyses and determined the structure
models of three COX subunits (IV, VIa, and VIc) from different insect species to compare with
mammalian orthologs. We observed that the sequences and structure models of COXIV, COXVIa,
and COXVIc were quite similar to their mammalian counterparts. Remarkably, specific substitutions
to phosphomimetic amino acids at critical phosphorylation sites emerge as hallmarks on insect COX
sequences, suggesting a new regulatory mechanism of COX activity. Therefore, by providing a
physiological and bioenergetic framework of COX regulation in such metabolically extreme models,
we hope to expand the knowledge of this critical enzyme complex and the potential consequences
for insect dispersal.

Keywords: metabolism; bioenergetics; respiration; oxidative phosphorylation; redox; dispersal;
migration; homeostasis; kinetics; allostery; phosphomimetic
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1. Introduction
1.1. Flight as an Extreme Metabolic Process

Insects are the largest and most diverse animal group in nature, with estimates reach-
ing around 5.5 million species [1]. Insects’ extreme evolutionary and ecological success in
dominating nearly all niches of our planet results from their remarkable adaptive abilities.
The flight is a key aspect that insects mastered, which brought enormous advantages rela-
tive to their wingless counterparts by providing efficient ways to acquire food resources,
to escape predators, and to establish in new places. Indeed, flight is not an exclusive bio-
logical trait of insects but is also shared with birds and bats (and with extinct pterosaurs),
which evolved from four different wingless ancestors [2]. Undoubtedly, the convergent
evolution towards flight in four independent animal groups underscores the great adaptive
advantage of these organisms to improve survival.

Insects were the first animals to evolve flight, and the most ancient register of a winged
insect fossil dates back to circa 324 million years ago (Mya) during the late Paleozoic [3–6].
Indeed, several fossil registers of giant insect species temporarily match with the first flying
insects, particularly the ancient dragonflies of the Meganeura genus that reached wingspans
of >70 cm [4]. Although the origins of flight are controversial, an interesting hypothesis
suggests that fluctuations in atmospheric concentrations of oxygen and carbon dioxide
were vital contributors to allow the conditions for the evolution of flight [3,5]. The increase
in atmospheric oxygen concentration (apO2) may have physiologically facilitated the
development of oxidative metabolism, which may have represented the main physiological
adaptation necessary to satisfy the energy demand required by the flight activity. Curiously,
the surge of giant insects was parallel to the highest apO2 ever registered, reaching ≈30%
in the late Paleozoic, suggesting an association between oxygen availability and insect’s
body size [3]. This assumption was based on the fact that in insects, oxygen is transported
through a complex network of tracheae that deliver oxygen directly to the insect’s organs,
independent of a circulatory system (Figure 1A). Therefore, higher apO2 would circumvent
the diffusion limits and allow the development of larger body sizes [7]. Although attractive,
this proposal has several limitations as it does not consider, for example, that oxygen
supply is morphologically and physiologically adjusted to oxygen demand among species
with different body sizes [8,9].

The enormous physical forces required to sustain flight posed several biomechanical,
physiological, and metabolic constraints for flying insects [10]. Regardless of their intrinsic
anatomical and structural diversities, insect flight muscles share a remarkable feature to
allow extremely high wing beat frequencies (in some cases even higher than 800 Hz [11]).
Like vertebrate skeletal muscles, insect flight muscle is a cross-striated muscle, and is
essentially composed of four components, (i) the myofibrils, which are responsible for the
work produced during contraction, (ii) the sarcoplasmic reticulum, which is involved in the
impulse of contraction and subsequent relaxation through the release and sequestration of
calcium (Ca2+), (iii) the mitochondria which are responsible for ATP production to meet the
cellular energy demands [12–17] and also to produce oxidants including superoxide and
hydrogen peroxide [18–21], and (iv) the tracheae that deliver atmospheric oxygen directly
to mitochondria. The regulatory mechanism for flight muscle contraction and relaxation is
similar to that of vertebrate skeletal muscle: the excitation of muscle plasma membrane
induces the release of Ca2+ ions from the sarcoplasmic reticulum that bind to a thin filament
regulatory protein called troponin. As a consequence, tropomyosin then moves from its
inhibitory position to initiate contraction. Conversely, relaxation occurs when Ca2+ is
pumped back to the sarcoplasmic reticulum lumen. It is important to emphasize that
this transport is an energy-consuming active process because Ca2+ ions must be pumped
against the concentration gradient [22].
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Figure 1. Transmission electron microscopy images of asynchronous flight muscles (AFM) biopsies from Aedes aegypti 
female mosquitoes. (A) The typical architecture of AFM longitudinal sections showing the high mitochondria (Mito) den-
sity localized alongside the myofibrils (Myo). Oxygen delivery to myocytes is made through a complex tracheae (Tc) net-
work that lies adjacent to mitochondria. (B) Noteworthy is the extremely high cristae density and apposition, with barely 
visible matrix space. 

Hummingbird flight muscles have higher mitochondrial cristae densities as com-
pared to insect flight muscle but have lower mitochondrial volume densities [71]. The 
metabolic consequence of such high tissue mitochondrial and cristae density is the ex-
traordinary capacity of insect flight muscle to consume oxygen [21]. For example, in hon-
eybees, respiratory rates relative to the mitochondrial volume are 2–3 times higher than 
observed in hummingbirds and 4–6 times higher than in mammals [71]. Thus, the enor-
mous respiratory capacity of insect flight muscle is a consequence of their remarkable 
ability to produce ATP by means of OXPHOS.  

1.3. Regulation of Mitochondrial Energy and Redox Metabolism in Flying Insects  
To sustain the remarkable ATP turnover production rates, flying insects evolved two 

unique metabolic features: (i) many enzymes in flight muscle operate close to or at their 
Vmax during maximal activity [72], and (ii) the cellular contents of some enzymes [E] are in 
larger excess compared to organisms with lower metabolic rates [73]. Indeed, reductions 
of ≈50% in the activity of several metabolic enzymes caused no apparent effects on Dro-
sophila wing beat frequencies, supporting the concept of a large excess of enzyme content 
in insect flight muscles [73,74]. However, the fine-tuning of respiratory rates is critical for 
the regulation of mitochondrial oxidant production and flight dispersal in insects 
[8,20,21,75]. For example, in the hawkmoth Manduca sexta, flight ability and oxidative 
damage increase in flight muscle proteins upon sugar-feeding [75]. The females of the 
major arbovirus vector Aedes aegypti represent an extreme example of the metabolic and 
physiological adaptations to the diet in a flying insect. Adult A. aegypti females usually 
acquire their nutrients from plant sap, which is rich in sugar and some amino acids, in-
cluding proline [76]. However, to trigger the gonotrophic cycle and egg production, fe-
males need to feed on vertebrate blood (that is why A. aegypti is classified as facultative 
hematophagous insects). Vertebrate blood is rich in proteins and lipids but poor in sugars 
and strikingly differs from the usual mosquito diet on plant sap. Therefore, this exquisite 
food digestion and metabolism represent a substantial biochemical challenge for hema-
tophagous organisms [77]. To overcome this, the metabolism of specific amino acids (in-
cluding proline and tyrosine) represents an important adaptation for the blood-feeding 
habit [59,69,78]. Mosquitoes have a high engorgement capacity, taking up close to three 
times their own weight on vertebrate blood per meal. It is thus remarkable their stupen-
dous ability to fly even with such a high meal payload in their guts (imagine drinking a 
“smoothie” composed of ≈ 7 L water, ≈ 200 kg of meat, plus two tablespoons of sugar just 

Figure 1. Transmission electron microscopy images of asynchronous flight muscles (AFM) biopsies from Aedes aegypti
female mosquitoes. (A) The typical architecture of AFM longitudinal sections showing the high mitochondria (Mito) density
localized alongside the myofibrils (Myo). Oxygen delivery to myocytes is made through a complex tracheae (Tc) network
that lies adjacent to mitochondria. (B) Noteworthy is the extremely high cristae density and apposition, with barely visible
matrix space.

Despite the huge respiratory rates observed in flying insects, muscle efficiency (power
output generated by mechanical contraction divided by power input resulted from energy
metabolism) is much lower in insects than in birds [10,23,24]. Indeed, allometric scaling of
metabolic and mechanical power indicates that muscle efficiency increases with body size.
In humans, the efficiency of skeletal muscle contractile activity is ≈70%, while for most
insects is just 10% [25]. Interestingly, the opposite trend is observed in their thermogenic
capacity, which reduces with increasing body size. Many flying insect species are endother-
mic homeotherms, contrasting with runner insects that are ectothermic poikilotherms [10].
These patterns imply that while flying insects exhibit very high respiratory rates, a signifi-
cant part of the redox energy from respiration dissipates as heat. Therefore, to compensate
for this reduced muscle efficiency, flying insects increase their capacity to extract energy
from nutrients oxidation in mitochondria. An interesting observation of the critical ther-
mogenic role of respiration in a flying insect is exemplified in bumblebees. Instead of
conserving the energy from nutrient oxidation as ATP by oxidative phosphorylation (OX-
PHOS), bumblebees mediate thermogenesis through a metabolic shift towards glycerol
3-phosphate (G3P) oxidation during cold weather [26]. Importantly, as G3P oxidation is
intrinsically less coupled to ATP production than other substrates [19,21,26,27], preflight
thermogenesis is thus facilitated, allowing flight muscles to warm in cold weather [26].

Insect flight muscles can be anatomically divided into two distinct groups: the di-
rect flight muscles (DFM), which connect the thoracic cuticle to wings bases and drive
the downward movement of wings, and the indirect flight muscles (IFM) that drive the
upward movement of wings. Flight muscles can also be physiologically divided into
synchronous flight muscles (SFM) and asynchronous flight muscles (AFM), depending on
the relationship between neural electrical stimulation and muscle mechanical work [28,29].
While SFM has a single contraction upon a neural stimulus, AFM contracts multiple times
in an oscillatory manner, usually at high frequencies. SFM is considered the most primitive
and is characteristic of some species of locusts, butterflies, and moths [12]. Interestingly,
estimates suggest that AFM is the dominant type of muscle fiber in insects, found in nearly
75% of flying species [30]. Additionally, the distribution of AFM among insect taxa suggests
that asynchronous operation has evolved independently as many as 7–10 times [30,31].
The reason behind the surprising presence of AFM among insect species lies in its higher
energy efficiency. The leading energy-demanding processes in contracting muscle fibers
are posed by Ca2+ cycling and actomyosin ATPases, which are driven by Ca2+. As AFM
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usually contracts at high frequencies, with much lower Ca2+ cycling and sarcoplasmic
reticulum investment [30,32], the energy demand per contraction cycle is much lower than
in SFM. Therefore, AFM is more efficient and more powerful than SFM for high-frequency
operation [22,23,33–35]. Despite the lower energy costs of Ca2+ cycling, the energy demand
to sustain such high frequencies of AFM contractions is exceptionally high, with upper
limits of mass-specific metabolic rates close to 1000 W/kg [36]. To accomplish this, AFM
oxygen consumption rates usually rise 10–100 fold during rest to flight transition compared
to ≈18-fold increase in mammalian muscles [37–39].

Most of the biological energy is made available in eukaryotes by the complete oxida-
tion of nutrients within their mitochondria through OXPHOS. This process takes place
essentially at the mitochondrial inner membrane, involving numerous protein complexes
that perform sequential redox reactions, which generate a proton gradient (also known
as the mitochondrial membrane potential or ∆Ψm) that is utilized for ATP production
by F1Fo-ATP synthase. A critical component of the electron transport system (ETS) is
the cytochrome c oxidase (COX), which is the terminal enzyme complex of all aerobic
metabolism and mediates the transfer of four electrons from reduced cytochrome c (cyt c)
to molecular oxygen. Therefore, considering the key role of COX in energy homeostasis,
the present work aims to briefly summarize the current understanding of how the structure
and function of the COX complex associate and contribute to flying insect physiology.
Comparative analyses of sequence and structural modeling of specific COX subunits in
distinct insect species led us to hypothesize critical aspects that should be further explored
in future studies and that might be relevant to better understand the biology of insect flight
and dispersal.

1.2. Insect Flight Is Powered by Mitochondrial Metabolism

Although insects are the most diverse taxonomic group containing the largest number
of species, studies dedicated to the understanding of insect’s energy metabolism remain
largely unexplored (≈1.8% of all original papers on mitochondria found in PubMed by
November 2020). Insects possess several unique metabolic features that go beyond using
them (mostly Drosophila) as a model organism to understand human diseases [40]. For
example, mitochondrial transport and oxidation of dicarboxylates, such as succinate,
are quite limited in insects [41–43]. Additionally, succinate oxidation in adult insects is
loosely coupled to the generation of ∆Ψm, resulting in low efficiency of mitochondrial ATP
synthesis [44–46]. On the other hand, succinate oxidation is high in the midgut of tobacco
hornworm larvae but severely reduced upon the commitment to the metamorphosis
to pupae [47]. In addition, the metabolism of mitochondrial Ca2+ in insects strikingly
differs from mammals as very low Ca2+ uptake and stimulation of respiratory rates are
observed [45,48,49]. The study of insect metabolism was critical in identifying and defining
the biological significance of the glycerol phosphate shuttle [14,26,50–53]. In this regard,
insect mitochondria have a remarkably high capacity to oxidize G3P, which is only matched
by mammalian brown adipose tissue [53,54]. Comparative analyses among distinct insect
species revealed that G3P dehydrogenase (G3PDH) activity and G3P production are much
higher than lactate dehydrogenase (LDH) activity and lactate levels during flight [50,51].
This strongly suggests that G3PDH activity plays a key role in re-oxidizing cytosolic NADH
in insect flight muscles, which seems to allow intense contraction without acidification due
to high lactate accumulation.

A key aspect is the substrate preference that insects use to support flight, which depends
on several factors, including the type and duration of the flight activity, aging, and dietary
strategies [16,18–21,55]. Regardless of the flight regimen, glucose, trehalose, diacylglycerol,
and proline are the main substrates consumed to support insect’s flight [16,56–67]. While
migratory insect species usually oxidize fatty acids in their long-range flights [67,68], hovering
insects preferentially use proline and carbohydrates as main fuels [59,61]. A particular case
is proline, which is used by different insect species not only as a fuel to support flight but
also as a carbon source to stimulate pyruvate oxidation [59–66]. Indeed, proline acts as the
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main substrate to support flight activity in several insect species, including bumblebees and
obligatory blood-feeding insect vectors of neglected tropical diseases [59,60,69]. Interestingly,
the high rates of proline oxidation observed in blood-sucking insects seem to represent an
important adaptation to blood-feeding habit associated with a protein-rich diet [59].

Insect flight muscles are remarkably unique in several aspects, from the morphological,
physiological, and biochemical perspectives. For example, in Drosophila the structure of the
tropomyosin binding protein troponin T (TnT) has a unique C-terminal extension of ≈70
residues rich in glutamic acid and is essentially expressed in flight and leg muscles [70].
Importantly, TnT is essential for Drosophila motor activity, as climbing and flight abilities
were strongly affected by genetic removal of TnT, possibly by acting as a mechanism for
Ca2+ buffering [70]. From the morphological perspective, insect flight muscles have remark-
able architectural features suggesting that proximity of energy supplying (mitochondria)
and demanding (myofibrils) sites would facilitate the flow of substrates to sustain such
intense mechanical work during the flight. Structural hallmarks can also be extended
at the organelle level, including the high mitochondrial abundance and density, which
occupies ≈30–40% of cell volume [13,20,55,71]. The densely packed cristae, resulting from
the striking degree of inner membrane juxtaposition, also emerges as a remarkable feature
among insect flight muscles (Figure 1B) [20,23,71].

Hummingbird flight muscles have higher mitochondrial cristae densities as compared
to insect flight muscle but have lower mitochondrial volume densities [71]. The metabolic
consequence of such high tissue mitochondrial and cristae density is the extraordinary
capacity of insect flight muscle to consume oxygen [21]. For example, in honeybees,
respiratory rates relative to the mitochondrial volume are 2–3 times higher than observed in
hummingbirds and 4–6 times higher than in mammals [71]. Thus, the enormous respiratory
capacity of insect flight muscle is a consequence of their remarkable ability to produce ATP
by means of OXPHOS.

1.3. Regulation of Mitochondrial Energy and Redox Metabolism in Flying Insects

To sustain the remarkable ATP turnover production rates, flying insects evolved two
unique metabolic features: (i) many enzymes in flight muscle operate close to or at their
Vmax during maximal activity [72], and (ii) the cellular contents of some enzymes [E] are in
larger excess compared to organisms with lower metabolic rates [73]. Indeed, reductions of
≈50% in the activity of several metabolic enzymes caused no apparent effects on Drosophila
wing beat frequencies, supporting the concept of a large excess of enzyme content in
insect flight muscles [73,74]. However, the fine-tuning of respiratory rates is critical for the
regulation of mitochondrial oxidant production and flight dispersal in insects [8,20,21,75].
For example, in the hawkmoth Manduca sexta, flight ability and oxidative damage increase
in flight muscle proteins upon sugar-feeding [75]. The females of the major arbovirus vector
Aedes aegypti represent an extreme example of the metabolic and physiological adaptations
to the diet in a flying insect. Adult A. aegypti females usually acquire their nutrients from
plant sap, which is rich in sugar and some amino acids, including proline [76]. However, to
trigger the gonotrophic cycle and egg production, females need to feed on vertebrate blood
(that is why A. aegypti is classified as facultative hematophagous insects). Vertebrate blood is
rich in proteins and lipids but poor in sugars and strikingly differs from the usual mosquito
diet on plant sap. Therefore, this exquisite food digestion and metabolism represent a
substantial biochemical challenge for hematophagous organisms [77]. To overcome this, the
metabolism of specific amino acids (including proline and tyrosine) represents an important
adaptation for the blood-feeding habit [59,69,78]. Mosquitoes have a high engorgement
capacity, taking up close to three times their own weight on vertebrate blood per meal. It is
thus remarkable their stupendous ability to fly even with such a high meal payload in their
guts (imagine drinking a “smoothie” composed of ≈ 7 L water, ≈ 200 kg of meat, plus
two tablespoons of sugar just before running a marathon!). The metabolic consequences
of such a high protein, fat, and iron diet include the reduction of respiratory rates and
mitochondrial oxidant production [20] and their flight activity [79]. The mitochondrial
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functional changes promoted by blood meal were a consequence of modulation of specific
mechanisms, including the induction of mitochondrial fusion and specific reduction of COX
activity [20]. These effects are fully reverted three days after a blood meal, indicating that
blood-derived products act as signals to trigger mitochondrial functional and structural
remodeling.

Energy metabolism is regulated by distinct factors and usually at multiple steps. In
this regard, respiratory rates and mitochondrial ATP synthesis are classically regulated
by three factors: (i) substrate supply, (ii) energy “wasting” by proton leak, and (iii) energy
demand [80]. A classical model of metabolic regulation establishes that products of ATP
hydrolysis, resulting from increased energy demand, bind to regulatory enzymes and
activate catabolic pathways (the so-called “adenylate model of metabolic regulation”).
Conversely, the flux of anabolic pathways is reduced by the same principle but on differ-
ent enzyme targets. When energy demand ceases, decreased ATP utilization results in
repression of catabolic pathways by ATP while activating anabolic pathways. The con-
sequence would be a remarkable stability of cellular ATP levels (or energy homeostasis)
even during massive energy demands such as during flight [81,82]. Mechanistically, two
possibilities would explain how energy demand regulates respiratory rates and OXPHOS.
The first one states that under high energy demand, ADP activates the F1Fo ATP syn-
thase complex to produce ATP by using the energy from ∆Ψm through a chemiosmotic
mechanism [83]. As the ∆Ψm magnitude directly affects the respiratory rates [83–85],
the mechanism provided by the ATP/ADP ratio regulates respiratory rates in a ∆Ψm-
dependent fashion [83–85]. The second possibility involves the allosteric regulation of
several mitochondrial enzymes (including dehydrogenases and COX) by the ATP/ADP
ratio independently of the ∆Ψm [64,86–90]. Interestingly, both possibilities were experi-
mentally demonstrated in flying insects, providing supporting evidence for the regulation
of respiratory rates and OXPHOS in this particular group of organisms [64,86,90].

Despite its simplicity, the “adenylate model of metabolic regulation” does not seem
to be the major driver for the maintenance of ATP turnover rates [73,91,92]. For example,
it is long known that during insect flight, respiratory rates rise several hundred-fold but,
paradoxically, adenylate levels hardly change [81,82]. Additionally, the desert locusts
Schistocerca gregaria under anoxia show increased AMP, ADP, and Pi, but low ATP levels.
This sharply contrasts with the postulate of the “adenylate model of metabolic regulation”
since ATP turnover rates were not activated as it would be expected [91]. However,
how would insect flight muscles increase respiratory rates without apparent changes
in adenylate levels? A nice explanation is supported by experiments using Drosophila
mutants to specific energy metabolism enzymes while assessing wing beat frequency as
a proxy of flight capacity [73]. Reductions of up to ≈90% of most metabolic enzyme
activities caused no apparent changes in wingbeat frequencies, strongly suggesting that
insect flight muscle has an excess capacity of metabolic enzymes to sustain flight [73]. This
observation fits with previous proposals suggesting that enzyme concentration [E] would
be the strongest regulator of ATP turnover rates as seen in flying insects [72,92,93]. Indeed,
hexokinase, phosphofructokinase, citrate synthase, and COX activities in honeybee flight
muscle operate closer to Vmax than in mammals [72]. Given that [E] is a key determinant
for Vmax and that activities of metabolic enzymes in insect flight muscle are much higher
than in mammals [93], the remarkably high metabolic fluxes of insects during flight may
be accomplished by having high [E] working closer to Vmax than mammalian enzymes.
Although metabolic fluxes seem to be mostly controlled by [E], this by no means excludes
the regulatory roles of adenylates in fine-tuning other critical metabolic processes (such as
the redox balance), as will be discussed later in this review.

2. Cytochrome c Oxidase in Flying Insects
2.1. A Brief Historical Background

Our understanding of COX is historically linked to insects since the seminal works of
Charles MacMunn and David Keilin, who firstly identified histo/myohematins and later
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cytochromes using insects as models of study [94,95]. Although MacMunn has found “cy-
tochromes” in testes and gut of different insect species, Keilin observed that honeybees’
thoracic muscles were “the best material for the study of the absorption spectrum of cy-
tochrome” [94,95]. Keilin also noted that “among all organisms examined, the highest con-
centration of cytochrome is found in the thoracic muscles of flying insects”, indicating the
feasibility of insect flight muscle for cytochrome studies [95]. This postulate was later sub-
stantiated in fruit flies and blowflies when the so-called “sarcosomes” were finally defined
as mitochondria, given their strong similarities in structural and biochemical properties [96].
Indeed, the high cytochromes content in insect flight muscle indicates their role in biological
oxidations and energy transduction and correlates with the enormous energy demand that
flight activity poses to this unique tissue [96,97]. Key observations also revealed the associ-
ation of cytochromes during metamorphosis and development, as their levels sharply and
specifically rise in flight muscle upon pupal–adult transition [95,98,99]. By using the common
wax moth Galleria mellonella attached to glass slides, Keilin also established cytochromes as
entities involved in redox reactions of respiration and metabolism [95]. Over the years, the
function of cytochromes and COX to insects revealed its multiple facets to physiology and
biology [43,47,99–101].

2.2. Biological and Physiological Roles of COX to Flying Insects

Changes in several biological and physiological parameters, including shifts in dietary
preferences, development of insecticide resistance, and aging were associated with altered
COX function in flying insects [20,43,47,97–114]. For example, in A. aegypti mosquitoes,
a change from sucrose to blood diet transiently reduced flight muscle cytochromes a + a3
content and COX activity [20]. These events are parallel to reductions in respiratory rates
and hydrogen peroxide production, which are all reverted right upon blood being fully
digested. Conceivably, reductions in flight muscle mitochondrial metabolism triggered by
blood meal would have two physiological consequences for mosquitoes: (i) to spare nutri-
ents from flight muscle to ovaries as a mechanism to support oogenesis, and (ii) to avoid the
potential oxidative burst generated by the interaction of blood-derived products such as
heme and iron with hydrogen peroxide produced by mitochondrial metabolism [104,105].
The first possibility fits within the broad concept of “flight-oogenesis syndrome”, a physio-
logical process by which some migrating insects alternate two energy-competing states:
migration and reproduction [106], which is not the case for the mosquitoes. Alterna-
tively, reductions in mitochondrial metabolism and oxidant production would represent
a unique preventive antioxidant defense for mosquitoes (and other hematophagous or-
ganisms [20,104,105]) to avoid the potential toxicity of their unusual diet. In wood-fed
Anoplophora glabripennis beetles, the expression of genes involved in protein metabolism
and 13 subunits of COX was significantly higher than in artificial diet-fed insects [102].
This suggests that wood-feeding requires an increase of respiratory capacity in beetles, pos-
sibly to meet the energy demand posed by faster protein turnover. Associations between
COX activity and insecticide resistance were also observed in flying insects. Strains of the
housefly Musca domestica resistant to dichlorodiphenyltrichloroethane (DDT) exhibited
higher COX activity compared to sensitive ones in a sex-independent manner [99]. In
line with these observations, Sitophilus oryzae rice weevil and Blattella germanica cockroach
strains resistant to insecticides have higher COX activity than nonexposed or susceptible
individuals [107,108]. Regarding aging, specific reductions in COX function were observed
in several flying insects along with their lifespan [43,109–113]. For example, selective
downregulation of nuclear and mitochondrial COX subunits expression is associated with
specific reductions in COX activity during Drosophila aging [43,111–113]. Interestingly,
mitochondrial oxidant production is promoted by inhibition of COX activity by using
specific drugs in Drosophila and Musca [43,110]. On the other hand, Drosophila COX ac-
tivity is reduced by redox imbalance, a pattern that is linked to specific degeneration of
mitochondrial cristae [113,114]. Concerning the development, flight muscle mitochondria
undergo important morphological changes, including the development of densely packed



Cells 2021, 10, 470 8 of 25

lamellar cristae as well as an increase in COX activity upon Drosophila emergence to adult
stages [115]. Interestingly, COX activity and COXIV expression were essentially found
at lamellar cristae, strengthening the concept that cristae are the true bioenergetic units
responsible for mitochondrial energy transduction [116].

2.3. Regulation of COX Activity in Flying Insects

Evidence suggests that flight metabolism and dispersal potential are tightly linked to
COX function. For example, long-distance migratory butterfly species have higher COX
content and activity than short-distance fliers [117]. In this regard, the migratory butterfly
Vanessa atalanta flight muscle mitochondrial area and cristae density were higher compared
to the short-range butterfly Melitaea cinxia [117]. Remarkably, the relationship between
dispersal potential and COX activity can also be observed within the same flying insect
species. Recently established populations of M. cinxia butterflies have higher dispersal
potential than old ones, a phenotype that is mirrored in COX activity [117]. This strongly
indicates that COX represents a key metabolic mechanism for dispersal potential in flying
insects.

Regarding the factors that regulate COX activity in flying insects, scarce information
is available. Some of the known regulators of COX include oxygen availability, hormonal
signaling, redox homeostasis, and adenylate balance [90,118–122]. For example, Tibetan
highlander populations of migratory locusts, which are naturally exposed to low apO2,
preserve mitochondrial integrity, ∆Ψm, COX activity, and turnover upon hypoxia expo-
sure [118]. On the other hand, lowlander populations exhibit considerable changes in
mitochondrial functionality upon hypoxia [118]. Remarkably, highlander populations also
exhibited altered kinetics of COX, including higher affinity and Vmax than lowlanders. This
indicates that adaptations of flying insects to low apO2 involve the regulation of COX by
increasing its catalytic efficiency rather than its content [118]. Metalation of COX CuA sites
is mediated by “syntheses of cytochrome c oxidase” (SCO) protein, which is absolutely
required for COX assembly and function. In the eastern honeybee Apis cerana, COX activity
requires SCO, whose expression is induced by different stress signals, including cold,
transition metals, ultraviolet, and oxidant exposures [120].

Since COX activity is regulated by the adenylate balance in vertebrates [88,89], an
emerging question would be whether the flux of catabolic pathways can be controlled
by allosteric regulation of COX activity in flying insects? Indeed, a direct demonstration
of allosteric regulation of COX by adenylates in invertebrates was missing. Recently,
our laboratory described for the first time that in insects, COX is allosterically regulated
by adenylate balance, with direct consequences on mitochondrial metabolism [90]. We
observed that ADP activates and ATP strongly inhibits respiratory rates sustained by
G3P oxidation in A. aegypti flight muscle [90]. These effects were independent of substrate
transport to mitochondria, TCA cycle enzyme activities, and ∆Ψm. In addition, we observed
that regulatory effects of adenylates were specific to COX activity and not to other ETS
components. Indeed, ATP not only exerted powerful inhibitory effects on A. aegypti
COX, reducing its activity by ≈75% but also shifted the enzyme kinetics from a typical
Michaelian hyperbolic-shaped curve to a sigmoidal one. This suggests that at least in
A. aegypti mosquitoes, ATP promotes conformational changes in COX structure, possibly
favoring the interaction of two complex monomers and resulting in positive cooperativity
between the cyt c binding sites. Finally, the regulatory sites of adenylates on respiration
seem to involve targets facing both the intermembrane space and matrix, as observed in
vertebrates [88,90,121,122]. To our knowledge, this was the first evidence demonstrating
allosteric regulation of COX by adenylates in invertebrates, underscoring this mechanism
as a much broader and evolutionary conserved process of energy metabolism regulation
than previously thought.
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3. Phosphorylation as a Critical Mechanism of Post-Translational Modification and
Regulation of COX

COX is a multimeric protein complex composed of three subunits encoded by the
mitochondrial DNA (representing the catalytic enzyme core) and 11 subunits encoded
by the nuclear genome in eukaryotes [123,124]. Given that COX represents a key site of
OXPHOS regulation [125], it is not surprising that in vertebrates it is under the control
of several regulatory mechanisms at transcriptional, post-translational, and allosteric
levels [88–90,121,122,126–145].

Phosphorylation of specific Ser/Thr and Tyr residues in different COX subunits repre-
sents the best known post-translational modifications of this enzyme complex. Notably,
several lines of evidence support the notion that phosphorylation of specific subunits
directly modulates COX function in vertebrates, essentially by sensitizing this enzyme
complex to the allosteric effect of adenylates [133–145]. The first observation of COX phos-
phorylation identified a 17k Da protein as the major COX phosphoprotein in rat heart
and liver mitochondria [133]. Subsequently, this 17k Da phosphoprotein was identified as
the subunit IV of COX (COXIV) [133]. Mechanistically, cAMP-dependent protein kinase
(PKA) phosphorylation of specific residues in different COX subunits renders the enzyme
complex more prone to allosteric ATP inhibition, which is antagonized by dephosphoryla-
tion mediated by protein phosphatases [135,136,140]. PKA-dependent phosphorylation
of COXII and COXV were also reported in bovine heart mitochondria, a step necessary
for allosteric ATP-inhibition of COX activity [136]. Strengthening these observations, the
presence of protein phosphatase 1 (or its activator, Ca2+) reverted the inhibitory effects of
PKA-dependent phosphorylation of COX [136]. In cow liver and heart, PKA-dependent
phosphorylation of Tyr residues of subunit I change the COX kinetics in a way that ren-
ders the enzyme sensitive to ATP inhibition [141]. In murine macrophages and rabbit
hearts, hypoxic challenges induce PKA-dependent phosphorylation of subunits I, IV-1, and
Vb [142,143]. Importantly, mitochondrial oxidants activate PKA during hypoxia [144] and
phosphorylation of COX subunits reduced its activity, which in turn increased oxidant
production [142].

COX phosphorylation can also be mediated by PKCε, which associates with subunit
IV in neonatal cardiac cells upon hypoxic preconditioning [137–139]. However, PKCε-
dependent phosphorylation increases COX activity, which contrasts with the functional
outcome of PKA-mediated phosphorylation of COX [135–139,145]. This indicates that
phosphorylation of specific residues confers unique functional outcomes for COX activity.
COX is also regulated by proinflammatory cytokines such as tumor necrosis factor-alpha,
which mediates Tyr phosphorylation of COXI, reducing its activity and compromising
∆Ψm and OXPHOS [145].

An interesting hypothesis suggests that allosteric regulation of COX activity acts
as a mechanism to control ∆Ψm and reactive oxygen species (ROS) production. This
postulate states that COX phosphorylation renders the enzyme sensitive to allosteric ATP
inhibition and maintains ∆Ψm in levels lower enough to preserve ATP synthesis (100–
140 mV), but drastically affecting mitochondrial oxidant production [140,146]. Indeed,
increased mitochondrial ATP/ADP ratios reduced ∆Ψm to ≈ 133 mV in the liver, but not in
heart mitochondria [146]. Although attractive, further research is needed to unequivocally
demonstrate the consequences of COX phosphorylation and regulation by adenylates on
mitochondrial superoxide production, particularly during work–rest transitions.

Although numerous phosphorylation sites on different COX subunits have been pre-
dicted over the years, only some of them were validated while new sites were found. For
example, in a comprehensive tissue catalog phosphoproteome of 14 rat tissues identified
eight phosphorylation sites in COXIV, two in COXVIc, and one in COXII [147]. A remark-
able consequence of COX phosphorylation is the transition from the monomeric to the
dimeric state of the enzyme complex [127]. Conversely, high cytosolic Ca2+ activates pro-
tein phosphatases which dephosphorylate COX and shifts the enzyme complex from the
dimeric to the monomeric state [127,136,140]. The metabolic consequences of this transition
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include the blockage of the allosteric ATP inhibition of COX, reduced efficiency of electron
transfer, increased ∆Ψm and mitochondrial oxidant production [127,136,140]. Since most
COX structures solved by X-ray crystallography are in the dimeric form, this strongly
indicates that reversible phosphorylation has a crucial role in determining the enzyme
kinetics and activity. COX dimerization mediated by reversible phosphorylation might also
explain the shift from hyperbolic Michaelian to sigmoidal allosteric kinetics induced by
high ATP/ADP ratios and PKA-dependent phosphorylation, as cooperativity intrinsically
requires at least an enzyme dimer to allow this regulation [127]. A beautiful example
of regulation of COX activity identified a signaling cascade in which the TCA-derived
carbon dioxide (CO2) activates soluble adenylate cyclase (sAC) and the PKA-dependent
phosphorylation of COXI and COXIV-2 culminating with improved COX activity [148].
The consequences of COX phosphorylation through this signaling cascade are the activa-
tion of OXPHOS and reduction of mitochondrial oxidant production [148]. Likewise, the
metabolic effects of the CO2-sAC-cAMP-PKA signaling pathway were also observed in
yeast, directly regulating COX activity and OXPHOS and underscoring the evolutionary
conservation of this mechanism for metabolic regulation [149]. A further development
identified COXIV-1 as a key target of PKA-dependent phosphorylation and regulation of
COX activity by adenylates [150]. Specifically, Ser58 was the dominant site of COXIV-1
phosphorylation by PKA, and the exchange of this residue to a phosphomimetic aspartate
increased COX activity while rendered the enzyme insensitive to adenylate regulation [150].
This observation contrasts with the experiments carried out in yeast COX5a, the mam-
malian orthologue of COXIV-1, where the substitution of Ser51 to Asp caused no apparent
effects on COX activity and adenylate regulation [149]. However, changing Ser43 or Thr65
to Asp decreased COX activation by ADP while did not alter ATP inhibition of COX [149].
Therefore, maintaining a negatively charged environment provided by a phosphomimetic
amino acid at critical phosphorylation sites seems to confer reduced COX sensitivity to
allosteric regulation by adenylates, whether in yeasts or mammals [149,150].

It is long known that allosteric regulation of COX activity by adenylates plays a key
role in controlling the electron flow through the ETS complexes [88,89,121–123,132]. Several
lines of evidence demonstrate that adenylates act as specific and critical regulators of COX
function in yeasts and vertebrates. Although most prokaryotes only code the core catalytic
subunits of COX (subunits I-III), rendering bacterial COX activity insensitive to changes
in ATP/ADP ratios [151], some prokaryote genomes code for additional COX subunits.
For example, the cyanobacteria Synechocystis sp. codes for an additional proto-COXIV
subunit that allowed adenylate regulation of COX activity [152]. The first observations on
adenylate regulation demonstrated that in several vertebrate species, ATP binds to COX,
reducing its affinity to cyt c, and ultimately decreasing its activity [153,154].

Interestingly, the specificity of nucleotide regulation of COX seems to be strong for
adenylates as neither cytidine, guanosine, nor uridine-nucleotides promote conformational
changes in the enzyme complex [121]. Subsequent research identified that adenylates
regulate COX activity by binding to specific sites at subunits IV and VI [88,89,121–123,132,
150,155–158]. While the association of ATP/ADP to subunit IV takes place at both sides
of the mitochondrial inner membrane [89,122,150], subunit VI binds adenylate only at the
matrix side [155,157]. The body of evidence accumulated clearly indicates that energy
demand, through changes in ATP/ADP ratio, allosterically regulates COX activity and
impacts respiratory rates.

To our knowledge, the only available evidence that adenylates regulate COX activity
in insects was reported for the major arbovirus vector A. aegypti mosquitoes [90]. We ob-
served that ATP/ADP controls mitochondrial G3P oxidation through specific and allosteric
regulation of COX activity. Additionally, inhibition of the adenine nucleotide translocator
decreases by ≈ 50% the activating effects of ADP on uncoupled respiratory rates without
affecting their apparent affinity. This strongly suggests the existence of two distinct sites by
which adenylates regulate respiration: one at the matrix and the other at the intermembrane
space [90]. Although the exact sites of adenylate binding in flying insects are yet to be
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determined, we postulate that subunits IV and VI are the most likely candidates to regulate
COX activity.

To further investigate this possibility, we next provide comparative bioinformatic
analyses of three COX subunits from several insect and mammalian species. Since our
laboratory recently demonstrated that COX activity in a flying insect is allosterically
regulated by adenylates [90], we hypothesized that COXIV and COXVI in these organisms
would have unique features as potentially relevant mechanisms to regulate energy and
redox metabolism. This would be particularly interesting considering the existence of
allosteric regulation of COX activity by adenylates in metabolically extreme models such
as in flying insects [90]. We then focused our analyses on COXIV and VI because adenylate
binding and the regulation of COX activity are historically and consistently described for
these subunits more than any other COX component [159].

3.1. Structural Features of Insect COX Subunit IV

COXIV is the largest subunit of the COX complex encoded by the nuclear genome and
contains two domains facing the mitochondrial matrix and the intermembrane space, as
well as a transmembrane helix domain that crosses the mitochondrial inner membrane [160].
The C-terminal of COXIV interacts with COXII and contributes to cyt c binding, while
the transmembrane domain tightly associates with COXI [160]. Moreover, the C-terminal
domain is one of the adenylate binding sites that mediate the allosteric regulation of COX
activity [122]. COXIV subunit is essential to the assembly of COX complex, which is
initiated by the association of COXI and COXIV. Indeed, silencing COXIV significantly
reduced COX content, respiration, and cell viability [161,162]. The N-terminal domain
of COXIV faces toward the mitochondrial matrix and acts as the second site of allosteric
regulation by adenylates [89]. In mammals and other organisms, COXIV is found as two
distinct isoforms (COXIV-1 and COXIV-2), which diverged ≈320 Mya, by the time the
highest apO2 and the presence of giant flying insects in the late Paleozoic took place. In
this regard, despite the COXIV-1 and -2 high similarity, key differences emerge at the
matrix-facing N-terminal region. First, the N-terminal of COXIV-2 lacks the regulatory
Ser 58 phosphorylation site, which may reduce its regulation by adenylates [150]. Second,
three cysteine residues in the COXIV-2 N-terminal region may confer redox regulation of
COX activity [163]. Interestingly, two of these cysteine residues are close to the proposed
adenylate binding site [164]. Tissue distribution of COXIV isoforms in vertebrates revealed
that COXIV-2 is highly expressed in the lung, while COXIV-1 has a ubiquitous distribu-
tion [163]. Importantly, loss of COXIV-2 impairs lung physiology [164], underscoring that
COXIV isoform expression may serve as a mechanism for oxygen sensing and adaptation
to hypoxic challenges [159,165]. Supporting evidence suggests that the divergence of two
COXIV isoforms has parallels with their distinct functions. For example, the expression
of COXIV isoforms is regulated by apO2 in a way that COXIV-2 expression is activated
during hypoxia through a conserved hypoxia-sensitive element [165]. This agrees with
kinetic analyses of COXIV-2 showing lower affinities for oxygen as compared to COXIV-
1 [166]. Regarding the adenylate regulation, molecular modeling on mammalian COXIV-1
suggested that γ/β-phosphates of ATP would interact with the N-terminal Ser56 and Ser58
side chains located at the matrix side [150]. As pointed out earlier, Ser58 acts as a key site
of PKA-mediated phosphorylation site that prevents the inhibitory effect of ATP on COX
activity [150].

To explore the potential biological roles of COX in insects, we searched COXIV se-
quences from 24 insect species with sequenced genomes and compared them with those
from all mammalian species included in the Uniprot database. The protein prediction
of the insect genomes was searched using the COXIV conserved domain (PF02936) and
the HMMER3 software [167]. We also searched the mitochondrial targeting signal (MTS)
by using the TargetP 2.0 package [168]. Sequences that lacked an MTS were longer than
50% average sequences, and with nonaligned segments were removed from our analy-
ses. The Uniprot mammalian proteins were searched using web NCBI blastp with the
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Uniprot database (filter “mammalian”) and Mus musculus COXIV-1 (P19783) and COXIV-2
(Q91W29). All the COXIV protein sequences identified were aligned using the web Clustal
Omega tool [169]. We observed that COXIV sequences from insects retrieved from our
analyses had very high degrees of homologies with mammalian COXIV. However, we
could not define the specific COXIV isoforms (1 or 2) for any insect species. The presence of
a variable number of COXIV isoforms, together with the identification of protein sequences
with variable length (usually caused by automated gene prediction mistakes), lead to a
scenario of uncertainty about the isoform numbering. Notwithstanding, key features of
insect COXIV sequences were observed. For example, we identified an exchange of the
Ser58 conserved in mammals to a phosphomimetic Glu or Asp residue in the N-terminal
region of COXIV in most insect species analyzed (Figure 2B). The presence of a Glu or Asp
in the N-terminal region of insects COXIV (instead of a canonical Ser in mammals [148])
suggests that regulation of COX activity by adenylates through this site is not evolution-
arily conserved. Indeed, the Ser58 residue is not present in COXIV sequences from birds,
fishes, and amphibians [148]. Considering that in mammals, this Ser at the N-terminal
region is a phosphorylation target that turns off allosteric ATP inhibition of COX [148]
and that in most insect species this residue is changed to a phosphomimetic Glu or Asp,
two possible explanations emerge to explain the allosteric inhibitory effect of ATP on
insect COX activity [90]: (i) that it does not involve the canonical N-terminal region of
COXIV [150] and/or (ii) that regulation of COX activity by adenylates is mediated by
a distinct (and still elusive) site at COXIV. To address these possibilities, we generated
tridimensional structure models of COXIV from eight insect species by using the Phyre2
web portal [170] and the bovine COXIV (1V54) as a template [171]. We observed that all
eight sequences of insect COXIV nicely overlapped with bovine COXIV, suggesting that
differences in amino acid sequences between insects and mammals are, in general, not
reflected on overall COXIV structure (Figure 2A). Interestingly, we observed a unique extra
β-strand at the N-terminal region of the honeybee Apis mellifera COXIV structure model.
Noteworthy is the strong overlap of all insect COXIV structural models at both matrix
N-terminal and intermembrane space C-terminal regions, which are the most likely sites
of phosphorylation and regulation by adenylate binding. This suggests that if regulation
of COX activity through adenylate binding at COXIV is mediated by an elusive site, this
would probably involve only the C-terminal region facing the intermembrane space. If that
is the case, this would be particularly critical for ATP-mediated inhibition of COX activity
as phosphomimetics prevent this effect in mammalian COX [150]. However, we previously
reported that ATP exerted powerful inhibitory effects on both COX activity and respiration
in A. aegypti flight muscle mitochondria [90]. Importantly, our results suggest the activating
effects of ADP on uncoupled respiratory rates in A. aegypti involve sites located at both
mitochondrial matrix and the intermembrane space compartments [90].

We next predicted the potential phosphorylation for 38 COXIV sequences from 24 in-
sect species by using the NetPhos 3.1 server. For these analyses, the phospho-sites (P-sites)
pSer30, pTyr33, pSer56, pSer58, pSer69, pSer72, and pSer74 described for Bos taurus [172]
were searched in insect sequences. We observed that pSer30 and pSer72 sites present in
mammalian COXIV were changed to amino acids that cannot be phosphorylated in ≈95%
of COXIV insect sequences analyzed. Indeed, two out of the 38 insect COXIV sequences
have a pTyr30 instead of a pSer30, while all other COXIV sequences had neither a non-
phosphorylatable nor a phosphomimetic amino acid at this site. Noteworthy, the vast
majority of insect COXIV sequences analyzed do not have a predicted site for phosphoryla-
tion at pSer58 and pSer69 as these amino acids are substituted by a phosphomimetic Glu
or Asp residue (Figure 2B).
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Figure 2. The tridimensional structure models of insects COXIV. (A) Overlay of eight structures of COXIV from insects
modeled using the Phyre 2 server, using the primary sequence as input, normal modeling mode and the Bos taurus crystal
structure (PDB: 1V54) as a template [171]. All structures were aligned from the mitochondrial matrix N-terminal on the
top to the C-terminal at the intermembrane space at the bottom. The structures were analyzed using Pymol software and
colored as shown in the figure. The conserved Asp (D) and Glu (E) residues in the α1-helix of insects COXIV are highlighted
and shown in the inset box. Note that the only Ser residue (Ser58) identified is from B. taurus. (B) WebLogo diagram of
α1-helix region close to mammalian Ser58 identified by the grey arrow. WebLogos of other insect COXIV regions containing
known P-sites [172] are identified by the grey arrow. The WebLogos used the multiple alignment from 22 sequences from 19
mammals and 38 sequences of 21 insect species. Note the conserved Ser residue in the position 4 for mammals, equivalent
to Ser58 [150], while for most insects this residue is exchanged for a Glu or Asp at the same position.

Insects exhibit distinct flight regimens, including wingless and short-range species
and migratory species that cover large distances. In this regard, we observed that the
Tyr33 site was differently distributed among insects depending on their flight regimen.
For example, the pTyr33 site was present in six out of seven COXIV sequences from the
flightless species analyzed. On the other hand, this P-site was absent in 75% of short-range
flying species, including mosquitoes, fruit flies, and houseflies. Similarly, the pTyr site is
also absent in 80% of COXIV sequences from hovering species, including honeybees and
bumblebees. On the other hand, migratory species, including the monarch butterfly Danaus
plexippus have at least one COXIV sequence with the predicted pTyr. Therefore, given that
this was the only P-site with differences among the different fly patterns, we hypothesize
that pTyr33 might play a role in regulating COX activity for optimal fly behavior.

In general, the results of phosphorylation prediction and the presence of phospho-
mimetic amino acids suggest more similarities of the insect COXIV with mammalian
COXIV-2, which includes the absence of the pSer30 and pSer72 sites and the presence of a
phosphomimetic Glu or Asp at position 58. Nevertheless, the presence of Glu or Asp at
position 69 on insect COXIV is a feature of mammalian COXIV-1. Conceivably, insects have
different mechanisms to avoid oxygen toxicity, including not only the cyclic opening of
tracheal spiracles [8] but also the expression of a COXIV subunit with a lower affinity for
oxygen as observed in mammalian lungs [165,166]. However, it is important to remind that
functional consequences of COX phosphorylation are site and/or subunit-specific. While
PKA-mediated phosphorylation of COXIV-1 prevents ATP inhibition of COX activity [150],
phosphorylation of other subunits causes an opposite effect [136]. Curiously, the wingless
insects showed all of their COXIV with predicted phosphorylation at this residue. In
addition, it is possible that the presence of the two phosphomimetic positions (58 and 69)
might impair the binding and the inhibitory effect of ATP on COX activity. Again, the
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functional consequences provided by the presence of two phosphomimetics instead of
a phosphorylatable Ser at the N-terminal region would maintain COX active regardless
of the ATP/ADP levels. Conceivably, this would represent a mechanism developed by
insects to avoid overwhelming mitochondrial oxidant production in conditions of low
energy demand (such as during rest). Alternatively, avoiding COX inhibition by high ATP
at this site might allow the energy to be dissipated as heat (thermogenesis) instead of being
conserved as ATP. This would be particularly relevant in extreme cold conditions to allow
insect dispersal and survival [26].

3.2. Structural Features of Insect COX Subunit VI

The COXVI subunits are also encoded by the nuclear genome and in most eukary-
otes are found as three distinct genes, COXVIa, COXVIb, and COXVIc [159]. COXVIa
and COXVIc proteins are evolutionarily related and transmembrane subunits [155,173],
whereas COXVIb is the only subunit facing the intermembrane space that lacks a trans-
membrane helix [160]. Importantly, cyt c binding and COX dimerization seem to be
mediated by COXVIb [160,174]. While scarce information is available for COXVIc [159,172],
strong evidence indicates that COXVIa has two functionally distinct isoforms: the muscle
(COXVIa-H) and the liver (COXVIa-L) [121,128,155,156,175–178]. Noteworthy, COXVIa is
the target of different COX modulators, including palmitate and adenylates, with direct
consequences to respiration [121,128,155]. Indeed, this ADP binding site at COXVI was
confirmed by modeling a structurally related molecule (cholate) on bovine COX crys-
tal [160]. Remarkably, a phosphorylated Thr residue (pThr23) located at the beginning of
the transmembrane α-helix facing the N-terminal matrix side of the bovine COXVIa was
observed in the crystal structure [171]. The stimulation of COX activity by ADP depends
in part on its binding to the N-terminal matrix side of COXVIa [155]. Interestingly, this
effect was specific for COXVIa-H as the activity of the liver isoform was not altered by
ADP [155]. In addition, decreases on COX H+/e− stoichiometry were observed under high
ATP/ADP ratios, which was attributed to ATP binding to the N-terminal side of COXVIa-
H [156]. Considering the energy conservation, low COX H+/e− stoichiometries induced
by high ATP/ADP ratios were proposed as a new thermogenic mechanism, particularly in
conditions of reduced energy demand [176–178]. If that is the case, the thermogenic role of
COX induced by high ATP would be specific for COXVIa-H as the H+/e− stoichiometry of
COXVIa-L is intrinsically low and insensitive to adenylate regulation [177,178]. Conceiv-
ably, reduced COX energy efficiency provided by adenylates might also have implications
on redox homeostasis by affecting mitochondrial oxidant production.

In order to gain further insights into the potential biological roles of COXVIa to insects,
we searched COXVIa sequences from 23 insects and performed comparative analyses
with bovine COXVIa as described earlier for COXIV. We observed that COXVIa sequences
from insects retrieved from our analyses had very high homologies with mammalian
orthologs. Additionally, we could not define the specific COXVIa isoforms (H or L) for any
insect species. We generated tridimensional structure models of COXVIa from nine insect
species by using the Phyre2 web portal [170] and the bovine COXVIa-H (1V54) template as
described earlier [171] (Figure 3A). We observed that all insect structure models of COXVIa
nicely overlapped with bovine COXVIa, suggesting that slight differences in amino acid
sequences between insects and mammals are in general not reflected on COXVIa structure
(Figure 3A). Interestingly, we observed that a conserved P-site (Ser/Thr/Tyr) located at the
beginning of the transmembrane α-helix facing the N-terminal matrix side was found in 17
out of 23 insect species analyzed, as well as in the bovine COXVIa (box in Figure 3A,B).
Considering that allosteric regulation of COX by adenylates involves their binding to the
N-terminal matrix side of COXVIa [155,157,159], which is modulated by phosphorylation
of specific residues in different COX subunits [133–145], our analyses led us to hypothesize
that the evolutionarily conserved P-site at the beginning of the transmembrane α-helix of
COXVIa might play a role in regulating COX activity in both insects and mammals.
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transmembrane helix is highlighted and shown in the inset boxes. (B) Primary sequence alignment fragment representing
the beginning of COXVIa transmembrane helix. The highlighted Ser, Thr, and Tyr residues represent the NetPhos predicted
P-sites.

The subunit VIc of the COX complex is a transmembrane protein with a small α-
helix domain facing the intermembrane space that closely interacts with COXII [159,160].
On the matrix side, COXVIc has a disordered region that does not seem to interact with
any other COX subunit. Although no specific functions were attributed to COXVIc, two
phosphorylation sites in COXVIc were identified by mass spectrometry in the rat brain,
heart, kidney, and intestine [147].

We searched COXVIc sequences from 19 insect species with sequenced genomes and
compared them with bovine COXVIc. For these comparisons, we essentially used the same
approach as described earlier for COXIV and COXVIa. We observed that the predicted
insect COXVIc tertiary structure models are very similar to mammalian COXVIc orthologs
(Figure 4A), although the identity of the sequences in insects is ≈40% comparing with the
bovine. Additionally, the identified phosphorylated Ser at the N-terminal (Figure 4C,D,
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position 2) [147] is not conserved in about 2/3 of the studied insect species. Notwithstand-
ing, almost all of these 2/3 species have a Thr with predicted phosphorylation and/or a
phosphomimetic Asp/Glu between positions 2 and 5 (Figure 4D). Curiously, the COXVIc
sequences of C. felis, a wingless species, do not have the N-terminal Ser, Thr, or an acidic
amino acid. The other wingless species, the silkworm moth B. mori, has only a phospho-
mimetic Glu at position 5. This raises the possibility that in insects, the absence of this
phosphorylation site (or the presence of a phosphomimetic amino acid) might keep COX
in a chronically activated state, avoiding the allosteric regulation of adenylates. This might
also indicate that insect species that code COXVIc with a phosphomimetic amino acid at
the N-terminal are more susceptible to mitochondrial oxidant production, as the allosteric
adenylate control can be absent. A conserved phosphorylation site at Ser is also present
in the C-terminal of both mammal and nonmigratory insects (Figure 4B, top and middle).
The predicted phosphorylated Ser residue at the C-terminal in insects corroborates the iden-
tification of this post-translational modification by mass spectrometry [147]. Remarkably,
this Ser residue is changed to either Thr or to a phosphomimetic Asp only in the migratory
insects Locusta migratoria and Nilaparvata lugens, respectively. On the other hand, the Ser at
the same position in the C-terminus is not conserved in migratory insects, which can be
changed to a potentially phosphorylated Thr or a phosphomimetic Asp residues (Figure 4B,
bottom). We hypothesize that the adenylate regulation of COX activity might be impaired
in migratory insects that code COXIVc with a phosphomimetic residue at the C-terminal
region, thus leaving the enzyme complex active and with potential consequences for redox
homeostasis.
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11 insect species modeled in the Phyre 2 server using the primary sequence as input, normal modeling mode and the
B. taurus crystal structure (PDB: 1V54) as a template [171]. All structures were aligned from the mitochondrial matrix
N-terminal on the top to the C-terminal at the intermembrane space at the bottom. The structure models were analyzed
using Pymol software and colored as shown in the figure. The conserved Ser residue at C-terminal is highlighted and
shown in the box. Remarkably, the migratory insect species (L. migratoria and N. lugens) have a Thr or Asp instead of Ser
residue, respectively. (B) WebLogo of a C-terminal region of mammals (top panel), nonmigratory insects (middle panel), and
migratory insects (bottom panel). The WebLogo position 8 shows the conserved Ser for mammals (position 71 at B. taurus
1V54) and nonmigratory insects, while migratory insects also have Thr and Asp residues. The N-terminal of mammalian (C)
and insects (D) COXVIc demonstrate the abundance of Ser and Thr with predicted phosphorylation sites (cyan) together
with the phosphomimetic Asp or Glu (yellow).
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4. Conclusions and Future Perspectives

Beyond the classical role on energy metabolism, mitochondria are also critical reg-
ulators of cellular redox balance, acting as a key site of oxidant production at multiple
sites [179]. As molecular oxygen is fully reduced to water by COX activity, electron leakage
and oxidant production are unlikely to take place within the enzyme complex [180]. In this
regard, the allosteric regulation of COX activity provided by adenylates emerged as a novel
mechanism to control not only the energy metabolism but also the redox balance [88–90].
In this regard, the allosteric inhibition of COX by ATP was proposed as a mechanism to
keep ∆Ψm in levels lower enough to avoid mitochondrial oxidant production while pre-
serving ATP production [128,140,146]. However, studies to substantiate this proposal are
still scarce and the emerging picture about the involvement of COX on redox homeostasis
is controversial. A study performed in HeLa cells demonstrated that PKA-dependent
phosphorylation of COXI and COXIV-2 increased COX activity resulting in the activation
of OXPHOS and reduction of mitochondrial oxidant production [148]. On the other hand, a
study performed in rat heart apparently contrasts with these observations as PKA-mediated
phosphorylation of COX was shown to mediate mitochondrial oxidant production [142].
Therefore, further research is required to directly demonstrate the contribution of allosteric
regulation of COX on mitochondrial redox balance.

Flight has a critical role in allowing insect survival in almost all known ecological
niches. To accomplish the huge energy demands associated with dispersal, flying insects are
absolutely dependent on mitochondrial metabolism and OXPHOS. Since COX activity in in-
sects is controlled by several factors, including nutrient supply and energy demand [20,90],
one might speculate about the potential biological consequences of this regulation to flying
insects. Conceivably, the allosteric regulation of COX activity by adenylates might act
as a fine-tuning mechanism to modulate mitochondrial oxidant production in insects. In
this sense, the consequences of altered COX function to mitochondrial redox balance were
experimentally demonstrated in several insect species [20,43,110]. For example, while
inhibition of COX activity boosts mitochondrial oxidant production in Drosophila and
Musca [43,110], blood-feeding reduced COX activity and mitochondrial superoxide produc-
tion in Aedes mosquitoes [20]. Importantly, respiratory rates and COX activity are strongly
modulated by adenylates in the Aedes flight muscle, representing the very first example
of adenylate regulation of COX in invertebrates [90]. Collectively, the literature search
and the bioinformatic analyses conducted here suggest that insect COXIV and COXVI se-
quences and structure models are in general very similar to their mammalian counterparts.
However, specific substitutions and exchanges to phosphomimetic amino acids at critical
P-sites are hallmarks identified in both COXIV and COXVI insect sequences. Therefore,
we envisage that the role of critical phosphomimetic amino acid residues at COXIV and
COXVI should be further explored as potentially novel mechanisms to better understand
the biological consequences of COX regulation in models of extreme metabolism.
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53. Mráček, T.; Drahota, Z.; Houštěk, J. The function and the role of the mitochondrial glycerol-3-phosphate dehydrogenase in

mammalian tissues. Biochim. Biophys. Acta 2013, 1827, 401–410. [CrossRef]
54. Ohkawa, K.I.; Vogt, M.T.; Farber, E. Unusually high mitochondrial α glycerophosphate dehydrogenase activity in rat brown

adipose tissue. J. Cell Biol. 1969, 41, 441–449. [CrossRef]
55. Tribe, M.A.; Ashhurst, D.E. Biochemical and structural variations in the flight muscle mitochondria of ageing blowflies, Cal-

liphoraerythrocephala. J. Cell Sci. 1972, 10, 443–469.
56. Worm, R.A.A.; Beenakkers, A.M.T. Regulation of substrate utilization in the flight muscle of the locust, Locusta migratoria, during

flight. Insect Biochem. 1980, 10, 53–59. [CrossRef]
57. Van Handel, E.; Nayar, J.K. Turn-Over of diglycerides during flight and rest in the moth Spodoptera frugiperda. Insect Biochem.

1972, 2, 8–12. [CrossRef]
58. Suarez, R.K.; Darveau, C.-A.; Welch, K.C.; O’Brien, D.M.; Roubik, D.W.; Hochachka, P.W. Energy metabolism in orchid bee flight

muscles: Carbohydrate fuels all. J. Exp. Biol. 2005, 208, 3573–3579. [CrossRef] [PubMed]
59. Bursell, E. Substrates of oxidative metabolism in dipteran flight muscle. Comp. Biochem. Physiol. B 1975, 52, 235–238. [CrossRef]

http://doi.org/10.2307/1538681
http://www.ncbi.nlm.nih.gov/pubmed/14830623
http://doi.org/10.1113/jphysiol.1949.sp004326
http://www.ncbi.nlm.nih.gov/pubmed/10952872
http://doi.org/10.1111/j.1365-3032.1974.tb00064.x
http://doi.org/10.1016/S0021-9258(18)47453-4
http://doi.org/10.1529/biophysj.103.037374
http://www.ncbi.nlm.nih.gov/pubmed/15298914
http://doi.org/10.1098/rspb.2005.3225
http://doi.org/10.1016/0020-1790(84)90057-X
http://doi.org/10.3389/fphys.2020.01038
http://doi.org/10.1242/dmm.023762
http://doi.org/10.1016/0005-2728(71)90194-0
http://doi.org/10.1042/bj0820362
http://doi.org/10.1042/BJ20042130
http://www.ncbi.nlm.nih.gov/pubmed/15853766
http://doi.org/10.1042/bj1480389
http://doi.org/10.1002/arch.21595
http://www.ncbi.nlm.nih.gov/pubmed/31276240
http://doi.org/10.1016/0022-474X(79)90020-1
http://doi.org/10.1152/ajpregu.00553.2006
http://www.ncbi.nlm.nih.gov/pubmed/17008455
http://doi.org/10.1042/bj1220681
http://doi.org/10.1016/S0021-9258(18)62418-4
http://doi.org/10.1085/jgp.40.5.779
http://doi.org/10.1038/180549a0
http://www.ncbi.nlm.nih.gov/pubmed/13477228
http://doi.org/10.1016/S0021-9258(18)64696-4
http://doi.org/10.1016/j.bbabio.2012.11.014
http://doi.org/10.1083/jcb.41.2.441
http://doi.org/10.1016/0020-1790(80)90038-4
http://doi.org/10.1016/0020-1790(72)90061-3
http://doi.org/10.1242/jeb.01775
http://www.ncbi.nlm.nih.gov/pubmed/16155228
http://doi.org/10.1016/0305-0491(75)90057-7


Cells 2021, 10, 470 21 of 25

60. Teulier, L.; Weber, J.-M.; Crevier, J.; Darveau, C.-A. Proline as a fuel for insect flight: Enhancing carbohydrate oxidation in
hymenopterans. Proc. R. Soc. B Biol. Sci. 2016, 283, 20160333. [CrossRef]

61. Bursell, E.; Slack, E. Oxidation of proline by sarcosomes of the tsetse fly, Glossina morsitans. Insect Biochem. 1976, 6, 159–167.
[CrossRef]

62. Gäde, G.; Auerswald, L. Beetles’ choice—Proline for energy output: Control by AKHs. Comp. Biochem. Physiol. B Biochem. Mol.
Biol. 2002, 132, 117–129. [CrossRef]

63. Auerswald, L.; Schneider, P.; Gäde, G. Utilisation of substrates during tethered flight with and without lift generation in the
African fruit beetle Pachnodasinuata (Cetoniinae). J. Exp. Biol. 1998, 201, 2333–2342. [PubMed]

64. Hansford, R.G.; Sacktor, B. The control of the oxidation of proline by isolated flight muscle mitochondria. J. Biol. Chem. 1970, 245,
991–994. [CrossRef]

65. Sacktor, B.; Childress, C.C. Metabolism of proline in insect flight muscle and its significance in stimulating the oxidation of
pyruvate. Arch. Biochem. Biophys. 1967, 120, 583–588. [CrossRef]

66. Balboni, E. A proline shuttle in insect flight muscle. Biochem. Biophys. Res. Commun. 1978, 85, 1090–1096. [CrossRef]
67. Jutsum, A.R.; Goldsworthy, G.J. Fuels for flight in Locusta. J. Insect Physiol. 1976, 22, 243–249. [CrossRef]
68. van der Horst, D.J.; Baljet, A.M.C.; Beenakkers, A.M.T.; van Handel, E. Turnover of locust haemolymph diglycerides during flight

and rest. Insect Biochem. 1978, 8, 369–373. [CrossRef]
69. Scaraffia, P.Y.; Wells, M.A. Proline can be utilized as an energy substrate during flight of Aedes aegypti females. J. Insect Physiol.

2003, 49, 591–601. [CrossRef]
70. Cao, T.; Sujkowski, A.; Cobb, T.; Wessells, R.J.; Jin, J.P. The glutamic acid-rich-long C-terminal extension of troponin T has a

critical role in insect muscle functions. J. Biol. Chem. 2020, 295, 3794–3807. [CrossRef]
71. Suarez, R.K.; Staples, J.F.; Lighton, J.R.; Mathieu-Costello, O. Mitochondrial function in flying honeybees (Apis mellifera):

Respiratory chain enzymes and electron flow from complex III to oxygen. J. Exp. Biol. 2000, 203, 905–911. [PubMed]
72. Suarez, R.K.; Lighton, J.R.; Joos, B.; Roberts, S.P.; Harrison, J.F. Energy metabolism, enzymatic flux capacities, and metabolic flux

rates in flying honeybees. Proc. Natl. Acad. Sci. USA 1996, 93, 12616–12620. [CrossRef] [PubMed]
73. Eanes, W.F.; Merritt, T.J.S.; Flowers, J.M.; Kumagai, S.; Sezgin, E.; Zhu, C.T. Flux control and excess capacity in the enzymes

of glycolysis and their relationship to flight metabolism in Drosophila melanogaster. Proc. Natl. Acad. Sci. USA 2006, 103,
19413–19418. [CrossRef] [PubMed]

74. Merritt, T.J.S.; Sezgin, E.; Zhu, C.T.; Eanes, W.F. Triglyceride pools, flight and activity variation at the Gpdh locus in Drosophila
melanogaster. Genetics 2006, 172, 293–304. [CrossRef] [PubMed]

75. Levin, E.; Lopez-Martinez, G.; Fane, B.; Davidowitz, G. Hawkmoths use nectar sugar to reduce oxidative damage from flight.
Science 2017, 355, 733–735. [CrossRef] [PubMed]

76. Gottsberger, G.; Schrauwen, J.; Linskens, H.F. Amino acids and sugars in nectar, and their putative evolutionary significance.
Plant Syst. Evol. 1984, 145, 55–77. [CrossRef]

77. Lehane, M. Biology of Blood-Sucking Insects; Springer Science & Business Media: London, UK, 1991.
78. Sterkel, M.; Oliveira, J.H.M.; Bottino-Rojas, V.; Paiva-Silva, G.O.; Oliveira, P.L. The dose makes the poison: Nutritional overload

determines the life traits of blood-feeding arthropods. Trends Parasitol. 2017, 33, 633–644. [CrossRef]
79. Gaviraghi, A.; Oliveira, M.F. A simple and reliable method for longitudinal assessment of untethered mosquito induced flight

activity. J. Insect Physiol. 2020, 126, 104098. [CrossRef]
80. Nicholls, D.G.; Ferguson, S.J. Bioenergetics 4, 4th ed.; Academic Press: Boston, MA, USA, 2013; pp. 54–87.
81. Wegener, G.; Bolas, N.M.; Thomas, A.A.G. Locust flight metabolism studied in vivo by 31P NMR spectroscopy. J. Comp. Physiol. B

1991, 161, 247–256. [CrossRef]
82. Sacktor, B.; Hurlbut, E.C. Regulation of metabolism in working muscle in vivo. II. Concentrations of adenine nucleotides, arginine

phosphate, and inorganic phosphate in insect flight muscle during flight. J. Biol. Chem. 1966, 241, 632–634. [CrossRef]
83. Mitchell, P. Coupling of phosphorylation to electron and hydrogen transfer by a chemi-osmotic type of mechanism. Nature 1961,

191, 144–148. [CrossRef]
84. Chance, B.; Williams, G.R. Respiratory enzymes in oxidative phosphorylation. III. The steady state. J. Biol. Chem. 1955, 217,

409–427. [CrossRef]
85. Lardy, H.A.; Wellman, H. Oxidative phosphorylations; role of inorganic phosphate and acceptor systems in control of metabolic

rates. J. Biol. Chem. 1952, 195, 215–224. [CrossRef]
86. Hansford, R.G. Some properties of pyruvate and 2-oxoglutarate oxidation by blowfly flight-muscle mitochondria. Biochem. J.

1972, 127, 271–283. [CrossRef]
87. Hansford, R.G.; Chappell, J.B. The energy-dependent accumulation of phosphate by blowfly mitochondria and its effect on the

rate of pyruvate oxidation. Biochem. Biophys. Res. Commun. 1968, 30, 643–648. [CrossRef]
88. Arnold, S.; Kadenbach, B. The intramitochondrial ATP/ADP-ratio controls cytochrome c oxidase activity allosterically. FEBS Lett.

1999, 443, 105–108. [CrossRef]
89. Arnold, S.; Kadenbach, B. Cell respiration is controlled by ATP, an allosteric inhibitor of cytochrome-c oxidase. Eur. J. Biochem.

1997, 249, 350–354. [CrossRef] [PubMed]

http://doi.org/10.1098/rspb.2016.0333
http://doi.org/10.1016/0020-1790(76)90026-3
http://doi.org/10.1016/S1096-4959(01)00541-3
http://www.ncbi.nlm.nih.gov/pubmed/9662504
http://doi.org/10.1016/S0021-9258(18)63280-6
http://doi.org/10.1016/0003-9861(67)90522-X
http://doi.org/10.1016/0006-291X(78)90654-X
http://doi.org/10.1016/0022-1910(76)90032-9
http://doi.org/10.1016/0020-1790(78)90023-9
http://doi.org/10.1016/S0022-1910(03)00031-3
http://doi.org/10.1074/jbc.RA119.012014
http://www.ncbi.nlm.nih.gov/pubmed/10667973
http://doi.org/10.1073/pnas.93.22.12616
http://www.ncbi.nlm.nih.gov/pubmed/8901631
http://doi.org/10.1073/pnas.0607095104
http://www.ncbi.nlm.nih.gov/pubmed/17159148
http://doi.org/10.1534/genetics.105.047035
http://www.ncbi.nlm.nih.gov/pubmed/16204217
http://doi.org/10.1126/science.aah4634
http://www.ncbi.nlm.nih.gov/pubmed/28209896
http://doi.org/10.1007/BF00984031
http://doi.org/10.1016/j.pt.2017.04.008
http://doi.org/10.1016/j.jinsphys.2020.104098
http://doi.org/10.1007/BF00262305
http://doi.org/10.1016/S0021-9258(18)96884-5
http://doi.org/10.1038/191144a0
http://doi.org/10.1016/S0021-9258(19)57191-5
http://doi.org/10.1016/S0021-9258(19)50892-4
http://doi.org/10.1042/bj1270271
http://doi.org/10.1016/0006-291X(68)90561-5
http://doi.org/10.1016/S0014-5793(98)01694-9
http://doi.org/10.1111/j.1432-1033.1997.t01-1-00350.x
http://www.ncbi.nlm.nih.gov/pubmed/9363790


Cells 2021, 10, 470 22 of 25

90. Gaviraghi, A.; Soares, J.B.R.C.; Mignaco, J.A.; Fontes, C.F.L.; Oliveira, M.F. Mitochondrial glycerol phosphate oxidation is
modulated by adenylates through allosteric regulation of cytochrome c oxidase activity in mosquito flight muscle. Insect Biochem.
Mol. Biol. 2019, 114, 103226. [CrossRef] [PubMed]

91. Hochachka, P.W.; Nener, J.C.; Hoar, J.; Suarez, R.K.; Hand, S.C. Disconnecting metabolism from adenylate control during extreme
oxygen limitation. Can. J. Zool. 1993, 71, 1267–1270. [CrossRef]

92. Hochachka, P.W. Muscles as Molecular and Metabolic Machines, 1st ed.; CRC Press: Boca Raton, FL, USA, 1994; pp. 95–118.
93. Crabtree, B.; Newsholme, E.A. The activities of phosphorylase, hexokinase, phosphofructokinase, lactate dehydrogenase and the

glycerol 3-phosphate dehydrogenases in muscles from vertebrates and invertebrates. Biochem. J. 1972, 126, 49–58. [CrossRef]
94. Mac Munn, C.A. Researches on Myohaematin and the Histohaematins. Philos. Trans. R. Soc. Lond. 1886, 177, 267–298. [CrossRef]
95. Keilin, D. On cytochrome, a respiratory pigment, common to animals, yeast, and higher plants. Proc. R. Soc. Lond. B 1925, 98,

312–339.
96. Watanabe, M.I.; Williams, C.M. Mitochondria in the flight muscles of insects. I. Chemical composition and enzymatic content. J.

Gen. Physiol. 1951, 34, 675–689. [CrossRef] [PubMed]
97. Levenbook, L.; Williams, C.M. Mitochondria in the flight muscles of insects III. Mitochondrial cytochrome c in relation to the

aging and wing beat frequency of flies. J. Gen. Physiol. 1956, 39, 497–512. [CrossRef]
98. Herold, R.C.; Borei, H. Cytochrome changes during honey bee flight muscle development. Dev. Biol. 1963, 8, 67–79. [CrossRef]
99. Sacktor, B. A comparison of the cytochrome oxidase activity of two strains of house flies. J. Econ. Entomol. 1950, 43, 832–838.

[CrossRef]
100. Allen, T.H. Enzymes in ontogenesis (Orthoptera) XI. Cytochrome oxidase in relation to respiratory activity and growth of the

grasshopper egg. J. Cell. Comp. Physiol. 1940, 16, 149–163. [CrossRef]
101. Ludwig, D. Cytochrome oxidase activity during diapause and metamorphosis of the Japanese beetle (Popillia japonica Newman).

J. Gen. Physiol. 1953, 36, 751–757. [CrossRef] [PubMed]
102. Mason, C.J.; Scully, E.D.; Geib, S.M.; Hoover, K. Contrasting diets reveal metabolic plasticity in the tree-killing beetle, Anoplophora

glabripennis (Cerambycidae: Lamiinae). Sci. Rep. 2016, 6, 3813. [CrossRef]
103. Tian, H.; Vinson, S.B.; Coates, C.J. Differential gene expression between alate and dealate queens in the red imported fire ant,

Solenopsis invicta Buren (Hymenoptera: Formicidae). Insect Biochem. Mol. Biol. 2004, 34, 937–949. [CrossRef]
104. Oliveira, P.L.; Oliveira, M.F. Vampires, Pasteur and reactive oxygen species. Is the switch from aerobic to anaerobic metabolism a

preventive antioxidant defence in blood-feeding parasites? FEBS Lett. 2002, 525, 3–6. [CrossRef]
105. Ferreira, C.M.; Oliveira, M.P.; Paes, M.C.; Oliveira, M.F. Modulation of mitochondrial metabolism as a biochemical trait in blood

feeding organisms: The redox vampire hypothesis redux. Cell Biol. Int. 2018, 42, 683–700. [CrossRef] [PubMed]
106. Johnson, C.G. Migration and Dispersal of Insects by Flight; Methuen & Co. Ltd.: London, UK, 1969; p. 763.
107. Kim, K.; Yang, J.O.; Sung, J.Y.; Lee, J.Y.; Park, J.S.; Lee, H.S.; Lee, B.H.; Ren, Y.; Lee, D.W.; Lee, S.E. Minimization of energy

transduction confers resistance to phosphine in the rice weevil, Sitophilus oryzae. Sci. Rep. 2019, 9, 14605. [CrossRef]
108. Pridgeon, J.W.; Liu, N. Overexpression of the cytochrome c oxidase subunit I gene associated with a pyrethroid resistant strain of

German cockroaches, Blattella germanica (L.). Insect Biochem. Mol. Biol. 2003, 33, 1043–1048. [CrossRef]
109. Sacktor, B.; Shimada, Y. Degenerative changes in the mitochondria of flight muscle from aging blowflies. J. Cell Biol. 1972, 52,

465–477. [CrossRef] [PubMed]
110. Sohal, R.S. Aging, cytochrome oxidase activity, and hydrogen peroxide release by mitochondria. Free Radic. Biol. Med. 1993, 14,

583–588. [CrossRef]
111. Ren, J.C.; Rebrin, I.; Klichko, V.; Orr, W.C.; Sohal, R.S. Cytochrome c oxidase loses catalytic activity and structural integrity during

the aging process in Drosophila melanogaster. Biochem. Biophys. Res. Commun. 2010, 401, 64–68. [CrossRef]
112. Sohal, R.S.; Toroser, D.; Brégère, C.; Mockett, R.J.; Orr, W.C. Age-Related decrease in expression of mitochondrial DNA encoded

subunits of cytochrome c oxidase in Drosophila melanogaster. Mech. Ageing Dev. 2008, 129, 558–561. [CrossRef]
113. Schwarze, S.R.; Weindruch, R.; Aiken, J.M. Oxidative stress and aging reduce COX I RNA and cytochrome oxidase activity in

Drosophila. Free Radic. Biol. Med. 1998, 25, 740–747. [CrossRef]
114. Walker, D.W.; Benzer, S. Mitochondrial “swirls” induced by oxygen stress and in the Drosophila mutant hyperswirl. Proc. Natl.

Acad. Sci. USA 2004, 101, 10290–10295. [CrossRef]
115. Jiang, Y.F.; Lin, H.L.; Wang, L.J.; Hsu, T.; Fu, C.Y. Coordinated organization of mitochondrial lamellar cristae and gain of COX

function during mitochondrial maturation in Drosophila. Mol. Biol. Cell 2020, 31, 18–26. [CrossRef] [PubMed]
116. Wolf, D.M.; Segawa, M.; Kondadi, A.K.; Anand, R.; Bailey, S.T.; Reichert, A.S.; van der Bliek, A.M.; Shackelford, D.B.; Liesa,

M.; Shirihai, O.S. Individual cristae within the same mitochondrion display different membrane potentials and are functionally
independent. EMBO J. 2019, 38, e101056. [CrossRef] [PubMed]

117. Rauhamäki, V.; Wolfram, J.; Jokitalo, E.; Hanski, I.; Dahlhoff, E.P. Differences in the aerobic capacity of flight muscles between
butterfly populations and species with dissimilar flight abilities. PLoS ONE 2014, 9, e78069. [CrossRef]

118. Zhang, Z.-Y.; Chen, B.; Zhao, D.-J.; Kang, L. Functional modulation of mitochondrial cytochrome c oxidase underlies adaptation
to high-altitude hypoxia in a Tibetan migratory locust. Proc. Biol. Sci. 2013, 280, 20122758. [CrossRef]

119. Singtripop, T.; Saeangsakda, M.; Tatun, N.; Kaneko, Y.; Sakurai, S. Correlation of oxygen consumption, cytochrome c oxidase, and
cytochrome c oxidase subunit I gene expression in the termination of larval diapause in the bamboo borer, Omphisa fuscidentalis. J.
Insect Physiol. 2007, 53, 933–939. [CrossRef] [PubMed]

http://doi.org/10.1016/j.ibmb.2019.103226
http://www.ncbi.nlm.nih.gov/pubmed/31446033
http://doi.org/10.1139/z93-173
http://doi.org/10.1042/bj1260049
http://doi.org/10.1098/rstl.1886.0007
http://doi.org/10.1085/jgp.34.5.675
http://www.ncbi.nlm.nih.gov/pubmed/14832446
http://doi.org/10.1085/jgp.39.4.497
http://doi.org/10.1016/0012-1606(63)90026-5
http://doi.org/10.1093/jee/43.6.832
http://doi.org/10.1002/jcp.1030160203
http://doi.org/10.1085/jgp.36.6.751
http://www.ncbi.nlm.nih.gov/pubmed/13069678
http://doi.org/10.1038/srep33813
http://doi.org/10.1016/j.ibmb.2004.06.004
http://doi.org/10.1016/S0014-5793(02)03026-0
http://doi.org/10.1002/cbin.10945
http://www.ncbi.nlm.nih.gov/pubmed/29384241
http://doi.org/10.1038/s41598-019-50972-w
http://doi.org/10.1016/S0965-1748(03)00120-6
http://doi.org/10.1083/jcb.52.2.465
http://www.ncbi.nlm.nih.gov/pubmed/4333452
http://doi.org/10.1016/0891-5849(93)90139-L
http://doi.org/10.1016/j.bbrc.2010.09.009
http://doi.org/10.1016/j.mad.2008.04.006
http://doi.org/10.1016/S0891-5849(98)00153-1
http://doi.org/10.1073/pnas.0403767101
http://doi.org/10.1091/mbc.E19-08-0450
http://www.ncbi.nlm.nih.gov/pubmed/31746672
http://doi.org/10.15252/embj.2018101056
http://www.ncbi.nlm.nih.gov/pubmed/31609012
http://doi.org/10.1371/journal.pone.0078069
http://doi.org/10.1098/rspb.2012.2758
http://doi.org/10.1016/j.jinsphys.2007.03.005
http://www.ncbi.nlm.nih.gov/pubmed/17499267


Cells 2021, 10, 470 23 of 25

120. Jia, H.; Ma, M.; Zhai, N.; Liu, Z.; Wang, H.; Guo, X.; Xu, B. Roles of a mitochondrial AccSCO2 gene from Apis cerana cerana in
oxidative stress responses. J. Inorg. Biochem. 2017, 175, 9–19. [CrossRef] [PubMed]

121. Napiwotzki, J.; Shinzawa-Itoh, K.; Yoshikawa, S.; Kadenbach, B. ATP and ADP bind to cytochrome c oxidase and regulate its
activity. Biol. Chem. 1997, 378, 1013–1021. [CrossRef] [PubMed]

122. Napiwotzki, J.; Kadenbach, B. Extramitochondrial ATP/ADP-ratios regulate cytochrome c oxidase activity via binding to the
cytosolic domain of subunit IV. Biol. Chem. 1998, 379, 335–339. [CrossRef]

123. Kadenbach, B. Complex IV-the regulatory center of mitochondrial oxidative phosphorylation. Mitochondrion 2020, in press.
[CrossRef]

124. Balsa, E.; Marco, R.; Perales-Clemente, E.; Szklarczyk, R.; Calvo, E.; Landázuri, M.O.; Enríquez, J.A. NDUFA4 is a subunit of
complex IV of the mammalian electron transport chain. Cell Metab. 2012, 16, 378–386. [CrossRef]

125. Villani, G.; Greco, M.; Papa, S.; Attardi, G. Low reserve of cytochrome c oxidase capacity in vivo in the respiratory chain of a
variety of human cell types. J. Biol. Chem. 1998, 273, 31829–31836. [CrossRef]

126. Hwang, H.J.; Lynn, S.G.; Vengellur, A.; Saini, Y.; Grier, E.A.; Ferguson-Miller, S.M.; LaPres, J.J. Hypoxia inducible factors modulate
mitochondrial oxygen consumption and transcriptional regulation of nuclear-encoded electron transport chain genes. Biochemistry
2015, 54, 3739–3748. [CrossRef]

127. Ramzan, R.; Rhiel, A.; Weber, P.; Kadenbach, B.; Vogt, S. Reversible dimerization of cytochrome c oxidase regulates mitochondrial
respiration. Mitochondrion 2019, 49, 149–155. [CrossRef]

128. Lee, I.; Kadenbach, B. Palmitate decreases proton pumping of liver-type cytochrome c oxidase. Eur. J. Biochem. 2001, 268,
6329–6334. [CrossRef]

129. Cooper, C.E.; Brown, G.C. The inhibition of mitochondrial cytochrome oxidase by the gases carbon monoxide, nitric oxide,
hydrogen cyanide and hydrogen sulfide: Chemical mechanism and physiological significance. J. Bioenerg. Biomembr. 2008, 40,
533–539. [CrossRef] [PubMed]

130. Vygodina, T.; Kirichenko, A.; Konstantinov, A.A. Direct regulation of cytochrome c oxidase by calcium ions. PLoS ONE 2013, 8,
e74436. [CrossRef] [PubMed]

131. Qin, L.; Mills, D.A.; Buhrow, L.; Hiser, C.; Ferguson-Miller, S. A conserved steroid binding site in cytochrome c oxidase.
Biochemistry 2008, 47, 9931–9933. [CrossRef] [PubMed]

132. Arnold, S.; Goglia, F.; Kadenbach, B. 3,5-Diiodothyronine binds to subunit Va of cytochrome-c oxidase and abolishes the allosteric
inhibition of respiration by ATP. Eur. J. Biochem. 1998, 252, 325–330. [CrossRef] [PubMed]

133. Steenaart, N.A.; Shore, G.C. Mitochondrial cytochrome c oxidase subunit IV is phosphorylated by an endogenous kinase. FEBS
Lett. 1997, 415, 294–298. [CrossRef]

134. Miyazaki, T.; Neff, L.; Tanaka, S.; Horne, W.C.; Baron, R. Regulation of cytochrome c oxidase activity by c-Src in osteoclasts. J. Cell
Biol. 2003, 160, 709–718. [CrossRef] [PubMed]

135. Lee, I.; Salomon, A.R.; Ficarro, S.; Mathes, I.; Lottspeich, F.; Grossman, L.I.; Hüttemann, M. cAMP-Dependent tyrosine phosphory-
lation of subunit I inhibits cytochrome c oxidase activity. J. Biol. Chem. 2005, 280, 6094–6100. [CrossRef] [PubMed]

136. Bender, E.; Kadenbach, B. The allosteric ATP-inhibition of cytochrome c oxidase activity is reversibly switched on by cAMP-
dependent phosphorylation. FEBS Lett. 2000, 466, 130–134. [CrossRef]

137. Guo, D.; Nguyen, T.; Ogbi, M.; Tawfik, H.; Ma, G.; Yu, Q.; Caldwell, R.W.; Johnson, J.A. Protein kinase C-epsilon co immunopre-
cipitates with cytochrome oxidase subunit IV and is associated with improved cytochrome-c oxidase activity and cardioprotection.
Am. J. Physiol. Heart Circ. Physiol. 2007, 293, H2219–H2230. [CrossRef] [PubMed]

138. Ogbi, M.; Chew, C.S.; Pohl, J.; Stuchlik, O.; Ogbi, S.; Johnson, J.A. Cytochrome c oxidase subunit IV as a marker of protein kinase
C epsilon function in neonatal cardiac myocytes: Implications for cytochrome c oxidase activity. Biochem. J. 2004, 382, 923–932.
[CrossRef] [PubMed]

139. Ogbi, M.; Johnson, J.A. Protein kinase C epsilon interacts with cytochrome c oxidase subunit IV and enhances cytochrome c
oxidase activity in neonatal cardiac myocyte preconditioning. Biochem. J. 2006, 393, 191–199. [CrossRef]

140. Lee, I.; Bender, E.; Kadenbach, B. Control of mitochondrial membrane potential and ROS formation by reversible phosphorylation
of cytochrome c oxidase. Mol. Cell. Biochem. 2002, 234–235, 63–70. [CrossRef]

141. Helling, S.; Vogt, S.; Rhiel, A.; Ramzan, R.; Wen, L.; Marcus, K.; Kadenbach, B. Phosphorylation and kinetics of mammalian
cytochrome c oxidase. Mol. Cell. Proteom. 2008, 7, 1714–1724. [CrossRef] [PubMed]

142. Prabu, S.K.; Anandatheerthavarada, H.K.; Raza, H.; Srinivasan, S.; Spear, J.F.; Avadhani, N.G. Protein kinase A-mediated
phosphorylation modulates cytochrome c oxidase function and augments hypoxia and myocardial ischemia-related injury. J. Biol.
Chem. 2006, 281, 2061–2070. [CrossRef]

143. Fang, J.-K.; Prabu, S.K.; Sepuri, N.B.; Raza, H.; Anandatheerthavarada, H.K.; Galati, D.; Spear, J.; Avadhani, N.G. Site specific
phosphorylation of cytochrome c oxidase subunits I, IVi1 and Vb in rabbit hearts subjected to ischemia/reperfusion. FEBS Lett.
2007, 581, 1302–1310. [CrossRef]

144. Srinivasan, S.; Spear, J.; Chandran, K.; Joseph, J.; Kalyanaraman, B.; Avadhani, N.G. Oxidative stress induced mitochondrial
protein kinase A mediates cytochrome c oxidase dysfunction. PLoS ONE 2013, 8, e77129. [CrossRef]

145. Samavati, L.; Lee, I.; Mathes, I.; Lottspeich, F.; Hüttemann, M. Tumor necrosis factor α inhibits oxidative phosphorylation through
tyrosine phosphorylation at subunit I of cytochrome c oxidase. J. Biol. Chem. 2008, 283, 21134–21144. [CrossRef]

http://doi.org/10.1016/j.jinorgbio.2017.06.015
http://www.ncbi.nlm.nih.gov/pubmed/28689066
http://doi.org/10.1515/bchm.1997.378.9.1013
http://www.ncbi.nlm.nih.gov/pubmed/9348111
http://doi.org/10.1515/bchm.1998.379.3.335
http://doi.org/10.1016/j.mito.2020.10.004
http://doi.org/10.1016/j.cmet.2012.07.015
http://doi.org/10.1074/jbc.273.48.31829
http://doi.org/10.1021/bi5012892
http://doi.org/10.1016/j.mito.2019.08.002
http://doi.org/10.1046/j.0014-2956.2001.02602.x
http://doi.org/10.1007/s10863-008-9166-6
http://www.ncbi.nlm.nih.gov/pubmed/18839291
http://doi.org/10.1371/journal.pone.0074436
http://www.ncbi.nlm.nih.gov/pubmed/24058566
http://doi.org/10.1021/bi8013483
http://www.ncbi.nlm.nih.gov/pubmed/18759498
http://doi.org/10.1046/j.1432-1327.1998.2520325.x
http://www.ncbi.nlm.nih.gov/pubmed/9523704
http://doi.org/10.1016/S0014-5793(97)01145-9
http://doi.org/10.1083/jcb.200209098
http://www.ncbi.nlm.nih.gov/pubmed/12615910
http://doi.org/10.1074/jbc.M411335200
http://www.ncbi.nlm.nih.gov/pubmed/15557277
http://doi.org/10.1016/S0014-5793(99)01773-1
http://doi.org/10.1152/ajpheart.01306.2006
http://www.ncbi.nlm.nih.gov/pubmed/17660387
http://doi.org/10.1042/BJ20040468
http://www.ncbi.nlm.nih.gov/pubmed/15339253
http://doi.org/10.1042/BJ20050757
http://doi.org/10.1023/A:1015921513720
http://doi.org/10.1074/mcp.M800137-MCP200
http://www.ncbi.nlm.nih.gov/pubmed/18541608
http://doi.org/10.1074/jbc.M507741200
http://doi.org/10.1016/j.febslet.2007.02.042
http://doi.org/10.1371/journal.pone.0077129
http://doi.org/10.1074/jbc.M801954200


Cells 2021, 10, 470 24 of 25

146. Ramzan, R.; Staniek, K.; Kadenbach, B.; Vogt, S. Mitochondrial respiration and membrane potential are regulated by the allosteric
ATP-inhibition of cytochrome c oxidase. Biochim. Biophys. Acta 2010, 1797, 1672–1680. [CrossRef]

147. Lundby, A.; Secher, A.; Lage, K.; Nordsborg, N.B.; Dmytriyev, A.; Lundby, C.; Olsen, J.V. Quantitative maps of protein
phosphorylation sites across 14 different rat organs and tissues. Nat. Commun. 2012, 3, 876. [CrossRef] [PubMed]

148. Acin-Perez, R.; Salazar, E.; Kamenetsky, M.; Buck, J.; Levin, L.R.; Manfredi, G. Cyclic AMP produced inside mitochondria
regulates oxidative phosphorylation. Cell Metab. 2009, 9, 265–276. [CrossRef]

149. Hess, K.C.; Liu, J.; Manfredi, G.; Mühlschlegel, F.A.; Buck, J.; Levin, L.R.; Barrientos, A. A mitochondrial CO2-adenylyl
cyclase-cAMP signalosome controls yeast normoxic cytochrome c oxidase activity. FASEB J. 2014, 28, 4369–4380. [CrossRef]

150. Acin-Perez, R.; Gatti, D.L.; Bai, Y.; Manfredi, G. Protein phosphorylation and prevention of cytochrome oxidase inhibition by
ATP: Coupled mechanisms of energy metabolism regulation. Cell Metab. 2011, 13, 712–719. [CrossRef] [PubMed]

151. Follmann, K.; Arnold, S.; Ferguson-Miller, S.; Kadenbach, B. Cytochrome c oxidase from eucaryotes but not from procaryotes is
allosterically inhibited by ATP. Biochem. Mol. Biol. Int. 1998, 45, 1047–1055. [CrossRef] [PubMed]

152. Alge, D.; Wastyn, M.; Mayer, C.; Jungwirth, C.; Zimmermann, U.; Zoder, R.; Fromwald, S.; Peschek, G.A. Allosteric properties of
cyanobacterial cytochrome c oxidase: Inhibition of the coupled enzyme by ATP and stimulation by ADP. IUBMB Life 1999, 48,
187–197. [CrossRef]

153. Ferguson-Miller, S.; Brautigan, D.L.; Margoliash, E. Correlation of the kinetics of electron transfer activity of various eukaryotic
cytochromes c with binding to mitochondrial cytochrome c oxidase. J. Biol. Chem. 1976, 251, 1104–1115. [CrossRef]

154. Bisson, R.; Schiavo, G.; Montecucco, C. ATP induces conformational changes in mitochondrial cytochrome c oxidase. Effect on
the cytochrome c binding site. J. Biol. Chem. 1987, 262, 5992–5998. [CrossRef]

155. Anthony, G.; Reimann, A.; Kadenbach, B. Tissue-Specific regulation of bovine heart cytochrome-c oxidase activity by ADP via
interaction with subunit VIa. Proc. Natl. Acad. Sci. USA 1993, 90, 1652–1656. [CrossRef]

156. Frank, V.; Kadenbach, B. Regulation of the H+/e- stoichiometry of cytochrome c oxidase from bovine heart by intramitochondrial
ATP/ADP ratios. FEBS Lett. 1996, 382, 121–124. [CrossRef]

157. Taanman, J.W.; Turina, P.; Capaldi, R.A. Regulation of cytochrome c oxidase by interaction of ATP at two binding sites, one on
subunit VIa. Biochemistry 1994, 33, 11833–11841. [CrossRef]

158. Hüther, F.J.; Kadenbach, B. ADP increases the affinity for cytochrome c by interaction with the matrix side of bovine heart
cytochrome c oxidase. Biochem. Biophys. Res. Commun. 1987, 147, 1268–1275. [CrossRef]

159. Kadenbach, B.; Hüttemann, M. The subunit composition and function of mammalian cytochrome c oxidase. Mitochondrion 2015,
24, 64–76. [CrossRef] [PubMed]

160. Tsukihara, T.; Aoyama, H.; Yamashita, E.; Tomizaki, T.; Yamaguchi, H.; Shinzawa-Itoh, K.; Nakashima, R.; Yaono, R.; Yoshikawa,
S. The whole structure of the 13-subunit oxidized cytochrome c oxidase at 2.8 A. Science 1996, 272, 1136–1144. [CrossRef]

161. Nijtmans, L.G.; Taanman, J.W.; Muijsers, A.O.; Speijer, D.; Van den Bogert, C. Assembly of cytochrome-c oxidase in cultured
human cells. Eur. J. Biochem. 1998, 254, 389–394. [CrossRef]

162. Li, Y.; Park, J.S.; Deng, J.H.; Bai, Y. Cytochrome c oxidase subunit IV is essential for assembly and respiratory function of the
enzyme complex. J. Bioenerg. Biomembr. 2006, 38, 283–291. [CrossRef]

163. Hüttemann, M.; Lee, I.; Gao, X.; Pecina, P.; Pecinova, A.; Liu, J.; Aras, S.; Sommer, N.; Sanderson, T.H.; Tost, M.; et al. Cytochrome
c oxidase subunit 4 isoform 2-knockout mice show reduced enzyme activity, airway hyporeactivity, and lung pathology. FASEB J.
2012, 26, 3916–3930. [CrossRef]

164. Hüttemann, M.; Kadenbach, B.; Grossman, L.I. Mammalian subunit IV isoforms of cytochrome c oxidase. Gene 2001, 267, 111–123.
[CrossRef]

165. Hüttemann, M.; Lee, I.; Liu, J.; Grossman, L.I. Transcription of mammalian cytochrome c oxidase subunit IV-2 is controlled by a
novel conserved oxygen responsive element. FEBS J. 2007, 274, 5737–5748. [CrossRef] [PubMed]
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