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A B S T R A C T

Perfluoroalkyl acids (PFAAs) are considered forever chemicals, gaining increasing attention for their hazardous
impacts. However, the ecological effects of PFAAs remain unclear. Environmental DNA (eDNA), as the environ-
mental gene pool, is often collected for evaluating the ecotoxicological effects of pollutants. In this study, we
found that all PFAAs investigated, including perfluorohexanoic acid, perfluorooctanoic acid, perfluorononanoic
acid, and perfluorooctane sulfonate, even at low concentrations (0.02 and 0.05 mg/L), expedited the enzymatic
degradation of DNA in a nonlinear dose–effect relationship, with DNA degradation fragment sizes being lower
than 1,000 bp and 200 bp after 15 and 30 min of degradation, respectively. This phenomenon was attributed to
the binding interaction between PFAAs and AT bases in DNA via groove binding. van der Waals force (especially
dispersion force) and hydrogen bonding are the main binding forces. DNA binding with PFAAs led to decreased
base stacking and right-handed helicity, resulting in loose DNA structure exposing more digestion sites for
degrading enzymes, and accelerating the enzymatic degradation of DNA. The global ecological risk evaluation
results indicated that PFAA contamination could cause medium and high molecular ecological risk in 497 samples
from 11 contamination-hot countries (such as the USA, Canada, and China). The findings of this study show new
insights into the influence of PFAAs on the environmental fates of biomacromolecules and reveal the hidden
molecular ecological effects of PFAAs in the environment.
1. Introduction investigation of their in vitro molecular ecological effect, such as the in-
Perfluoroalkyl acids (PFAAs), as chain-like ionic emerging pollutants
rich in C–F bonds (116 kcal/mol), are difficult to hydrolyze, photolyzed,
or degrade by microorganisms after entering the environment [1,2].
They are considered forever chemicals and can lead to long persistence
and wide distribution in various environmental media [3]. PFAAs are
gaining attention for their hazardous impacts, e.g., cytotoxicity, aquatic
toxicity, embryotoxicity, hepatotoxicity, immunotoxicity, etc. Some
previous studies have demonstrated the genotoxic effects of PFAAs in
living cells. For example, PFAAs can induce double-strand breaks of
intracellular DNA in HepG2 cells [4], sperm DNA methylation [5],
chromosomal breakage [6], DNA instability [7], DNA damage [8], and
changes in thyroid-related gene expression [9]. However, no
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fluence on DNA enzymatic degradation, has yet been reported, since the
previous studies focused mainly on the toxicologic effects of PFAAs in
vivo. A pioneering study demonstrated that a typical PFAA [i.e., per-
fluorooctane sulfonic acid (PFOS)] can bind to the groove bases of DNA
duplexes [10]. However, quantitatively decomposing interaction en-
ergies between PFAAs and DNA is challenging, since PFAAs containing
C–F bonds exhibit complex halogen-bonding dispersion interactions,
which are difficult to assess via standard reduced density gradient cal-
culations. In addition, whether the interaction between PFAAs and DNA
will lead to further molecular ecological effects requires further
investigation.

Environmental DNA (eDNA) often derives from bacterial secretions
released from membrane vesicles [11]. There is the ubiquitous
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occurrence of eDNA, with an abundance of 70 μg/L, 17 μg/L, 2 mg/kg,
and 6 mg/kg in freshwater, seawater, sediment, and soil, respectively
[11,12]. eDNA can serve as a nutritional source for environmental mi-
croorganisms, an aggregate stabilizing agent in biofilms, and a selective
plant allelopathic substance in the environment [13–15]. More impor-
tantly, eDNA often contains genetic information that can be integrated
into the genomes of bacteria, leading to niche expansion and a compet-
itive advantage against other organisms within their environment [16].
With its unique base sequences and genetic information storage func-
tions, eDNA is referred to as the “environmental gene pool” [17,18]. The
increased environmental pollution has led to the co-existence of pollut-
ants with eDNA. Therefore, eDNA exposed to the natural environment is
often collected for monitoring the biodiversity of the ecosystem to
effectively evaluate the ecotoxicological effects of chemical contamina-
tion [19]. Especially, the degradation of eDNA induced by a pollutant and
the subsequent potential release of the toxic genes carried by the eDNA
can be considered an indicator for the ecotoxicological effects of the
pollutant [20,21]. However, how much ecological risk is triggered by the
pollutants-eDNA interactions remains a large knowledge gap for humans,
although sporadic studies have reported that concomitant organic pol-
lutants (e.g., bromobenzene, chlorobenzene, phenanthrene, pyrene,
neomycin B, and chlorpyrifos) can affect DNA degradation [22–26].
Furthermore, wide variability in DNA degradation mechanism estimates
currently exists in the published literature. Besides, the impacts and
mechanism of the chain-like ionic organic emerging pollutants (PFAAs)
on DNA degradation have not yet been reported.

In this study, gel electrophoresis, ultraviolet–visible spectroscopy,
and atomic force microscopy (AFM) were performed to complete quali-
tative and quantitative assessment of DNA enzymatic degradation
influenced by PFAAs. Salmon sperm DNA and four typical PFAAs with
different carbon chain lengths and functional group substitutions [per-
fluorohexanoic acid (PFHxA), perfluorooctanoic acid (PFOA), per-
fluorononanoic acid (PFNA), and PFOS] were, respectively, selected as
representative eDNA and PFAAs. Furthermore, the mechanisms under-
lying PFAA effects on DNA degradation can be clarified through fluo-
rescence titration tests, Fourier-transform infrared spectra, circular
dichroism (CD), and quantum chemical calculations. In particular, the
quantitative decomposition of the interactions between DNA and PFAAs
was performed by symmetry-adapted perturbation theory (SAPT). Based
on the effects of PFAAs on DNA degradation and the global data on PFAA
concentration in water, the global ecological risk evaluation of PFAAs
was also conducted. This work highlights the profound effects of PFAAs
on DNA degradation, clarifying the molecular ecological effects and risk
of PFAAs contamination.

2. Materials and methods

2.1. DNA degradation experiments

Salmon sperm DNA has a double-stranded B-DNA structure composed
of four types of nucleotides (A, T, G, and C), and it is widely used as the
representative DNA in the environment for various studies, including its
binding interaction with organic pollutants [27,28], adsorption on clay
minerals [29,30], and aggregation in water environment [31,32]. This
kind of DNA is, therefore, selected in this study. Deoxyribonuclease I
(DNase I) is a representative degrading enzyme of extracellular DNA
[33]. It can catalyze the hydrolysis of the phosphodiester bond between
the phosphate group and the deoxyribose part of DNA, forming oligo-
nucleotides with 50-phosphates and 30-phosphates [34], and is thus
selected in this study.

Gel electrophoresis tests were conducted to visualize the degradation
process of DNA affected by PFHxA, PFOA, PFNA, and PFOS (Sigma-
Aldrich). First, PFAA–DNA mixtures were obtained through separate
additions of 2 mg/L stock solutions of each PFAA to 500 mg/L DNA stock
solution. The resulting mixtures were diluted with 10 mmol/L Tris–HCl
(pH 7.4, Solarbio, Beijing, China), shaken at 120 r/min, and then stored
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in a refrigerator at 4 �C for 2 h. Next, the mixtures were treated with
DNase I (Kangwei Century, Taizhou, Jiangsu, China) for DNA degrada-
tion. Mixed samples of the same concentrations without DNase I were
used as blank controls. In the degradation reaction mixtures, concen-
trations of DNA and DNase I were set to 100 mg/L and 0.002 U/μL,
respectively. Meanwhile, a series of concentrations of PFAAs were used,
including 0, 0.02, 0.05, 0.1, 0.2, 0.5, and 1 mg/L. The degradation re-
action mixtures were transferred to a 37 �C water bath. A total of 2 μL
mixed samples were collected at 15 min and 30 min to evaluate DNA
fragment size changes via gel electrophoresis. Each collected sample was
diluted to 10 μL by loading buffer (QSINGKE, Nanjing, China). Then, the
diluted sample was quickly transferred to the loading holes in a 3% (w/v)
agarose gel (after Gel-Red staining), which was placed in an electro-
phoresis tank containing 1� TAE buffer (Solarbio, Beijing, China).
Meanwhile, 5 μL 80 ng/μL DL2000 DNA ladder solution (Takara, Dalian,
China) was added to one hole (generally the first hole) of the agarose gel
as a marker of gel electrophoresis progress. Gel electrophoresis was
conducted at 6.0 V/cm. Then, the residual DNA fragments were imaged
and visualized by a Molecular Imager FX equipped with Quantity One
software (Bio-Rad, Hercules, Canada). Each experiment was repeated
twice to confirm the reliability of the results. In addition, natural
degradation of DNA (100 mg/L) in 30 min was evaluated under the same
conditions without DNase I.

The absorbance change of DNA was measured to further clarify the
facilitation mechanism of PFAAs on DNA degradation. Before adding the
DNA degrading enzyme, the 99 μL reaction systems described above
(including DNA, PFAAs, DNase I buffer, and Tris–HCl) were placed in a
96-well quartz plate, using the treatment without PFAAs as control. Then,
the plate was placed into a Multi-Mode Microplate Reader (SpectraMax®
iD5, Molecular Devices, USA) for detection. The relevant parameters
(Time: 0, 15, 30 min; Absorbance: 260 nm) were set, and the absorbance
of DNA was immediately detected at 37 �C after the addition of 1 μL
DNase I (0.2 U/μL). The original data were translated to absorbance
change (ΔA) values for DNA based on the DNA absorbance of the control.
Thereafter, the curves describing the relationships between ΔA values
and PFAA concentrations were fitted using OriginPro 2021 software to
illustrate the effects of PFAA dose on DNA degradation.

2.2. Enzyme activity determination and AFM

DNase I enzyme activity was detected by the Multi-Mode Microplate
Readers according to previous research, and the detailed procedures are
shown in Supporting information [35]. Direct observation of DNA
degradation can be achieved by AFM (Dimension® Icon™, Bruker,
Germany), as reported previously [36]. The testing conditions are also
shown in Supporting information.

2.3. Fluorescence titration experiments

To assess the PFAA–DNA binding interaction and PFAA–DNase I
binding interaction, three-dimensional fluorescence titration tests were
performed. For this purpose, a 2 mL Hoechst-probe-labeled DNA sample
(10 mg/L) after PFAA titration (20 mg/L) or a 2 mL aliquot of mixed
solution containing DNase I (6.25 mg/L) and PFAAs (0, 2.5, 5, 7.5, 10,
12.5, 15, 17.5, or 20 mg/L) was collected, and its fluorescence intensity
was determined using a fluorescence spectrophotometer (F96PRO, Leng
Guang, China). The excitation and emission wavelengths were set to 368
and 508 nm for the PFAA–DNA interaction and 286 and 355 nm for the
PFAA–DNase I interaction (Supporting information S1).

2.4. Attenuated total reflection Fourier-transform infrared spectroscopy
(ATR-FTIR) analysis

The intensity and position change of the stretching vibration peaks
derived from specific functional groups of DNA or DNase I influenced by
PFAAs can be used to explore the binding mechanism. DNA þ PFAAs,
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DNase Iþ PFAAs, and DNAþDNase Iþ PFAAswere analyzed using ATR-
FTIR. Based on the DNA degradation experiments described above, we
increased the concentrations of the reactants to obtain sufficient samples
for ATR-FTIR measurement, i.e., 100 mg/L DNA, 50 mg/L DNase I, and
2 mg/L PFAAs. Detailed operating procedures and testing conditions are
in Supporting information S1.

2.5. DNA molecular morphology analysis

UV–vis spectroscopy analysis was employed to assess the structural
change of DNA after binding with PFAAs. For UV–vis analysis, 100 mg/L
DNA and PFAAs (0, 0.5, and 1 mg/L) were obtained through dilution of
their stock solutions (500mg/LDNAand200mg/L PFAAs) using Tris–HCl
(10 mmol/L, pH 7.4) solution. The mixed solutions were measured from
240 to 280 nm by a Spectrophotometer (UV-2600, Shimadzu, Kyoto,
Japan) at room temperature after shaking for 30 min at 25 �C.

CD is an extremely sensitive analysis method frequently used to detect
DNA conformation changes [37]. Thus, we performed CD measurements
of DNA after binding with PFAAs to observe whether PFAA–DNA binding
could induce DNA deformation (see Supporting information S1).

2.6. Density functional theory (DFT) calculation

We performed the DFT calculations using the dispersion-corrected
meta-hybrid (ωB97XD) function in the Gaussian 16 program to investi-
gate binding forces between DNA fragments and PFAAs. Based on the
results of ATR-FTIR and fluorescence titration, AT base pairs in the DNA
structure were the main site for PFAAs and DNA binding interactions.
Considering that no digital model of salmon sperm DNA was currently
available, the TTAA sequence, i.e., 50-TpTp-30 & 50-ApAp-30, was used as
the alternative of salmon sperm DNA for DFT calculations in this study.
This approach not only reflects the interaction between the AT base of
DNA and pollutants but also simplifies the DFT calculations [38]. The
50-TpTp-30 & 50-ApAp-30 DNA was obtained by intercepting the TTAA
sequence from the simple double-stranded DNA d(CGCGAATTCGCG)2
(PDB ID: 2B0K) using Notepadþþ software. Before intercepting the
TTAA sequence, the unnecessary ligands in the DNA (PDB ID: 2B0K) were
removed.

The mixture of 50-TpTp-30 & 50-ApAp-30 was combined individually
with each PFAA (PFHxA, PFOA, PFNA, and PFOS) downloaded from http
://www.chemspider.com/ using GaussView 5.0. Next, structural opti-
mization and frequency analysis of each complex structure were con-
ducted using Gaussian 16 with the ωB97XD/6–311þG** basis, which
was selected for its relatively high accuracy and precision. Multiwfn_3.7
and VMD 1.9.3 program were used for the gradient isosurface of TTAA-
PFAA and the reduced density gradient vs. electron density multiplied by
the sign of the second Hessian eigenvalues [sign(λ2)ρ] plots analysis. In
addition, the latest independent gradient (IGM) theory [39] was intro-
duced to assess weak intermolecular and intramolecular binding forces.
Considering the possibility of complex halogen-bonding dispersion in-
teractions occurring in the TTAA-PFAA binding interactions due to the
C–F bonds in PFAA molecules, the analysis based on SAPT was used to
perform energy decomposition calculation using the DFT calculation
results and the PSI4 program [40,41]. SAPT analysis is considered a
rigorous approach to quantitatively decompose the interactions between
fragments based on energy, particularly the occurrence of
halogen-bonding interactions [40,41].

2.7. Global ecological risk evaluation

To evaluate the global ecological risk levels of PFAAs, more than
90,000 data points distributed in global surface waters and groundwater
were first collected. Based on the gel electrophoresis and DNA absor-
bance change tests, the ecological risk assessment criterion for evaluating
the ecological risk of PFAAs was developed, i.e., PFAAs concentration
< 0.02 mg/L for low ecological risk, the range of 0.02–0.5 mg/L for
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medium ecological risk, and > 0.5 mg/L for high ecological risk. The
numbers of low, medium, and high ecological risk points were calculated
by comparing the PFAAs concentration. ArcGIS Pro 2.8 software was
used to mark the numbers and locations of different risk levels in various
countries.

3. Results and discussion

3.1. PFAAs facilitate enzymatic degradation of DNA

It is reported that DNA can be degraded via hydrolysis, oxidation, and
enzymatic reaction, while enzymatic reaction is considered the main
degradation pathway in the natural environment [32]. Besides, accord-
ing to previous studies, DNA enzymatic degradation can be affected by
pollutants [25,26,32]. As shown in Fig. 1, the DNA fragments under
control conditions without DNase I degradation (CK treatment) had
molecular weights greater than 2,000 bp. These fragments exhibited a
slight tailing phenomenon, as the concentration used here (100 mg/L) is
generally characterized by a certain degree of natural degradation. After
15 min of degradation with DNase I, the DNA was degraded into small
fragments with molecular weights ranging mainly from 100 bp to
1,500 bp. In the presence of PFAAs with concentrations > 0.02 mg/L,
DNA was degraded by DNase I into fragments with molecular weights
mainly below 1,000 bp, which were smaller than in the treatment
without PFAAs. Furthermore, the degradation degree of DNA fragments
was positively related to PFAA concentration. At PFAA � 0.5 mg/L, DNA
was degraded into fragments with molecular weights under 100 bp. Time
was a favorable factor for DNA degradation, with the molecular weight of
DNA degradation fractions decreasing to less than 200 bp after 30 min of
degradation with DNase I. The gel electrophoresis experiments described
above were repeated once (Fig. S1). The comparable data obtained from
the two experiments confirmed the reliability of the gel electrophoresis
results. These results indicate the promotion of the enzymatic degrada-
tion of DNA by PFAAs, even at low concentrations (0.02 and 0.05 mg/L).
On the contrary, a previous study reported that phthalates inhibited the
enzymatic degradation of DNA, because they could bind to amino groups
in deoxyribonuclease I amino acid residues and lead to the alteration of
the helix structure and structural deformation of deoxyribonuclease I
[42]. These results indicated that the effects of organic pollutants on DNA
degradation were pollutant-dependent.

As DNA degradation can cause exposure of its bases and thereby in-
crease absorbance at 260 nm, the quantitative dose effects of PFAAs on
DNA degradation were determined according to ΔA of DNA between
degradation treatments with and without PFAAs. The results showed that
ΔA values in the presence of PFAAs were significantly greater than 0 in all
cases (p < 0.05, Fig. 2), indicating that PFAAs at the concentrations
evaluated (0.02–1 mg/L) could markedly enhance DNA degradation. The
ΔA values and PFAA concentrations conformed to significant S-shaped
curves with R2 > 99% (p < 0.05), regardless of the degradation reaction
time (15 and 30 min) (Fig. 2), indicating a nonlinear dose effect of PFAAs
onDNA degradation. Notably,ΔA values increased sharply with increasing
PFAA concentrations at lower levels (�0.2 mg/L) but gently with PFAA
concentrations exceeding 0.2 mg/L. These results are consistent with those
obtained through gel electrophoresis experiments, further confirming that
PFAAs can promote DNA degradation, even at low concentrations.

Interestingly, PFHxA, PFOA, and PFNA, which contain carboxyl
groups, generally had stronger effects on DNA degradation than PFOS
with a sulfonic acid group (Fig. S2). Significant differences (p < 0.05)
were observed with 0.02, 0.2, 0.5, and 1 mg/L PFAAs at 15 min of DNA
degradation and with 0.1, 0.2, and 0.5 mg/L of PFAAs at 30 min of DNA
degradation (Fig. S2). This indicates that PFAAs with carboxyl groups are
more conducive to DNA degradation than PFAAs with sulfonic acid
groups, owing to stronger DNA binding effects of the former than the
latter [43]. PFHxA, PFOA, and PFNA, with increasing carbon chain
numbers, had comparable effects on DNA degradation, indicating that
the carbon chains of the PFAAs had little influence on DNA degradation.

http://www.chemspider.com/
http://www.chemspider.com/


Fig. 1. Gel electrophoresis of DNA molecular fragments after enzymatic degradation with DNase I affected by (a, e) PFHxA, (b, f) PFOA, (c, g) PFNA, or (d, h) PFOS at
15 min and 30 min. CK was the control treatment, which included no DNase I. The PFAA concentrations were 0, 0.02, 0.05, 0.1, 0.2, 0.5, and 1.0 mg/L, respectively.
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AFM images of DNA are presented in Figs. 3 and S3. DNA aggre-
gation occurred at 100 mg/L. The edges of the DNA aggregates had a
vague outline due to the uneven distribution of filamentous aggregates
between the periphery and the central area (Fig. 3a). After degradation
with DNase I, DNA molecules were altered from intact aggregates to
irregular degradation products (Fig. 3b). The addition of PFAAs (e.g.,
PFOA) caused the edges of DNA aggregates to become brighter
(Fig. 3c), indicating that PFAAs could bind to DNA. Compared to the
molecular fragments of DNA obtained through DNase I degradation, the
DNA fragments (Fig. 3d) treated with DNase I in the presence of DNA
were significantly smaller. The AFM results of PFHxA–DNA,
PFNA–DNA, and PFOS–DNA are consistent with those of PFOA–DNA
fragments (Fig. S3). These indicate that PFAAs promote enzymatic
degradation of DNA, consistent with the gel electrophoresis results
described above.

3.2. Effects of PFAAs on natural DNA degradation

Three possible processes may have driven the promotion of DNA
enzymatic degradation by PFAAs. First, the combination of PFAAs and
DNA may promote the natural degradation of DNA. Second, PFAAs may
bind to DNase I and thereby affect its degradation activity. Finally, PFAAs
may bind to DNA and be inserted into its double helix molecular struc-
ture, leading to DNA deformation followed by degradation by DNase I
[12–15]. These three possible processes must be tested individually. To
explore whether PFAAs can cause natural degradation of DNA, gel
electrophoresis was conducted using mixtures of DNA (100 mg/L) and
each PFAA (0–1 mg/L) without DNase I. As shown in Fig. S4, the DNA
fragments had nearly identical molecular weights greater than
2,000 bp and showed no apparent tailing. This indicates that PFAAs
cause little natural degradation of DNA.

3.3. PFAAs influence the enzymatic activity of DNase I

In view of the results presented above, the effects of PFAAs on the
activity of DNase I were explored. The increase of PFAA concentration
from 0 to 1.0 mg/L led to almost no change in DNase I activity, which
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remained within 2.6 � 0.10 Kunitz units for all PFAAs tested (Fig. S5).
This illustrates that PFAAs cannot affect DNase I activity. Besides, FTIR
spectra of DNase I revealed that PFAAs did not induce any functional
group changes in DNase I (Fig. S6). This conclusion was reached because
no shifts in characteristic peaks of DNase I were observed, including the
peak at 1,647 cm�1 assigned to C––O or N––O stretching vibrations in
amide I, the peaks at 1,541 and 1,456 cm�1 assigned to C–N and N–H,
respectively, in amide II, and the peaks at 1,398 cm�1 and 1,242 cm�1

assigned to N–H bending and C–N stretching vibrations, respectively, in
amide III. Therefore, this result confirms that PFAAs have no effect on
DNase I activity.

To further evaluate whether PFAAs affect the enzymatic activity of
DNase I, the interaction between DNase I and PFAAs was determined
through fluorescence titration experiments (Fig. S7). As shown in
Fig. S7a, the tested concentrations of PFAAs (0–20 mg/L) did not affect
the maximum DNase I’s fluorescence intensity at the optimal excitation
(286 nm) and emission (355 nm) wavelength. No significant difference
existed in the fluorescence of DNase I enzyme within 120 min in the
presence of PFAAs at the highest dosage (20 mg/L). This finding ruled
out the effects of PFAAs on the enzyme activity, because 120 min are
generally sufficient for determining the interactions between DNase I
enzyme and chemicals using fluorescence (Fig. S7b) [15]. This indicates
that PFAAs cannot cause fluorescence quenching of DNase I, and thus
cannot bind to DNase I and affect its degradation activity. Therefore, the
promotion of DNA degradation by PFAAs was not related to DNase I
activity.
3.4. PFAA–DNA binding and its influence on DNA deformation

As two possible mechanisms by which PFAAs may promote DNA
degradation were excluded as described above, DNA deformation
induced by PFAA binding was most likely responsible for the promotion
effect. Here, PFAA–DNA binding was tested through Hoechst-labeled
DNA fluorescence quenching reactions in the presence of PFAAs.
Apparent fluorescence quenching of DNA was observed, which con-
formed to the Stern–Volmer equation (R2 > 0.93, Fig. S8 and Table S1),
suggesting a dynamic quenching process induced by PFAA binding.



Fig. 2. DNA absorbance increases driven by four typical perfluoroalkyl acids at
15 min and 30 min of DNA enzymatic degradation. * indicates that ΔA in the
presence of PFAAs at all tested concentrations (0.02–1 mg/L) was significantly
greater than 0 (i.e., the treatment without PFAAs).

Fig. 3. Trapping-mode AFM topographical images of (a) free salmon sperm
DNA, (b) DNA degraded with DNase I, (c) PFOA-DNA, and (d) DNA degraded by
DNase I in the presence of PFOA. The concentrations for DNA and PFOA were
set to 100 mg/L and 1.0 mg/L, respectively. The red circle in the figures in-
dicates DNA or its fragments.
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Hoechst is a cell-permeable benzimidazole dye that binds to the minor
groove of double-stranded DNA, preferentially binding to AT base pairs.
Thus, this result also confirmed that AT base pairs in the DNA structure
were the main site for PFAAs and DNA binding interactions. Such a
binding site could be associated with the structure compatibility between
the PFAAs and AT base pairs of DNA. The quenching constants (KSV) for
PFHxA, PFOA, PFNA, and PFOS binding with DNA were calculated to be
2.47 � 105, 2.40 � 105, 2.91 � 105, and 3.00 � 105 L/mol, respectively.
This demonstrates that PFAAs with carboxyl groups bind DNA more
readily than PFAAs with sulfonic acid groups, while the carbon chain
length has little effect on PFAA binding to DNA. The Kq values for PFHxA,
PFOA, PFNA, and PFOS binding with DNA were estimated to be
(0.21–1.83) � 1013, (0.19–1.60) � 1013, (0.23–1.94) � 1013, and
(0.23–2.00) � 1013 L/(mol⋅s), which were 2–3 orders of magnitude than
the maximum Kq value [2.00 � 1010 L/(mol⋅s)] of a biopolymer. This
result suggested the co-occurrence of a static quenching process [44].
Accordingly, the fluorescence quenching data were fitted to a static
quenching equation (in Supporting information S1), resulting in
R2 > 0.96. The static binding constants (KA) of PFAA–DNA were calcu-
lated as 203.24, 353.18, 2,518.26, and 688.18 L/mol with corresponding
n values of 0.49, 0.55, 0.68, 0.58 for PFHxA, PFOA, PFNA, PFOS,
respectively. These fluorescence quenching results confirm that a binding
interaction occurs between PFAAs and DNA.
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To exclude the interference effects of PFAAs on the Hoechst fluores-
cence spectra, we compared the fluorescence spectra of Hoechst (5 mg/L)
with and without the addition of the target PFAAs (0–26.64 μg/L). Little
change was observed in the intensity and position of the fluorescence
peak of Hoechst in the presence of PFAAs (Figs. S9 and S10). This indi-
cated that PFAAs could not bind with Hoechst and thereby cause fluo-
rescence quenching. Next, a typical intercalation probe (acridine orange)
was used to detect the possibility of intercalation during the PFAAs–DNA
binding interaction. The results showed that PFAAs could not induce any
fluorescence quenching of acridine orange-labeled DNA, which indicated
that PFAAs–DNA binding was not in an intercalative manner (Fig. S11).
Therefore, we excluded the contribution of intercalation on the binding
interaction of PFAAs and DNA.

PFAA–DNA binding may induce DNA deformation, which would
likely enhance the enzymatic degradation of DNA. Such DNA deforma-
tion can generally be studied using CD [45]. Generally, the CD of a
common B-configuration DNA contains a negative peak at about 248 nm
and a positive peak at about 278 nm [37], reflecting the right-handed
helicity and base stacking of DNA, respectively. With the addition of
PFHxA (0–31.65 μmol/L), PFOA (0–24.15 μmol/L), PFNA
(0–21.65 μmol/L), or PFOS (0–24.00 μmol/L), the intensity of DNA CD
spectra at both the positive (278 nm) and negative (248 nm) peaks
decreased significantly, with no shift of the peak position (Fig. 4a). This
demonstrates that PFAA binding to DNA induces decreases in
right-handed helicity and base stacking in the DNA structure, loosening
the DNA molecular structure. This change in DNA structure supported
access to more digestion sites for DNase I, thereby promoting the enzy-
matic degradation of DNA.

3.5. PFAA–DNA binding sites and mechanisms

Fig. 4b illustrates the ATR-FTIR spectral characteristics of DNA, as
well as the combinations of PFAA–DNA and PFAA–DNase I–DNA.
Generally, the spectral range at 600–1,800 cm�1 represents the asym-
metric and symmetric stretching vibration peaks of nitrogenous bases,
phosphate, and deoxyribose in the DNA structure [46]. Specifically, the
C––O or C––N stretching vibrations of guanine (G), thymine (T), adenine
(A), and cytosine (C) were, respectively, at 1,693, 1,659, 1,608, and



Fig. 4. Circular dichroism spectra (a) of DNA after binding with various concentrations of PFHxA (0–31.65 μmol/L), PFOA (0–24.15 μmol/L), PFNA
(0–21.65 μmol/L), or PFOS (0–24.00 μmol/L) and FTIR spectra (b) of DNA and DNA–DNase I binding with and without PFHxA, PFOA, PFNA, and PFOS. Red arrows
indicate the main changes in spectral peaks.
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1,483 cm�1 of DNA. The vibrational band at 1,225 cm�1 was assigned to
the B-conformation of DNA. Vibrational bands at 1060 and 1085 cm�1

reflected the asymmetric stretching vibration of phosphate, while those
at 966 cm�1 reflected the symmetric stretching vibration of phosphate
(Fig. 4b) [46]. In the presence of PFAAs, the thymine band of DNA shifted
from 1,658 to 1,660, 1,652, 1,652, and 1,651 cm�1, respectively. How-
ever, there was no significant band shift of guanine, adenine, cytosine,
phosphate vibrations, or the B-conformation of DNA. Interestingly, a new
peak assigned to the C–F stretching vibration at 1,147 cm�1 was observed
after binding with PFHxA, PFOA, PFNA, and PFOS, which further
confirmed the PFAAs–DNA binding interaction (Fig. 4b). These results
indicate that chain-like PFAAmolecules could be inserted into the B-DNA
structure and undergo binding interaction, with the most probable
binding sites being regions of B-DNA that are rich in AT base pairs. In the
presence of DNA, DNase I, and PFAAs, the thymine peak shift caused by
the binding of PFAAs to DNA was not affected, although DNase I con-
cealed some DNA functional groups, e.g., the peak at 1,693 cm�1 dis-
appeared (Fig. 4b). This indicates that DNase I does not affect DNA–PFAA
binding, and that conversely, such binding may be beneficial to DNA
degradation by DNase I due to loosening of the DNA structure.

The binding of organic pollutants with DNA occurs mainly in the
noncovalent binding mode, driven by weak interactions such as van der
Waals forces, hydrophobic interactions, hydrogen bonds, and electro-
static interactions. Noncovalent binding of organic pollutants to DNA
can be divided into three specific modes: intercalation, groove binding,
and electrostatic interaction [47]. UV–vis spectroscopy is commonly
used to explore the binding mode between organic pollutants and DNA
[47,48]. When organic pollutants bind to DNA via intercalation, they
expose more DNA bases, leading to increased absorbance by DNA and a
hyperchromic effect [48]. By contrast, groove binding can be identified
based on a hypochromic effect accompanied by no or a minor red shift
in the UV–vis peak of DNA [49]. Fig. S12 displays the UV–vis spectra of
DNA after binding with PFAAs. The characteristic peak at 260 nm
assigned to the π–π* transition of DNA base pairs was clearly observed.
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The DNA absorbance at 260 nm decreased with the PFAAs concentra-
tions increased from 0 to 1 mg/L. This result indicated that the
PFAA–DNA binding interaction was in groove binding mode. As
Hoechst is a non-intercalating fluorescent dye, the quenching of
Hoechst-labeled DNA caused by PFAAs further supported that
DNA–PFAA binding was groove binding rather than intercalation
(Fig. S8).

Weak interaction forces play an important role in gene regulation,
including transcription, replication, and other biological processes at the
molecular level [50]. At the same time, these forces are critical to regu-
lating the functions of biological macromolecules [51]. DFT calculations
[52] were conducted to clarify the weak interaction forces involved in
the binding interaction between PFAA and DNA. The formation of plump
green flakes in the interaction between PFAAs and 50-TpTp-30 &
50-ApAp-30 molecules (Fig. 5), indicated by orange arrows, illustrates the
van der Waals forces between PFAAs and 50-TpTp-30 & 50-ApAp-30 mol-
ecules. Moreover, small blue circle parts on top of the plump green flakes
suggest the formation of hydrogen bonds during DNA–PFAA binding
interactions. In addition, δginter/intra vs. sign(λ2)ρ scatter plots were pre-
sented to further quantify the intermolecular interaction between PFAAs
and 50-TpTp-30 & 50-ApAp-30 molecules. The large number of black points
at sign(λ2)ρ > 0 indicates a repulsive force between each PFAA and
50-TpTp-30 & 50-ApAp-30 molecules. The appearance of a small δginter/intra

peak at �0.04 suggests the formation of hydrogen bonds during
DNA–PFAA binding interactions. In addition, numerous points were
present in the range of sign(λ2)ρ < �0.04, demonstrating that van der
Waals forces. Thus, van der Waals forces and hydrogen bonds were major
binding forces.

Furthermore, the binding energies (ΔE), SAPT interaction energies,
and related parameters of DNA (TTAA base)–PFAA interactions were
analyzed based on the results of quantum chemistry calculations
(Tables S2–S4). The binding energies of TTAA–PFHxA, TTAA–PFOA,
TTAA–PFNA, and TTAA–PFOS calculated using the equation
(ΔE ¼ ETTAA-PFAAs � ETTAA � EPFAAs) were �1.090, �1.118, �1.137, and



Fig. 5. Gradient isosurface of the main section for complexes of 50-TpTp-30 & 50-
ApAp-30 with PFHxA (a), PFOA (b), PFNA (c), and PFOS (d), and plots of the
reduced density gradient (δginter/intra) vs. sign(λ2)ρ. The surfaces are colored on a
blue-green-red scale according to the magnitude and sign(λ2)ρ value, ranging
from �0.6 to þ0.2 a.u. The blue, green, and red colors indicate strong attractive
interactions, very weak interactions, and strong repulsive non-bonding overlap,
respectively. N, H, C, O, and F atoms are shown as blue, white, cyan, red, and
pink spheres, respectively.
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�1.257 eV, respectively (Table S2). These consistently negative binding
energies indicate that the binding interaction between TTAA and PFAAs
is an exothermic reaction; thus, the overall energy is reduced to get a
more stable state. SAPT analysis results (Table S3) showed that the total
interaction energy between DNA (TTAA bases) and PFHxA was
�76.634 kJ/mol, in which the electrostatic, exchange, induction, and
dispersion effects contributed �76.881, 134.365, �33.382, and
�100.286 kJ/mol, respectively. Thus, the main contributor to the
TTAA–PFHxA binding interaction regarding van der Waals forces was the
dispersion force, while electrostatic and induction effects were relatively
minor but not completely negligible. The same general result was
observed for PFOA, PFNA, and PFOS. The carbon chains appeared to
have minor effects on interaction energy, as comparable values were
obtained for all perfluorocarboxylic acids tested. Interestingly, sulfonic
acid-substituted PFOS (�106.182 kJ/mol) had lower interaction energy
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than carboxyl-substituted PFHxA (�76.634 kJ/mol), PFOA (�72.919 kJ/
mol), and PFNA (�77.697 kJ/mol). This result might be attributed to
PFOS having lower dipole moment, electron affinity, and electrophilicity
values than that of other PFAAs (Table S4). The effects of PFAA physi-
cochemical properties on DNA binding were generally consistent with
those on DNA degradation (Figs. 1 and 2), confirming that PFAAs could
facilitate DNA degradation through binding interactions.

Compared to previous studies regarding DNA degradation driven by
organic pollutants (mainly those with benzene rings or benzene-like
rings), this study reported the dose-dependent effects and mecha-
nisms of the typically chain-like ionic organic pollutants (PFAAs) on
enzymatic DNA degradation for the first time. This study also quanti-
tatively described the contributions of van der Waals force to the
PFAAs–DNA binding using SAPT analysis, clarifying the important role
of dispersion force in PFAAs–DNA binding. The findings of this study
showed that PFAAs could decrease base stacking and right-handed
helicity of DNA by binding to AT bases in a groove-binding mode via
dispersion force and hydrogen bonding, thus promoting DNA degra-
dation. Such a DNA degradation mechanism was quite different from
those in the previous reports, which gave insight into the DNA degra-
dation driven by organic pollutants, highlighting the significance of this
study (Table S5).

3.6. Global ecological risk of PFAAs

The fragment sizes after DNA degradation without addition of
PFAAs were the same with those added with 0.02 mg/L PFAAs, indi-
cating that 0.02 mg/L PFAAs had no effect on DNA degradation
(Fig. 1). When the concentration of PFAAs was more than 0.02 mg/L,
the degradation fragments of DNA started to be smaller than the
control (without PFAAs), indicating that �0.02 mg/L PFAAs could
induce DNA degradation. Interestingly, the reduction in DNA degra-
dation fragments was obviously greater when the concentration of
PFAAs was more than 0.5 mg/L, indicating that �0.5 mg/L PFAAs
strongly facilitated DNA degradation. Besides, another work reporting
the effects of chlorpyrifos and chlorpyrifos-methyl facilitated DNA
degradation also confirmed that 0.02 mg/L and 0.5 mg/L were two
thresholds that cause DNA degradation and strongly promoted DNA
degradation, respectively [25]. Accordingly, a crude criterion for
evaluating the molecular ecological risk of PFAAs based on their
concentration and resultant DNA degradation was developed, i.e., low
molecular ecological risk (<0.02 mg/L PFAAs), medium molecular
ecological risk (0.02–0.5 mg/L PFAAs), and high molecular ecological
risk (>0.5 mg/L PFAAs). Using the above ecological risk assessment
criterion, we analyzed the risk levels of PFAAs at 93,815 collected data
points distributed in global surface waters and groundwater [53]. The
results showed that the PFAA contamination in 527 points showed
medium and high molecular ecological risk, although such contami-
nation in all the other points presented a low molecular ecological
risk. To be specific, 30 samples in USA (17), Canada (9), and China
(4) were of high ecological risk; and 497 samples in USA (355), China
(95), Canada (17), Australia (4), Czech Republic (3), Germany (1),
Japan (4), Malaysia (11), Spain (1), and Sweden (6) were of medium
ecological risk (Fig. 6 and Fig. S13). The results presented the po-
tential ecological risk of PFAA contamination and warranted further
and in-depth studies on the ecological risks of PFAA contamination,
especially in highly contaminated areas, such as the USA, Canada, and
China. These results can provide a reference for the research meth-
odology of other emerging pollutants, since eDNA degradation is
considered an important method for evaluating the effects of chemical
contamination [19]. Considering the dose effects of the pollutants on
the DNA degradation varied among their structures and properties, the
criterion of the ecological risk based on the DNA degradation should
be pollutant-dependent.



Fig. 6. Global ecological risk of PFAAs distributed in global surface waters and groundwater. The blue-filled sections of the world map indicate the inspection quantity
for each country. Yellow and red represent the number of medium and high-risk points, respectively.
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4. Conclusions

The findings from this work confirm that eDNA degradation is facil-
itated by PFAA binding. Such binding happens between PFAAs and DNA
rather than between PFAAs and DNase I (protein), despite PFAAs being
considered proteophilic compounds. PFAAs can bind to sequences rich in
AT base pairs in the minor groove of eDNA through van der Waals forces
(particularly dispersion force) and hydrogen bonds. Such binding can
lead to reductions in eDNA base stacking and right-handed helicity,
exposing more interaction sites to degrading enzymes and thereby
enhancing DNA degradation. The global ecological risk evaluation results
indicated that PFAA contamination could cause medium and high mo-
lecular ecological risk in some highly contaminated countries, such as the
USA, Canada, and China, highlighting the significance of PFAA–DNA
binding and its profound molecular ecological effects.
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