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ABSTRACT

The eukaryotic replisome must faithfully replicate
DNA and cope with replication fork blocks and
stalling, while simultaneously promoting sister chro-
matid cohesion. Ctf18-RFC is an alternative PCNA
loader that links all these processes together by
an unknown mechanism. Here, we use integrative
structural biology combined with yeast genetics and
biochemistry to highlight the specific functions that
Ctf18-RFC plays within the leading strand machin-
ery via an interaction with the catalytic domain of
DNA Pol �. We show that a large and unusually flex-
ible interface enables this interaction to occur con-
stitutively throughout the cell cycle and regardless
of whether forks are replicating or stalled. We reveal
that, by being anchored to the leading strand poly-
merase, Ctf18-RFC can rapidly signal fork stalling
to activate the S phase checkpoint. Moreover, we
demonstrate that, independently of checkpoint sig-
naling or chromosome cohesion, Ctf18-RFC func-
tions in parallel to Chl1 and Mrc1 to protect repli-
cation forks and cell viability.

INTRODUCTION

The faithful maintenance of genetic information is essen-
tial for cell viability and regulated proliferation; strikingly,
defects in chromosome duplication and segregation are a
powerful source of genomic instability and a hallmark of
cell transformation (1). DNA duplication depends on a
complex machine, the replisome, which contains the DNA
helicase CMG (Cdc45-Mcm2-7-GINS) that unwinds the
parental DNA (2–4), and three DNA polymerases, namely

DNA Pol ε, � and �, the first required for the synthesis
of the majority the leading strand and the latters for ini-
tial DNA synthesis following origin firing and the synthe-
sis of the lagging strand (5,6). Both Pol ε and � are proces-
sive DNA polymerases that interact with the PCNA sliding
clamp (7). In addition, the replisome includes several other
proteins, which provide both physical and functional coor-
dination and regulation of DNA unwinding and DNA syn-
thesis, such as, Ctf4 (8–10) and Mrc1 (11–13).

During S phase, however, eukaryotic cells must not only
faithfully duplicate their DNA, but also promote the as-
sociation of the resulting sister chromatids, which must be
kept together until the metaphase to anaphase transition.
Moreover, replication forks must cope with DNA damage
and stalling and promote the recruitment and activation
of protein kinases, in a pathway called the S phase check-
point (14). Therefore, chromosome maintenance requires
that DNA synthesis, chromosome cohesion establishment
and the ability to activate the S phase checkpoint must oc-
cur simultaneously at the replication fork. Strikingly, dele-
tions of a single component of the replisome often can cause
considerable defects in DNA synthesis, in chromosome co-
hesion (15) and activation of the S phase checkpoint kinase
Rad53 in response to fork stalling (16,17), thus highlight-
ing how DNA synthesis is closely intertwined with other
processes necessary for the maintenance of genome stabil-
ity. The replicative factor Ctf18–Dcc1–Ctf8–Rfc2-5 com-
plex (Ctf18-RFC) exemplifies these overlapping functions
at forks.

Ctf18-RFC belongs to the RFC family of AAA+ AT-
Pase clamp loaders, which are involved in the loading and
unloading of clamps onto dsDNA (18,19). In vitro analy-
ses have shown that Ctf18-RFC loads PCNA, albeit with
lower efficiency than the essential PCNA-loader RFC1 (18).
In addition, Ctf18-RFC shows an ATP-dependent PCNA
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unloading activity (18), although it is still not understood
whether this unloading occurs in vivo (20). Importantly,
Ctf18-RFC localizes at replication forks during S phase and
it is required for chromosome cohesion (20,21). Mutants
of each subunit show defects in cohesion and chromosome
maintenance, decreased levels of Smc3 acetylation, and syn-
thetic lethality in combination with replisome mutants de-
fective in chromosome cohesion such as CTF4 or CHL1
(15,22–24). Moreover, Ctf18-RFC is required, together with
Mrc1, for the activation of the S phase checkpoint (25,26).
In ctf18Δ cells, checkpoint activation in response to fork
stalling following HU treatment is delayed and depends on
the DNA damage checkpoint mediators Rad9 and Rad24
(26).

Compared to other clamp loaders, Ctf18-RFC contains
two additional subunits, Ctf8 and Dcc1, which bind to the
C-terminus of Ctf18 to form the Ctf18-1-8 module (18).
This module is separated from the RFC catalytic module
by a large predicted unstructured linker (Figure 1A). The
Ctf18-1-8 module comprises a triple-barrel domain (TBD)
formed from all three proteins and a winged helix hook
(WHH), composed of a series of winged-helix domains in
the C-terminus of Dcc1 resembling a hook (27,28). Mu-
tations in Ctf18 that disrupt formation of this Ctf18-1-8
module result in similar but not identical phenotypes as en-
tire deletions of Ctf18 (29,30), suggesting that this module
is critical for at least some of the specialized functions of
Ctf18-RFC. It has been shown that the Ctf18-1-8 module
binds the N-terminal catalytic domain of Pol2 (30,31), the
largest subunit of the leading strand Pol ε, and that this in-
teraction increases the clamp loader activity of Ctf18-RFC
(32). The Pol2 catalytic domain (Pol2CAT) is connected by
an unstructured linker to the remaining parts of Pol ε, which
form an integral part of the CMGE (CMG-Pol ε) core repli-
some complex (Figure 1A) (33,34). It was recently shown
that the last winged helix domain, WH3, of Dcc1 assumes
a dual function: it can transiently interact with either DNA
or a minimal construct of Pol2 (27). However, despite a
triple amino acid mutation within the WH3 domain that
completely abolishes both interactions in vitro, surprisingly,
deletion of WH3 in vivo only causes a small loss of Ctf18-
RFC from replicating forks, while a cohesion defect is only
seen when both WH2 and WH3 are deleted (28). Thus, it re-
mains unclear what the Ctf18-1-8 module is targeting Ctf18-
RFC to and under which conditions this occurs.

To resolve these ambiguities, we have examined the in-
teraction between Ctf18-1-8 and the entire catalytic do-
main of Pol2 using a combination of structural biology and
yeast genetics. We show that the interaction has a nanomo-
lar affinity, does not interfere with the polymerase func-
tions of Pol2CAT, and occurs constitutively throughout the
cell cycle, which together strongly suggests that Ctf18-RFC
forms a stable part of the replisome leading strand machin-
ery. Furthermore, we have solved the cryo-EM structure
of this complex, which reveals a remarkably flexible inter-
face that permits high-affinity binding of Ctf18-1-8 to dif-
ferent conformational states of Pol2CAT. Importantly, our
structure has enabled us to identify residues that, when mu-
tated, specifically abrogate the interaction between Ctf18-1-
8 and Pol2 in vivo, both in yeast and human cells, allowing

us to dissect the role of the Ctf18-RFC/Pol ε interaction.
We show that an intact leading strand polymerase/clamp
loader complex is essential for the replication stress check-
point, but not cohesion establishment. This separation of
function permits us to resolve the cohesion-independent
roles of Ctf18-RFC, Mrc1 and Chl1 in DNA replication.

MATERIALS AND METHODS

Molecular biology

Exonuclease-deficient Pol2 (D290A/E292A) (35) was
used for in vitro experiments to simplify assays involv-
ing DNA. pETM14-POL2(1–1192)exo was generated
by restriction cloning by amplifying POL2 from a full-
length POL2exo plasmid (gift from Erik Johansson)
using primers 5′-CAAGAGGAGCTCGGGGACAAG
TATATGATGTTTGGC-3′ and 5′-CAAGAGCTC
GAGTTACTTAAACTTATCCTCCTTTGTAGCG-3′,
mixing with stop-codon deleted pETM14 (EMBL), di-
gesting with SacI and XhoI and ligating. The Ctf18
VRK mutation was generated by two sequential
blunt-end mutagenesis reactions, first with primers
5′-CGCAGGAAAAATGTGACTTGGAATAACCTG-3′
and 5′-AGCGTTAGAGAACCCCTCATTGTATTT
CAC-3′ to generate Ctf18 V730R, and then primers
5′-GCAAATGTGACTTGGAATAACCTGTGGG-3′
and 5′-CGCGCGAGCGTTAGAGAACCCCTC-3′ to
generate Ctf18 V730R/R731A/K732A. POLE1 cDNA
sequence obtained from TransOMIC Technologies was
incorporated as a restriction fragment into pEGFP-C1
(KpnI + XbaI) and pEGFP-N1 (KpnI + AgeI). Mu-
tations were generated by fusion PCR and inserted in
linearized plasmids (SalI-SrfI) using NEBuilder® HiFi
DNA Assembly (New England BioLabs). Generation of
the plasmids used for Yeast-Two-Hybrids were generated
as in (30).

DNA substrates

The P1P2 substrate (36) was generated by mixing oligonu-
cleotides P1, 5′-TAACCGCGTTC-3′, and P2, 5′-CTCTT
GAACGCGGTTA-3′, heating to 95◦C and slow cooling to
4◦C. For gel based assays and cryo-EM, P1* with a 5′ Cy3
fluorescent label was used for the annealing reaction. All
oligonucleotides were purchased from Sigma-Aldrich.

Protein purification

Ctf18-1-8 and Pol2(1–528) expression and purification
were performed exactly as described previously (27). For
Pol2CAT, pETM14-POL2(1–1192)exo was transformed into
BL21(DE3)Star (Novagen) cells and grown in media sup-
plemented with 50 �g/ml kanamycin. Large terrific broth
expression cultures were inoculated 1 in 100 with an
overnight start culture and grown at 30◦C with shaking at
200 rpm until they reached an A600 of 0.5. The tempera-
ture was reduced to 17◦C, and cultures were induced with
0.4 mM IPTG overnight, followed by harvesting using cen-
trifugation, and storage of bacterial pellets at –80◦C until
use. Thawed pellets were resuspended in 50 mM Tris–HCl
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Figure 1. Cryo-EM structure of the Pol2CAT/Ctf18-1-8 complex. (A) Domain architecture and molecular context of Pol2 and Ctf18-RFC. CMGE refers
to the Cdc45-Mcm2-7-GINS helicase in complex with the non-catalytic subunits of Pol ε. TBD – triple barrel domain, WHH – winged helix hook, NTD –
N-terminal domain, F – fingers subdomain, C – C-terminal domain. (B) The left panel shows a sharpened cryo-EM map of the complex colored by Ctf18-
1-8 subunit as in panel A and Pol2CAT subdomain, with Pol2NTD in magenta, Pol2PALM in gray, Pol2EXO in salmon, Pol2FINGERS in yellow and Pol2THUMB
in brown. The right panel shows the refined model of the complex in cartoon representation with the iron-sulfur cluster as spheres. (C) Superposition by
Pol2NTD–Pol2EXO of the cryo-EM structure (colored as in panel B) and the Pol2(1-528)/Ctf18-1-8 crystal structure (pdb: 5oki) shown entirely in red. (D)
ITC experiment showing titration of 170 �M Ctf18-1-8 into 25 �M Pol2CAT in the presence of 50 �M P1P2. (E) The three interaction patches are shown
on the opened surface of the complex as yellow dashed areas. The electrostatic surface was calculated using APBS (80) and shown as a gradient from –4
kT/e (red) to +4 kT/e (blue).

pH 8.0, 500 mM NaCl, 1 mM TCEP, 10 mM imidazole,
one EDTA-free protease inhibitor tablet/50 ml (Roche),
and 30 U/ml DNase I. Lysis was performed by two pas-
sages through a Microfluidics M-110P microfluidizer at 150
MPa. The lysate was cleared by centrifugation for 1 hour
at 60 000 × g and then loaded on a 5 ml Histrap FF col-
umn (GE Healthcare) equilibrated in 50 mM Tris–HCl pH
8.0, 500 mM NaCl, 1 mM TCEP, using an Akta Purifier
FPLC system. The column was then washed with 16 column
volumes of 25 mM imidazole in the same buffer, and then
eluted with a 10 column volume gradient of 25–250 mM
imidazole. Protein-containing fractions were then concen-
trated by microfiltration before loading on a Superdex 200
26/60 prepgrade column (GE Healthcare) column that had
been equilibrated in 20 mM HEPES pH 7.5, 160 mM NaCl,
1 mM TCEP. Pol2CAT containing fractions were diluted 1 in
4 into 40 mM Tris pH 8.0, 160 mM NaCl, 1 mM TCEP, and
then loaded on a MonoQ 10/100 GL column (GE Health-
care) equilibrated in 25 mM Tris pH 8.0, 160 mM NaCl, 1
mM TCEP. The protein was eluted with a 180 to 580 mM
NaCl gradient over 18 column volumes. Fractions contain-

ing Pol2CAT were then concentrated and buffer-exchanged
into 20 mM HEPES pH 7.5, 160 mM NaCl, 1 mM TCEP
using a spin concentrator and stored at −80◦C. The protein
concentration was initially estimated by the A280 absorp-
tion using a calculated extinction coefficient ε280 of 153 450
M−1 cm−1.

Crystallization

Pol2(1–528) and Ctf18-1-8 were mixed at a 1:1 ratio and pu-
rified by size-exclusion chromatography using a Superdex
200 10/300 gl column (GE Healthcare) as described pre-
viously. Crystallization trials were performed with a Hon-
eybee fluid transfer robot using the sitting drop vapor-
diffusion method with 0.3 �l of protein mixed with 0.3 �l
of mother liquor. Drops were incubated at 20◦C and equili-
brated against 40 �l mother liquor. The Pol2(1–528)/Ctf18-
1-8 complex was crystallized at 5 mg/ml and mixed with
a precipitant solution containing 0.2 M NaCl, 14% PEG
20 000, 0.1 M HEPES pH 7.0. Crystals were cryo-protected
in the same solution with 25% ethylene glycol additional.
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X-ray data collection, structure solution and refinement

X-ray data were collected at 1.0332 Å at DESY beamline
P13. The data were integrated, scaled and merged using
XDS (37) followed by Aimless (38). The structure was
solved by sequential molecular replacement using Phaser
(39) and fragments of pdb 5oki as a model. First, we
searched for two copies of Pol2(1–528) with all possible
screw axes. This was successful with a TFZ score of 15.9.
This revealed the correct space group as P3221. Extra
density was visible which corresponded approximately to
the position of Dcc1 WH2-3 in the C2221 crystal form,
and so these were manually docked into both copies and
rigid fitted in Coot (40) and then refined using Phenix
Refine (41). A new round of molecular replacement was
performed searching for this entire model and one copy
of Ctf18-1-8 TBD-WHL-WH1. Following this, the second
copy of Ctf18-1-8 TBD-WHL-WH1 was then docked
using non-crystallographic symmetry. After linking the
fragmented structure, the model was refined using Phenix
Refine (41), with reference restraints from the high res-
olution structures, secondary structure restraints, NCS
restraints and group B factors. Coot (40) was used to rigid
body fit loops and delete parts not present in the density.
Refinement resulted in Rwork/Rfree values of 27.5/33.3%
with 95.0% Ramanchandran favored residues, and
0.35% outliers.

Cryo-EM sample and grid preparation and data collection

Samples were prepared both in the presence and absence
of the P1P2* substrate. Regardless of sample preparation,
the only well-resolved classes that could be refined from the
data were the non-DNA bound forms (Supplementary Fig-
ure S3E–F). Presumably, the DNA-bound form was present
in the sample as clear from the retention of fluorescence af-
ter desalting, but this form may have been too conforma-
tionally heterogeneous to be refined. Only the sample pre-
pared in the presence of DNA is discussed as the grids and
resulting structure were of much higher quality, due to less
grid contamination.

2 �M Ctf18-1-8, Pol2CAT and P1P2* in buffer 20 mM
HEPES pH 7.5, 160 mM NaCl, 1 mM TCEP were incu-
bated on ice for half an hour and then applied on top of
a 4 ml 10 to 30% (w/v) sucrose density gradient contain-
ing 0.15% (v/v) EM grade glutaraldehyde (EMS). The den-
sity gradient was prepared using a Biocomp Gradient Mas-
ter™ according to the Grafix steps (42). This was then cen-
trifuged in a SW60-Ti rotor for 18 h at 45 000 rpm and
4◦C. Fractions were removed with a pipette and analyzed
by SDS-PAGE. Fractions containing a ∼200 kDa complex
with no additional aggregate were first examined by nega-
tive stain EM for particle homogeneity. The best fraction
was desalted into buffer containing 20 mM HEPES pH
7.5, 100 mM NaCl, 1 mM TCEP to remove sucrose. 4 �l
of sample (∼0.1 mg/ml) was applied to a glow-discharged
R 1.2/1.3 Cu 400 Quantifoil grid, blotted for 3 s, force 10
under 100% humidity and vitrified by plunging into liquid
ethane using a VitroBot Mark IV (Thermo Fisher). Data
were collected using a Thermo Fisher Titan Krios G3 mi-
croscope operating at 300 kV with a Falcon IIIEC detector
in counting mode. The nominal magnification was 75000

with calibrated pixel size of 1.0635 Å/pix. Defocus values
range from –1.4 to –2.6 �m. 2205 micrographs were col-
lected, each comprising of a 47-frame movie with 75 s ex-
posure and accumulated dose of 60 e/Å2.

Cryo-EM image processing and model building

Motion correction and dose-weighting was performed on
the fly during data collection using MotionCor2 (43). Ini-
tial processing of the summed micrographs was performed
in cisTEM (44). Gaussian blob picked particles were sub-
jected to 2D classification and the best classes used to recon-
struct an ab initio 3D model which showed clear secondary
structure. However, the initial map could not be improved
without overfitting noise. Therefore, we continued process-
ing with Relion 3.0 beta (Supplementary Figure S2) (45).
After CTF estimation with CTFFIND-4.1 (46), ∼1000 par-
ticles were manually picked and subjected to reference-free
2D classification. Three classes with approximately the cor-
rect dimensions were chosen as templates for auto-picking,
which found 1 240 576 particles. These were extracted with
a box size of 290 pixels and downscaled to 64 pixels. All
following steps except the final refinement were performed
with a 150 Å circular mask. Three rounds of reference-free
2D classification were used to remove ice and other con-
taminants, resulting in 903 024 protein particles. 3D classi-
fication was performed using the initial model from cisTEM
lowpass-filtered to 60 Å as a reference. The 311 977 particles
from good classes were reextracted in their original pixel
size and could be refined to 4.5 Å resolution after masking.
They were then subjected to another round of 3D classifica-
tion into 5 classes, with the angular sampling and then local
angular sampling increased successively throughout classi-
fication. One class had no particles. The best class (‘Class
1’) was refined and reached 4.3 Å resolution after masking,
and was re-refined using this mask to increase alignment ac-
curacy. The final resolution as judged by an FSC of 0.143
was 4.2 Å. Sharpening was performed with a fitted negative
B-factor of –143 Å2 and the map was filtered to 4.2 Å. Lo-
cal resolution analysis was performed with ResMap (47). To
obtain the second class, the best two classes from the second
round of classification were subjected to a third round of 3D
classification with alignment into 8 classes. Four of these
classes were low quality, while two classes strongly resem-
bled ‘Class 1’. The remaining two had a distinct positioning
of Ctf18-1-8. The best of these (‘Class 2’) was subjected to a
single refinement using a circular mask, and after masking
had a resolution of 5.8 Å judged by an FSC of 0.143. The
map was sharpened with a B factor of -156 Å2 and filtered
to 5.8 Å. Modelling and refinement were performed using
the sharpened maps. Models from a combination of pdb
4m8o, pdb 5okc and pdb 5oki were docked into the highest
resolution map using UCSF Chimera (48), and subjected
to multiple rounds of building and refinement using Coot
(40) and Phenix Real Space Refine (41). The 4Fe4S clus-
ter was modelled using pdb 6h1v (49). Secondary structure
and reference model restraints (from pdb: 4m8o and 5okc)
were used throughout. For Class 2, the model from Class
1 was docked into the density using UCSF Chimera (48)
and subjected to 25 cycles of refinement with Phenix Real
Space Refine (41). Structural figures were made using either
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the PyMol Molecular Graphics System or UCSF Chimera
(48).

Isothermal titration calorimetry

ITC experiments were performed at 25◦C using a MicroCal
iTC200 in 20 mM HEPES pH 7.5, 160 mM NaCl, 1 mM
TCEP, with a stirring speed of 1000 rpm and a reference
power of 11 cal/s. Control experiments were performed to
ensure that sample dilution did not cause systematic devi-
ation from a flat baseline in the presence and absence of
50 �M P1P2. Integrated values obtained with OriginPro
(OriginLab) were fit to a 1:1 hetero-association model using
SEDPHAT (50). Errors in the protein concentration deter-
mination were accounted for by including a value for the in-
competent fraction of Pol2CAT based on the clear mid-point
of the titration. Titrations were replicated with separate pro-
tein preparations.

Gel-based polymerase activity and DNA binding assays

All gels containing Cy3-labelled DNA were scanned with
a Pharos FX fluorescence imaging system (Biorad) us-
ing excitation/emission wavelengths of 532/605 nm. All in
vitro gel-based experiments were replicated with a sepa-
rate biological protein preparation. The concentration of
Pol2CAT was corrected for the inactive fraction observed in
ITC. Polymerase primer extension assays were performed in
buffer 25 mM HEPES pH 7.5, 60 mM KCl, 8 mM MgOAc,
0.1 mM dNTPs, 0.1 mg/ml BSA, 10% glycerol, 1 mM TCEP
and used 100 nM substrate P1P2*. The reaction was initi-
ated by adding the indicated concentration of Pol2CAT or a
Pol2CAT/Ctf18-1-8 mixture, and incubated at room temper-
ature for 5 min. The reaction was quenched by 1:1 addition
of SDS, EDTA and the sample was denatured by incuba-
tion at 99◦C for 2 min and immediate transfer to ice for one
minute. The samples were immediately loaded on a 7 M urea
Tris-acetate–EDTA 15% polyacrylamide gel and run at 70
V at room temperature and then imaged. EMSAs were per-
formed in buffer 25 mM HEPES pH 7.5, 60 mM KCl, 10%
glycerol, 1 mM TCEP and used 50 nM substrate P1P2*. The
indicated protein concentrations were added and the sam-
ples incubated on ice for 20 min. Samples were then loaded
on a pre-run 6% Tris-glycine polyacrylamide gel and run at
70 V at 4◦C and then imaged.

Yeast strains and cell growth

Budding yeast Saccharomyces cerevisiae strains used are in
the Yeast Strains List (Supplementary Table S3). All strains
were derived from W303-1a, containing the alleles: ade2-
1, ura3-1, his3-11,15 trp1-1, leu2-3,112, rad5-535, can1-100.
Yeast was grown in YP medium supplemented with either
glucose (YPD), galactose (YPGAL) or raffinose (YPRAF)
to a final concentration of 2% (w/v). When grown on solid
media, a final agar concentration of 1% (w/v) was used.
Temperatures of 24, 30, 35 and 37◦C were used for growth,
based on viability or experimental design. For cell cycle ex-
periments, cultures were diluted from an initial inoculum to
give a final cell density of 0.3–0.4 × 107 cells/ml in the re-
quired volume. Cells were then grown until they reached a

cell density of 0.7–0.8 × 107 cells/ml. To arrest cells in G1
�-factor was added at 7.5 �g/ml final concentration, after
90 min α-factor was added every 30 min at 3.25 �g/ml final
concentration to maintain cells in G1.

In experiments utilizing galactose-inducible protein ex-
pression, cells were inoculated overnight in YPRAF and ar-
rested in G1 in YPRAF for 3 h, before being switched to
YPGAL for 40 min in the presence of α-factor. To release
from α-factor arrest, cells were washed two times using fresh
medium lacking α-factor. Cultures were then resuspended
in YPD or in medium containing 0.2 M HU. For protein
samples analysis, 10 ml cultures were collected, resuspended
in 20% TCA, and treated as in (51).

For cell spotting experiments, strains were streaked from
glycerol storage suspensions at –80◦C onto YPD agar plates
and incubated at 24◦C until colonies were sufficiently large.
Four to six colonies were then re-suspended in 1 ml of sterile
water and diluted to create concentrations of 0.5 × 106, 0.5
× 105, 0.5 × 104 and 0.5 × 103 cells/ml in sterile water. 10
�l of each dilution was spotted in line onto square plates of
YPD and YPD containing selective compounds HU, MMS,
Bleomycin or Benomyl. Plates were then left to grow at the
desired temperature for up to five days and scanned every
24 hours. Yeast-Two-Hybrids experiments were conducted
as previously reported (30).

Hela cells were grown in DMEM medium supplemented
10% FBS at 37◦C in humid atmosphere with 5% CO2.
POLE1 variants fused to GFP were transiently transfected
using GeneJuice Transfection Reagent (Novagene, cat. no.
70967-5) according to the manufacturer protocol. Cells
were harvested 48 h after transfection and processed into
IP. All plasmids used in human and yeast cells are shown in
Supplementary Table S4.

Generation of yeast mutants

Gene deletions and tagging were made by one step PCR
transformation in diploid cells, followed by sporulation and
tetrad dissection as in (52,53). The allele pol2-5A (pol2
E330A, D331A, E333A, D334A, E336A) and pol2-m170
(I170G, K172A, E173A, D174A, L175A, M177G, N179A,
H180A, L181G) were generated by first substituting the se-
quence 1–1188 of POL2 ORF with the URA3 gene. Cells
were then transformed with a construct generated by fu-
sion PCR containing Kluyveromyces lactis TRP1 gene, the
promoter of POL2 (372bp upstream of the ORF) and
POL2 1-1188 ORF, each construct carrying the relevant
mutations. The fragment was inserted at the sites –50 bp
from the START codon, thus duplicating the promoter re-
gion. Cells were transformed and selected, firstly in –TRP
medium and then for the loss of the URA3 marker. For se-
lection of ura3 cells, 5-Fluoroorotic acid (5-FOA; F5001,
Melford Laboratories) was added to a final concentration
of 1% (w/v) in SC medium. Positive clones were analysed
by PCR, immunoblotting and sequencing, before sporula-
tion and tetrad dissection. The allele ctf18-V730R, ctf18-
3A (V730R, R731A, K732A), dcc1-3A (K364A, R367A,
R380A), dcc1WH3 (1-318) were generated by a modified
version of one step PCR transformation. The alleles were
generated by fusion PCR using a strategy similar to C-
terminal tagging, but keeping the stop codon at the end of
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the ORF so to avoid introducing any tag at the end of the
protein. Positive clones were analysed by PCR and sequenc-
ing. All primers and plasmids sequences will be provided on
request.

Harvesting yeast cells for IP

Yeast cultures were washed with cold 4◦C 20 mM HEPES–
KOH pH 7.9, followed by a wash with 100 mM HEPES–
KOH pH 7.9, 100 mM KOAc, 10 mM MgOAc, 2 mM
EDTA, again at 4◦C. After washing the pellet was sus-
pended in a fresh volume of the same solution, supple-
mented with 2 mM sodium beta-glycerophosphate (Fisher),
2 mM NaF (Fisher), 1 mM DTT, 1% (v/v) Sigma protease
inhibitor cocktail (for fungal and yeast extracts, Sigma)
and 0.24% (w/v) EDTA-free Complete Protease Inhibitor
Cocktail (Roche). Ratio of cell pellet mass to final mass of
suspension was either 1:3 (250 ml culture) or 4:1 (1 l cul-
ture). For 1 l cultures, inhibitor concentration was increased
to 8 mM sodium beta-glycerophosphate, 8 mM NaF, 1 mM
DTT, 4% (v/v) Sigma protease inhibitor cocktail (for fungal
and yeast extracts) and 0.48% (w/v) EDTA-free Complete
Protease Inhibitor Cocktail. Suspensions were snap-frozen
by pipetting drop-wise into liquid nitrogen.

For cross-linking experiments, formaldehyde was added
to the culture to a final concentration of 1%. Samples were
cross-linked for 15 min unless otherwise stated. Glycine was
added to a final concentration of 1.3 M and incubated for
five minutes to arrest cross-linking. Cells to be harvested
were washed with cold 20 mM HEPES–KOH pH 7.9, fol-
lowed by a wash with cold 50 mM HEPES–KOH pH 7.9,
140 mM NaCl, 1 mM EDTA. The pellet was then sus-
pended in a volume of the same solution (ratio 1:3) supple-
mented with 2 mM sodium beta-glycerophosphate, 2 mM
NaF, 1% (v/v) Sigma protease inhibitor cocktail (for fun-
gal and yeast extracts, Sigma) and 0.24% (w/v) EDTA-free
Complete Protease Inhibitor Cocktail.

Protein immunoprecipitation and protein analysis

All antibodies used are listed in Supplementary Table
S5. Cell extracts were generated using a 6870 FreezerMill
(SPEX SamplePrep). To 1 g of thawed lysate (taken to
be equivalent to 1 ml) a 1

4 volume of 50% (v/v) glycerol,
100 mM HEPES–KOH (pH 7.9), 100 mM KOAc, 50 mM
MgOAc, 0.5% Igepal CA-630 (Sigma), 2 mM EDTA sup-
plemented with 2 mM sodium beta-glycerophosphate, 2
mM NaF, 1 mM DTT, 1% (v/v) Sigma protease inhibitor
cocktail and 0.24% (w/v) EDTA-free Complete Protease
Inhibitor Cocktail buffer was added. This solution was
then incubated for 30 min with Pierce™ Universal Nucle-
ase for Cell Lysis (ThermoFisher) at 0.4 units/�l (for 250
ml culture samples) or 1.6 units/�l (for 1 l culture samples)
concentration at 4◦C on a rotating wheel. Samples were
then centrifuged step-wise at 18 700 g and then 126 600 g.
The remaining supernatant was incubated with antibody-
conjugated beads for 2 h. Beads were then washed three
times with a solution of 100 mM HEPES–KOH (pH 7.9),
100 mM KOAc, 50 mM MgOAc, 2 mM EDTA, 0.1%
(v/v) Igepal® CA-630, once with 2 mM sodium beta-
glycerophosphate, 2 mM NaF, 1 mM DTT, 1% (v/v) Sigma

protease inhibitor cocktail and 0.24% (w/v) EDTA-free
Complete Protease Inhibitor Cocktail. Samples were eluted
by boiling with Laemmli buffer.

For cross-linked samples, samples were treated as in (51).
Briefly, the thawed lysate was mixed with a volume 1

4 of it’s
weight of 50 mM HEPES–KOH pH 7.5, 140 mM NaCl,
5% Triton X-100, 0.5% Sodium deoxycholate, 1 mM EDTA
supplemented with 2 mM sodium beta-glycerophosphate,
2 mM NaF, 1% (v/v) Sigma protease inhibitor cocktail
and 0.24% (w/v) EDTA-free Complete Protease Inhibitor
Cocktail. Samples were then split into 500 �l aliquots and
sonicated using a Soniprep 150 Plus sonication probe for
seven cycles of 15 s at power setting five. Samples were then
spun in a microfuge at 13 200 rpm for 15 min at 4◦C. Su-
pernatants were incubated for 2 h at 4◦C with antibody-
conjugated beads.

Following incubation, beads were washed twice in 50 mM
HEPES–KOH pH 7.5, 140 mM NaCl, 1% Triton X-100,
0.1% sodium deoxycholate, 1 mM EDTA supplemented
with 2 mM sodium beta-glycerophosphate, 2 mM NaF, 1%
(v/v) Sigma protease inhibitor cocktail and 0.24% (w/v)
EDTA-free Complete Protease Inhibitor Cocktail, twice in
50 mM HEPES–KOH pH 7.5, 500 mM NaCl, 1% Triton
X-100, 0.1% sodium deoxycholate, 1 mM EDTA supple-
mented with 2 mM sodium beta-glycerophosphate, 2 mM
NaF, 1% (v/v) Sigma protease inhibitor cocktail and 0.24%
(w/v) EDTA-free Complete Protease Inhibitor Cocktail
and twice in 10 mM Tris–HCl pH 8.0, 250 mM LiCl, 0.5%
NP-40, 0.5% sodium deoxycholate, 1 mM EDTA. Finally,
beads were washed once with 1 ml of TE, resuspended in 50
mM Tris–HCl pH 8.0, 10 mM EDTA, 1% SDS and incu-
bated at 65◦C for 10 min. Following this, the supernatant
and cell extracts were boiled for 30 min with Laemmli
buffer.

Mass spectrometry analysis was conducted with the Pro-
teomics Research Technology Platform at the University of
Warwick.

GFP-IP protocol

HeLa cells harvested after 48 h since transient transfec-
tion were washed twice in cold PBS and resuspended in
1 ml of cold lysis buffer (50 mM HEPES–KOH pH 7.5,
100 mM KAc, 1mM MgOAc, 0.1% Igepal, 10% glycerol)
supplemented with 100 U/ml of Pierce Universal Nuclease
(Thermo Scientific, cat no. 88702), 2× Protease inhibitors
(Roche, cat no. 04693159001) and 1 mM DTT. Cells were
lysed for 1 h on a rotation wheel at 4◦C and spun for
20 min at 14 000 × g at 4◦C. Supernatant was collected
in a fresh tube and 50 ul of each input sample was put
aside and mixed with Laemmli buffer. 25 �l of GFP TrapA
slurry beads (Chromotek) were added to the rest of the pro-
tein extracts and incubated for another 2 h on a rotation
wheel in the cold room. Then samples were gently spun and
beads underwent three washes in the washing buffer (ly-
sis buffer without nuclease). Proteins bound to the beads
were washed out with 2× Laemmli buffer, each for 5 min
at 75◦C with shaking. Samples were then run for western
blot (WB).
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Western blots

Protein samples were run on polyacrylamide gels and trans-
ferred onto nitrocellulose membrane. The bands were then
probed with the appropriate primary antibody for 1 h in 5%
(w/v) milk in TBS-T. Membranes were then washed three
times for 5 min in fresh TBS-T, incubated with the appro-
priate secondary antibody and washed again three times.
The membranes were then treated with Western blotting
reagents and the chemiluminescent signal was captured us-
ing films. Protein analysis of Pol epsilon and Ctf18-RFC
was performed twice by technical repeat.

Flow cytometry

Samples were collected and prepared as in (51). Cells were
analyzed using an LSRII flow cytometer and Cytoflow soft-
ware.

Microscopy

All experiments were independently conducted three times
(biological repeats); samples for mutants and wild type con-
trols strains were collected during the same experiment.
Samples for microscopy were incubated for ten minutes on
a rotating wheel at 24◦C with methanol-free formaldehyde
(final concentration of 8%). Samples were washed with 1
ml PBS and stored in PBS in the dark at 4◦C for up to 24
h. Samples were incubated with 1 �g/ml DAPI/PBS, im-
aged using a DeltaVision 2 microscope (Applied Precision
Instruments). Images were analyzed using ImageJ and the
number of foci were counted manually and, for the experi-
ments shown in Figure 5B, using a macro (Supplementary
Methods 1). The macro was validated by comparison with
manual counting.

RESULTS

Architecture of the Pol2CAT/Ctf18-1-8 complex

Previously, we showed that the yeast Ctf18-1-8 mod-
ule forms a relatively transient complex with a trun-
cated construct of the Pol ε catalytic domain, Pol2(1–
528) (Figure 1A), through the WH3 domain of Dcc1
(Dcc1WH3) and exonuclease domain of Pol2 (Pol2EXO)
(27). Although this minimal complex could be disrupted
in vitro by a structure-guided triple mutation, Dcc1
K364A/R376A/R380A (henceforth Dcc1-3A) (27), a new
crystal form of this complex revealed that this interface is
highly flexible (Supplementary Figure S1A, Table S2). We
therefore used cryo-EM to solve the structure of the Ctf18-
1-8 module in complex with the complete catalytic domain
of Pol2 (residues 1–1192, henceforth Pol2CAT) to 4.2 Å res-
olution (Supplementary Table S1, Figures S2 and S3). This
is the largest Pol ε/Ctf18-RFC complex that can be struc-
turally analyzed due to the large-scale flexibility of both Pol
ε and Ctf18-RFC (Figure 1A) (34,54).

Our structure reveals that the complete Ctf18-1-
8/Pol2CAT complex has a large interface (Figure 1B)
burying an area of 1363 Å2

, which is more than double
the 612 Å2 area buried in the minimal complex. Dcc1WH3
interacts with Pol2EXO as previously observed, but this

interface is now further stabilized by the Pol2 fingers
subdomain (Pol2FINGERS). Furthermore, entirely new
interactions are formed by the Ctf18-1-8 triple-barrel
domain (TBD), which has rotated towards the polymerase
(Figure 1C) to interact with Pol2EXO and the Pol2 thumb
(Pol2THUMB) subdomain in two discontinuous interaction
patches (Supplementary Figure S1B). The large interface
suggested that this might be a stable interaction, and so
we measured the affinity between Ctf18-1-8 and Pol2CAT
by isothermal titration calorimetry. This showed that
Ctf18-1-8 forms a tight complex with Pol2CAT with a KD
of 40 nM (Figure 1D), approximately 30-fold stronger than
the 1.3 �M KD measured for the truncated Pol2(1–528)
construct (27).

Unlike the Dcc1WH3-Pol2EXO and TBD-Pol2THUMB inter-
faces, which are mostly electrostatic in nature (Figure 1E)
and show few specific interactions, the TBD-Pol2EXO patch
is well-ordered and displays hydrophobic and backbone in-
teractions involving highly-conserved amino acids (Figure
2A). This interface centers on an extension of the Pol2EXO
beta-sheet into the upper beta-barrel of Ctf18-1-8, via a
beta-strand formed by the conserved 730V(R/K)(R/K)732

motif in Ctf18, resulting in a distorted four-protein anti-
parallel beta-sheet (Figure 2A). This interaction is fur-
ther stabilized by the burying of Ctf18 Val730 into a hy-
drophobic pocket in Pol2EXO formed by Phe335, Tyr337
and Val475 (Figure 2A). To test the importance of this in-
terface for stabilizing the complex, we generated a Ctf18
V730R/R731A/K732A variant (henceforth Ctf18-RAA).
In an EMSA supershift assay, wild-type Ctf18-1-8 saturated
Pol2CAT-DNA at the lowest tested concentration of 125 nM
(Figure 2B). Ctf18-1-8 alone weakly binds DNA (27,28),
but control experiments showed that this is not the cause of
any supershifted bands (Supplementary Figure S1F). The
Dcc1-3A and Ctf18-RAA variants showed a clear binding
defect. A variant combining both was completely disrupted
for Pol2CAT binding under the tested conditions (Figure
2B), validating the structure. Intriguingly, when the Ctf18-
RAA variant is titrated in excess, the amount of free DNA
increases. This is not direct competition between these two
binding partners for Pol2CAT, since the DNA–Pol2CAT–
Ctf18–RAA complex is still readily formed. Instead, Ctf18–
RAA, but not wild-type Ctf18-1-8, seems to allosterically
weaken the affinity of Pol2CAT for DNA.

Plasticity of the Pol2CAT/Ctf18-1-8 interaction

Comparing our DNA-free structure of Pol2CAT with the
crystal structure of the DNA- and nucleotide-trapped
Pol2CAT (36) shows movements of the Pol2THUMB, Pol2PALM
and Pol2FINGERS subdomains that are characteristic of
B-family DNA polymerases (Supplementary Figure S1C)
(55). As Ctf18-1-8 binds across multiple subdomains that
should move during DNA binding and catalysis, it might
be expected that the interaction inhibits the polymerase. Re-
markably, when we tested the basic polymerase activity of
Pol2CAT in a 5-nucleotide primer extension assay, the pres-
ence of Ctf18-1-8 had no effect on activity (Figure 3A). We
next analyzed DNA substrate engagement using an EMSA.
The weak DNA binding activity of Ctf18-1-8 alone is in-
hibited in the presence of Pol2 (27) and so would not affect
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Figure 2. The highly-conserved TBD-Pol2EXO interface stabilizes the Ctf18-1-8/Pol2CAT complex. (A) Molecular details of the TBD-Pol2EXO patch,
showing backbone interactions in the left panel, and selected sidechain interactions in the right panel, with coloring as in Figure 1B. Alignments were
performed in ClustalX2 (81) and displayed using ESPript 3.0 (82). Sc – Saccharomyces cerevisiae, Sp – Schizosaccharomyces pombe, Hs – Homo sapiens,
Dm – Drosophila melanogaster, At – Arabidopsis thaliana. (B) EMSA supershift assay using 50 nM P1P2, 125 nM Pol2CAT and 125, 250 and 500 nM of
the indicated Ctf18-1-8 variants.

Figure 3. Plasticity of the Ctf18-1-8/Pol2CAT interaction. (A) Primer extension assay of an 11 base primer with a 16 base template (P1P2) with increasing
Pol2CAT in a 2-fold dilution series from 0.09 nM to 3 nM in the left panel, and in the right panel a constant Pol2CAT concentration of 1 nM with no
Ctf18-1-8 in the second lane, and then a 2-fold dilution series of Ctf18-1-8 from 8 nM to 2 �M. (B) Interaction EMSAs using the P1P2 substrate, with a
2-fold dilution series from 0.125 to 2 �M of either Pol2CAT alone or a 1:1 Pol2CAT/Ctf18-1-8 complex. (C) A superposition of Class 1 (teal) and Class 2
(blue) by their Pol2NTD-EXO domains. Class 1 is Gaussian filtered to a similar resolution as Class 2 for clarity. (D-F) Superposition of the models from cryo-
EM classes 1 and 2, aligned by Pol2NTD-EXO. (D) Corresponding movements of Pol2THUMB and the TBD. (E) The TBD-Pol2EXO interface is unchanged
between Class 1 and Class 2. (F) Dcc1WH3 forms different interactions with Pol2EXO in each class. (G) Superposition of the Pol2(1–528)/Ctf18-1-8 crystal
structure and the two Pol2CAT/Ctf18-1-8 Cryo-EM classes, aligned by their Pol2NTD-EXO domains. The Pol2CAT surface is colored by charge with the same
parameters as Figure 1E and Dcc1WH3 is colored in yellow for the X-ray structure, teal for Class 1 and blue for Class 2.

this experiment. The EMSA showed identical DNA binding
properties for Pol2CAT and the Pol2CAT/Ctf18-1-8 complex
(Figure 3B). This suggests that, despite the large interface,
the interaction is unlikely to have a direct role in regulating
the behavior of the polymerase. We next asked the question
from the inverse perspective – would DNA engagement by
the polymerase affect the interaction between Ctf18-1-8 and
Pol2CAT? Strikingly, ITC showed a nearly identical KD for
the interaction in either the presence or absence of the poly-
merase substrate (Supplementary Figure S1D), suggesting
that the complex is stable independent of Pol2 function.

We next investigated the mechanism by which the large
interaction interface could adapt to the conformational
changes of Pol2CAT that would occur during DNA synthe-
sis. As we were unable to solve a DNA-bound structure of
the complex, we instead obtained clear insight into how the
interaction behaves in different Pol2CAT conformations by
refining a second lower-resolution (5.8 Å) cryo-EM class
(Class 2) (Figure 3C, Supplementary Table S1). In Class 2,
while the majority of Pol2CAT remains in the same position,
Pol2THUMB has undergone a small movement (Figure 3D).
To maintain simultaneous interaction at all three patches
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despite this movement, the entirety of Ctf18-1-8 has rotated
(Figure 3C–F). While the central highly specific interface is
unchanged (Figure 3E), the Dcc1WH3–Pol2EXO interaction
is completely altered (Figure 3F). This plasticity can be ex-
plained by the non-specific and electrostatic nature of this
interface. The crystal structures provide an extreme example
of this. Here, Dcc1WH3 has slid by 16 Å along the negatively
charged Pol2EXO surface (Figure 3G) and forms entirely dif-
ferent molecular interactions with it (Supplementary Figure
S1E). Although this conformation is presumably influenced
by crystal contacts, approximately the same interface is uti-
lized in two different crystal forms, suggesting it is a readily
accessible state in the conformational continuum. Thus, our
data show that the complex uses flexible electrostatic inter-
faces with low specificity that are readily adaptable to main-
tain tight complex formation in different conformational
states. It is possible that the Ctf18-RAA mutation disrupts
the intricate balance between different states resulting in the
allosteric behaviour seen in Figure 2B. Specifically, the non-
DNA bound conformation may be preferentially stabilized
in this case.

Ctf18-RFC is recruited to replication forks by Pol2

Our biochemical data highlight the molecular details of the
interaction between Pol2CAT and Ctf18-1-8, indicating that
they form a constitutive complex. Next, we tested if this
was true in the context of the replisome and replication
forks in cells. First, we wanted to understand whether the
interaction between Ctf18-RFC and Pol ε occurred in vivo
throughout the cell cycle or only at replication forks. To this
aim, synchronized cell cultures were treated with formalde-
hyde at different points of the cell cycle and Ctf18 was im-
munoprecipitated under stringent conditions. We observed
that the interaction was crosslinking-dependent (Supple-
mentary Figure S4A), thus excluding the possibility of ex
vivo binding. Interestingly, Ctf18-RFC and Pol ε interact
constitutively throughout the cell cycle, independently of
the presence of replication forks (Figure 4A). Next, we an-
alyzed whether the binding between Ctf18-RFC and Pol
ε depends on the interface described above. In addition
to the ctf18-RAA, ctf18 V730R and dcc1-3A mutants, we
also generated a DCC1 allele lacking the WH3 domain
(dcc1WH3Δ), as well as a POL2 mutant lacking the acidic
patch which binds Dcc1WH3 (27) (pol2 E330A, D331A,
E333A, D334A, E336A, henceforth referred as pol2-5A). Fi-
nally, we analyzed a mutant generated following a Yeast-
Two-Hybrid screen for conserved regions within Pol2CAT
(pol2-m170, see Supplementary Figure S4B, C). We per-
formed co-immunoprecipitation experiments of either Pol ε
(Dpb2-TAP) or Ctf18-RFC (Ctf18-TAP) and we observed
that most of the mutations, with the exception of dcc1-3A,
negatively affected complex formation (Figure 4B,C; Sup-
plementary Figure S4B,C). Since our biochemical analy-
sis indicated that multiple mutations are required to fully
disrupt the interaction between Pol2 and Ctf18-1-8 (Fig-
ure 2B), we combined ctf18-RAA either with pol2-5A or
dcc1WH3Δ. The double mutant strains were mildly sen-
sitive to drugs which induce fork stalling, i.e. the ribonu-
cleotide reductase inhibitor hydroxyurea (HU), the DNA
alkylating agent methyl methanesulphonate (MMS) and

dsDNA-break inducer bleomycin, albeit to a lower extent
than ctf18Δ (Figure 4D). To ensure that the mutations did
not affect the stability of the Ctf18-RFC complex itself, we
conducted a mass spectrometry analysis and observed no
difference in their composition (Figure 4E). To test whether
the loss of interaction between Ctf18-RFC and Pol ε leads
to the displacement of these complexes from forks, we anal-
ysed their association to Mcm3 during DNA replication
following cross-linking, thus maintaining transient protein-
protein or protein-DNA interactions. Strikingly, while Pol2
and PCNA binding to Mcm3 were not affected in the mu-
tant backgrounds, Ctf18-RFC was largely lost from replica-
tion forks (Figure 4F). The interaction between Mcm3 and
Ctf18-RFC depended on origin firing, since depletion of
the replication initiation kinase DDK blocked Ctf18-RFC
binding to Mcm2-7 (Supplementary Figure S4D), and it
is maintained following replication stress (Supplementary
Figure S4E). Finally, we tested whether the complex has the
same architecture in human cells. We observed that, while
the transient expression of N- or C-terminal GFP-tagged
alleles of POLE1 was able to co-immuno-precipitate Ctf18,
the pole1-5A mutation (analogous to pol2-5A) abolished
the interaction between the two complexes independently
of the tagging orientation, suggesting that the acidic patch
in POLE1EXO is important for the recruitment of CTF18-
RFC throughout evolution (Figure 4G).

Breaking the Pol �/Ctf18-RFC interaction does not affect
chromosome cohesion

With a molecular-level understanding of the physiological
interaction, we were now able to determine which functions
of Ctf18-RFC require it to be tightly tethered to the lead-
ing strand through an interaction with Pol ε. Ctf18-RFC
is required for the establishment of chromosome cohesion
in eukaryotic cells (21–22,56). Cells, carrying an mCherry-
tagged SPC42 allele and tetO repeats inserted at the URA3
locus (57), were synchronously released in S phase and mi-
totic cells were analysed for the number of foci present in
the cell. We observed that both double mutants (ctf18-RAA
pol2-5A and ctf18-RAA dcc1WH3Δ) showed no clear de-
fects in cohesion (Figure 5A, B), while ctf18Δ showed de-
fects in cohesion similar to that previously described (58).
We also saw no sensitivity of the interaction mutants to
benomyl, a drug that induces depolymerisation of micro-
tubules, both in the presence or absence of the spindle
checkpoint component MAD2 (Figure 5C).

Next, we explored whether the interaction between Pol
ε and the Ctf18-RFC complex is essential in the absence
of other replication proteins required for cohesion estab-
lishment. CTF4 and CHL1 deletions cause defects in chro-
mosome cohesion that are synthetic defective with CTF18-
RFC mutations and are lethal in a ctf18Δ background
(21,24,59). Despite the lack of cohesion defects in our
strains, we surprisingly observed that ctf18-RAA pol2-5A
is synthetic lethal in the absence of CTF4 and CHL1 (Fig-
ure 5D). Chl1 is a DNA helicase that is recruited to forks
through an interaction with Ctf4, and, as well as being re-
quired for chromosome cohesion, it also plays a role during
replication stress (8). To distinguish whether the synthetic
lethality observed in the double mutant is a consequence of
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Figure 4. Ctf18-RFC recruitment at forks depends on its binding to Pol2. (A) Analysis of the interaction of Ctf18-RFC and Pol ε in vivo. Cells, carrying
a TAP-tagged or untagged version of CTF18 were grown to exponential phase (As) and arrested in G1, before being released into the cell cycle for 30 (S)
or 60 min (G2). All cultures were treated with formaldehyde. The cross-linked protein extracts were then incubated with anti-TAP beads. Cell extracts and
IPs were then analyzed by immunoblotting (B, C) Analysis of mutations in POL2, CTF18 and DCC1 on the Pol ε/Ctf18-RFC interaction. All mutants
were generated at the genomic locus. These are pol2 170-GRAAAATGDAAG-181 (pol2 m170), pol2 330-AAIAAFA-336 (pol2-5A), dcc1 K364A, K367A,
K380A (dcc1-3A) and dcc1(1–318) (dcc1WH3Δ). pol2-m170 was selected for analysis following a screen by Yeast-Two-Hybrids of conserved amino acids
predicted to be on the surface of the protein (Supplementary Figure S4B-C). (B) Strains carrying a TAP-tagged allele of Ctf18, or an untagged control,
were grown to exponential phase. Cell extracts and proteins immunoprecipitated using anti-TAP beads were analyzed by immunoblotting. (C) Wild type,
ctf18 V730R, or ctf18 730-RAA-732 (ctf18-RAA) strains, carrying a DPB2 or a DPB2-TAP allele, were analyzed as above. (D) Combination of double
mutations causes replication stress sensitivity. The indicated strains were diluted 1:10 and spotted on the specified medium. (E) Mass spectrometry analysis
of the Ctf18-RFC complex in wild type and ctf18-RAA dcc1WH3Δ. Cells carrying a TAP-tagged or untagged allele of CTF8 were grown to the exponential
phase before collection. Cell extracts were incubated with TAP-beads and washed at high salt (300 mM potassium acetate) before being analyzed by mass
spectrometry. The number of peptides identified for the CTF18-RFC complex are shown. (F) Loss of interaction with Pol2 causes the displacement of
Ctf18-RFC from replication forks. Cells carrying a TAP-tagged allele of MCM3 and an untagged control were synchronously released in S phase for 30
min and treated with formaldehyde. Cells extracts and the proteins immunoprecipitated with anti-TAP beads were analyzed by immunoblotting. (G) The
interaction surface for the interaction between Pol ε and Ctf18-1-8 is conserved in human cells. HeLa cells were transiently transformed with plasmid
expressing a N-terminal (top) or C-terminal (bottom) GFP-tagged alleles of POLE1, either wild type, pole1 134-GPAAAADGPAAG-145 (pole1-m134,
modeled on the mutant pol2 m170), or pole1 315-AAIAAFA-321 (pole1-5A). Cells extracts were incubated with anti-GFP beads, immunoprecipitated and
analyzed by immunoblotting.



8138 Nucleic Acids Research, 2020, Vol. 48, No. 14

Figure 5. Breaking the interaction between Pol ε and Ctf18-RFC does not affect chromosome cohesion. (A, B) Analysis of chromosome cohesion. Cells
carrying a tetO at the URA3 locus (57), a TetR-GFP and a SPC42-mCHERRY allele were arrested in G1 and synchronously released in S phase and
collected every 15 minutes. The distance between the Spc42-mCHERRY was scored and cells with spindles 1–2.5 �m were analyzed for number of GFP
foci present. (A) Example of the images analyzed. (B) Summary of the results of three experiments. For each experiment and strain, around 400 cells with
spindles 1–2.5 �m were analyzed. The average and standard deviation of three independent experiments are shown. (C) ctf18-RAA pol2-5A/dcc1WH3Δ

are not sensitive to Benomyl nor show synthetic defects with mad2Δ. The strains were diluted 1:10 and spotted on the indicated medium. (D) Analysis of
the meiotic progeny of the diploid strains indicated. Plates were scanned after 3 days growth at 24◦C.

defects in DNA replication/repair or loss of cohesion, we
tested the genetic interaction between ctf18-RAA po2-5A
and the allele chl1-DAIA (deficient in chromosome cohe-
sion) and the cohesion proficient but replication stress sen-
sitive catalytic-dead allele chl1 K48A (8). We observed syn-
thetic defects only with chl1 K48A and therefore conclude
that loss Ctf18-RFC at the leading strand does not affect
chromosome cohesion but causes defects at forks that re-
quire the action of Chl1 for the maintenance of cell viability.

Cell viability and DNA replication depends on Mrc1 in cells
lacking Ctf18-RFC at forks

To further test the functional importance of the Pol
ε/Ctf18-RFC interaction, we screened for genetic interac-
tion with various genes involved in DNA replication and re-
pair that show synthetic defects in a ctf18Δ background. We

observed that the loss of the Ctf18-RFC/Pol ε interaction
caused mild growth defects and DNA damage sensitivity
in combination with RAD52, HPR1, SGS1, SRS2, POL32
and MRE11 (Supplementary Figure S5A, B). Strikingly,
we observed synthetic lethality when MRC1 was deleted in
ctf18-RAA dcc1WH3Δ/pol2-5A mutant backgrounds (Fig-
ure 6B). This was not linked to defects in cohesion, since in-
stead deleting RMI1, a gene epistatic to MRC1 for chromo-
some cohesion (60), did not result in synthetic lethality (Fig-
ure 6C). Mrc1 plays an important role in replication fork
progression and re-start following fork stalling (11–13). To
analyse whether the genetic interaction of Mrc1 and our in-
teraction mutants is related to a DNA replication defect, we
introduced an auxin-inducible-degron Mrc1 allele and fol-
lowed a single cell cycle. We observed that, while the mrc1-
aid ctf18-RAA dcc1WH3Δ/pol2-5A triple mutants dupli-
cated their DNA with similar kinetics to mrc1-aid cells,
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Figure 6. Mrc1 is essential for viability in the absence of the Ctf18-RFC/Pol ε interaction. (A) FACS analysis of DNA replication during a single cell
cycle. The indicated strains were grown to exponential phase at 24◦C, arrested in G1 and synchronously released. �-factor was added back 30 minutes
after release to block entry in the next cell cycle. (B, C) Tetrad analysis of the meiotic progeny of the diploid strains indicated, showing synthetic lethality
between ctf18-RAA dcc1WH3Δ/pol2-5A and mrc1Δ (B), but not rmi1Δ (C). (D) FACS analysis of DNA replication during a single cell cycle. The strains
were treated as for panel A, except for the incubation for 1 h in G1 with 0.5 mM IAA final concentration to induce the degradation of mrc1-aid and the
release in medium containing 0.5 mM IAA. (E) Immunoblotting analysis of Rad53 phosphorylation from the experiments shown in panels (A, D). (F)
Analysis of checkpoint activation following replication stress. Wild type, mrc1-aid, mrc1-aid ctf18-RAA dcc1WH3Δ/pol2-5A cells were arrested in G1,
incubated with 0.5 mM IAA final concentration for 1 h and released in medium containing 0.2 M HU and 0.5 mM IAA. Cells samples were collected at
the indicated times and analyzed by immunoblotting for Rad53 (left) and Mrc1/mrc1-aid (right). Ponceau staining is shown for loading comparison.
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they activated the DNA damage checkpoint following the
bulk of chromosome duplication (75 min) and arrested in
G2/M as large budded cells by the end of the experiment
(150 min) (Figure 6A, D, E). Our data thus indicate that,
the absence of Mrc1 and Ctf18-RFC at forks during DNA
replication leads to an accumulation of DNA damage fol-
lowing DNA synthesis. Importantly, mrc1-aid ctf18-RAA
dcc1WH3Δ/pol2-5A triple mutants are largely epistatic for
the activation of Rad53 in response to fork stalling, suggest-
ing that the genetic interaction does not relate to checkpoint
defects (Figure 6F). Instead, our data suggest that loss of
Ctf18-RFC from the leading strand results in a DNA repli-
cation defect that is compensated for by Mrc1, as well as
Chl1.

CTF18-RFC binding to Pol � is required for the activation of
the S phase checkpoint

To further characterize the dynamics of DNA replication in
the ctf18-RAA dcc1WH3Δ/pol2-5A mutants, we analysed
their levels of spontaneous recombination. Cells carrying a
GFP-tagged version of Rad52 were arrested in G1 and syn-
chronously released in S phase, either in the presence or ab-
sence of HU. Interestingly, in the presence of HU, both the
ctf18-RAA dcc1WH3Δ/ pol2-5A mutants showed a great
increase in Rad52 foci, similar to that observed in ctf18Δ
cells (Figure 7A, B). Since checkpoint activation is directly
linked to repression of recombination (61), the increased
levels of recombination observed in the double mutants sug-
gest a possible defect in checkpoint activation, as described
for CTF18 (25,26). We first analysed whether the firing of
late origins, which are inhibited following replication stress
in a manner dependent on Rad53, Mrc1 and Ctf18 (26,62–
63), was defective in ctf18-RAA dcc1WH3Δ/pol2-5A mu-
tants. We therefore analysed the levels of Psf1 phosphoryla-
tion in the replisome, a marker for late origin firing in HU
(51). We observed that, while the single ctf18-RAA muta-
tion leads to a partial increase in Psf1 phosphorylation, a
ctf18-RAA pol2-5A mutant shows a robust increase in Psf1
phosphorylation (Figure 7C), similar to that previously ob-
served in ctf18Δ cells, thus suggesting a defect in S phase
checkpoint activation (30). Surprisingly, analysis of Rad53
phosphorylation, however, did not show a marked decrease
in phosphorylation for the ctf18-RAA dcc1WH3Δ/pol2-5A
mutants (Figure 7D), nor did the sensitivity to HU reflect
severe S phase checkpoint defects (Figures 4D and 7E). The
mild phenotype observed could be a consequence of the ac-
tivation of the DNA damage checkpoint, which is also ac-
tivated following exposure to HU, although with slower ki-
netics, thus partially compensating for the defects in Rad53
phosphorylation (16,64). In fact, combining the ctf18-RAA
dcc1WH3Δ/pol2-5A mutants with the deletion of the DNA
damage checkpoint mediators RAD24 or RAD9 (65,66),
showed a marked decrease in Rad53 phosphorylation and
led to hypersensitivity to replication stalling (Figure 7D,E;
Supplementary Figure S6A, B). In addition, even single mu-
tations of DCC1, CTF18 or POL2 in the absence of RAD24,
caused defects in Rad53 activation and HU sensitivity, sug-
gesting that even mild perturbation of the Pol ε/Ctf18-RFC
interaction results in defective activation of the S phase
checkpoint (Supplementary Figure S6C-E). Together, these

observations highlight the importance of Ctf18-RFC re-
cruitment to the leading strand for the replication stress re-
sponse.

DISCUSSION

Processive DNA replication, DNA repair, cohesion estab-
lishment and checkpoint activation are often intertwined;
in fact, mutations or deletions of genes involved in DNA
replication can affect several other processes as well. Under-
standing whether these phenotypes are the indirect conse-
quence of large-scale defects in DNA replication and repli-
some conformation, or the direct results of specific protein
binding and activation, requires dissecting the molecular
mechanisms linked to these phenotypes. By analyzing how
Ctf18-RFC is recruited to the leading strand via Pol ε, we
have revealed that Ctf18-RFC has distinct functions in co-
hesion establishment, DNA replication and the activation
of the S phase checkpoint.

Pol2 recruits Ctf18-RFC to the leading strand

Our in vitro analysis demonstrates that the Ctf18-1-8 mod-
ule of Ctf18-RFC forms a stable complex with the catalytic
segment of Pol ε and that this interaction does not inter-
fere with the basic catalytic activity or DNA binding of the
polymerase, suggesting that the complex will be maintained
throughout normal DNA replication. How does the large
interface readily adapt to the conformational changes of
the polymerase? We show this is achieved through an un-
usual protein–protein mechanism that utilizes flexible elec-
trostatic interfaces to enable high binding plasticity. These
low-specificity electrostatic patches explain why it was pre-
viously thought that the Ctf18-1-8 complex binds to DNA
(27,28).

Strikingly, we observe that, in vivo, the same complex
forms at replication forks, both during DNA synthesis and
fork stalling, as well as during the G1 phase of the cell cycle,
confirming that the two complexes are constitutively asso-
ciated (Figure 4A, Supplementary Figure S4E). Using our
cryo-EM structure, we have designed mutations that specif-
ically address the functions of the interaction between the
two complexes while maintaining the integrity of the clamp
loader. In agreement with the large binding surface, we ob-
serve an additive effect when mutating two different sites,
resulting in the loss of Ctf18-RFC from forks, increased de-
fects in checkpoint activation, replication stress sensitivity
and synthetic interaction with several pathways in the cell
(Supplementary Figure S5A,B). Strikingly, the strength of
the phenotype depends on the severity of the displacement
of Ctf18-RFC from forks, closely linking the role of Ctf18-
RFC to its localization by Pol ε.

One exception to this observation is that the loss of the
Ctf18-RFC interaction with Pol ε and its displacement from
the leading strand does not affect chromosome cohesion.
Since ctf18Δ causes a loss of PCNA from forks (20) and
its cohesion defects are can partially be suppressed by the
deletion of WPL1 and are epistatic with an eco1Δ wpl1Δ
mutant allele (15), the role of Ctf18-RFC in chromosome
cohesion appear to depend on its PCNA-loading activ-
ity and the resultant Eco1 recruitment and locking of co-
hesin onto the DNA (67–71). This suggests that ctf18-RAA
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Figure 7. Loss of Ctf18-RFC from forks leads to defects in S phase checkpoint activation. (A) Analysis of the formation of Rad52-GFP foci in wild type,
ctf18Δ, rad24Δ, ctf18-RAA dcc1WH3Δ and ctf18-RAA pol2-5A mutants. Cells were arrested in G1 and synchronously released in S phase for 60 min (30′
and 60′) or in medium containing 0.2 M HU for 90 min (HU). The samples were collected, fixed, and analyzed by microscopy. The experiment was repeated
at least three times and between 200 and 250 cells were counted for each sample. (B) Examples of the images from the analysis of samples incubated in
HU for 90′ as shown in (A). The bar at the bottom of the images represents 5�m. (C) Disruption of the Pol2/Ctf18-1-8 interaction blocks the inhibition
of late origin firing. Wild type, ctf18-RAA and ctf18-RAA pol2-5 cells, all carrying a TAP-tagged allele of Mcm3, together with an untagged strain, were
arrested in G1 and synchronously released in YPD 0.2 M HU for 90 min. Cells extracts were incubated with anti-TAP beads and the immunoprecipitated
material was analyzed by immunoblotting. (D) Rad53 phosphorylation in response to replication fork stalling depends on the DNA damage checkpoint
in cells defective in the Pol2-Ctf18-1-8 interaction. The indicated strains were arrested in G1 and synchronously released in medium containing 0.2 M HU.
(E) Breaking the Pol ε/Ctf18-RFC interaction leads to synthetic replication stress sensitivity in the absence of RAD24. The strains were diluted 1:10 and
spotted on the indicated medium.
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Figure 8. Model for the roles of Ctf18-RFC at the leading strand. (A) In wild-type cells, Ctf18-RFC is constitutively bound to Pol2CAT, and does not
affect its activity. (B) When the leading strand stalls, Ctf18-RFC would be positioned to compete with Pol2CAT for the DNA substrate. The positioning
of Ctf18-RFC is essential for protecting and signaling the stalled fork. (C) The replication checkpoint requires Ctf18-RFC to be positioned at the leading
strand. Absence of the replication checkpoint leads to gaps and overpriming which are signaled by the DNA damage checkpoint. (D) When Ctf18-RFC is
not positioned at the leading strand the fork, it can no longer favor a protecting conformation of Pol2 resulting in replication defects. Mrc1 and the helicase
activity of Chl1 compensate to protect the fork.

dcc1WH3Δ/pol2-5A mutants load sufficient PCNA to sup-
port cohesion establishment, and indeed in these mutants
some residual binding of Ctf18-RFC in proximity of the
replication fork is seen (Figure 4F). Whether this is medi-
ated by recruitment of the mutant Ctf18-RFC near forks
via alternative interactions or by some residual and tran-
sient binding to Pol2, which can only be removed by com-
plete disruption of the Ctf18-1-8 module (29), is not un-
derstood. Regardless, through structure-based mutagene-
sis we are now able to separate functions of Ctf18-RFC
which are supported by a transient localization of it at forks,
from those functions which require a stable leading strand
polymerase/clamp loader complex.

A stable Ctf18-RFC/Pol � complex is essential for the rapid
signaling of stalled forks

We have observed that the binding of Ctf18-RFC to Pol
ε is essential for S phase checkpoint activation. Strikingly,
even mutations that slightly weaken this binding show se-
vere defects in activation of the replication checkpoint upon
HU treatment (Supplementary Figure S6D). How is the in-
teraction critical for the detection of nucleotide depletion
induced stalling of Pol ε? Our data show that dissociation
of Pol2CAT from its template does not affect its interaction
with Ctf18-1-8 and that Ctf18-1-8 has no direct regulatory

role on the polymerase. Instead, the interaction appears to
act solely to position the clamp loader module of Ctf18-
RFC in proximity to the template regardless of whether
Pol2CAT is synthesizing DNA or disengaged (Figure 8A, B).
Dissociation of Pol2CAT from the template is a prerequisite
for binding of the template by the clamp loader portion of
Ctf18-RFC, since it competes with Pol2CAT for the same
substrate, and it has been shown that it cannot load PCNA
when Pol2CAT is synthesizing DNA (Figure 8A) (32). We
propose that when Pol2CAT is not synthesizing DNA due
to nucleotide depletion, Ctf18-RFC is positioned by Pol
ε to compete with it to bind to the primed template, and
could then signal the stalled state (Figure 8B). Previous in
vitro data show that under different conditions, Ctf18-RFC
can load PCNA, unload it or form a trapped state with it
(18). Future detailed structural and functional studies of
the clamp loader portion of Ctf18-RFC will be necessary
to understand how it acts on the free junction.

While downstream events are not clear at this stage, it is
interesting to note that following phosphorylation by Mec1,
the Mrc1 N-terminus no longer interacts with Pol2 and pro-
motes the recruitment of Rad53 to the replisome, leading
to its phosphorylation and activation (72,73). A possible
explanation for this mechanism is that, by the process de-
scribed above (Figure 8B), Ctf18-RFC promotes the correct
orientation of the Pol2CAT-Mrc1 complex at stalled forks in
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order to allow the timely phosphorylation of the Mrc1 N-
terminus, thus initiating the activation of the S phase check-
point. Direct detection of Pol ε stalling by Ctf18-RFC and
Mrc1 would be consistent with the rapid kinetics of the
replication checkpoint, compared to slower activation of
the compensatory RAD24 and RAD9-mediated DNA dam-
age checkpoint by the slow build-up of unreplicated gaps
and overpriming (74) (Figure 8C).

A checkpoint-independent role in ensuring leading strand syn-
thesis

Our genetic data point to a key role for the Pol ε/Ctf18-
RFC interaction during DNA replication; in its absence,
cell viability depends on the presence of Mrc1. However,
this is not caused by defects in checkpoint activation (Figure
6F), nor appears to depend on defects in chromosome cohe-
sion (Figures 5A, B and 6C). Instead, in the mrc1-aid ctf18-
RAA pol2-5A/dcc1WH3Δ strains, cells accumulate DNA
damage following DNA replication. In fact, while the bulk
of DNA replication in the mutants occurs with kinetics sim-
ilar to the controls, cells activate the DNA damage check-
point and arrest in G2/M phase, indicating that gaps behind
the fork or double-stranded breaks might accumulate.

As Ctf18-1-8 does not directly regulate Pol2CAT activity,
and the clamp loader portion of Ctf18-RFC can only ac-
cess the DNA template when Pol2CAT has dissociated from
it, this suggests that the function of Ctf18-RFC in normal
replication must also relate to fork stalling or pausing, but
by natural obstacles or stochastic dissociation of Pol2CAT
from the template. One possibility is that if Pol2CAT dissoci-
ates from the template, PCNA is lost, and Ctf18-RFC must
reload it to ensure efficient DNA synthesis (32). Like Ctf18-
RFC, Mrc1 directly interacts with Pol2 (72), and as well
as its checkpoint function, promotes fork progression and
restart following stalling (11–13). This could mean that syn-
thetic lethality results from Mrc1 promoting efficient syn-
thesis in the absence of Ctf18-RFC-loaded PCNA. How-
ever, in this case it is surprising that bulk DNA replication
kinetics are unaffected in the triple mutant strains (Figure
6D).

Alternatively, Mrc1 and Ctf18-RFC may have comple-
mentary roles in allowing stalled/paused forks to restart
damage-free (Figure 8B, D). This would be consistent with
a previous report showing that Mrc1 and Ctf18-RFC act
in separate pathways to maintain stability of triplet repeat
sequences, which cause fork stalling (75). An essential func-
tion for leading strand Ctf18-RFC in protecting forks is fur-
ther supported by the synthetic lethality of our interaction
mutants with the catalytically dead Chl1 mutant. It is be-
lieved that the human Chl1 orthologue DDX11 requires its
helicase activity to protect stalled forks (76). DDX11 is as
a 5′-3′ helicase that requires a minimal ssDNA tail and can
unwind flaps, forked structures, D-loops and G4 structures
(77,78). This suggests that, when Ctf18-RFC is absent from
the leading strand, unprotected endogenously stalled forks
might form aberrant DNA structures that require unwind-
ing by Chl1 (Figure 8D).

Finally, we observed that the mechanism of interaction
between Ctf18-RFC and Pol ε appears to be conserved
in human cells. (Figure 4G) Since roles for Ctf18-RFC in

DNA damage repair, fork speed regulation and chromo-
some cohesion have been described in human cells (56,79),
understanding the structural and functional impact of the
presence of Ctf18 at forks could have important conse-
quences for the understanding the origin, development and
treatment of human diseases such as cancer.
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