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The characterization of self-assembling molecules presents significant experimental challenges, especially

when associated with phase separation or precipitation. Transparent window infrared (IR) spectroscopy

leverages site-specific probes that absorb in the “transparent window” region of the biomolecular IR

spectrum. Carbon–deuterium (C–D) bonds are especially compelling transparent window probes since

they are non-perturbative, can be readily introduced site selectively into peptides and proteins, and their

stretch frequencies are sensitive to changes in the local molecular environment. Importantly, IR

spectroscopy can be applied to a wide range of molecular samples regardless of solubility or physical

state, making it an ideal technique for addressing the solubility challenges presented by self-assembling

molecules. Here, we present the first continuous observation of transparent window probes following

stopped-flow initiation. To demonstrate utility in a self-assembling system, we selected the MAX1

peptide hydrogel, a biocompatible material that has significant promise for use in drug delivery and

medical applications. C–D labeled valine was synthetically introduced into five distinct positions of the

twenty-residue MAX1 b-hairpin peptide. Consistent with current structural models, steady-state IR

absorption frequencies and linewidths of C–D bonds at all labeled positions indicate that these side

chains occupy a hydrophobic region of the hydrogel and that the motion of side chains located in the

middle of the hairpin is more restricted than those located on the hairpin ends. Following a rapid change

in ionic strength to initiate self-assembly, the peptide absorption spectra were monitored as function of

time, allowing determination of site-specific time constants. We find that within the experimental

resolution, MAX1 self-assembly occurs as a cooperative process. These studies suggest that stopped-

flow transparent window FTIR can be extended to other time-resolved applications, such as protein

folding and enzyme kinetics.
Introduction

Self-assembling peptides can adopt a number of known struc-
tures including those in which the ordering of peptides into
brils leads to the formation of three-dimensional hydrogels.
These high water-content networks can be utilized to encapsu-
late and deliver therapeutics, proteins, and cells for drug
delivery and tissue engineering. A better understanding of the
formation of large peptide aggregates, oen composed of
distinct b-sheet structures, may also have implications for the
study of the self-assembly processes leading to amyloid diseases
and the development of useful biomimetic materials.1 As such,
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synthetic peptides with a tailored propensity to self-assemble
can provide important insights into natural aggregation as
well as the formation of designed materials.

The MAX family of peptide hydrogels, developed by
Schneider and co-workers, are clinically relevant biomaterials
that emulate the characteristic amphiphilic b-sheet character of
disease-implicated peptides like amyloid-b.2 Due to their
tunable mechanical properties and biodegradability, MAX
peptide hydrogels have been explored for therapeutic applica-
tions.3 Derivatives of MAX hydrogel peptides have been
designed to undergo folding and self-assembly yielding hydro-
gels with varied materials properties depending on pH, salt
concentration, buffer composition, and temperature.3e,4 The
structure of the peptide assemblies has been analyzed by
circular dichroism (CD), molecular dynamics simulations, and
solid-state NMR, supporting a model in which the peptide
adopts a b-hairpin structure with a type II' DPLP b-turn.5 Inter-
chain hydrogen bonding in the peptide backbone results in
extended amphiphilic b-sheet laments, which in turn pack
© 2022 The Author(s). Published by the Royal Society of Chemistry
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together to desolvate the hydrophobic face and form a bilayered
cross b-sheet structure (Scheme 1).5b In this model, the valine
side chains are fully buried in the hydrophobic core of each
bril while lysine side chains are solvent exposed on the exterior
of the bril. These brils subsequently form noncovalent nodes
that are composed of extended intersecting structures, resulting
in the macroscopic gel.6 Importantly, self-assembly of these
peptides into hydrogels can be triggered by a simple increase in
temperature or salt concentration.4d,e,7 Additionally, studies
have shown a 1 : 1 mixture of MAX1 with its enantiomer, D-
MAX1, results in co-assembled brils that form similar yet
distinct hydrogels.8

Phase transitions during the formation of self-assembling
materials can be difficult to study since the assembly process
can impede signal in techniques that rely on free motion of
dissolved molecules, while techniques that measure macro-
scopic properties of the assembly oen cannot characterize the
fully solvated precursors.9 For example, while NMR is well
suited for studying the precursors, gelation would result in
a disappearance of signal over time, whereas ssNMR can only
report on the nal self-assembled state. Imaging through AFM
Scheme 1 Assembly states of MAX1 Coordinates taken from solid-
state NMR structure (PDB 2N1E) of MAX1 in fibrillar state. The sequence
of MAX1, with positions at which labels are incorporated in bold, is
VKVKVKVKVDPPTKVKVKVKV-NH2 (A): MAX1 peptide hairpin backbone
conformation. Intermolecular hydrogen bonding between parallel
(syn) b-hairpins is highlighted. (B): the locations of the five incorpo-
rated perdeuterated valine side chains (shown in magenta). (C): four
MAX1 hairpins exemplify the assembled structure, with stacked anti
hairpin planes creating a hydrophobic core and hydrophilic exterior.
Val5 side chains are shown in magenta, as an example of C–D bond
labeling to probe the core.

© 2022 The Author(s). Published by the Royal Society of Chemistry
or SEM can interrogate the nal state but are insufficient for
understanding the full transition. While rheology can be
applied to the entire transition, it reports only on the mechan-
ical properties of the hydrogel rather than more nuanced
insights into molecular level interactions and peptide confor-
mation. Similarly, while circular dichroism is a useful tool for
peptide materials that adopt a secondary structure in addition
to the macroscopic gel property, it may not be relevant for all
assembling systems and cannot address interactions on the
specic residue or atomic level. In contrast, vibrational spec-
troscopy has the advantage of directly measuring molecular
vibrations, making it an ideal tool to characterize the structure
of the peptide in any physical state.10 Although spectral
crowding usually prevents the observation of individual bond
vibrations in peptides and proteins, site-specic carbon–
deuterium (C–D) bond labeling shis the bond absorption to
a transparent window (1800–2500 cm�1) in the IR spectra of
proteins, facilitating characterization of local protein environ-
ments with high spatial as well as temporal resolution.11 C–D
bonds have been employed to probe both soluble (monomeric)
and aggregated (oligomeric) forms of proteins.12 Moreover,
replacing C–H bonds in the backbone or side chains of
a peptide with C–D bonds, can nonperturbatively probe
secondary and tertiary structures of the protein, including
residues in the hydrophobic core for which extrinsic IR probes
cannot be used without signicant perturbation.11,13 Prior
studies have conrmed that C–D labelling does not signicantly
perturb the system compared to its native C–Hmoieties.14 Along
with nonperturbative carbon–deuterium (C–D) bonds, other
extrinsic transparent window IR probes including nitriles,
azides, alkynes, and esters have facilitated characterization of
local protein environments.10a,15 Importantly, C–D bond vibra-
tions are sensitive to changes in peptide micro-
environments.10a,16 The IR stretch absorption of C–D bonds
shis to red in a less solvated, more hydrophobic, environment
and structural uctuations result in broad IR absorption
spectra, whereas narrower absorption spectra indicate a more
rigid local environment (Scheme 2).17 Therefore, C–D bond IR
Scheme 2 Schematic representation of IR absorption bands of C–D
bonds as vibrational labels of a peptide. The peak frequency and line
width depend on the polarity of the local environments and the flex-
ibility of the peptide structure, respectively.

Chem. Sci., 2022, 13, 10020–10028 | 10021



Chemical Science Edge Article
probes are well suited to study self-assembling peptides such as
MAX1.

While steady-state spectra of IR probe-labeled self-
assembling peptides can provide important structural insights
into the properties of the assembled and unassembled state,
time-resolved experiments can capture the spectral evolution
during the assembly and identify potential intermediate
conformations of the peptides on the assembly pathway.
Stopped-ow mixing with rapid-scan FTIR detection (SF-FTIR),
can be used to trigger a kinetic process by initiating a rapid
change in sample conditions followed by time-resolved detec-
tion. In previous work, SF-FTIR of intrinsic IR chromophores,
such as the amide group vibrations of the backbone, has been
used for the study of global protein folding, binding, and
enzymatic reactions.18 In contrast, site-specic probes have yet
to be applied to SF-FTIR of such complex biomolecular
processes.

Herein, the steady-state conformation and kinetics of self-
assembly of MAX1 is investigated by C–D bonds in conjunc-
tion with SF-FTIR. Using C–D bonds as site-specic IR probes
enables detection of local variation in polarity and conforma-
tional heterogeneity within the hairpin. To estimate the site-
specic assembly-induced changes in the IR absorption
spectra of the probe, we synthesized a set of ve MAX1 peptides,
each perdeuterated at a specic valine residue in the sequence
since the formation of self-assembled brils is understood to be
primarily inuenced by the formation of the valine rich
hydrophobic core. We then collected steady-state spectra of the
monomer and assembled states. Based on the magnitude of the
local spectral shis upon assembly, four sites were selected for
kinetic studies using SF-FTIR. We nd that residues in the
middle of the MAX1 b-hairpin undergo the greatest change in
local environment upon assembly and the time-resolved data t
a single exponential.

Experimental methods
Synthesis of MAX1 peptides

The nondeuterated and deuterated variants of MAX1 were
synthesized on a CS Bio Automated Peptide Synthesizer (model
CS336X) using Fmoc solid-phase peptide synthesis (SPPS) on 0.1
or 0.2 mmol TentaGel Rink Amide XV resin. Fmoc deprotection
from the peptide-resin was achieved by treatment with 20% 4-
methyl piperidine, 1% 1,8-diazabicyclo[5.4.0]undec-7-ene, and
79% DMF (v/v/v) for a total of 10 min. Five equivalents of non-
deuterated amino acids were coupled to resin using 5 equiv.
0.4 M 1-[Bis(dimethylamino)methylene]-1H-1,2,3-triazolo[4,5-b]
pyridinium 3-oxide hexauorophosphate (HATU) and 7.5 equiv.
N,N-diisopropylethylamine (DIEA) for 20 min. Fmoc-d8-Val-OH
was incorporated by manual SPPS using 1.5 equiv. amino
acid, 1.5 equiv. HATU, and 3.3 equiv. DIEA. Aer each manual
coupling, completion was assessed by qualitative ninhydrin test
and the residue was recoupled in the advent of blue color.
Peptides were cleaved from the resin and side chain deprotected
using 10 mL of a standard cleavage cocktail of triuoroacetic
acid (TFA) containing 2.5% triisopropylsilane and 2.5% H2O (v/
v) while agitating for 2 hours at room temperature. TFA was
10022 | Chem. Sci., 2022, 13, 10020–10028
evaporated to 25% under N2 gas, peptide was precipitated using
35 mL chilled diethyl ether, and the precipitate was collected
and puried by preparative HPLC (Waters Autopurify prep LC
with diode array and QDa mass spec). Peptides were charac-
terized by analytical LC/MS on a Waters Acquity I-Class UPLC
with diode array and time of ight mass spec (Waters G2-XS)
(ESI†).

Steady-State FTIR Spectroscopy

Pure labeled or unlabeled peptides were massed, dissolved in
diH2O (Milli-Q, resistivity 18.2 MU*cm), aliquoted into frac-
tions, lyophilized, and then re-dissolved in diH2O at a concen-
tration of 8 mM. Immediately prior to loading into the IR cell,
peptide stock solution was diluted 1 : 1 with folding buffer
(100 mM bis[tris(hydroxymethyl)methylamino]propane (BTP),
300 mM NaCl, pH 7.4 solution) at 4C. Approximately 10 mL of
this solution was loaded at 4C into a demountable liquid cell
(Harrick Scientic Products, Inc. model TFC-M13) with CaF2
window and a 75 mm teon spacer. Samples were held at 4C for
collection of ungelled condition and heated to 37C for 30 min to
induce self-assembly using a circulating water bath with
temperature control (Fisher Scientic Isotemp Refrigerated
Circulator Model 9100). Spectra at 4 and 37C were collected in
a Bruker Equinox 55 FTIR spectrometer with liquid N2 cooled
MCT detector continuously purged with dry N2. 8000 spectra
with a 2 cm�1 resolution were averaged. As described previ-
ously, the unlabeled MAX1 spectrum was auto-subtracted from
all spectra in OPUS soware. The resulting spectra were back-
ground corrected in MATLAB with a higher order polynomial
function and t with a pseudo-Voigt prole (ESI†) to determine
the intensity, peak frequency, and full-width half-maximum
(fwhm).13c

Time-Resolved FTIR Spectroscopy

For time-resolved IR experiments, a four-syringe stopped-ow
mixer (SFM 4000, BioLogic) equipped with an umbilical link
to a Ball-Berger mixer was connected to a demountable liquid
cell (CaF2 window, 75 mm pathlength). The umbilical link
consists of two 45 cm long ow lines, each requiring 200 mL of
liquid to ll the line. The dead time of the stopped-ow mixing
was less than 100 ms. Approximately 700 mL of 8 mM peptide in
diH2O was loaded into syringe 1, the folding buffer (100 mM
BTP, varying amounts of NaCl, pH 7.4) was loaded into syringe
2, and the remaining two syringes were lled with diH2O for
washing. Using the rapid-scan mode of the Bruker Equinox 55
instrument, 3 scans/sec were acquired at a spectral resolution of
2 cm�1. The average of 15 single scans was recorded, resulting
in an effective time resolution of 5 s over a total of 1056 time
points, or approximately 85min. Initially, the cell was lled with
folding buffer, and aer acquiring 300 scans for background
signal, 63 mL each of peptide solution and folding buffer were
mixed and injected into the cell. Following data collection, the
cell was rinsed with at least 2mL of diH2O and equilibrated with
500 mL of folding buffer to prepare for the next replicate. Using
Python packages NumPy and Pandas, the time-resolved series of
spectra were background subtracted, corrected with a higher
© 2022 The Author(s). Published by the Royal Society of Chemistry



Fig. 1 Background-corrected asymmetric stretch absorptions of the
five individually (d8)Val-labeledMAX1 peptides. The peptide is unfolded
at 4C and forms a gel at 37C.
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order polynomial function to smooth the baseline, and the
resulting spectra were averaged with a sliding window of 10
time points, or 49.3 s. To nd the peak position for each spec-
trum over time, each was t to a single Gaussian function, using
the Python package LMFIT. The time-dependent change in peak
frequency was t to a single exponential function for the time
constant of the self-assembly process.

Time-resolved circular dichroism

The conditions used for time-resolved circular dichroism were
intended to closely replicate those used for time-resolved FTIR.
To increase the signal to noise ratio in the far UV from a rela-
tively high concentration of MAX1 peptide solution containing
high salt, a 0.1 mm path length demountable UV quartz cuvette
was used for circular dichroism measurements. Immediately
prior to loading the cuvette, peptide stock solution (8 mM
MAX1) was diluted 1 : 1 with folding buffer (100 mM BTP,
500 mM NaCl, pH 7.4) and maintained at 4C. Once the sample
was prepared and loaded into the cuvette, it was quickly inser-
ted into the circular dichroism instrument (Jasco J-1500) which
was held at 23C, and data collection at 220 nm with 0.1 s time
resolution was initiated.

Results & discussion

The MAX1 b-strand hairpin is comprised of alternating valine
and lysine residues, resulting in a hydrophobic and a hydro-
philic face of each hairpin. To obtain site-specic self-assembly
kinetics from distinct regions of the MAX1 peptide, variants of
MAX1 were chemically synthesized using Fmoc SPPS with per-
deuterated valine individually distributed along the strands of
the hairpin peptide (Scheme 1). Perdeuterated valine, (d8)Val,
was chosen over perdeuterated lysine because the asymmetric
stretches of deuterated methyl groups of valine were previously
shown to produce more intense and narrower IR absorption
compared to deuterated methylenes of lysine.19 In addition,
since lysine residues are on the hydrophilic face, the gel tran-
sition may produce smaller changes in the absorption spectra.
Sufficient resolution between the initial and nal states is an
important requirement for time-resolved IR experiments where
spectral and temporal resolution are at odds. To probe distinct
environments within the peptide, (d8)Val was individually
installed at Val1 and Val20 which are terminal, Val5 and Val16
which are located in the middle of the two b-strands, and Val9
which is located at the beginning of the type II' b-turn (Scheme
1). To conrm that incorporation of (d8)Val is indeed non-
perturbative to MAX1, we compared the viscoelastic behavior of
MAX1 to (d8)Val5 labeled MAX1. As expected, the rate of gelation
and ultimate storage and loss moduli were similar for both
peptide gels within experimental error (ESI Fig. S6†)

Spectral analysis of C–D stretch absorptions

Prior research has shown that MAX hydrogels do not form
hydrogels at 4C, and the peptide remains in a random coil
conformation.4e,7 Fig. 1 shows asymmetric stretch absorptions
of (d8)Val labeled peptides (4 mM in folding buffer) at 4C, where
© 2022 The Author(s). Published by the Royal Society of Chemistry
the peptide is unfolded, and 37C, where the peptide is folded.
These unfolded spectra were virtuallly identical to those of
peptide in water at room temperature, conrming that the
peptide was indeed in its unfolded state. (ESI Table S1†). For
each residue, the unfolded spectrum at 4C was well t to
a single pseudo-Voigt function with peak frequency of
�2227 cm�1 and line width of �20 cm�1 (Table 1) with primary
Gaussian contribution (m < 0.5, ESI, Fitting and analysis†),
consistent with prior characterization of C–D bonds.13c The
predominant Gaussian line shapes imply that inhomogeneous
broadening is the dominant broadening mechanism. Since two
pairs of asymmetric stretches from the (d3)-methyls of valine are
expected to contribute to the signal, observation of a single
absorption implies that the stretches are degenerate, and the
side chains experience a homogeneous electric eld in the
unfolded state. Moreover, since site-specic differences
between the peak frequencies and line widths are minimal,
each site experiences a similar local environment, indicating
that the peptide adopts highly unstructured and solvated
backbone conformations in the unfolded state. Absorptions
Chem. Sci., 2022, 13, 10020–10028 | 10023



Table 1 Spectral fit parameters

T
(�C)

Absorbance
(10�3)

Peak Frequency
(cm�1)

Widtha

(cm�1)

(d8)Val1 4 0.8 2228.6 � 0.3 23.4 � 0.6
37 0.8 2223.2 � 0.6 21.8 � 1.4

(d8)Val5 4 0.9 2227.5 � 0.2 19.8 � 0.8
37 1.6 2222.0 � 0.1 15.4 � 0.8

(d8)Val9 4 1.1 2227.3 � 0.3 19.2 � 0.9
37 1.3 2224.6 � 0.3 20.0 � 0.5

(d8)
Val16

4 1.3 2226.7 � 0.1 18.8 � 0.8
37 1.9 2221.4 � 0.3 13.8 � 0.7

(d8)
Val20

4 1.1 2228.0 � 0.4 17.4 � 0.4
37 1.6 2223.7 � 0.4 17.1 � 0.5

a Width denotes the full width at half maximum absorbance (fwhm).

Fig. 2 Representative overlay of asymmetric stretch absorption of (d8)
Val1-labeled enantiopure (�) and racemic (�) MAX1 peptide in the
unfolded (at 4 �C) and gel (at 37 �C) states. Enantiopure data is scaled
by 1 to account for dilution of signal by addition of unlabeled D-MAX1.

Chemical Science Edge Article
from the symmetric stretches of (d3)-methyls, Ca–D, and Cb–D,
are too weak to be detected.20

Each labeled MAX1 peptide sample underwent temperature-
induced gelation for 30 min at 37C, and for each labeled posi-
tion a red shi was observed in the C–D bond absorption band.
Red shis of up to 8.0 cm�1 in the IR stretch frequency of C–D
bonds, corresponding to changes in dielectric constant ranging
from 78.4 to 2.4, have been observed.17 The observed red shi
(Fig. 1 and Table 1) is consistent with a change from a hydro-
philic local environment in the unfolded state to a hydrophobic
local environment in the interior of the assembled brils.

Considering the similarities of side chain positions along the
peptide backbone, spectral features can be placed into three
groups: terminal (Val1 and Val20), middle (Val5 and Val16), and
turn (Val9) residues. For N- and C- terminal residues Val1 and
Val20, the absorption peak frequencies red-shi by 5.4 cm�1

and 4.3 cm�1, respectively, relative to the unfolded state;
however, the changes in line widths are marginal. This simi-
larity in line width between solution and gel suggests that the
terminal valine side chains retain a similar level of conforma-
tional dynamics, suggesting that the packing of these residues
in the core of the bril is not tight. However, these side chains
become less solvated in the gel, consistent with their transfer to
the more hydrophobic environment of the bril.

For Val residues in themiddle of the b-strand, the absorption
peak frequencies are red-shied by 5.5 cm�1 for (d8)Val5 and
5.3 cm�1 for (d8)Val16, exhibiting the lowest peak frequency
values of the ve labels. Interestingly, the line widths become
signicantly narrower upon adoption of the structured form.
The widths (fwhm) of (d8)Val5 and (d8)Val16 are 15.4 cm�1 and
13.8 cm�1, respectively, which are narrower by 4.4 cm�1 and
5.0 cm�1 relative to the unfolded state (Table 1). As line width
narrowing is consistent with the signal enhancement, it indi-
cates that the motions of these valine side chains are much
more restricted in the gelled state (Fig. 1). This observation is
consistent with the expectation that gelation results in
increased structural rigidity. However, rigidication appears to
only be occurring in the hydrophobic interior of the folded
peptide and is not observed in terminal or turn positions, at the
edges of the bril.
10024 | Chem. Sci., 2022, 13, 10020–10028
Upon transition to gel, residue Val9, positioned at the
beginning of the hairpin turn and adjacent to the more polar
Thr residue, produces an intermediate red shi of 2.7 cm�1

with virtually no change in line width. These measurements are
consistent with the location of Val9 methyl groups on the edge
of the hydrophobic core where they are in a partially desolvated
and not fully packed environment.

Overall, the steady-state FTIR data indicate that although all
ve valine side chains are buried in the hydrophobic layer of
gelled MAX1 amphiphilic brils, differences in the electrostatic
environment along the hairpin are apparent. Notably, the red
shi is smallest for Type II' b-turn residue Val9, somewhat
larger for the terminal Val1 and Val20, and largest for the core
residues Val5 and Val16. These results suggest that there is
localized variation in solvation inside the hydrogel. In addition,
a signicant rigidication is only observed for the core residues,
again suggesting that there is a tightly packed, desolvated core.
These insights demonstrate the utility of our approach to
provide complementary information to the previously reported
solid-state NMR experiments.5b It was previously shown that
MAX hydrogels are made up of kinetically trapped 3.5 nm wide
and 2.7 nm tall monomorphic brils consisting of b-strand
hairpins aligned syn within a b-sheet but anti between layers
(Scheme 1A and C).5b The present study demonstrates that the
hydrophobic environment created between these layers is more
rigid toward the center (Val5, 16). Tycko and Schneider postu-
lated that the anti alignment of hairpins across the b-sheet
layers packs the N- and C-terminal valines into the diproline
turn residues of its bilayer partner. Consistent with this model,
we nd that both the terminal residues and V9, located next to
the diproline turn, remain more solvated than the inner packed
residues.
Comparison of enantiopure and racemic MAX

Previously, it has been shown that a racemic MAX1 gel (equi-
molar mixture of enantiomers) is more rigid than either enan-
tiopure gel, resulting from the formation of heterochiral brils
that pack to form a more compact arrangement of valine resi-
dues in the hydrophobic core.8,21 To probe differences in the
hydrophobic core of these two brils, IR spectra of racemic gels
were collected, i.e., equimolar mixtures of (d8)Val labeled MAX1
2

© 2022 The Author(s). Published by the Royal Society of Chemistry
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and unlabeled DMAX1 peptides. The absorption spectra of all
ve labeled positions in the racemic gels overlapped nearly
perfectly with the spectra of the enantiopure gel (Fig. 2 and ESI
Table S2, Fig. S1†). As the C–D stretch frequencies and line
widths are very sensitive to polarity of their microenvironments,
the data indicate that not only are the hydrophobic environ-
ments in both types of brils highly similar, but the side chains
are similarly exible. Nonetheless, the racemic MAX1 gel
possesses unique characteristics, including a four-fold increase
in stiffness in comparison to the enantiopure gel. In our study,
the labeled valine residues probe the exterior (Val1, Val9, and
Val20) and the most rigid part of the core (Val5 and Val16),
regions that are highly similar in the racemic and
enantiopure gels.
Fig. 3 Absorption spectra (left panels) and the corresponding peak fre
peptides after mixing equal volumes of 8mMMAX1 in water with 100mM
panels are shown in red. Each spectrum and trace are the average of at

© 2022 The Author(s). Published by the Royal Society of Chemistry
Time-resolved studies

SF-FTIR spectroscopy is well suited to follow kinetics in the
presence of phase transitions because the signal measures the
effect of the local environment on bond vibrations of the probe
and FTIR is not impeded by solubility or phase changes. In the
case of MAX1 hydrogels, a relatively high concentration (4 mM)
both promotes desired materials properties of the hydrogel and
provides high signal to noise in the IR absorption spectra. MAX1
(d8)Val labeled peptides with absorption frequency shis
greater than 4 cm�1 between the gelled and un-gelled form in
the steady-state were selected for time-resolved experiments
((d8)Val1, (d8)Val5, (d8)Val16, and (d8)Val20). Due to instru-
mental limitations, SF-FTIR experiments were required to be
performed at room temperature. However, at room temperature
quencies as a function of time (right panels) of (d8)Val-labeled MAX1
BTP pH 7.4, 500mMNaCl. Exponential fits to the time traces in the right
least three data sets.

Chem. Sci., 2022, 13, 10020–10028 | 10025
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and under the buffer conditions used in the steady-state
experiments (50 mM BTP pH 7.4, 150 mM NaCl), self-
assembly, as judged by the red shi of the C–D stretch vibra-
tions, does not occur on a reasonable time scale (ESI Fig. S2A†).
Interestingly, gelation of MAX1 has previously been shown to be
inducible at room temperature using a high salt-content buf-
fer.4b We conrmed that increasing the salt concentration
accelerates self-assembly (ESI Fig. S2, Table S3†), and used
250 mM NaCl in 50 mM BTP, pH 7.4, for subsequent experi-
ments. The completion of bril formation was further
conrmed by circular dichroism (ESI Fig. S3†). Importantly,
rheology shows that gelation is facilitated at these experimental
conditions (ESI FS6†).

Time-dependent absorption spectra and peak frequencies
are shown in Fig. 3. The change in peak frequency t well to
a single-exponential functions for all four labelling positions
investigated, yielding site-specic assembly time sa. As one may
expect, the assembly time for the terminal residues (Val1 and
Val20) are identical within experimental error, as are the
assembly times for the core residues (Val5 and Val16). When
averaged, the assembly times of these core residues is some-
what faster (9.6 � 3.4 min) than the assembly time of the
terminal residues (11.8 � 2.8 min), but given the experimental
error, the difference is not signicant. The similarity in rates
between different residues in the peptide suggests that with
respect to each site the self-assembly process is cooperative in
nature. In addition, although lag phases of up to several
minutes have been observed for self-assembly processes, our
data does not reveal a lag phase for the valine desolvation
transition on the time scale used in the FT-IR study.15c

While rheology supports the evolution of viscoelasticity on
the time scale of the peak shis observed by FTIR (time
constant�10min), signicant increases to the rigidity of the gel
continue for over 3 hours (ESI Fig. S6A†). This suggests that the
hydrophobic packing of the core, likely correlated to bril
formation, as measured by FTIR, is a distinct process from the
maturation of the gel, as measured by rheology. The site-specic
FTIR method reports precisely on the local environment of an
incorporated probe, whereas rheology measures the viscoelas-
ticity, a bulk mechanical property that is reliant on a number of
other physical transitions.

For comparison, we also performed time-resolved circular
dichroism experiments of unlabeled MAX1 peptide (ESI
Fig. S4†). To control for any differences between the unlabeled
MAX1 and the deuterated species, these experiments were
repeated with (d8)Val5 labeled MAX1 and time constants,
exponential t, and the steady state spectrum were found to be
within error of the unlabeled peptide (ESI Fig. S5†). When t to
a single-exponential function, the time for evolution of b-sheet
structures observed via circular dichroism, 10.6 � 0.3 min, is in
good agreement with the sa observed in the SF-FTIR experi-
ments (Fig. 3). The similarity of time constants for circular
dichroism, which measures the b-strand structure of the
peptide, and site-specic SF-FTIR, which measures the forma-
tion of the hydrophobic core, implies that these physical
processes are concerted.
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However, the circular dichroism data is best t with two
exponentials, yielding time constants of 4 min (60% amplitude)
and 21 min (40% amplitude) (ESI Fig. S4†). Due to the larger
error bars, we cannot rule out that this multiexponential
behavior is also present in the SF-FTIR kinetics. However, the
SF-FTIR experiments clearly show that the two exponentials are
not due to local differences in self-assembly, since the time
constants for core and terminal residues do not correlate with
the two circular dichroism derived components. This demon-
strates the advantage of using multiple techniques to elucidate
different aspects and to fully characterize the self-assembly
kinetics. Since the C–D stretch absorptions observed in
SF-FTIR report on the local environment of the valine side
chains, which are buried in the hydrophobic core of the MAX1
hydrogel, the frequency shis observed by SF-FTIR report on the
formation of this hydrophobic core between two b-hairpins. In
contrast, circular dichroism measures the global average of the
MAX1 peptide backbone conformation, i.e. the transition from
random coil to b-hairpin. The differences between the SF-FTIR
and circular dichroism kinetics could be explained by multiple,
distinct assembly processes taking place during the gelation of
MAX1, as has been suggested for other hydrogels, including
peptide hydrogels.22 Future experiments, such as determining
the self-assembly kinetics of additional residues via SF-FTIR
could provide a more complete picture of the hydrogelation of
this promising peptide hydrogel.
Conclusions

The site-specic incorporation of C–D bonds has been estab-
lished for the direct observation of bond vibrations in peptides
and proteins. Here we extend these studies to the realm of
kinetic analysis through combining SF-FTIR spectroscopy with
site-specic C–D labeledMAX1 peptides. The data shown herein
demonstrate that site-specic kinetics can be reliably followed
using C–D bonds as an IR probe of self-assembly of MAX when
stopped-ow is coupled with a rapid-scan FTIR spectrometer.
Observation of distinctive regions of the hydrophobic core of
MAX1 brils supports side chain rigidication in the middle of
the b-strands. FTIR monitoring of distinct sites yields similar
time constants for residues located in the core and at terminal
ends of the peptide, consistent with cooperative assembly.
Comparison with non-site-specic methods such as circular
dichroism and materials measurements such as rheology
emphasizes the utility of site-specic SF-FTIR for precisely
characterizing molecular level transitions that can be distinct
from macroscopic properties. These results suggest that the
coupling of SF-FTIR with a variety of site-specic non-
perturbative probes holds promise for the time-resolved
characterization of protein function such as folding and self-
assembly, even in larger and more complex systems.
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S. Tau, B. T. Luke, R. E. Cachau and J. P. Schneider, ACS
Cent. Sci., 2019, 5, 1750–1759; (d) Y. Yamada, N. L. Patel,
J. D. Kalen and J. P. Schneider, ACS Appl. Mater. Interfaces,
2019, 11, 34688–34697; (e) J. P. Schneider, D. Pochan,
B. Ozbas, K. Rajagopal, L. Pakstis and J. Kretsinger, J. Am.
Chem. Soc., 2002, 24, 15030–15037.

4 (a) K. Rajagopal, M. S. Lamm, L. Haines-Butterick, D. Pochan
and J. Schneider, Biomacromolecules, 2009, 10, 2619–2625; (b)
B. Ozbas, J. Kretsinger, R. Karthikan, J. P. Schneider and
D. J. Pochan, Macromolecules, 2004, 37, 7331–7337; (c)
M. C. Branco, D. J. Pochan, N. J. Wagner and
J. P. Schneider, Biomaterials, 2009, 30, 1339–1347; (d)
B. Ozbas, K. Rajagopal, L. Haines-Butterick, J. P. Schneider
and D. Pochan, J. Phys. Chem., 2007, 111, 13901–13908; (e)
D. Pochan, J. P. Schneider, J. Kretsinger, B. Ozbas,
K. Rajagopal and L. Haines, J. Am. Chem. Soc., 2003, 125,
11802–11803.
© 2022 The Author(s). Published by the Royal Society of Chemistry
5 (a) S. R. Leonard, A. R. Cormier, X. Pang, M. I. Zimmerman,
H. X. Zhou and A. K. Paravastu, Biophys. J., 2013, 105, 222–
230; (b) K. Nagy-Smith, E. Moore, J. Schneider and
R. Tycko, Proc. Natl. Acad. Sci. U. S. A., 2015, 112, 9816–9821.

6 Y. Miller, B. Ma and R. Nussinov, J. Phys. Chem. B, 2015, 119,
482–490.

7 R. V. Rughani and J. P. Schneider, MRS Bull., 2008, 33, 530–
535.

8 (a) K. J. Nagy, M. C. Giano, A. Jin, D. J. Pochan and
J. P. Schneider, J. Am. Chem. Soc., 2011, 133, 14975–14977;
(b) K. Nagy-Smith, P. J. Beltramo, E. Moore, R. Tycko,
E. M. Furst and J. P. Schneider, ACS Cent. Sci., 2017, 3,
586–597.

9 (a) C. A. Barnes, A. J. Robertson, J. M. Louis, P. Annrud and
A. Bax, J. Am. Chem. Soc., 2019, 141, 13762–13766; (b) C. Yan
and D. J. Pochan, Chem. Soc. Rev., 2010, 39, 3528–3540.

10 (a) R. Adhikary, J. Zimmermann and F. E. Romesberg, Chem.
Rev., 2017, 117, 1927–1969; (b) A. Barth, Biochim. Biophys.
Acta, 2007, 1767, 1073–1101; (c) M. Reppert and
A. Tokmakoff, Annu. Rev. Phys. Chem., 2016, 67, 359–386.

11 S. R. G. Naraharisetty, V. M. Kasayanenko, J. Zimmermann,
M. C. Thielges, F. E. Romesberg and I. V. Rubtsov, J. Phys.
Chem., 2009, 113, 4940–4946.

12 K. Miao and L. Wei, ACS Cent. Sci., 2020, 6, 478–486.
13 (a) W. Yu, P. E. Dawson, J. Zimmermann and

F. E. Romesberg, J. Phys. Chem. B, 2012, 116, 6397–6403;
(b) C. S. Kinnaman, M. E. Cremeens, F. E. Romesberg and
S. A. Corcelli, J. Am. Chem. Soc., 2006, 128, 13334–13335; (c)
R. Adhikary, J. Zimmermann, J. Liu, P. E. Dawson and
F. E. Romesberg, J. Phys. Chem. B, 2013, 117, 13082–13089;
(d) L. Lins and R. Brasseur, FASEB J., 1995, 9, 535–540; (e)
J. T. Kellis, K. Nyberg and A. R. Fersht, Biochemistry, 1989,
28, 4914–4922.

14 R. Adhikary, Y. X. Tan, J. Liu, J. Zimmermann, M. Holcomb,
C. Yvellez, P. E. Dawson and F. E. Romesberg, Biochemistry,
2017, 56, 2787–2793.

15 (a) H. Yang, J. Habchi, S. Longhi and C. H. Londergan,
Methods Mol. Biol., 2012, 895, 245–270; (b) H. Taskent-
Sezgin, J. Chung, V. Patsalo, S. J. Miyake-Stoner,
A. M. Miller, S. H. Brewer, R. A. Mehl, D. F. Green,
D. P. Raleigh and I. Carrico, Biochemistry, 2009, 48, 9040–
9046; (c) P. Marek, S. Mukherjee, M. T. Zanni and
D. P. Raleigh, J. Mol. Biol., 2010, 400, 878–888; (d) H. Liu,
C. Morris, R. Lantz, T. W. Kent, E. A. Elbassal,
E. P. Wojcikiewicz and D. Du, Angew. Chem., Int. Ed. Engl.,
2018, 57, 8017–8021; (e) H. Taskent-Sezgin, J. Chung,
P. S. Banerjee, S. Nagarajan, R. B. Dyer, I. Carrico and
D. P. Raleigh, Angew. Chem., Int. Ed. Engl., 2010, 49, 7473–
7475; (f) K. Oh, J. Lee, C. Joo, H. Han and M. Cho, J. Phys.
Chem., 2008, 112, 10352–10357; (g) I. M. Pazos, A. Ghosh,
M. J. Tucker and F. Gai, Angew. Chem., Int. Ed. Engl., 2014,
53, 6080–6084; (h) H. Wu, D. J. Saltzberg, H. T. Kratochvil,
H. Jo, A. Sali and W. F. DeGrado, J. Am. Chem. Soc., 2019,
141, 7320–7326; (i) Y. S. Kim, L. Liu, P. H. Axelsen and
R. M. Hochstrasser, Proc. Natl. Acad. Sci. U. S. A., 2009,
106, 17751–17756; (j) A. M. Woys, A. M. Almeida, L. Wang,
C. C. Chiu, M. McGovern, J. J. de Pablo, J. L. Skinner,
Chem. Sci., 2022, 13, 10020–10028 | 10027



Chemical Science Edge Article
S. H. Gellman and M. T. Zanni, J. Am. Chem. Soc., 2012, 134,
19118–19128; (k) L. E. Buchanan, E. B. Dunkelberger,
H. Q. Tran, P. N. Cheng, C. C. Chiu, P. Cao, D. P. Raleigh,
J. J. de Pablo, J. S. Nowick and M. T. Zanni, Proc. Natl.
Acad. Sci. U. S. A., 2013, 110, 19285–19290; (l) L. B. Sagle,
J. Zimmerman, P. E. Dawson and F. E. Romesberg, J. Am.
Chem. Soc., 2004, 126, 3384–3385; (m) H. Liu, R. Lantz,
P. Cosme, N. Rivera, C. Andino, W. G. Gonzalez,
A. C. Terentis, E. P. Wojcikiewicz, R. Oyola, J. Miksovska
and D. Du, Chem. Commun., 2015, 51, 7000–7003; (n)
K. C. Jones, C. S. Peng and A. Tokmakoff, Proc. Natl. Acad.
Sci. U. S. A., 2013, 110, 2828–2833; (o) S. H. Brewer,
B. Song, D. P. Raleigh and R. B. Dyer, Biochemistry, 2007,
46, 3279–3285; (p) K. Hauser, C. Krejtschi, R. Huang,
L. Wu and T. A. Keiderling, JACS, 2007, 130, 2984–2992; (q)
H. S. Chung, Z. Ganim, K. C. Jones and A. Tokmakoff,
Proc. Natl. Acad. Sci. U. S. A., 2007, 104, 14237–14242; (r)
C. D. Snow, L. Qiu, D. Du, F. Gai, S. J. Hagen and
V. S. Pande, Proc. Natl. Acad. Sci. U. S. A., 2004, 101, 4077–
4082; (s) J. Zimmermann, M. C. Thielges, W. Yu,
P. E. Dawson and F. E. Romesberg, J. Phys. Chem. Lett.,
2011, 2, 412–416.

16 R. Adhikary, J. Zimmermann, P. E. Dawson and
F. E. Romesberg, ChemPhysChem, 2014, 15, 849–853.

17 M. C. Thielges, D. A. Case and F. E. Romesberg, J. Am. Chem.
Soc., 2008, 130, 6597–6603.
10028 | Chem. Sci., 2022, 13, 10020–10028
18 (a) A. J. White, K. Drabble and C. W. Wharton, Biochem. J.,
1995, 306, 843–849; (b) A. Troullier, D. Reinstadler,
Y. Dupont, D. Naumann and V. Forge, Nat. Struct. Biol.,
2000, 7, 78–86; (c) S. J. George, G. A. Ashby, C. W. Wharton
and R. N. F. Thorneley, J. Am. Chem. Soc., 1997, 119, 6450–
6451; (d) S. J. George, D. M. ANdrew, R. N. F. Thorneley
and R. R. Eady, J. Am. Chem. Soc., 2001, 123, 9683–9684; (e)
M. Kakuta, P. Hinsmann, A. Manz and B. Lendl, Lab Chip,
2003, 3, 82–85; (f) H. Fabian and D. Naumann, Methods,
2004, 34, 28–40; (g) S. H. Shim, R. Gupta, Y. L. Ling,
D. B. Strasfeld, D. P. Raleigh and M. T. Zanni, Proc. Natl.
Acad. Sci. U. S. A., 2009, 106, 6614–6619.

19 P. Weinkam, J. Zimmermann, L. B. Sagle, S. Matsuda,
P. E. Dawson, P. G. Wolynes and F. E. Romesberg,
Biochemistry, 2008, 47, 13470–13480.

20 J. Zimmerman, K. Gundogdu, M. E. Cremeens,
J. N. Bandaria, G. T. Hwang, M. C. Thielges,
C. M. Cheatum and F. E. Romesberg, J. Phys. Chem. B,
2009, 113, 7991–7994.

21 J. A. Raskatov, J. P. Schneider and B. L. Nilsson, Acc. Chem.
Res., 2021, 54, 2488–2501.

22 (a) V. Norman, S. Muller, J.-C. Ravey and A. Parker,
Macromolecules, 2000, 33, 1063–1071; (b) I. Fernández
Farrés and I. T. Norton, Food Hydrocolloids, 2014, 40, 76–84.
© 2022 The Author(s). Published by the Royal Society of Chemistry


	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a
	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a
	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a
	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a
	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a
	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a
	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a

	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a
	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a
	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a
	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a

	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a
	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a
	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a
	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a
	Direct observation of peptide hydrogel self-assemblyElectronic supplementary information (ESI) available: Python code used to analyze and interpret IR data is available as a package. See https://doi.org/10.1039/d1sc06562a


