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A B S T R A C T

The caribou (Rangifer tarandus sspp.) is a keystone wildlife species in northern ecosystems that plays a central
role in the culture, spirituality and food security of Indigenous People. The Arctic is currently experiencing an
unprecedented rate of climate change, including warming temperatures and altered patterns of precipitation.
These environmental changes can facilitate the transmission of arthropod-borne parasites, such as filarioid
nematodes.

Filarioids are an important cause of morbidity and occasional mortality in Rangifer in Fennoscandia, however,
much of the ecology and epidemiology of these parasites in caribou in North America, including Canada, remains
unknown. We aimed to determine the parasitic diversity and geographic distribution of filarioid nematodes in
three Canadian designatable units (DU) of caribou (barren-ground, boreal and Dolphin & Union) from Northwest
Territories, Nunavut and Newfoundland & Labrador. Genomic DNA extracted from 768 blood samples was
screened for filarioid nematodes using real-time PCR. The positive samples were Sanger sequenced to identify the
parasite present. Based on the sequencing results, we identified Setaria yehi and Onchocerca cervipedis s.l. We then
standardized a TaqMan probe based duplex droplet digital PCR (ddPCR) protocol for the simultaneous detection
of S. yehi and O. cervipedis s.l. Based on real-time PCR results, 8/768 samples were positive. Setaria yehi and
O. cervipedis s.l. were present in 4 separate samples (0.5%) each. Using ddPCR, 68/192 samples were positive
(35.4%). Setaria yehi DNA was detected in 57/192 positive samples (29.7%), O. cervipedis s.l. DNA was present in
22/192 samples (11.5%) and 11/192 samples (5.7%) had co-infections. Setaria yehi was detected in all three DUs
tested. Onchocerca cervipedis s.l. were found in barren-ground and boreal caribou, but not from the Dolphin and
Union caribou.

Through this broad-based survey and through developing and implementing advanced molecular methodol-
ogies, we have documented the apparent distribution and diversity of S. yehi and O. cervipedis s.l. in parts of three
Canadian DUs of caribou. The knowledge gained from this study provides baseline data and methodology for the
further elucidation of the epidemiology of these parasites in North America.
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1. Introduction

Climate change, occurring at an unprecedented rate in the Arctic, is
dramatically altering the habitat, flora and fauna of this ecosystem
(Boggs, 2016; Pörtner et al., 2022) and driving the expansion and
amplification of pathogens and emergence of disease in the Arctic and
sub-arctic regions (Deksne et al., 2020; Haider et al., 2018b; Hoberg
et al., 2008; Kafle et al., 2020; Kutz et al., 2009; Kutz et al., 2013;
Laaksonen and Oksanen, 2007; Laaksonen et al., 2010). Vector-borne
pathogens, including nematodes, are considered some of the most sen-
sitive to climate change. Biting arthropods and the pathogens they
vector are particularly sensitive to warmer temperatures which gener-
ally shorten the pathogen’s incubation period, increase development
and biting rates of their vectors and may prolong host exposure to biting
insects (Benedict and Barboza, 2022; Caminade et al., 2019; Culler et al.,
2015). A warming climate may thus increase the transmission of
vector-borne diseases (Kutz et al., 2014; Laaksonen et al., 2010; Polley
and Thompson, 2009) and exacerbate other insect harassment concerns
for people and wildlife at high latitudes (Gillespie et al., 2020; Hoye,
2020; Koltz and Culler, 2021).

Caribou and reindeer (Rangifer tarandus sspp.) are keystone wildlife
species across the Arctic and sub-arctic regions (Hummel and Ray,
2008). They play a central role in the lives of Indigenous people as a
cultural icon, a source of income and provide food, and warm clothing
(Hanke et al., 2024). As such, the health and well-being of the Indige-
nous People across the Arctic is directly linked to that of Rangifer.
Caribou are highly sensitive to insect harassment, and the impacts of this
harassment on energy expenditure, feeding rates and fitness are
well-described (e.g., Benedict and Barboza, 2022; Johnson et al., 2022;
Joly et al., 2020; Koltz et al., 2022; Raponi et al., 2018). In addition,
these insects can transmit parasites to caribou resulting in a range of
clinical and subclinical impacts (Kutz et al., 2012; Laaksonen and
Oksanen, 2007).

Rangifer are host to a variety of vector-borne parasites, including
several genera of filarioid nematodes (Spirurida: Filarioidea)
(Kutz et al., 2012; Paulsen et al., 2017). Filarioids are elongate and
slender, white, parasitic worms that live in the tissues or body cavities
and can be highly pathogenic to humans as well as animals (Lefoulon
et al., 2017; Paulsen et al., 2017). The filarioids reported in Rangifer
across the Holarctic include Setaria spp. (Dieterich and Luick, 1971;
Laaksonen et al., 2009a,b),Onchocerca spp. (Bylund et al., 1981; Verocai
et al., 2012) and Rumenfilaria andersoni (Laaksonen et al., 2015). Filar-
ioids have an indirect life cycle which involves a mammal definitive
host, including cervids, and a hematophagous dipteran insect interme-
diate host, which are mosquitoes (Culicidae) for Setaria (Anderson,
2000; Laaksonen et al., 2009a,b) and black flies (Simuliidae) and biting
midges (Ceratopogonidae) for Onchocerca (Anderson, 2000; Roe et al.,
2023). Laaksonen et al. (2015) hypothesized hematophagous arthro-
pods to be the vectors for R. andersoni, but the specific family, genus or
species remain unknown. The definitive host becomes infected with a
filarioid nematode when an infected insect intermediate host deposits
the infective third-stage larvae (L3) in the sub-cutaneous tissues of the
host during the blood meal. The larvae moult to the L4 stage, migrate to
the predilection site and develop into adults. Microfilariae are released
by adult female nematodes into the blood stream or surrounding host
tissues and are ingested by another susceptible insect vector during a
blood meal. Within the insect vector, the microfilariae develop to L3 and
the cycle continues (Tryland and Kutz, 2018).

Setaria tundra emerged as a significant cause of disease in Rangifer in
Finland with outbreaks occurring following two consecutive warm
summers (Laaksonen et al., 2009a,b). The adults are commonly seen in
the peritoneal cavity of ungulates, and the clinical symptoms may
include mild to severe peritonitis with ascites, green fibrin deposits and
adhesions on the liver (Tryland and Kutz, 2018). Onchocerca cervipedis,
or the “leg worm”, infect the distal extremities of cervids as adult worms,
often from the tibio-tarsal joint to the hoof. In caribou periostitis,

cellulitis and granulomatous lesions are reported; these syndromes may
affect host mobility making themmore susceptible to predation (Verocai
et al., 2012). Although O. cervipedis was originally described as a single
species, molecular analysis has shown there is at least four to five cryptic
species that have yet to be formally described (Benedict et al., 2023;
Kulpa et al., 2021; McFrederick et al., 2013; Verocai et al., 2018).
Rumenfilaria andersoni are lymphatic-dwelling filarioid nematodes
which cause chronic, persistent infection in their moose (Alces alces)
(Lankester and Snider, 1982), white-tailed deer (Odocoileus virginianus)
(Grunenwald et al., 2018) and reindeer (Laaksonen et al., 2015) defin-
itive hosts. Although not considered highly pathogenic, the high eosin-
ophilic count and microfilariae may affect the overall performance of
the host (Laaksonen et al., 2015).

The literature on the diversity and distribution of filarioids in Ran-
gifer in North America is limited. Setaria yehiwas originally described by
Desset in 1966 from deer (O. hemionus and O. virginianus) and caribou
from the United States and Canada (Becklund and Walker, 1969). An
early report of Setaria in Rangifer in North America preceded the
description of S. yehi (Erickson and Highby, 1942). Dieterich and Luick
(1971) reported S. yehi in a domestic reindeer in Alaska, and Fruetel and
Lankester, 1989 reported it in boreal caribou from Ontario. Onchocerca
cervipedis was first described in white-tailed deer and black-tailed deer
(O. hemionus) fromMontana and British Columbia, respectively, in 1935
(Wehr and Dikmans, 1935). The first presumed report of Onchocerca sp.
in Northern Mountain caribou is from Tweedsmuir Provincial Park,
British Columbia in 1976 (Low, 1976), with subsequent reports from
Grant’s caribou (Verocai et al., 2012) in Alaska. Onchocerca is wide-
spread in Fennoscandian reindeer (Bylund et al., 1981). Several more
recent studies in North America have described O. cervipedis as a species
complex with cryptic species of O. cervipedis s.l. in white-tailed deer
(McFrederick et al., 2013; Verocai et al., 2012), mule deer (O. hemionus)
(Kulpa et al., 2024), blackflies (Kulpa et al., 2021; Verocai et al., 2018)
and moose (Benedict et al., 2023; Verocai et al., 2012, 2024). Given
these recent advances in the knowledge of Onchocerca diversity in
caribou and other North American cervids, we refer to it as O. cervipedis
sensu lato (s.l.).

To increase our understanding of vector-borne filarioid nematodes in
caribou in Canada, we conducted a biospecimen survey using molecular
techniques. Caribou are classified into 12 discrete and significant des-
ignatable units (DU) for conservation in Canada, with a DU defined as a
unit that is spatially, ecologically, or genetically discrete and evolu-
tionarily significant and an irreplaceable component of biodiversity
(COSEWIC, 2011). Opportunistic samples were collected from three of
these DUs including: barren-ground caribou, boreal caribou and the
Dolphin & Union caribou from the Northwest Territories (NWT),
Nunavut (NU) and Newfoundland & Labrador (NL) in Canada (Fig. 1).
We expected to find all three filarioid genera Setaria, Onchocerca, and
Rumenfilaria, in the sampled herds, and predicted that the three genera
would be more common in caribou from lower latitudes than those from
further north because of the temperature dependent transmission of
these parasites. This work serves as a requisite first step in under-
standing the ecology, epidemiology and impacts of these pathogens in
Rangifer in a rapidly changing Canadian Arctic.

2. Materials and methods

2.1. Sample acquisition and DNA extraction

We obtained 768 whole blood samples in K2-EDTA tubes from
caribou collected during capture and collaring operations over the
previous 15 years from the inventories of the Governments of the NWT
(GNWT), Nunavut (GNU) and Newfoundland & Labrador (GNL). The
samples were stored at − 80 ◦C (GNWT), or at − 20 ◦C (GN&GNL) until
they were shipped to University of Calgary and then stored at − 20 ◦C
until processing. Blood samples were from 3 DUs, including: 465 from
barren-ground caribou (Bathurst, Beverly, Bluenose East, Bluenose
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West, Cape Bathurst and Tuktoyaktuk Peninsula herds in NWT &NU);
247 from boreal caribou (from Big Island, Pine Point-Buffalo Lake, Hay
River Lowlands, Mackenzie, North Slave, North Dehcho and South
Dehcho study areas in the NWT; Joir River, Lac Joseph, Mealy Moun-
tain, Red Wine Mountain from NL); and 56 from the Dolphin & Union
caribou from NU (Supplementary materials Table 1).

Blood tubes were gently inverted 3 times and then 200 μl whole
blood was taken for DNA extraction. Genomic DNA was extracted and
purified with QI Amp DNA Blood Mini Kit (Qiagen) using the manu-
facturer’s protocol. The DNA was extracted and diluted in 200 μl kit
elution buffer and then stored at − 20

◦

C until further use.
As a broad screening approach to capture nematode worms of the

family Onchocercidae, all samples were screened with real-time PCR
using a general primer targeting a 450 base pairs (bp) fragment of the
cytochrome oxidase c subunit 1 (CO1) region of mitochondrial DNA of
filarioid nematodes (Lefoulon et al., 2012). Positive samples were
sequenced using Sanger’s sequencing to identify the parasite to the
species. Using these results, we then designed a species-specific droplet
digital PCR (ddPCR) assay for further investigation of a subsample of
blood samples representing all the herds from three DUs.

2.2. Amplification using real-time PCR

We used a modified protocol from Kronefeld et al. (2014)’s SYBR
Green Chemistry real-time PCR assay for the detection of filarioid par-
asites in the sample. We used published primers targeting the CO1 re-
gion of filarioid nematodes (Lefoulon et al., 2012) (Table 1). The 25 μl
PCR reaction mixture contained 10 μl SYBR green Master mix (Sso-Ad-
vanced Universal), 9 μl molecular grade water (Corning), 5 μl DNA
template and 1 μl (10 μM) primer mix (forward and reverse). The cycling
conditions were 95

◦

C for 15 min for enzyme inactivation, 95 ◦C for 45 s,
58

◦

C for 30 s and 72
◦

C for 45 s; repeated for 35 cycles for amplification;
and a final extension 72

◦

C for 45 s followed by a cooling at 4
◦

C. The
amplification was done using a CFX96 thermocycler (Bio-Rad, Mis-
sissauga, Ontario, Canada). We used genomic DNA samples of S. yehi
from an Alaskan moose obtained from the lab of G. Verocai at Texas
A&M University as a positive control (Verocai et al., 2024) to stan-
dardize the real-time PCR assay along with the no-template control. We
interpreted the results using melting curve and amplification curve
analysis.

2.3. Sequencing and analysis

To determine species identity, the positive samples were amplified
with conventional PCR using the protocol from Casiraghi et al. (2001)
with the same primers (Table 1). The PCR products of the expected size
(450 bp) obtained in the agarose gel were then gel-purified with a kit (E.
Z.N.A. Cycle Pure Kit (V-spin), Nucleic acid purification kit) using the
manufacturer’s protocol. The purified products were sent directly for
Sanger’s sequencing to the UCDNA services at the University of Calgary.
Sequences obtained were edited and aligned using Geneious Prime
software (Geneious Prime, 2023.0.4) and the CO1 region was analysed
and compared to the sequences available in NCBI by BLAST (Basic Local
Alignment Search Tool) sequencing.

2.4. TaqMan probe-based duplex droplet digital PCR (ddPCR)

Based on the sequencing results, the parasites were identified as S.
yehi and O. cervipedis s.l. We focused the ddPCR on these two species and
designed primer and probe sets targeting the CO1 region of these par-
asites using Geneious Prime software (Geneious Prime, 2023.0.4)
(Table 1). The O. cervipedis primers and probes were custom designed
from the sequence data obtained from Sangers sequencing of the posi-
tive isolates in qPCR. The S. yehi and O. cervipedis probes were labelled
with FAM and HEX dyes, respectively. The S. yehi primers and probes as
well as the positive controls for both these parasites were obtained from
Verocai et al. (2024). Setaria yehi DNA was extracted from adult female

Fig. 1. Map showing the sites of samples collected and the distribution of S. yehi (SY) and O. cervipedis s.l. (OC) in caribou in Canada based on ddPCR of whole blood
samples; circles represent negative samples; triangles represent O. cervipedis s.l.; diamonds represent S. yehi; stars represent individuals with co-infections. The black
line is the latitudinal tree limit based on a percentage cover of less than 5% (derived from CCRS, 2020).

Table 1
Primers and probes used in the study.

Name Target
species

Sequence Tm

(
◦

C)

COIintF Filarioids TGA TTG GTG GTT TTG GTA A 49.35
COIintR Filarioids ATA AGT ACG AGT ATC AAT ATC 43.97
Syehi-F S. yehi TGGTGGACCTGGTAGAAGT 55
Syehi-R S. yehi CCCTAACAAAGAACCAATACCAAC 54
Syehi-Probe S. yehi AAGGGTTGAAGGTCAGCCTGAGTT 60.4
ocervi5F_28-50 O. cervipedis s.

l.
TTATTGGAGGTGGTCCTGGTAG 55.9

ocervi5R_129-
154

O. cervipedis s.
l.

CCAACAAAGAACCAATACCTACAGT 55.1

ocervi5P_83-
107

O. cervipedis s.
l.

TCCAAAGACAACTCCGGTTGACCC 61.1

*Tm: Melting temperature.
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worms isolated from an Alaskan moose and O. cervipedis s.l. DNA was
from microfilariae in the ear tissue of white-tailed deer.

The duplex ddPCR protocol was standardized by doing a temperature
gradient and concentration gradient single plex ddPCR for the respective
parasites first. Annealing temperature was finalised at 55

◦

C and the
concentrations of positive control for S. yehi and O. cervipedis s.l. were
fixed as 1/10,000 x and 1/10 x, respectively (x is the DNA concentration
of the positive control; 3 ng/μl for both the positive controls). We then
ran a duplex ddPCR combining primer and probe sets of both the par-
asites at the above-mentioned annealing temperature and concentration
and finalised the protocol.

The 24 μl ddPCR reaction mixture contained 10 μl ddPCR supermix
for probes (no dUTP) (Bio-Rad), 2.25 μl (10 μM) of each primer and
0.625 μl (5 μM) of each probe, 2 μl of DNA sample and 1.75 μl of mo-
lecular biology grade water (Corning). After mixing, 24 μl of the reaction
mixture was transferred to the second column of a DG8 cartridge (Bio-
Rad) and 70 μl of droplet generating oil for probes (Bio-Rad) was added
to the first column. The last two wells of the cartridge were loaded with
positive control and no-template control (molecular biology grade
water). The loaded column was closed using DG8 Gasket (Bio-Rad) and
then placed in a QX200 Droplet Generator (Bio-Rad) where
12,000–20,000 droplets were generated per experiment. The droplets
generated in the third column of the DG8 cartridge were transferred to a
96 well semi-skirted ddPCR plate (Bio-Rad) and the plate was heat-
sealed with a pierceable aluminium foil (Bio-Rad). The cycling condi-
tions were 95

◦

C for 10 min for enzyme inactivation, followed by 40
cycles of a two-step thermal profile of 30 s at 94

◦

C for denaturation, 60 s
at 55

◦

C with a 1◦C ramp for annealing and extension and a final hold of
10 min at 98 ◦C for droplet stabilization followed by cooling at 12

◦

C. We
used C100 Touch Thermal Cycler (Bio- Rad, US) machine for the
amplification. After amplifications, the plate was read using QX200
Droplet Reader (Bio-Rad, USA). The droplets were read sequentially,
and the results were read using Quanta soft program QX Manager
Standard Edition (1.2.345). The droplets in the first and second channels
of each well indicated the presence of S. yehi and O. cervipedis s.l.,
respectively. The positive droplets of the samples were compared with
the positive control to finalise the results. The last well (no template
control) contained negative droplets with no amplification.

We tested 192 of the original 768 blood samples by ddPCR (Fig. 2).
These were initially selected based on: i) if they had been positive by
conventional PCR (n = 8) and; ii) if they were suspect positive based on
potential activity in the qPCR (n = 63). The suspect positive samples
were those where a small but distinctive peak was present, but below the
threshold line in our melt-curve analysis (Cq > 29, melt curve peak
below threshold line). Such blips can be either due to low concentration
of DNA or failure to replicate in the reaction. Finally, we tested an
additional 121 samples spanning the diversity of our herds that initially
tested negative with qPCR. Droplet digital PCR offers advantages in that
it is highly sensitive to detect a lower concentration of target DNA
(Taylor et al., 2017). The 121 negative samples were selected from
different herds of each DU to get a wide geographic representation. For
these, two negative samples were pooled (1 μl of each sample DNA was

added to the reaction mixture) and screened first; if the pool tested
positive then the samples were screened separately afterwards. Pooling
was done to make the technique time and cost-effective.

3. Results

3.1. Real-time PCR results and sequence analysis

Eight of 768 samples, representing animals from the barren-ground
and boreal caribou DUs, tested positive using real-time PCR. Sixty-
three additional samples showed amplification after cycle number 29
(Cq > 29) with a melt curve peak below the threshold line (Fig. 3). The
remaining samples showed no evidence of amplification. Of the positive
samples, four were identified as Setaria yehi and four as Onchocerca
cervipedis s.l. by BLAST sequencing and comparing the pairwise identity
of the sequences in the GenBank (details of the top 5 hits are given in
Supplementary materials Tables 2 and 3). All eight sequences generated
were deposited in NCBI GenBank (Accession numbers: PQ282506-12,
PQ318212)

3.2. Droplet digital PCR results

Setaria yehi was detected by ddPCR from all the three DUs in the
NWT, Nunavut and Newfoundland & Labrador, Canada; O. cervipedis s.l.
was detected in barren-ground and boreal caribou but not the Dolphin&
Union caribou (Figs. 1 and 4). Setaria yehi was the most common with
29.7% (57/192) sample prevalence; O. cervipedis s.l. was present in
11.5% (22/192) samples including co-infections in 5.7% (11/192)
samples (Fig. 1). Setaria yehi was detected in samples from all herds of
barren-ground caribou, 9 of 12 boreal caribou areas and from the Dol-
phin & Union caribou (Appendix Table 1; Fig. 1). Of 118 barren-ground
caribou samples tested, 34 (28.8%) were positive for S. yehi (18 from
Bathurst herd, four from Bluenose East, three each from Ahiak and
Bluenose West, two each from Tuk Peninsula and animals without
assigned herds and one each from Beverly and Cape Bathurst); 21
samples (8.5%) were positive for O. cervipedis s.l. (eight from Bathurst,
five from Bluenose East and four each from Ahiak and unassigned ani-
mals), including 11 samples (9.3%) with co-infections, four each from
Bathurst and Bluenose East, two from Ahiak and one from an unassigned
animal. Of 62 boreal samples tested, 19 (30.6%) were positive for S. yehi:
five from Labrador (two each from Mealy Mountain and Red Wine
Mountain and one from Lac Joseph), four each from Hay River Lowlands
and North Slave, two each from South Dehcho and Pine Point-Buffalo
Lake and one each from Mackenzie and North Dehcho, NWT; Oncho-
cerca cervipedis s.l. was detected in only one sample (1.6%), from Pine
Point-Buffalo Lake in NWT and no co-infections were found (Fig. 5). Of
12 Dolphin & Union samples tested, four (33.3%) were positive for
S. yehi. No O. cervipedis s.l. were found in Dolphin & Union caribou or
boreal caribou from Newfoundland and Labrador (Table 2).

Fig. 2. Flowchart showing the number of samples screened using real-time PCR & ddPCR, and the results.
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4. Discussion

Through the use of sensitive molecular methodologies and conve-
nience sampling, this first broad-scale biodiversity survey for filarioid
nematodes in caribou expands our understanding of the diversity and
distribution of filarioids in caribou in Canada. The opportunistic nature
of our study design, based on convenience samples collected over mul-
tiple years and a vast geographic range, did not allow us to evaluate
spatial or temporal trends. Nevertheless, we did detect presence of both
the O. cervipedis and S. yehi in the majority of herds tested.

We confirmed the species of Setaria present in caribou in Canada as
S. yehi, different from S. tundra, reported from reindeer in Finland
(Laaksonen et al., 2009a,b; Oloś et al., 2019). Setaria yehi, Desset 1966
was first described from mule and white-tailed deer and subsequently
reported in caribou and moose in North America (Becklund and Walker,
1969; Schurr and Rabalais, 1983; Walker and Becklund, 1970;

Weinmann et al., 1973b; Weinmann and Shoho, 1975; Yeh, 1959).
Dieterich and Luick (1971) reported S. yehi in a domestic reindeer in
Alaska, and there are unpublished reports of Setaria sp. from
barren-ground caribou in NWT by hunters in 1990s (Pers. Comm Brett
Elkin). We detected S. yehi in all three DUs of caribou that we tested in
the NWT, Nunavut and Labrador, Canada, indicating wide distribution
of this parasite. Our findings, however, do not preclude that S. tundra is
present in North America. Setaria tundra and S. yehi are morphologically
very similar (Becklund and Walker, 1969). Both species have been re-
ported from multiple cervid host species in the sub-arctic zone
(Laaksonen et al., 2009a,b, Dieterich and Luick, 1971) and multiple
reindeer introductions from Fennoscandia and Russia in the late
1800s/early 1900s could have introduced S. tundra to Alaska and/or
Newfoundland (Truede, 2009).

We detected the legworm, O. cervipedis s.l., from a more restricted
geographic distribution in two DUs, barren-ground and NWT boreal

Fig. 3. A real-time PCR melt curve showing positive samples and suspect samples (peaks below threshold line). The x-axis indicates the temperature; y-axis indicates
the fluorescence; the bold green line at 110 fluorescence indicates the threshold line; the peaks above the threshold line are positive; the peaks below the threshold
line are suspected positive, the lines parallel to x-axis are negative.

Fig. 4. A duplex droplet digital PCR plot showing positive droplets: S. yehi (blue), O. cervipedis s.l. (green) and negative droplets (black). Channels A12 to F12
represent individual samples; G12 is the positive control; H12 is the negative control.
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caribou, but did not detect it from the contiguous barren-ground herds
in the northwestern Canadian Arctic: Cape Bathurst (n = 22), Bluenose
West (n = 24) and Tuktoyaktuk Peninsula (n = 12). The apparent
absence of this parasite from these western herds may be linked to a
small sample size or there may be other ecological drivers limiting its
distribution.

Onchocerca cervipedis has been reported in caribou, moose (Verocai
et al., 2012) elk and white-tailed and mule deer (Wehr and Dikmans,
1935) from North America and is considered a cryptic species complex
(Benedict et al., 2023; Kulpa et al., 2021; McFrederick et al., 2013;
Verocai et al., 2018). Kulpa et al. (2024) reported that there are at least
four and most likely five distinct species comprise this species complex
so far. TheO. cervipedis s.l. isolated from caribou in the current studywas
not included in these analyses, however, preliminary data suggest that
this is closely related to the New York specimens in white-tailed deer
(McFrederick et al., 2013).

The detection of S. yehi in the Dolphin and Union Caribou herd was
unexpected. These caribou, the most northerly tested, summer on Vic-
toria Island, Nunavut above 70◦ N latitude. The presence of S. yehi in the
Dolphin and Union caribou indicates that these mosquito-borne para-
sites are likely being transmitted during the short summer on Victoria
Island. While the vector mosquito species for S. yehi is unknown, Aedes
spp. are known vectors for the related S. tundra in Finland (Kronefeld
et al., 2014). A recent report identified Aedes spp. (Ae. impiger, Ae. nig-
ripes and Ae. hexodontus) mosquitoes near Cambridge Bay on Victoria
Island (Villeneuve et al., 2021). The vector potential of these species for
S. yehi is unknown. We did not detect O. cervipedis in the Dolphin and
Union caribou. This absence may be real or may reflect lower sensitivity
of our sample type (blood) for this parasite (see below) and/or the low
sample size.

Overall, we detected a higher occurrence of S. yehi (57/192 samples)
than O. cervipedis s.l. (22/192 samples) in caribou. There are several
possible explanations for this difference. Although these vector-borne
filarioid nematodes have similar life cycles, S. yehi microfilariae circu-
late in the blood stream, whereas microfilariae of O. cervipedis are
distributed primarily in the dermis near where they are deposited by the
adult female worm (Anderson, 2000; Tryland and Kutz, 2018).

However, microfilariae of other Onchocerca species have been detected
from blood. Onchocerca volvulus microfilariae were detected in human
blood in Cameroon (Fuglsang and Anderson, 1974) and a study in Italy
reported the incidental detection of Onchocerca microfilariae in donkey
blood (Papini et al., 2020). Thus, while blood is not the predilection site
for O. cervipedis, our work illustrates that this parasite can be detected
through analyses of blood, though the sensitivity of this technique is not
known. The contamination of blood samples with dermal microfilariae,
while possible, is a less likely explanation for detecting the parasite in
blood.

Another reason for the higher occurrence of S. yehi may be the non-
specificity for vectors. Paulsen et al. (2017) suggested that S. tundra is
not a highly vector specific parasite, which may enhance its ability for
geographic range expansion. The known vectors of S. tundra in Europe
are the mosquitoes Aedes vexans, Ae. geminus and the Culex pipiens
complex (Czajka et al., 2012; Kronefeld et al., 2014). Among these, Ae.
vexans and C. pipiens are prevalent in North America (Cansado-Utrilla
et al., 2020; Hongoh et al., 2012; Outammassine et al., 2022). Tran et al.
(2022) detected S. yehi in Ae. sierrensis, Anopheles franciscanus, An.
freeborni and Cx. stigmatosoma from northwest California. In 1979, the
above-mentioned mosquitoes were not identified in NWT, Nunavut or
Newfoundland & Labrador (Wood et al., 1979). However, a recent
report identified Aedes spp. mosquitoes from the Canadian Arctic and
Subarctic, including Yellowknife, NWT and Cambridge Bay, Victoria
Island, Nunavut (Villeneuve et al., 2021), the predominant species being
Ae. impiger, Ae. nigripes and Ae. hexodontus. The vector potential of these
mosquitoes for S. yehi remains unknown.

The vectors of O. cervipedis s.l. reported in North America are black
flies Prosimulium impostor (Weinmann et al., 1973b), Simulium decorum,
S. venustum (Pledger, 1978), S. tescorum, S. vittatum and S. clarum (Kulpa
et al., 2021; Verocai et al., 2018). However, previous reports of
O. cervipedis in black flies in North America without molecular charac-
terization should be carefully interpreted due to the mounting evidence
of cryptic diversity within this species complex (Benedict et al., 2023;
Kulpa et al., 2021; McFrederick et al., 2013; Verocai et al., 2012, 2018).
A study done by Currie and Adler. (2000) identified four genera and 29
species of black flies from the Horton River valley in NWT and Nunavut,

Fig. 5. Distribution of S. yehi and O. cervipedis s.l. in (a) Boreal (study location wise) and (b) Barren-ground Caribou (herd wise) [triangle indicates S. yehi; star
indicates O. cervipedis s.l.; square indicates co-infection; ‘n’ indicates the number of samples from each herd/location tested using ddPCR] (Picture credits for base
maps: (a) Nick Wilson, Environment and Climate Change, GNWT; (b) Environment and Climate Change, GNWT).
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including S. venustum, a potential vector for Onchocerca. Some recent
reports identified black flies from the Canadian Arctic and subarctic
areas including Yellowknife, NWT (Villeneuve et al., 2021) and Nunavut
(Franke et al., 2016; Lamarre et al., 2018). The presence of a rich fauna
of potential vectors in higher latitudes of Canada suggests that Oncho-
cerca can be propagated and transmitted in these locations (Adler and
Crosskey, 2024; Olejníček, 2005).

Our results clearly demonstrated that droplet digital PCR is far more
sensitive approach than real-time PCR and is a powerful tool for the
detection and quantification of parasites (Pomari et al., 2019; Wich-
ianchot et al., 2022). For example, we found parasite DNA using ddPCR
in 60 samples that tested either negative or suspected using qPCR,
including 11 samples with co-infections (see Table 2 for detailed re-
sults). The results are consistent with Taylor et al.’s (2017) findings, who
concluded that ddPCR technology is more accurate for samples with low
levels of nucleic acid (Cq > 29) compared to real-time PCR. A limitation
of this approach, however, is that it is specific to the species that we
looked for and it could not reveal potential for a broader diversity of
filarioid nematodes in the samples. Out of the 63 suspected-positive
samples from real-time PCR, 43 samples were positive for either
S. yehi or O. cervipedis s.l. with ddPCR and 20 were negative. DdPCR
could not inform on what was present in the other 20 samples. Rangifer
are host to other filarioid nematodes such asO. tarsicola, R. andersoni and
S. tundra, (Paulsen et al., 2017). In future, the suspected positive samples
could be shot-gun sequenced (e.g., illumina massive parallel
sequencing) or alternatively, other ddPCR panels specific to each filar-
ioid known to infect Rangifer could be developed.

Our sampling strategy, which was an opportunistic sample design
using archived samples collected primarily during capture and collaring
operations that occur during late winter, was not optimal and likely
underestimates the abundance and distribution of these parasites. The
sample size was non-uniform in time, geography and demographics and
the sampling season was not ideal for detecting these vector-borne
parasites. Setaria have long prepatent period of four to six months

(Laaksonen et al., 2008), and while the prepatent period of O. cervipedis
s.l. is unknown; O. volvulus has a prepatent period of 10–20 months
(Anderson, 2000). This means that animals infected late the previous
summer and sampled in March may have few, or no circulating micro-
filariae or microfilaridermia at this time. Rather, the peak micro-
filaremia is likely to occur during the summer when suitable vectors for
transmission are present. Ideally, blood samples would be collected
during the summer, when the likelihood of detecting microfilaremia is
highest. Even though summer is the preferred time of sample collection,
getting blood samples from caribou during summer can be challenging.
Both the summer heat and the fact that caribou calve in May or June
increase the risk to caribou at this time of year and the benefits of
sampling during this time would not outweigh the risks. The time of day
for sampling may also be relevant if there is a diurnal pattern to the
microfilaremia (Laaksonen et al., 2008). Nevertheless, despite these
sampling limitations, we detected the parasites in blood in the second
screening using ddPCR.

5. Conclusion

Filarioid nematodes are important disease-causing agents in wild and
semi-domesticated Rangifer (Kutz et al., 2012; Verocai et al., 2012).
Climate-linked disease outbreaks in Finland have illustrated how these
parasites can have devastating consequences for semi-domestic reindeer
and the related food industry (Laaksonen and Oksonen, 2007; Paulsen
et al., 2017). Under the current climate change scenarios, it is likely that
vectors, and these vector-borne parasites, will increase in abundance
and distribution in the North American Arctic (Koltz and Culler, 2021),
with consequences for caribou conservation, but also for food security
and quality for Indigenous people who depend on caribou (Hanke et al.,
2021). The ddPCR developed in this study allows for rapid and sensitive
detection, even in sub-optimal samples and can contribute to supporting
northern communities, food security and wildlife conservation
initiatives.

Table 2
Distribution of the DU/Herd, year of sample collection and results after screening using real-time PCR and ddPCR (%).

Caribou DU/Herd/Location CollectionYear qPCR n qPCR resultsqPCR results ddPCR n ddPCR results

S. yehi O. cervipedis Suspect S. yehi only O. cervipedis only Co-infections

BGCA
Ahiak 2012–2020 94 0 0 5 7 1 2 2
Bathurst 2011–2022 119 2 2 21 26 14 4 4
Beverly 2017–2022 44 0 0 1 13 1 0 0
Bathurst/Beverly 2022 6 0 0 0 2 0 0 0
Bluenose East 2011–2022 116 0 1 4 5 0 1 4
Bluenose West 2021 24 0 0 0 24 3 0 0
Cape Bathurst 2021 22 0 0 3 22 1 0 0
Tuk Peninsula 2021 12 0 0 0 12 2 0 0
Unassigned 2014–2022 28 0 1 5 7 1 3 1
Overall BGCA  465 2 (0.4) 4 (0.9) 39 (8.4) 118 23 (19.5) 10 (8.5) 11 (9.3)
BCA_NWT
Big Island 2021 2 0 0 0 2 0 0 0
Pine Point-Buffalo Lake 2018–2022 47 0 0 2 9 2 1 0
Hay River Lowlands 2018–2021 49 0 0 9 9 4 0 0
Mackenzie 2018–2021 26 0 0 1 1 1 0 0
North Slave 2017–2022 63 2 0 4 9 4 0 0
North Dehcho 2017–2022 8 0 0 1 1 1 0 0
South Dehcho 2022 7 0 0 3 3 2 0 0
Overall BWCA_NWT  202 2 (0.9) 0 (0.0) 20 (9.9) 34 14 (41.2) 1 (2.9) 0 (0.0)
BCA_Labrador
Joir River 2005–2009 7 0 0 0 5 0 0 0
Lac Joseph 2008–2009 15 0 0 3 6 1 0 0
Mealy Mountain 2008 9 0 0 0 7 2 0 0
Red Wine Mountain 2008–2009 14 0 0 0 10 2 0 0
Overall BWCA_Labrador  45 0 (0.0) 0 (0.0) 3 (6.7) 28 5 (17.9) 0 (0.0) 0 (0.0)
D&U
D&U 2016–2021 56 0 (0.0) 0 (0.0) 1 (1.8) 12 4 (33.3) 0 (0.0) 0 (0.0)cervipe
Total  768 4 (0.5) 4 (0.5) 63(8.2) 192 46 (23.4) 11 (5.7) 11 (5.7)dis s.l

*DU: Designatable Unit; *D&U: Dolphin and Union Caribou *BGCA: Barren-ground Caribou; *BCA: Boreal Caribou; *NWT: Northwest Territories; SY: Setaria yehi; OC:
Onchocerca cervipedis s.l.
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