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1 | INTRODUCTION

Abstract

The fine-scale temporal dynamics of the chicken gut microbiome are unexplored, but
thought to be critical for chicken health and productivity. Here, we monitored the
fecal microbiome of healthy chickens on days 1-7, 10, 14, 21, 28, and 35 after hatch-
ing, and performed 16S rRNA amplicon sequencing in order to obtain a high-resolu-
tion census of the fecal microbiome over time. In the period studied, the fecal
microbiomes of the developing chickens showed a linear-log increase in community
richness and consistent shifts in community composition. Three successional stages
were detected: the first stage was dominated by vertically transmitted or rapidly
colonizing taxa including Streptococcus and Escherichia/Shigella; in the second stage
beginning on day 4, these taxa were displaced by rapid-growing taxa including
Lachnospiraceae and Ruminococcus-like species variants; and in the third stage, start-
ing on day 10, slow-growing, specialist taxa including Candidatus Arthrobacter and
Romboutsia were detected. The patterns of displacement and the previously reported
ecological characteristics of many of the dominant taxa observed suggest that re-
source competition plays an important role in regulating successional dynamics in the
developing chicken gut. We propose that the boundaries between successional
stages (3-4 and 14-21 days after hatching) may be optimal times for microbiome

interventions.
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the health and productivity of broilers has become a key aspect of

this industry (Ballou et al., 2016). Recent studies using high through-

The last half century has seen poultry production in the world
grow more than fivefold, and this trend is expected to continue
(FAO, 2016). Poultry is the world's primary source of animal pro-
tein (FAQ, 2018); the global population of chicken exceeds 40 bil-
lion individuals (Oakley, Lillehoj, et al., 2014). Broiler chicken meat
comprises the majority of the poultry meat industry, and ensuring

put sequencing, have shown the role of the gastrointestinal tract
(GIT) microbiome in gastrointestinal development, nutrient absorp-
tion, and pathogen invasion resistance (Crhanova et al., 2011; Pan
& Yu, 2013; Park et al., 2013; Pedroso & Lee, 2015; Yeoman et al.,
2012). Concurrently, initiatives to control antibiotic use in produc-

tion animals, especially the restriction in use of growth promoters
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worldwide to prevent the emergence of antibiotic resistance has
made the manipulation of intestinal microbiomes in poultry an at-
tractive alternative to support innate immunity and improve health
(Kogut & Arsenault, 2016; Pedroso & Lee, 2015), as well as produc-
tivity (Singh et al., 2014). Supplementing the diets of developing
broilers with probiotics or applying vaccines have long-term effects
on the broilers’ GIT microbiome composition (Ballou et al., 2016). In
particular, feed additives have altered microbial activity in the GIT
as well as disease susceptibility (Engberg, Hedemann, Steenfeldt,
& Jensen, 2004; Mitsch etal.,, 2004; Owens, Tucker, Collins, &
McCracken, 2008), but the exact mechanisms responsible for these
effects remain unclear (Oakley, Lillehoj, et al., 2014).

The chicken GIT microbiome is most susceptible to interventions
in early life, and is supported by the competitive exclusion principle,
which refers to the observation that pathogens are less successful in
colonizing the chicken GIT when their native microbiomes are more
diverse, later in life (Nurmi & Rantala, 1973). The proposed mecha-
nism for this is direct or indirect competition for resources in the GIT
with the native microbes, resulting in a lack of available niche space
(Nurmi & Rantala, 1973). This concept was developed from studies
which found that broilers were most vulnerable to Salmonella infantis
during the first week after hatching, and that the oral administration
of a mixed bacterial culture derived from the GIT of adult chickens
resulted in prevention of colonization by S. infantis in young broilers
(Nurmi & Rantala, 1973; Rantala & Nurmi, 1973). In parallel, research
into the potential of probiotic therapies, as live microbial feed sup-
plements, to alter the chicken GIT microbiome overwhelmingly finds
that they are most effective when applied during early life (Ballou
et al., 2016; Oakley, Lillehoj, et al., 2014).

Available studies show that during early development, the
chicken GIT microbiome undergoes rapid changes, and represents
a successional landscape which is gradually colonized by bacteria
over time (Lu et al., 2003; Oakley, Buhr, et al., 2014; Oakley & Kogut,
2016). A weekly sampling of broilers showed large shifts in the cecal
and fecal microbiomes each week as well as a gradual increase in
community complexity (Oakley & Kogut, 2016). Another study
found the cecal and ileal communities of 3-day-old broilers to be dis-
tinct from subsequent samples taken at a weekly interval (Lu et al.,
2003); and yet another study showed major shifts in the cecal micro-
biome between the first and third days after hatching (Ballou et al.,
2016). From the time of hatching, commercial broilers are exposed
to a wide range of sources of microorganisms, being those in the
environment, litter, water, and feed, may colonize the broiler GIT in
the first weeks of life (Pedroso & Lee, 2015). In addition, the broiler
GIT undergoes developmental changes which affect the microbiome
as the different segments of the GIT become differentiated. In one
case, the microbiomes of the cecum and ileum in broilers were not
different until 14 days after hatching, although current methods
are more sensitive (Lu et al., 2003). In another study, the immune
system developed concurrently with the microbiome (Crhanova
et al, 2011). Bacterial community succession occurs rapidly, and
experiments sampling successional microbial systems at a high tem-
poral resolution find that during early colonization, the microbial

community may exhibit radical shifts in composition at a daily scale
(Cong et al., 2017; Gilbert et al., 2010), in correspondence with bac-
terial growth cycles and their ecological niches (Barnard, Osborne, &
Firestone, 2015). Defining microbial succession in the GIT is critical
to understanding gut community assembly, disturbance responses,
and disease (Marino, Baxter, Huffnagle, Petrosino, & Schloss, 2014),
but they have not been studied at a sufficient temporal resolution to
understand the mechanisms behind the observed dynamics, partic-
ularly during the first week of development.

Here, we used 16S rRNA gene sequencing to monitor the fecal
microbiome of broilers from hatch to 35 days after hatching. We
focused on the fecal microbiome as a proxy for the GIT microbial
development because of the ease of sampling for high temporal res-
olutions, and because we were interested in successional dynamics
in the GIT rather than the exact composition of a specific section of
the GIT microbiome. In order to constrain primary succession, we
sampled the broilers daily for the first week, when the most rapid
dynamics were expected, and then weekly for the duration of the
experiment. Our aims were (a) to reveal the temporal dynamics of
microbial colonization of the broiler GIT, and (b) to contribute further
resolution and mechanistic insight into the susceptibility of the GIT

microbiome to interventions in early life, as applied to broilers.

2 | MATERIALS AND METHODS

2.1 | Sample collection

Day-old broilers (strain Cobb 308, n = 14) were received from a com-
mercial hatchery (Day 0, 1-24 hr after hatching) and housed in a lit-
ter-covered floor pen (wood shavings, 1.5 m?) thereafter. The study
employed only male birds to exclude between-individual variability
arising from sex. The birds received ad libitum a starter, grower, and
finisher diet over days 0-13, 14-27, and 28-42, respectively. The
nutrient composition of the diets was calculated to cover the nutri-
ent requirements of the birds throughout the study (Table A1). The
birds had free access to water. Fecal samples were taken daily at the
same time on days 1-7, and on days 10, 14, 21, 28, and 35. For each
sampling day, a plastic cover was placed on the floor of the pen on
top of the litter for 1 hr. Five separate fresh fecal droppings were
collected, excluding cecal droppings from the sheet, and stored in-
dividually at -=80°C within 1 hr of collection for further analyses.

2.2 | DNA extraction and 16S rRNA sequencing

DNA was extracted from 0.2 g of feces using the Qiagen QlAamp
Fast DNA stool mini kit (Qiagen, Hilden, Germany), according to
the manufacturer's instructions with an extra bead-beating step,
and eluted in 50 pl. Extracts were checked on a 2200 Tapestation
(Agilent Technologies, Santa Clara, CA).

16S rRNA gene amplicon sequences were used to monitor bac-
terial community composition in the developing chicks’ feces. The
V3-4 region of the 16S rRNA gene was amplified by PCR using the
primers CVI_V3-forw CCTACGGGAGGCAGCAG and CVI_V4-rev
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GGACTACHVGGGTWTCT with the following amplification condi-
tions: 98°C for 2 m, followed by 15 cycles of 98°C for 10 s, 55°C
for 30s, and 72°C for 10s, and finally by 72°C for 7 min. PCR
products were checked with gel electrophoresis, and sequencing
was performed using a MiSeq sequencer (lllumina Inc., San Diego,
CA).

2.3 | Sequence processing and statistical analyses

All sequence processing and statistical analyses were performed in
R 3.4.0 (R Core Team, 2014). The 16S rRNA gene sequencing reads
were filtered, trimmed, dereplicated, chimera-checked, and merged
using the dada2 package (v.1.4.0; Callahan et al., 2016) using stand-
ard parameters (TruncLength = 240,210) and reads were assigned
with the SILVA v.132 classifier (Quast et al., 2012). Downstream
analyses were performed with the phyloseq (McMurdie & Holmes,
2013) and vegan (Oksanen et al., 2007) packages. Good's cover-
age was >0.999. Prior to analyses, the data were rarefied to 28,523
reads per sample (rarefy_even_depth, seed=1). The final dataset con-
tained 1,475 species variants (SVs). Sequences are deposited in
NCBI's Sequence Read Archive under BioProject accession number
PRJNA517082.

The number of SVs per sample was used as a measure of ob-
served richness. Patterns in richness (a-diversity) over time were
evaluated with a linear regression. Abundances in taxa over time
were reported throughout the manuscript as mean + SD. To eval-
uate changes in community structure over time (B-diversity), we
performed a Principal Coordinates Analysis (PCoA) of Bray-Curtis
distances between samples, and clustering between samples was as-
sessed using adonis. Dispersion of samples was evaluated using beta-
disper. To identify taxa with consistently varying abundances over
time, we performed an ANOVA for the effect of sampling time on
the abundance of each genus, selected genera for which p < 0.001,
standardized them according to their relative temporal abundance
patterns (Shade, McManus, & Handelsman, 2013), and clustered
them using Euclidean distances and Ward's method.

Open Access,

3 | RESULTS
3.1 | Bacterial abundance and a-diversity

To characterize the microbial community of the developing chicks’
fecal microbiomes, we first explored community diversity. For the
period studied, observed richness increased from an average of
31.4 £ 5.0 SVsonday 1to 397 + 155.5 SVs on day 35. Age of the bird
significantly predicted the number of observed SVs per sample with
the formula diversity = 32.99 + 74.67 x log(time), R? = 0.47, p < 0.001
(Figure 1).

Throughout the experiment, the fecal microbiome gradually
shifted from a predominance of Proteobacteria to Firmicutes
(Figure A1). On day 1, the community was dominated by
Escherichia/Shigella (42.5 + 2.5% of the community on average)
and Streptococcus (41.1 + 3.1% on average). While Streptococcus
decreased to an average of 0.1 +0.1% by day 4, Escherichia/
Shigella decreased much more gradually, falling to similar levels
as Streptococcus by day 28. In contrast, Lactobacillus, which ac-
counted for an average of 0.2 + 0.2% of the community on day 1,
gradually increased to account for 42.9 + 34.0% by day 14, fluc-
tuating thereafter (Figure A1). On days 14 and 21, Bacteroidetes
and Actinobacteria increased to above 1% of the community,
respectively.

3.2 | p-diversity

We evaluated changes in community composition with a PCoA of
Bray-Curtis distances. Samples clustered significantly according
to time (adonis, pseudo F = 6.98, R? = 0.61, p < 0.001), increasingly
diverging from day 1 samples (Figure 2). While variability between
replicates did not change significantly over time (ANOVA test on
homogeneity of group dispersions, p = 0.10), a t test examining the
distances within temporal replicates between samples taken from
days 1-7 and from days 10-35 found that heterogeneity between
samples was significantly higher (p = 0.006) in the later stages, indi-

cating increased heterogeneity over time.

Observed Richness

6001 y=32.99+ 74.67 * log(x); p < 0.001; R? = 0.47

400 1

200+

Observed SV’s

FIGURE 1 Microbial richness in feces
over time. A single linear regression of

observed diversity over time. The derived
formula, R? and significance are displayed
above. SV: species variant

Days since hatching
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3.3 | Temporal dynamics

In order to examine temporal dynamics, we selected the eight most
abundant bacterial orders among all fecal samples collected in the
study, which accounted for 98.7 + 2.2% of the community on av-
erage throughout the entire experiment (Figure 3). These orders
showed unique temporal patterns: Lactobacilliales were highest dur-
ing the first day after hatching (50.4 + 4.3% of the community), and
decreased in relative abundance until day 5, remaining at an aver-
age of 25.7 £ 9.9% of the community for all subsequent time points.
Similarly, Enterobacteriales was highest during day 1 (42.6 + 2.5%)
but decreased gradually until day 14, remaining at 5.7 £ 7.9% on av-
erage until day 35. In contrast, members of Clostridiales grew from
6.8 + 5.7% of the community on day 1 to 70.9 + 17.7% on day 10,
and maintained an average relative abundance of 38.4 + 15.5% on
average until day 35. Corynebacteriales were rare or undetectable
(<0.01% of the community) until day 14, but made up 25 + 5.4% of
the community on day 28, remaining above 1% of the total com-
munity between days 21 and 35. Bacillales, Pseudomonadales,
Bacteroidales, and Micrococcales gradually increased between days
21 and 35, but collectively remained below 10% of the total com-
munity for all samples.

To further explore genera which showed consistent dynamics
over time, we performed an ANOVA to compare the relative abun-
dances of each genus at each time point, and selected taxa for which
p < 0.001 for further analysis. The 39 resulting taxa were distrib-
uted among the phyla Actinobacteria, Bacteroidetes, Firmicutes,
Proteobacteria, and Tenericutes, and represented an average of
72.9 £ 18.9% of the total community (Figure 4). These genera ex-
hibited significant changes in relative abundance over time. On day
1, Streptococcus, Clostridium sensu stricto, and Enterobacter exhib-
ited significantly higher abundances than on any other sampling
day. An unclassified genus belonging to Enterobacteriaceae and
Escherichia/Shigella maintained significantly higher abundances be-

tween days 3 and 7 after hatching, while a large group of genera

predominantly belonging to Clostridia and including several mem-
bers of Ruminococcaceae exhibited higher abundances between
days 4 and 10. In contrast, the relative abundance of Candidatus
Arthromitus was highest on days 14 and 21; Asaccharospora and a
Peptostreptococcaceae SV were highest on day 21; a group of Bacilli
and Actinobacteria including Lactobacillus, Glutamicibater, and
Corynebacterium were highest on day 28, and a large and diverse
group of bacteria including Alistipes, Barnesiella, and Oscillospira

were most abundant on day 35.

4 | DISCUSSION

A better understanding of successional patterns in the developing
broiler GIT microbiome has the potential to improve microbiome
management practices and prevent disease in poultry (Kogut &
Arsenault, 2016). We studied the fecal microbiome of developing
broilers with an emphasis on the first week after hatching. As ex-
pected, community richness increased rapidly over time, stabilizing
by day 14. This is in accordance with other studies monitoring the
development of the cecal microbiomes of broilers over time (Ballou
et al., 2016; Oakley, Buhr, et al., 2014; Oakley & Kogut, 2016); how-
ever, the patterns observed during the first half of our experiment
further show that the increase in diversity is highest during the first
7 days and is best represented by a linear regression with the loga-
rithm of time as the explanatory variable, highlighting the impor-
tance of the first week after hatching in the development of the GIT
microbiome in broilers (Nurmi & Rantala, 1973).

The fecal microbiomes exhibited community dynamics which
were consistent between temporal replicates over time. Notably, the
bacterial communities were less variable between replicates during
the first week than in samples taken at later time (i.e., Days 10-35),
in sharp contrast to previous findings in a T-RFLP of developing
broilers’ ceca (Crhanova et al., 2011). In our case, the increase in be-
tween-sample variability was positively correlated with the increase

0.6 1 PY
(] ° Days since
hatching
0.4 1 ° P
( [ ] 02
= 3
e { 4
2 021 ® ® ° 5
[ ) o 6
N o ® ® ¢ 7
2 °
é ([ 10
0.0 1 14
021
([ ® 28
°® ®35
-0.2 1 °
P
-0.25 0.25
Axis.1 [26.2%]

FIGURE 2 Change in community composition of broiler fecal microbiomes over time. A Principal Coordinates Analysis plot of Bray-

Curtis distances between samples
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in richness (data not shown), and is likely a result of the increasing
complexity of the community.

Several reports of microbial colonization of the developing
chicken GIT state that maximum microbial loadsin both the cecumand
ileum are reached within the first 5 days after hatching, and remain
at these levels thereafter (Apajalahti, Kettunen, & Graham, 2004;
Van Der Wielen, Keuzenkamp, Lipman, Van Knapen, & Biesterveld,
2002). In our experiment, the rate of increase in community richness

subsided after day 10, but the community composition continued

to change, suggesting that competition between microbes and host
responses continued to alter dominance patterns within the commu-
nity even after it was fully colonized.

Indeed, the patterns observed in the eight dominant orders in
the community further suggest the presence of successional dy-
namics in three stages. On the first day of the experiment, approx-
imately 24 hr after hatching, the community was dominated by the
orders Enterobacteriales and Lactobacillales, consisting mostly of
Escherichia/Shigella and Streptococcus SVs. Escherichia/Shigella is
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considered a putative pathogen, and is generally found in higher pro-
portions in broiler feces than in cecal samples (Oakley, Lillehoj, et al.,
2014). Dominance of Escherichia/Shigella was previously reported
in the fecal microbiomes broilers 3 days after hatching, which was
no longer present the following day (Sekelja et al., 2012), as well as
in cecal samples (Ballou et al., 2016). In our study, the prevalence
of Escherichia/Shigella decreased gradually between days 1 and 7.
Streptococcus, which accounted for 41% of the community on day
1 decreased sharply to 3% on the following day. It is possible that
these taxa were vertically transmitted in ovo, as previously reported
for Escherichia/Shigella (Pedroso & Lee, 2015).

Inthe second stage, the gradual displacement of Enterobacteriales
and Lactobacillales from the broiler feces was accompanied by an
increase in the dominance of the order Clostridiales, starting on day
3 and represented mostly by Ruminococcus-related SVs and mem-
bers of Lachnospiraceae. The surge in Ruminococcus-related SVs at
1 week after hatching has previously been reported in broiler ceca
(Ballou et al., 2016; Oakley, Buhr, et al., 2014), and the abundance
of Ruminococcus has been positively correlated with the expres-
sion of IL1p and IL6 two pro-inflammatory cytokines, 6 weeks after
hatch (Oakley & Kogut, 2016). Our results show that colonization by
Clostridiales begins as early as 4 days after hatching.

In the third stage, this order remained dominant but we detected
the partial displacement of Clostridiales after day 10 by a diverse
cluster of common gut-associated bacteria including members of
Corynebacteriales, Bacilliales, Pseudomonadales, Micrococcales,
and Bacteroidales. Several of the individual SVs which exhibited
their highest abundance during the third stage have been shown to
be beneficial gut microbes: Lactobacillus has been detected in the
small intestine of 21-day-old broilers (Pedroso & Lee, 2015), and is
routinely administered in probiotic treatments or stimulated by pre-
biotic treatments (Ballou et al., 2016; Pedroso & Lee, 2015; Ricke,
2015); and Candidatus Arthromitus has been associated with the
development of gut innate and adaptive immune functions in mice,
specifically in the ileum (Bolotin et al., 2014).

The observed temporal patterns show successional dynamics
in the fecal microbiome of developing broilers in three stages, with
radical changes in community composition on days 3-4 and 3 weeks
after hatching. These changes may be a result of host-microbiome
interactions arising from the development of the host's immune or
enzymatic potential, which have been shown to drastically change
during the first 14 days after hatching (Sell, 1995; Sklan, 2001). For
example, immunoglobulins can be detected in the cecum approxi-
mately 10 days after hatching (Matulova et al., 2013; Van Immerseel
et al., 2002). The relationship between the host's immune develop-
ment and its resident microbiota has been previously reported for
chickens (Volf et al., 2016). In one case, Crhanova and colleagues
reported a decrease in the expression of p-defensins in broiler ceca
on the third day after hatching and an increase in the expression of
IL-8 and IL-17 1 day later (Crhanova et al., 2011). It must be noted,
however, that while the change in immune response reported by
Crhanova et al. was rapid, the decrease in the relative abundance
of Enterobacteriales and Lactobacillales was gradual. Alternatively,

interactions between microbes may have played a role in modulating
community assembly through competitive exclusion. We propose
that resource competition may explain the successional shifts ob-
served, as taxa which were initially present through vertical transmis-
sion or early colonization (i.e., Lactobacillales and Enterobacteriales)
were displaced within the first week after hatching by rapid-grow-
ing members of Clostridiales, whose abundance was in turn limited
by the influx of diverse, specialist taxa associated with the adult
broiler microbiome. Competition for resources has been previously
proposed as a key component of microbial community assembly in
various environments (Ho, Liike, Reim, & Frenzel, 2016), and the tem-
poral pattern of succession matches that observed in soils (Jurburg
et al., 2017), suggesting that it may be related to the growth rates
of various microbial community members. The measurement of re-
source availability in the GIT may aid in revealing the role of resource
competition in successional dynamics in the broiler GIT.

Our findings support the notion that early, transient colonizers
in the broiler GIT may greatly influence the adult microbiome (Ballou
et al., 2016). Several studies have showed that the freshly hatched
chicken is susceptible to colonization by a wide range of microbes
(Polansky et al., 2016; Volf etal., 2016). In particular, one study
found that the cecal microbiomes of freshly hatched chickens inocu-
lated with the cecal microbiomes of donor chickens of different ages
underwent less community shifts during development the older the
donor chickens were (Volf et al., 2016). Further research should ex-
amine whether successional patterns in the chicken gut depend on
the composition and functional profile of the initial inoculum.

Our findings also align with the idea that first week after hatch-
ing is critical to broiler microbiome development (Nurmi & Rantala,
1973), and allow us to identify successional stages in the fecal mi-
crobial community, opening the black box which has been the first
week of broiler microbiome development. The boundaries of these
successional stages (Days 3-4 and 10-14 after hatching) are likely
the optimal times for microbiome interventions, as it is during this
time that competitive dynamics are likely to be the strongest and
most susceptible to change. Our experiment spanned the average
lifetime of commercial broilers (35 days), which is considerably
shorter than that of chickens in other environments. Had our exper-
iment lasted longer, it is likely that we would have detected further
changes in the fecal microbiome, as our chickens would have con-
tinued to physiologically develop. For example, a study of egg-lay-
ing hens over 14 months observed large, consistent shifts in their
cecal microbiomes 2 and 6 months after hatching (Videnska, Sedlar,
Lukac, & Faldynova, 2014). Similarly to our study, the authors note
the dominance of the phyla Proteobacteria and Firmicutes, partic-
ularly belonging to Escherichia and Lachnospiraceae during the first
week after hatching (Videnska et al., 2014).

We sampled the fecal microbiome because our daily sampling
scheme called for a rapid sampling methodology, and because we
were interested in temporal dynamics rather than in the emergence
of specific pathogens. Whether the fecal microbiome is represen-
tative of the GIT microbiome is the subject of debate: the fecal
microbiome is considered a proxy for the composition of the small
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intestine; it has been found that the fecal microbiome is more vari-
able than the cecal microbiome and exhibits higher proportions
of Enterobacteriales and Lactobacillales (Oakley & Kogut, 2016;
QOakley, Lillehoj, et al., 2014; Sekelja et al., 2012). Nevertheless, our
results show temporally consistent patterns with age, and detected
taxa which are commonly present in different segments of the GIT. It
is likely that cecal samples would have displayed lower between-rep-
licate variability, and further study of the correspondence between
temporal dynamics in the fecal and cecal microbiomes is warranted.
Furthermore, while our study assessed the community assembly of
the broiler fecal microbiome in a controlled environment, the influ-
ence real-world sources of variation such as seasonality, farm, and
feed on the development of the chicken microbiome remains to be

examined.

ACKNOWLEDGEMENTS

We would like to thank F. Harders and S. Vastenhouw for assisting
with sample processing and S. Tem for the relevant discussions. This
work was supported by an internal WBVR R&D grant and partly by
a grant from the Ministry of Agriculture, Nature and Food Quality
(grant number WOT-01-003-085).

CONFLICT OF INTERESTS

None declared.

AUTHORS CONTRIBUTION

S.D.J. conceived of the experiment, performed the analyses and
wrote the manuscript; A.J.M.J. provided the samples; M.S.M.B.,
D.C., J.v.d.G,, and A.B. aided with writing and data interpretation.

ETHICS STATEMENT

Ethical approval for sampling was not required, as fresh fecal drop-

pings were collected noninvasively.

DATA ACCESSIBILITY

Sequences are deposited in NCBI's Sequence Read Archive under
BioProject accession number PRINA517082.

ORCID

Stephanie D. Jurburg https://orcid.org/0000-0002-7701-6030
https://orcid.org/0000-0002-6586-717X

Alex Bossers
REFERENCES

Apajalahti, J., Kettunen, A., & Graham, H. (2004). Characteristics of the
gastrointestinal microbial communities, with special reference to the

Mi biol O o 7 of 10
icrobiologyOpen WI LEYJ—

Open Access,

chicken. World's Poultry Science Journal, 60, 223-232. https://doi.
org/10.1079/WPS200415

Ballou, A. L., Ali, R. A., Mendoza, M. A., Ellis, J. C., Hassan, H. M.,
Croom, W. J., & Koci, M. D. (2016). Development of the chick mi-
crobiome: How early exposure influences future microbial diversity.
Frontiers in Veterinary Science, 3, 1-12. https://doi.org/10.3389/
fvets.2016.00002

Barnard, R. L., Osborne, C. A., & Firestone, M. K. (2015). Changing pre-
cipitation pattern alters soil microbial community response to wet-
up under a Mediterranean-type climate. ISME Journal, 9, 946-957.
https://doi.org/10.1038/ismej.2014.192

Bolotin, A., De Wouters, T., Schnupf, P., Bouchier, C., Loux, V., Rhimi,
M., .. Maguin, E. (2014). Genome sequence of “Candidatus
Arthromitus” sp. strain SFB- mouse-NL, a commensal bacterium with
a key role in postnatal maturation of gut immune functions. Genome
Announcements, 2,4-5. https://doi.org/10.1128/genomea.00705-14.
copyright

Callahan, B. J., McMurdie, P. J., Rosen, M. J.,, Han, A. W,, Johnson, A. J.
A., & Holmes, S. P. (2016). DADA2: High-resolution sample inference
from Illumina amplicon data. Nature Methods, 13, 581. https://doi.
org/10.1038/nmeth.3869

Cong, X., Judge, M., Xu, W.,, Diallo, A., Janton, S., Brownell, E. A., & Graf, J.
(2017). Influence of feeding type on gut microbiome development in
hospitalized preterm infants. Nursing Research, 66, 123-133. https://
doi.org/10.1097/NNR.0000000000000208

Crhanova, M., Hradecka, H., Faldynova, M., Matulova, M., Havlickova,
H., Sisak, F., & Rychlik, I. (2011). Immune response of chicken gut
to natural colonization by gut microflora and to Salmonella enterica
serovar enteritidis infection. Infection and Immunity, 79, 2755-2763.
https://doi.org/10.1128/1A1.01375-10

Engberg, R. M., Hedemann, M. S, Steenfeldt, S., & Jensen, B. B. (2004).
Influence of whole wheat and xylanase on broiler performance and
microbial composition and activity in the digestive tract. Poultry
Science, 83, 925-938. https://doi.org/10.1093/ps/83.6.925

FAO. (2016). FAOSTAT statistics database. Food and Agriculture
Organization. Retrieved from http://www.fao.org/faostat/en/#data/
QC/visualize

FAO. (2018). Gateway to poultry production and products:
Products and processing. Retrieved from http://www.fao.org/
poultry-production-products/products-processing/en/

Gilbert, J. A., Field, D., Swift, P., Thomas, S., Cummings, D., Temperton, B.,
& Joint, 1. (2010). The taxonomic and functional diversity of microbes
at a temperate coastal site: A “multi-omic” study of seasonal and diel
temporal variation. PLoS ONE, 5, e15545. https://doi.org/10.1371/
journal.pone.0015545

Ho, A., Like, C., Reim, A., & Frenzel, P. (2016). Resilience of (seed bank)
aerobic methanotrophs and methanotrophic activity to desiccation
and heat stress. Soil Biology and Biochemistry, 101, 130-138. https://
doi.org/10.1016/j.50ilbio.2016.07.015

Jurburg, S. D., Nunes, ., Brejnrod, A., Jacquiod, S., Priemé, A., Sgrensen,
S.J.,...Salles, J. F. (2017). Legacy effects on the recovery of soil bac-
terial communities from extreme temperature perturbation. Frontiers
in Microbiology, 8, 1832. Retrieved from https://www.frontiersin.
org/article/10.3389/fmicb.2017.01832

Kogut, M. H., & Arsenault, R. J. (2016). Editorial: Gut health: The new
paradigm in food animal production. Frontiers in Veterinary Science, 3,
10-13. https://doi.org/10.3389/fvets.2016.00071

Lu, J., Idris, U., Harmon, B., Maurer, J. J., Lee, M. D., & Hofacre, C.
(2003). Diversity and succession of the intestinal bacterial com-
munity of the maturing broiler chicken. Applied and Environmental
Microbiology, 69, 6816-6824. https://doi.org/10.1128/
AEM.69.11.6816

Marino, S., Baxter, N. T., Huffnagle, G. B., Petrosino, J. F., & Schloss,
P. D. (2014). Mathematical modeling of primary succession of mu-
rine intestinal microbiota. Proceedings of the National Academy of


info:ddbj-embl-genbank/PRJNA517082
https://orcid.org/0000-0002-7701-6030
https://orcid.org/0000-0002-7701-6030
https://orcid.org/0000-0002-6586-717X
https://orcid.org/0000-0002-6586-717X
https://doi.org/10.1079/WPS200415
https://doi.org/10.1079/WPS200415
https://doi.org/10.3389/fvets.2016.00002
https://doi.org/10.3389/fvets.2016.00002
https://doi.org/10.1038/ismej.2014.192
https://doi.org/10.1128/genomea.00705-14.copyright
https://doi.org/10.1128/genomea.00705-14.copyright
https://doi.org/10.1038/nmeth.3869
https://doi.org/10.1038/nmeth.3869
https://doi.org/10.1097/NNR.0000000000000208
https://doi.org/10.1097/NNR.0000000000000208
https://doi.org/10.1128/IAI.01375-10
https://doi.org/10.1093/ps/83.6.925
http://www.fao.org/faostat/en/#data/QC/visualize
http://www.fao.org/faostat/en/#data/QC/visualize
http://www.fao.org/poultry-production-products/products-processing/en/
http://www.fao.org/poultry-production-products/products-processing/en/
https://doi.org/10.1371/journal.pone.0015545
https://doi.org/10.1371/journal.pone.0015545
https://doi.org/10.1016/j.soilbio.2016.07.015
https://doi.org/10.1016/j.soilbio.2016.07.015
https://www.frontiersin.org/article/10.3389/fmicb.2017.01832
https://www.frontiersin.org/article/10.3389/fmicb.2017.01832
https://doi.org/10.3389/fvets.2016.00071
https://doi.org/10.1128/AEM.69.11.6816
https://doi.org/10.1128/AEM.69.11.6816

MWI LEY_MicrobiologyOpen

JURBURG ET AL.

Open Access,

Sciences of the United States of America, 111, 439-444. https://doi.
org/1311322111 [pii]\r10.1073/pnas.1311322111

Matulova, M., Varmuzova, K., Sisak, F., Havlickova, H., Babak, V., Stejskal,
K., & Rychlik, I. (2013). Chicken innate immune response to oral infec-
tion with Salmonella enterica serovar Enteritidis. Veterinary Research,
44(1), 37. https://doi.org/10.1186/1297-9716-44-37

McMurdie, P. J., & Holmes, S. (2013). phyloseq: An R package for re-
producible interactive analysis and graphics of microbiome cen-
sus data. PLoS ONE, 8, e61217. https://doi.org/10.1371/journal.
pone.0061217

Mitsch, P, Zitterl-Eglseer, K., Kéhler, B., Gabler, C., Losa, R., & Zimpernik,
I. (2004). The effect of two different blends of essential oil com-
ponents on the proliferation of Clostridium perfringens in the intes-
tines of broiler chickens. Poultry Science, 83, 669-675. https://doi.
org/10.1093/ps/83.4.669

Nurmi, E., & Rantala, M. (1973). New aspects of salmonella infec-
tion in broiler production. Nature, 241, 210-211. https://doi.
org/10.1038/241210a0

Oakley, B. B., Buhr, R. J,, Ritz, C. W.,, Kiepper, B. H., Berrang, M. E., Seal,
B. S., & Cox, N. A. (2014). Successional changes in the chicken cecal
microbiome during 42 days of growth are independent of organic
acid feed additives. BMC Veterinary Research, 10(1), 1-8. https://doi.
org/10.1186/s12917-014-0282-8

Oakley, B. B., & Kogut, M. H. (2016). Spatial and temporal changes in
the broiler chicken cecal and fecal microbiomes and correlations of
bacterial taxa with cytokine gene expression. Frontiers in Veterinary
Science, 3, 1-12. https://doi.org/10.3389/fvets.2016.00011

Oakley, B. B., Lillehoj, H. S., Kogut, M. H., Kim, W. K., Maurer, J. J.,
Pedroso, A., & Cox, N. A. (2014). The chicken gastrointestinal mi-
crobiome. FEMS Microbiology Letters, 360, 100-112. https://doi.
org/10.1111/1574-6968.12608

Oksanen, J., Blanchet, F. G., Kindt, R., Legendre, P., Minchin, P. R., &
O'Hara, R. B,, ... Wagner, H. (2007). The vegan package. Community
Ecology Package. Retrieved from http://r-forge. r-project.org/
projects/vegan/

Owens, B., Tucker, L., Collins, M. A., & McCracken, K. J. (2008). Effects
of different feed additives alone or in combination on broiler perfor-
mance, gut microflora and ileal histology. British Poultry Science, 49,
202-212. https://doi.org/10.1080/00071660802004890

Pan, D., & Yu, Z. (2013). Intestinal microbiome of poultry and its inter-
action with host and diet. Gut Microbes, 5, 108-119. https://doi.
org/10.4161/gmic.26945

Park, S. H., Hanning, I., Perrota, A., Bench, B. J., Alm, E., & Ricke, S. C.
(2013). Next generation sequencing: Applications for food safety
and poultry production modifying the gastrointestinal ecology in
alternatively raised poultry and the potential for molecular and me-
tabolomic assessment. Poultry Science, 2005, 546-561. https://doi.
org/10.3382/ps.2012-02734

Pedroso, A. A., & Lee, M. D. (2015). Intestinal health, 21-50. https://doi.
org/10.3920/978-90-8686-792-9

Polansky, O., Sekelova, Z., Faldynova, M., Sebkova, A., Sisak, F., &
Rychlik, 1., ... Faecalibacterium, F. (2016). Important metabolic path-
ways and biological processes expressed by chicken cecal microbi-
ota. Applied and Environmental Microbiology, 82, 1569-1576. https://
doi.org/10.1128/AEM.03473-15.Editor

Quast, C., Pruesse, E., Yilmaz, P, Gerken, J., Schweer, T., Yarza, P, &
Gléckner, F. O. (2012). The SILVA ribosomal RNA gene database
project: Improved data processing and web-based tools. Nucleic
Acids Research, 41, D590-D596. https://doi.org/10.1093/nar/
gks1219

R Core Team. (2014). R: A language and environment for statistical com-
puting. Vienna, Austria: R Foundation for Statistical Computing.
Retrieved from http://cran.r-project.org

Rantala, M., & Nurmi, E. (1973). Prevention of the growth of Salmonella
infantis in chicks by the flora of the alimentary tract of chickens.
British Poultry Science, 14, 627-630.

Ricke, S. C. (2015). Potential of fructooligosaccharide prebiotics in al-
ternative and nonconventional poultry production systems. Poultry
Science, 94, 1411-1418. https://doi.org/10.3382/ps/pev049

Sekelja, M., Rud, I., Knutsen, S. H., Denstadli, V., Westereng, B., Nees, T.,
& Rudi, K. (2012). Abrupt temporal fluctuations in the chicken fecal
microbiota are explained by its gastrointestinal origin. Applied and
Environmental Microbiology, 78, 2941-2948. https://doi.org/10.1128/
AEM.05391-11

Sell, J. L. (1995). Physiological limitations and potential for improvement
in gastrointestinal tract function in poultry. Journal of Applied Poultry
Research, 5, 96-101.

Shade, A., McManus, P. S., & Handelsman, J. (2013). Unexpected diver-
sity during community succession in the apple flower microbiome.
MBio, 4, e00602-12. https://doi.org/10.1128/mBi0.00602-12

Singh, K. M., Shah, T. M., Reddy, B., Deshpande, S., Rank, D. N., & Joshi,
C. G. (2014). Taxonomic and gene-centric metagenomics of the fecal
microbiome of low and high feed conversion ratio (FCR) broilers.
Journal of Applied Genetics, 55, 145-154. https://doi.org/10.1007/
s13353-013-0179-4

Sklan, D. (2001). Development of the digestive tract of poultry. World's
Poultry Science Journal, 57, 415-428.

Van Der Wielen, P. W. J. J., Keuzenkamp, D. A., Lipman, L. J. A, Van
Knapen, F., & Biesterveld, S. (2002). Spatial and temporal variation
of the intestinal bacterial community in commercially raised broiler
chickens during growth. Microbial Ecology, 44, 286-293. https://doi.
org/10.1007/s00248-002-2015-y

Van Immerseel, F., De Buck, J., De Smet, |., Mast, J., Haesebrouck,
F., & Ducatelle, R. (2002). Dynamics of immune cell infiltra-
tion in the caecal lamina propria of chickens after neonatal in-
fection with a Salmonella enteritidis strain. Developmental &
Comparative Immunology, 26, 355-364. https://doi.org/10.1016/
50145-305X(01)00084-2

Videnska, P., Sedlar, K., Lukac, M., & Faldynova, M. (2014). Succession
and replacement of bacterial populations in the caecum of egg lay-
ing hens over their whole life. PLoS ONE, 9, e115142. https://doi.
org/10.1371/journal.pone.0115142

Volf, J., Polansky, O., Varmuzova, K., Gerzova, L., Sekelova, Z.,
Faldynova, M., & Rychlik, I. (2016). Transient and prolonged re-
sponse of chicken cecum mucosa to colonization with different
gut microbiota. PLoS ONE, 11, e0163932. https://doi.org/10.1371/
journal.pone.0163932

Yeoman, C. J., Chia, N., Jeraldo, P., Sipos, M., Goldenfeld, N. D., & White,
B. A. (2012). The microbiome of the chicken gastrointestinal tract.
Animal Health Research Reviews, 13, 89-99. https://doi.org/10.1017/
$1466252312000138

How to cite this article: Jurburg SD, Brouwer MSM, Ceccarelli
D, van der Goot J, Jansman AJM, Bossers A. Patterns of
community assembly in the developing chicken microbiome
reveal rapid primary succession. MicrobiologyOpen.
2019;8:e821. https://doi.org/10.1002/mbo3.821



https://doi.org/1311322111
https://doi.org/1311322111
https://doi.org/10.1186/1297-9716-44-37
https://doi.org/10.1371/journal.pone.0061217
https://doi.org/10.1371/journal.pone.0061217
https://doi.org/10.1093/ps/83.4.669
https://doi.org/10.1093/ps/83.4.669
https://doi.org/10.1038/241210a0
https://doi.org/10.1038/241210a0
https://doi.org/10.1186/s12917-014-0282-8
https://doi.org/10.1186/s12917-014-0282-8
https://doi.org/10.3389/fvets.2016.00011
https://doi.org/10.1111/1574-6968.12608
https://doi.org/10.1111/1574-6968.12608
http://r-forge
https://doi.org/10.1080/00071660802004890
https://doi.org/10.4161/gmic.26945
https://doi.org/10.4161/gmic.26945
https://doi.org/10.3382/ps.2012-02734
https://doi.org/10.3382/ps.2012-02734
https://doi.org/10.3920/978-90-8686-792-9
https://doi.org/10.3920/978-90-8686-792-9
https://doi.org/10.1128/AEM.03473-15.Editor
https://doi.org/10.1128/AEM.03473-15.Editor
https://doi.org/10.1093/nar/gks1219
https://doi.org/10.1093/nar/gks1219
http://cran.r-project.org
https://doi.org/10.3382/ps/pev049
https://doi.org/10.1128/AEM.05391-11
https://doi.org/10.1128/AEM.05391-11
https://doi.org/10.1128/mBio.00602-12
https://doi.org/10.1007/s13353-013-0179-4
https://doi.org/10.1007/s13353-013-0179-4
https://doi.org/10.1007/s00248-002-2015-y
https://doi.org/10.1007/s00248-002-2015-y
https://doi.org/10.1016/S0145-305X(01)00084-2
https://doi.org/10.1016/S0145-305X(01)00084-2
https://doi.org/10.1371/journal.pone.0115142
https://doi.org/10.1371/journal.pone.0115142
https://doi.org/10.1371/journal.pone.0163932
https://doi.org/10.1371/journal.pone.0163932
https://doi.org/10.1017/S1466252312000138
https://doi.org/10.1017/S1466252312000138
https://doi.org/10.1002/mbo3.821

JURBURG ET AL. Mi biol O o 9 of 10
icrobiologyOpen WILEY

Open Access,

APPENDIX

TABLE A1l Ingredient and nutrient composition of the experimental diets

Starter Days 0-14 Grower Days 14-28 Finisher Days 28-42
%
Maize 57.9 57.6 59.8
Soyabean meal 32.0 33.8 32.7
Maizegluten meal 2.7 0.0 0.0
Palm oil 2.0 2.5 3.0
Soya oil 0.7 2.3 1.6
Chalk 1.6 1.3 1.0
Mono calcium phosphate 1.7 1.3 0.8
NaCl 0.2 0.3 0.3
Sodium bicarbonate 0.2 0.1 0.1
Premix 0.5 0.5 0.5
L-lysine HCI 0.2 0.1 0.0
DL-methionine 0.2 0.2 0.2
L-threonine 0.1 0.0 0.0
g/kg

Dry matter 882 883 881
Ash 65 59 51

Crude protein 224 215 210
Fat 63 82 82

Crude fiber 24 25 25

Starch 360 354 367
Sugars 40 42 41

NSP 137 139 139

ME broilers (MJ/kg) 12.10 12.50 12.60
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