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Spatial and temporal profiling of metabolites within and between living systems is vital to
understanding how chemical signaling shapes the composition and function of these complex systems.
Measurement of metabolites is challenging because they are often not amenable to extrinsic tags,

are diverse in nature, and are present with a broad range of concentrations. Moreover, directimaging
by chemically informative tools can significantly compromise viability of the system of interest or

lack adequate resolution. Here, we present a nano-enabled and label-free imaging technology using

a microfluidic sampling network to track production and distribution of chemical information in the
microenvironment of a living organism. We describe the integration of a polyester track-etched (PETE)
nanofluidic interface to physically confine the biological sample within the model environment, while
allowing fluidic access via an underlying microfluidic network. The nanoporous interface enables
sampling of the microenvironment above in a time-dependent and spatially-resolved manner. For
demonstration, the diffusional flux through the PETE membrane was characterized to understand
membrane performance, and exometabolites from a growing plant root were successfully profiled in a
space- and time-resolved manner. This method and device provide a frame-by-frame description of the
chemical environment that maps to the physical and biological characteristics of the sample.

Metabolite tracking is key to understanding intracellular processes and functional events occurring at different
biological hierarchies'. Metabolites are small molecules that serve as the currency of cellular systems to fuel their
growth and facilitate communication. Observing their occurrence and location, particularly at cellular scales,
represents a significant challenge. Compared to macromolecules, the small size and varied nature of metab-
olites prevent labeling with extrinsic tags, and their relatively rapid transit and broad concentration ranges
challenge analytical measurement and imaging technologies. Current tools for characterizing metabolites are
limited in their ability to spatially and temporally image metabolites in living systems and to identify the range
and concentration of molecules that are present. Therefore, new approaches are essential for understanding the
time-dependent spatial distribution of metabolites and for connecting their occurrence with phenotypic events
beyond the cell.

Several metabolite imaging approaches have been developed. Genetically-encoded Forster resonance energy
transfer (FRET) sensors provide one way to examine dynamic changes in the location of targeted metabolites®”.
This optical imaging-based approach is powerful; however, each FRET probe requires development and is limited
to monitoring only one or a few intracellular metabolites concurrently. Fluorescence and vibrational spectroscopy
techniques, including infrared and Raman, allow direct chemical imaging, however the identification of metab-
olites can be challenging*®. Current approaches for comprehensive metabolite identification primarily use mass
spectrometry (MS) or nuclear magnetic resonance (NMR) spectroscopy'. Mass spectrometry, often coupled with
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Figure 1. Microfluidic device for simultaneous imaging of live root development and for metabolite sampling.
(A) Schematic showing assembly of the three layers used to produce a culture system for a growing wheat root,
infusion-patterned nanoporous membrane for sampling, and sample collection for analysis of metabolites. (B)
Photograph of a germinated wheat seed growing in the device. (C) The primary root is placed in the sample
microenvironment layer. The underlying sampling channels (C1 and C2) allow fluid pumping through ports,
enabling buffer exchange and sampling of metabolites at two individually accessible locations. (D) Brightfield
image showing the plant root in the primary microchannel after 6 h of growth in the device. The underlying
metabolite sampling channels, highlighted by dashed lines, are obscured by the sandwiched nanoporous
membrane. (E) Mass spectra derived from extracted-ion chromatogram (XIC) of sucrose indicating differential
levels of sucrose in samples collected proximal and distal to the seed. The trimethylsilyl derivative of sucrose
elutes at 15.09 min under the given separation conditions. The sucrose chromatographic peaks were determined
by aligning with the given XIC for a sucrose standard. The Student t-test indicates that sucrose produced at the
C1 and C2 locations are significantly different at P < 0.05 (95% confidence interval).

various chromatographic separation techniques, is most frequently used due to its sensitivity and suitability for
identification and quantitation of metabolites®.

Spatially-resolved biochemical profiles can be measured by either spatially-resolved sampling or mass spec-
trometry imaging (MSI) techniques. MSI is a growing field with increasingly fine resolution but has continuing
challenges in quantitation and in sampling biological systems in their native, live, hydrated state’. Most MSI
techniques are implemented under vacuum, compromising the endogenous state, although not-yet commercially
available techniques enable ambient ionization. Time-dependent biochemical changes can be measured by time
course sampling and metabolic flux analysis (MFA), often using stable isotope tracers to measure flux through a
biological system®’. An ideal metabolite measurement technique would permit comprehensive identification of
metabolites, quantitative measurement of concentrations, resolution on relevant biological scales, and real time
monitoring, all in a native or near-native environment.

Nanofluidic sampling presents the opportunity to characterize living systems in a minimally perturbing man-
ner. Nanofluidic interfaces offer a means to spatially and temporally sample the local environment for downstream
chemical analysesm. For measurements with high spatial, temporal, and chemical resolution, microsampling
techniques combined with off-line analysis'!"** could be utilized but are invasive'°. Here, we present a multilay-
ered microfluidic structure for time-dependent, two-channel collection of chemical information from a growing
plant root (Fig. 1). The device design provides an engineered habitat that allows simultaneous optical imaging of
the system and time-dependent metabolite sampling from defined locations. Local sampling is achieved through
patterned nanoporous membrane regions underneath the biological sample. Metabolites diffuse into and collect
within an underlying set of microfluidic channels without introducing flow or mechanical disruptions to the
biological sample. The diffused metabolites can be collected from individual channels at defined time intervals
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FITC (MW =389.38 Da), Dextran (MW =40kDa),
D=5X10"%cm?*s D=5.1X10"7cm?s
Pixel size | # of Expected flux Measured flux Expected flux Measured flux
(um) pores (femtomole/s) (femtomole/s) (attomole/s) (attomole/s)
23 415 2.0 1.8+£0.3 25.8 21.0£0.6
48 1809 8.8 76+1.6 1124 844+75
100 7853 38.3 30.6t£4.8 488.0 303.8+£2.6

Table 1. Effect of aperture size on molecular flux of 0.8 mM FITC and 0.1 mM dextran through nanoporous
membrane. Note: The measured average flux was calculated using the measured flux at each time point (i.e., 5,
10, 15, 20, 25, 30 and, 35 min for FITC diffusion, and 20, 30, 40, 50, 60, and 70 min for dextran diffusion).

to provide time-dependent chemical information that correlates to specific regions of the biological system. This
nano-enabled system provides a path to chemical imaging of living systems using MS-based measurement capa-
bilities for comprehensive quantitative chemical profiling with a commercially available mass spectrometer.

Results and Discussion

Membrane patterning and device construction. To pattern spatially defined nanoporous sampling
regions, two fabrication approaches were evaluated. Both approaches employ commercially available nanoporous
PETE membranes with defined pore sizes and densities. To mask distinct regions of the membrane, an infusion
patterning approach that uses stamping to permeate PDMS into select membrane pores was developed (SI Fig. 1).
The infusion patterning technique was found to be effective for patterning feature sizes >35 pum. Features smaller
than 35 pm were not found to be reproducible and were often poorly demarcated. This was due to re-flowing of
the PDMS after peeling off from the patterning stamp. Therefore, to create higher resolution features, a micropat-
terned gasket was used and found to be capable of defining membrane regions down to 10 pm. In this approach,
the PETE membrane is masked with a PDMS layer that contains the pre-determined sampling areas. Compared
to the infusion patterning technique, the use of the patterned gasket requires an additional layer of PDMS, but
does not require careful alignment under a stereoscope.

Sealing of the patterned membrane between device layers is a key requirement that affects subsequent fluid
handling and proper device function. Previous approaches to incorporating commercially available membranes
into microfluidic layers involve several operational and fabrication challenges'®. In particular, weak bonding
between microfluidic layers and nano membranes can result in leaking. For example, previous efforts described
the use of multilayer microfluidic layers for sample pre-concentration and separation applications that employed
polycarbonate track etched (PCTE) membranes and plasma treatment to facilitate bonding between the layers'”.
Plasma treatment is as effective as PDMS layers and can also irreversibly bond other substrates such as glass, sili-
con and oxide layers'”'8. However, plasma treatment causes oxidative damage to certain commercial membranes,
irreversibly changing chemical properties. Infusion patterning eliminates plasma treatment as it allows wet PDMS
to diffuse to both sides of the PETE membrane. This promotes subsequent, irreversible bonding to adjoining
plasma treated microfluidic layers. Infusion pattering facilitates seamless integration of the membrane and elim-
inates issues with bonding and leaking. Further, the technique should be generally applicable for use with other
membrane materials. The use of the patterned gasket serves as a powerful approach to fabricating small feature
sizes down to 10 um, but does require additional fabrication steps, and the bonding of PETE with the adjacent
PDMS layers is reversible. The bonding strength can be improved by applying a thin film (~6 um) of wet PDMS
onto the surface of one of the PDMS layers. Nevertheless, both fabrication techniques allow the use of flow rates
of up to 15pL/min in the 20 mm x 200 pm x 20 um channels without leakage.

Chemical flux through the membrane. The structural design of the multilayered fluidic device allows
the local chemical environment to be sampled through the nanoporous membrane. To test the efficacy of the
device to transmit chemical information to the underlying sampling channels, and to quantify the effects of aper-
ture size and sampling parameters, the flux of fluorescently labeled reporter molecules was examined. FITC and
fluorescently-labeled dextran were used as small and large molecule surrogates, respectively. Molecular flux is
expected to be governed by both the sampling window membrane properties (i.e., membrane thickness, aperture
size, number of nanopores, nanopore radius) and the analyte properties (concentration gradient and diffusion
coeflicient). Using a common membrane structure, the membrane thickness (~10 um) and the nanopore radius
(200 nm) remain unchanged for any given experiment, while the number of nanopores depends on the pixel
size of the sampling window (23, 48 and 100 um). Based on the assumptions of Fickian diffusion through nan-
opores'>?, and an unchanging concentration gradient, the expected flux rates for FITC and dextran reporter
molecules are summarized in Table 1 for three pixel sizes. For a 0.8 mM concentration gradient, small molecules
like FITC move rapidly across the membrane, on the order of ~200 ms, with a molecular flux on the order of
femtomoles per second. On the other hand, large molecules such as dextran, at a 0.1 mM concentration gradient,
diffuse relatively slowly, on the order of ~2s. The expected and measured fluxes for these model analytes were
consistent (Table 1).

A flux time course was conducted with each model analyte using the multilayer fluidic device in a simple
cross layout with a sandwiched membrane. Flux values were determined by collecting the analyte in the under-
lying sampling channels in a “stopped-flow” mode where diffused analytes were allowed to collect in the sam-
pling channel and were then extracted after a defined time period. This approach reduces the collection volume
and increases the analyte concentration relative to operation in a continuous flow mode. The experimentally
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Figure 2. Effect of pixel size on the rate of diffusion of (A) FITC, a small fluorescent molecule and (B) labelled
dextran, a large fluorescent molecule. Diffused fraction (%C/C,) with respect to sampling time in stopped-flow
mode. Solid points indicate experimental values, dashed lines indicate linear regression results.

determined flux, as measured by the relative concentration of the collected material (%C/C; percent concentra-
tion present in the collection channel relative to the original analyte concentration in the sample chamber), shows
a linear relationship with collection time and agrees with the expected values based on Fickian diffusion (see
Fig. 2). Excellent fits are observed for FITC diffusion, especially at short time periods and small sampling aperture
sizes. Larger pixel sizes and longer collection time periods result in slightly increased deviations. This is likely
caused by the build-up of analyte in the collection channel that alters the actual concentration gradient compared
to the constant gradient used in the analytical model. The differences in the calculated and experimentally meas-
ured diffusional flux for dextran show even greater deviations, especially for the larger pixel sizes and longer time
periods. This is likely due to increased molecular interactions of dextran with the membrane compared to FITC.
Surface fouling, clogging and adsorption to the membrane and PDMS surfaces are expected to increase for large
molecules'®"’.

These experimental parameterizations highlight device characteristics that can be optimized for particular
applications and guide the design of time- and space-resolved exometabolite sampling. The simple model of
Fickian diffusion adequately predicts the chemical flux behavior for both small and large molecules. These pre-
dictions provide better estimates for small molecules and under the conditions where the concentration gradient
remain constant. In general, chemical flux through the membrane increases with sample aperture size and the
number of nanopores. This allows for rapid sampling but at the expense of spatial resolution and potential per-
turbation to the sample environment. Under the examined conditions, the relative concentrations of collected
material were all well below 1% and would be expected to minimally perturb biological systems. In practice, the
spatially and temporally dependent detection of certain analytes will depend on their physical characteristics,
environmental concentration, and detection efficiency and require optimization of the aperture size and/or device
surface chemistry for particular applications.

Detection of model plant root exudates. To evaluate the feasibility of monitoring plant root exudates
in the multilayer fluidic device, the detection limits of expected metabolites were measured. Understanding these
limits will depend on the relative concentration of the collected material (% recovery) and detection sensitivity
for particular metabolites. Therefore, lower limits of detection were determined for a set of metabolites typically
produced as root exudates by growing plants using standards ranging in concentration between 1 uM-3.2 mM?'.
Based on the previous results with fluorescently labeled molecules, this micromolar concentration range would
be diluted to nanomolar levels after passing through the nanoporous membrane. Mixtures of analytes were intro-
duced into the sample culture fluidic layer, and samples were collected using the stopped-flow mode after 8h.
The collected samples were analyzed by GC-MS and compared to detection limits for the instrument determined
from dilutions of the same standard mixtures and considering the smallest peak that could be integrated. The
lower limits of detection (LLOD) for the given analytes in the metabolite sampling channels were in the range of
~1.5nM to ~180nM and are consistent with the sensitivity values obtained for the MS detector. Deviations can be
expected due to sample preparation errors and loss of samples during pre-concentration and derivatization steps
(Table 2). Amino acids such as alanine, isoleucine and valine could be detected in the low nM range whereas car-
boxylic acid derivatives such as malate were detectable at high nM levels in the metabolite sampling fluidic layer.
Under these conditions and for these selected model analytes, estimated metabolite concentrations in the sample
microenvironment in the range of 1.0 uM-0.21 mM would be required for detection (Table 2).

Though the examined standards are all small molecules, variable limits of detection are observed. In general,
the relative fractions of the collected materials are in the range of 0.1-0.2%. As with FITC, the analysis of these
selected analytes indicate that they undergo several hundred times dilution when diffusing from the sampling
environment to the collection channel. Dilution depends on the pixel size and sample collection time. These
analytes are all small hydrophilic molecules and differences in lower limits of detection are primarily due to
ionization efficiency. However, differences could also arise from the effects of chemical properties on diffusion,
volatility, derivatization efficiency, adsorption to the membrane, PDMS, sample vials, or pipette tips. These effects
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LLOD (nM) | LLOD (uM) LLOD (nM)

%C/C, Fraction Culture micro Metabolite
Metabolite diffused® Standard environment sampling layer®
Valine 0.19+0.025 1.3 1.0 1.6
Alanine 0.16£0.015 1.5 1.0 1.6
Isoleucine 0.14+0.023 1.3 1.6 1.5
Phenylalanine 0.124+0.013 11 10 11
Sucrose 0.10£0.0047 27 48 42
Malic acid 0.10£0.0018 1.4 x 10? 2.1 x10% 1.8 x 10?

Table 2. Diffusion and detection of example root exudate metabolites through nanoporous membrane. *%C/C,
Fraction diffused was determined from amount of materials present in the 20 uL of sample microenvironment
and 20 uL metabolite sampling layer after 8 h of diffusion through 50 x 50 um window. “The detection limit of
metabolite sampling layer corresponds to that of sample environment.

are more substantial at concentrations approaching the lower limit of detection. Quantitative analyses will need
to rely of the use of external standards sampled from the device in matrix or internal standards with known or
measured response factors that include the contribution from the sampling process. Nevertheless, the results sug-
gest that typical concentrations of plant root exudates are within the detectable range and the platform can readily
supply samples for analysis by GC-MS.

Spatiotemporal tracking of plant root exudates. To examine the feasibility of dynamically monitor-
ing plant metabolites in spatially defined regions, the local fluid environment around a growing wheat root was
examined. The chemical environment formed in proximity to the plant root, exemplifies a system with a dynamic
spatial metabolite distribution. Plant roots exude hundreds of different metabolites that serve to recruit and stim-
ulate the growth of beneficial microorganisms and ward off pathogens, among other functions?*-?%. These special-
ized chemical profiles can include amino and other organic acids, sugars, phenolics, polysaccharides, proteins,
and many metabolites with unknown function??. Typically, exudate materials and concentrations depend on the
plant’s developmental stage and environment, including microorganisms that interact with the roots*. To track
wheat root exudates, a seedling was placed in a sample microenvironment chamber and exudate production was
monitored at locations near the germinated seed and near the growing root tip (8 mm apart) using 200 x 200 um
nanoporous sampling windows (Fig. 1). Analytes from these two locations were collected at two-hour increments
over the course of eight hours using stopped-flow collection and analyzed by GC-MS. As a control, wheat seed-
lings were grown in microfluidic sample environments without the underlying membrane and metabolite sam-
pling layers and samples were simply extracted from the same locations using a pipette. In all cases, the collected
material was found to be composed of hundreds of unknown organic components as well as known materials
including amino acids, sugars, carboxylic acids and their derivatives. The total collection of identified metabolites
is provided in the supplementary information (SI Table 1). In general, the metabolites identified are consistent
with previous studies carried out using other plant seedlings***?’. In contrast, these previous measurements were
done using bulk analyses and performed on exudates collected over time periods of days and weeks.

Simple sampling using a pipette to collect liquid from locations near the root shows that a large number of
known and unknown metabolites can be detected. These control experiments also show a general increase in ana-
lyte concentration with time but poor distinction between analyte concentrations in different locations (SI Fig. 3).
Further, this sampling approach resulted in significant variations between measurements for particular metabo-
lites but only slight variations in the concentration for other analytes. Overall, standard deviations increased for
measurements at later time points. For example, at t=6h, the relative standard deviation for valine was 48.3%
compared to 4.6% at the 2h time point. These observations may be due partially to spatially dependent generation
of metabolites and diffusive mixing of these materials in the plant growth environment. Although, these results
also indicate that spatially dependent bulk sampling does not provide reliable and consistent measurements.
Further, collecting these time and location dependent measurements required different plant root samples as
aspiration in the sample environment completely depletes the hydroponic environment and disturbs the sample.
Opverall, bulk sampling approaches prevent spatiotemporal tracking of metabolites of a growing root.

Metabolite sampling using the multilayered fluidic device with defined nanoporous membrane regions pro-
duced clear differences in metabolite concentrations as a function of time and location. The local, diffusive based
metabolite extraction allows isolation of the metabolite flux resulting from specific regions of the root. As shown
in Fig. 3, for particular metabolites, the collected analytes vary depending on the different root locations that were
sampled. Additionally, time dependent concentration differences are evident. Several amino acid derivatives were
detectable at t=2h, however, sucrose was not detected until t =4h. Overall, metabolite concentrations increase
over the course of experiment and more material is generated near the growing root tip. These spatially- and
temporally-dependent metabolite concentration changes indicate that exudates are not uniformly produced along
the length of the root. This uneven distribution of exudates is consistent with observations using biosensor strains
to track the spatial distribution of sugar compounds and aromatic amino acids in the rhizosphere of Avena bar-
bata roots®®. Further, observations of Arabidopsis thaliana roots have also been shown to exude sugar compounds
from the root tip and aromatic molecules at distal locations?. These differences in exudation profiles may lead to
differences in microbial colonization patterns that have been observed within plant on a chip systems?®.
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Figure 3. Concentration variation of selected metabolites over time with respect to two distinct locations
close to root tip (channel 1) and root base (channel 2). Isolated metabolite flux was sampled using channel
1 and channel 2 respectively. Error bars represent the standard deviation of three experiments. The mean
concentrations for all metabolites except isoleucine show statistically significant differences at the 95%
confidence interval for the two sampling locations at the six hour time point. Statistically, except for
5-oxoproline, no significant difference was observed for alanine, isoleucine and sucrose peak areas at time
points less than six hours.

The nanopore-based sampling technique is capable of tracking secondary metabolites in the sample microen-
vironment with good precision. Using the biological system and device design presented here, metabolites were
reproducibly distinguished at a temporal resolution on the order of a few hours and spatial resolution on the order
of a few millimeters. Low nanomolar concentration levels can be detected in the metabolite sampling channel and
approaches to improve this sensitivity and the range of metabolites identified can be considered. Beyond the use
of improved instrumentation, optimization of sample pre-treatment processes may extend detection limits for
certain analytes. For example, plant root exudates typically consist of many sugars, including glucose, fructose,
maltose, trehalose, and sucrose?!. However, only sucrose was identified in these analyses. Using the present pro-
cedures, sugars may have precipitated during sample preparation steps, may not have derivatized completely with
MSTFA due to competitive reactions of other metabolites (especially amino acids), or may have been present at
levels below our limits of detection. Improvements to procedural aspects of the technology will likely extend the
range of metabolites detected and improve the limits of detection. Evaluation of the derivatization efficiency using
standard mixtures can enhance the accuracy of quantification.

The ability to integrate mass spectrometry-based analyses with the microfluidic-based sampling platform
enables the collection of rich chemical information related to the biological system. Mass spectrometry-based
chemical analysis techniques eliminate the need for molecular tagging and can greatly expand the number
of metabolites that can be monitored when compared to spectroscopic approaches®. Extracting this chem-
ical information through a nanoporous interface enables collection of this information on a living system in
a non-destructive manner, in contrast to currently available mass spectrometry imaging techniques that are
destructive to living systems®!. Further, direct sampling techniques, as tested here, require significant collection
of the surrounding fluid that compromises the local environment and measurement of temporally dependent
changes.

Key attributes of the nanopore-based sampling approach are the adaptability of the platform and the ability to
simultaneously optically image and chemically sample the system in real time. Custom definition of the sample
environment and nanopore sampling locations allow modification of the platform to suit different biological
systems and to detect particular analytes. Application to microbial biofilms and eukaryotic cell cultures are poten-
tial applications. Nanoporous interfaces with different physical and chemical characteristics, such as pore size,
thickness and hydrophilicity, can be patterned to develop size exclusion based filtration techniques'’. Additional
sampling channels and sampling locations can be introduced to enhance the spatiotemporal imaging capability.
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Moreover, this device can be adapted to simplify fluid pumping and automate process steps by introducing
on-chip microfluidic soft lithographic valves®. Such an approach could eliminate external tubing and mechanical
pumps. Moreover, the microfluidic sample chamber can be adapted to analyze a variety of other plant systems,
image microbial activity around the plant root*® and profile dynamic chemical changes over space and time.

The wheat seedlings examined here are relatively large and germinate quite rapidly compared to model plants
that have been previously examined using bulk analysis techniques®***?’. For example, Arabidopsis thaliana seed-
lings are considerably smaller and may take several days to weeks to observe significant growth or to collect
metabolite profiles”. The ability to simultaneously image and collect metabolite information in real time allows
correlation of chemical and physical information. For example, the wheat seedling’s root grew at an average rate
of 170 £ 29 um/h (for 3 trials) and the detected metabolites primarily emanated from the root tip.

Conclusions

The described multilayer fluidics technology allows space-dependent tracking of the dynamic chemical environ-
ment surrounding living systems. This approach takes advantage of patterned nanopore membranes to facilitate
chemical imaging in a minimally perturbing manner and can be customized for different biological imaging
applications. By defining the size of the sampling aperture and the nanopore characteristics, diffusive flux for
both small and large organic molecules through the membrane can be predictably defined. Metabolites collected
through this membrane can be directly analyzed by mass spectrometry, and the detection limits are compatible
with biologically relevant metabolite concentration levels. The system has been demonstrated for the mapping
of plant root metabolites and the spatially and temporally dependent production of root exudates are shown to
correlate with different regions of the growing root. This nano-enabled approach to sensitively detecting and
measuring metabolites adds the needed chemical dimensions to optical imaging and can facilitate understanding
of complex biological systems.

Methods

PDMS microfluidics.  For preparation of microfluidic masters, bare, four-inch silicon wafers (WRS materi-
als, San Jose, CA) were used as starting material. Wafers were coated with an adhesion promotor (MicroPrime
P20, 3000 RPM, 45 s) and then coated with NFR photo resist (3000 RPM, 45 s). Coated wafers were baked (95 °C,
905s), exposed (50 mJ/cm?), post-exposure baked (115°C, 90s) and developed (CD-26 developer) until the unpo-
lymerized resist was cleared. Developed wafers were then rinsed with deionized (DI) water and dried with a
nitrogen stream. The feature height produced by this protocol was ~2 pm.

To alleviate surface cracking and to ensure structures remained intact with the wafer, patterned wafers were
etched using reactive ion etching such that the final feature height was 20 pm. These microfluidic masters were
then coated with a layer of (trichloro(1H, 1H, 2H, 2H-perfluoro-n-octyl)silane, 85 °C, 60-120 min)) to prevent
PDMS adhesion to the master. Microchannel replicates were molded from the wafer by casting PDMS (10:1, pre-
polymer:curing agent ratio) onto the wafer, degassing to remove bubbles, and baking (70°C, 2h). Cured PDMS
was reinoved from the wafer, trimmed, punched with dermal biopsy punches, and cleaned with 3 M Scotch®
Magic™ tape.

Patterning nanoporous membranes. Two processes were devised to pattern nanoporous membranes
with defined sampling areas. These processes achieve the same functionality but with different feature resolution.
To define nanoporous windows that enable sampling through features >100 um in length, infusion patterning
with microcontact printing of PDMS was used. Nanoporous sampling windows with features <100 um were
achieved through the creation of a micropatterned gasket. In both cases, commercially available polyester tracked
etched nanoporous membranes (90 mm diameter PETE membrane filters with 400 nm pores at a pore density
of 2 x 10° pores/cm?, PET049030, Sterlitech Corp.) were used (SI Fig. 1). Infusion-patterned nanoporous mem-
branes were formed by coating a clean silicon wafer with a 10:1 liquid PDMS mixture at 5000 RPM for 15 min to
produce ~6 um PDMS film. A negative PDMS mold was then laid on the wet PDMS film. This PDMS mold was
carefully lifted off and pressed against the PETE membrane. This technique allows transferring wet PDMS onto
the PETE membrane, stamping micro features, and selectively blocking the majority of nanopores while keeping
pre-determined sampling/dosing areas open (SI Fig. 1A). The PDMS stamp was carefully peeled off and the pat-
terned membrane (wet PDMS facing up) was placed on the supporting blue paper provided by the vendor. The
patterned PETE membrane was covered with a Petri dish and placed in a laminar flow hood to prevent the adhe-
sion of dust particles onto the wet PDMS film. The PETE membrane was kept for ~2h under ambient condition
to diffuse the wet PDMS through the membrane. Afterwards, the supporting paper and the patterned membrane
were then carefully transferred to a hot-plate (60 °C) to cure for 2h.

Creation of micropatterned gaskets is an alternative technique that can be used in the fabrication process
when chemical sampling windows with features <100 um are needed. Briefly, ~6 um thin porous PDMS mem-
brane* was sandwiched between the metabolite sampling channel and the un-patterned PETE membrane. This
PDMS membrane requires a supporting layer, therefore, it was attached to the metabolite sampling-PDMS layer
using a multilayer, soft lithographic technique (SI Fig. 1B)*>*. The creation of a porous PDMS membrane was
based on a previously reported technique®. First, pentagonal features with diameters of 25, 50 and 100 um were
fabricated using a ~2 pm thin coated layer of NFR photo resist (3000 RPM, 455s) on a clean silicon wafer. Then,
the silicon wafer was etched using reactive ion etching (Oxford RIE, PlasmalabSystem 100, UK) to produce 70 pm
high pentagonal posts (SI Fig. 1B)**. The post dimensions were measured using a stylus profiler (KLA Tencor P-6,
CA) and surface characteristics were visualized and imaged by scanning electron microscopy (Carl Zeis Merlin
SEM, Germany). Then, 10:1 PDMS was poured on this silicon wafer and spun at 5000 RPM for 15min to produce
~6um thin film of PDMS such that silicon posts were standing above the PDMS liquid film (SI Fig. 1B). Finally,

SCIENTIFICREPORTS|  (20719)9:10272 | https://doi.org/10.1038/s41598-019-46538-5 7


https://doi.org/10.1038/s41598-019-46538-5

www.nature.com/scientificreports/

the supporting layer, or metabolite sampling fluidic layer, was attached as described above and pore dimensions
were characterized with a stylus profiler and scanning electron microscope.

Device operation. Externally driven syringe pumps were used to automate the fluid handling process using
individually accessible metabolite sampling ports in the underlying metabolite sampling layer (Fig. 1B). Flow
rates of 5 pL/min were used to flush fluids from the sampling channels and into collection vials for downstream
analysis. To connect tubing to the sampling ports, a corner-punch hole was cored halfway through the PDMS
from the top (perpendicular to the channel), followed by punching a second hole, in a parallel direction, to make
a right-angle fluidic reservoir (Fig. 1B and SI Fig. 2). This tubing connection strategy from the sampling port to
the external syringe pump causes minimum perturbation to the PETE membrane™.

Device characterization by measurements of diffusion of fluorescent dyes. To assess diffusion
and transport through the device, molecular diffusion between the layers and through the patterned membrane
was measured using aqueous solutions (pH = 6.6) of 0.8 mM FITC and 0.1 mM dextran (M.W =40kDa) for rep-
resentative small and large molecules, respectively. Molecular flux was measured using three sampling apertures,
or “pixel sizes”, in which nanopores were uniformly distributed over 23, 48 or 100 um-sized pentagonal areas. In
each case, the top and bottom fluidic layer were arranged in a simple cross-shaped pattern. The top sample culture
fluidic layer contained a 200 um wide by 20 um deep microchannel and was filled with the solution containing the
fluorescently labeled probes. The diffused solution was collected after passing through the 10 um thick patterned
membrane and into the underlying 200 um wide by 20 um deep sampling channel by pumping DI water at a flow
rate of 10 uL/min. Fluorescence of the collected samples was measured using a Perkin Elmer Multilabel Plate
Reader (2300 EnSpire multilabel reader, Singapore) and quantified using standard calibration curves.

Metabolite profiling of plant root exudates. For measuring metabolites emanating from a growing
plant root, a wheat seed was first placed in a culture plate containing agar and liquid Murashige-Skoog media
(hydroponic plant nutrient solution)*” and grow hydroponically as previously described* for 40 h. A Percival
Model I30BLL growth chamber (Percival Scientific, Perry Iowa) was set to 16 h dark/light cycle at 23 °C and
culture plates containing seeds were placed vertically to promote “gravitropism growth”?. The seedling was then
transferred to the sample microenvironment of the multilayered fluidic device and contained Murashige-Skoog
media. This defined the experimental start time, t =0. For these experiments, the dimensions of the sample envi-
ronment primary microchannel were 2mm x 3 mm x 2.5cm. At t=0, the total length of the plant root averaged
13.6 =2 mm for 3 trials. Two underlying, parallel sampling channels, 8 mm apart, comprised the metabolite sam-
pling layer and were 200 um wide by 20 um deep (see Fig. 1). Sampling channel 1 was proximal to the germinated
seed and ~2.8 mm away. Sampling channel 2 was ~10.8 mm distal from the germinated seed. The chemical envi-
ronment generated at these two locations were collected through 200 um x 200 um square pixels patterned onto
the PETE membrane. Three measurements were taken at 2h increments by pumping (at the flow rate of 5 pL/min)
DI water through the sampling channels. For reference, control experiments were designed in which the culture
chamber was attached to a supporting PDMS layer without using the nanoporous membrane or underlying flu-
idics. In each case, a 20 & 3 uL sample volume was directly collected from the culture chamber for analysis by gas
chromatography-mass spectrometry (GC-MS).

Metabolite analysis using GC-MS. Metabolites were analyzed by GC-MS using an Agilent 7890A GC and
5975C MSD quadrupole MS. Collected samples were first pre-concentrated and derivatized by transferring the
materials to 150 uL deactivated (silanized) GC vials and evaporating the solvent using a vacuum evaporator at
35°C for 20 min. Then, 25 pL of anhydrous acetonitrile was added to the GC vial for dissolving the organic com-
ponents, followed by the addition of 25 uL derivatizing agent (N-methyl-N-(trimethylsilyl) trifluoroacetamide;
MSTFA) to the solution. Next, the mixture was incubated at 70 °C for 1 h. The mixture was allowed to sit for 2
days at ambient conditions before analyzing with GC-MS. The derivatization efficiency was not calculated, and it
was assumed that the 48 hour incubation with excess reagent brought the derivatization reaction to equilibrium.
Then, 1 L of sample was analyzed using an Agilent 5975 triple quadrupole GC-MS system with HP-5ms column
(5% phenyl/95% dimethylpolysiloxane) with a 0.25 pm stationary phase, 30 m long separation column and 10 m
long guard column. Splitless injection was used to inject 1 pL of sample each time. The oven temperature was
kept at 50 °C for 2min and then ramped at a rate of 20 °C/min to 325 °C and held at 325°C for 11.5 min. The flow
rate was set to 1 mL/min. The mass spectrometer was operated at EM voltage of 1118 V with the mass range of
50.0-650.0 Da. Mass spectra were set to record with a 6 min solvent delay. Compounds, except 5-oxoproline,
were identified by comparison of retention times to those of standards. The 5-oxoproline derivative was identi-
fied by comparing the mass spectra of the 5-oxoproline-2TMS derivative to the National Institute of Standards
and Technology (NIST: version 2017/2014/EPA/NIH) mass spectral library (SI Table 1). The Student t-test was
performed to evaluate statistical significance (at 95% confidence interval) between the two sampling locations for
each given metabolite at 2h, 4h and 6 h time points (SI Table 2).

Data Availability

The data generated from the current study are available from the corresponding author on request.

References
1. Fiehn, O. Metabolomics - the link between genotypes and phenotypes. Plant Molecular Biology 48, 155-171 (2002).
2. Looger, L. L., Lalonde, S. & Frommer, W. B. Genetically Encoded FRET Sensors for Visualizing Metabolites with Subcellular
Resolution in Living Cells. Plant Physiology 138, 555 (2005).
3. Mohsin, M., Ahmad, A. & Igbal, M. FRET-based genetically-encoded sensors for quantitative monitoring of metabolites.
Biotechnology Letters 37,1919-1928 (2015).

SCIENTIFICREPORTS|  (20719)9:10272 | https://doi.org/10.1038/s41598-019-46538-5 8


https://doi.org/10.1038/s41598-019-46538-5

www.nature.com/scientificreports/

10.

11.

12.
13.

14.

15.

16.
17.

18.

19.

20.

21.

22,

23.

24.

25.

26.

27.

28.

29.

30.

31.

32.

33.

34.
35.

36.

37.

. Freudiger, C. W. et al. Label-Free Biomedical Imaging with High Sensitivity by Stimulated Raman Scattering Microscopy. Science

322, 1857 (2008).

. Fu, D. et al. In Vivo Metabolic Fingerprinting of Neutral Lipids with Hyperspectral Stimulated Raman Scattering Microscopy.

Journal of the American Chemical Society 136, 8820-8828 (2014).

. Wolfender, J.-L., Marti, G., Thomas, A. & Bertrand, S. Current approaches and challenges for the metabolite profiling of complex

natural extracts. Journal of Chromatography A 1382, 136-164 (2015).

. Dunham, S.J., Ellis, ] E, Li, B. & Sweedler, J. V. Mass spectrometry imaging of complex microbial communities. Accounts of chemical

research 50, 96-104 (2016).

. Dai, Z. & Locasale, J. W. Understanding metabolism with flux analysis: from theory to application. Metabolic engineering 43, 94-102

(2017).

. Salon, C. et al. Fluxomics links cellular functional analyses to whole-plant phenotyping. Journal of experimental botany 68,

2083-2098 (2017).

Ramsey, J. M. & Menard, L. Nanofluidic devices for the rapid mapping of whole genomes and related systems and methods of
analysis. (Google Patents, 2016).

Chen, D. et al. The chemistrode: a droplet-based microfluidic device for stimulation and recording with high temporal, spatial, and
chemical resolution. Proceedings of the National Academy of Sciences 105, 16843—-16848 (2008).

Kaigala, G., Lovchik, R., Drechsler, U. & Delamarche, E. A vertical microfluidic probe. Langmuir 27, 5686-5693 (2011).
Saha-Shah, A., Green, C. M., Abraham, D. H. & Baker, L. A. Segmented flow sampling with push-pull theta pipettes. Analyst 141,
1958-1965 (2016).

Wang, M., Hershey, N. D., Mabrouk, O. S. & Kennedy, R. T. Collection, storage, and electrophoretic analysis of nanoliter
microdialysis samples collected from awake animals in vivo. Analytical and bioanalytical chemistry 400, 2013-2023 (2011).
Cepeda, D. E. et al. Experimental evaluation and computational modeling of tissue damage from low-flow push-pull perfusion
sampling in vivo. Journal of neuroscience methods 242, 97-105 (2015).

de Jong, J., Lammertink, R. G. H. & Wessling, M. Membranes and microfluidics: a review. Lab on a Chip 6, 1125-1139 (2006).

Li, E, Guijt, R. M. & Breadmore, M. C. Nanoporous Membranes for Microfluidic Concentration Prior to Electrophoretic Separation
of Proteins in Urine. Analytical Chemistry 88, 8257-8263 (2016).

Duffy, D. C., McDonald, J. C., Schueller, O. J. A. & Whitesides, G. M. Rapid Prototyping of Microfluidic Systems in
Poly(dimethylsiloxane). Analytical Chemistry 70, 4974-4984 (1998).

Rostovtseva, T. K. et al. Diffusion through Narrow Pores: Movement of Ions, Water and Nonelectrolytes through Track-etched PETP
Membranes. The Journal of Membrane Biology 151, 29-43 (1996).

Squires, T. M., Messinger, R. J. & Manalis, S. R. Making it stick: convection, reaction and diffusion in surface-based biosensors.
Nature Biotechnology 26, 417+ (2008).

Badri, D. V., Chaparro, J. M., Zhang, R., Shen, Q. & Vivanco, J. M. Application of natural blends of phytochemicals derived from the
root exudates of Arabidopsis to the soil reveal that phenolic-related compounds predominantly modulate the soil microbiome.
Journal of Biological Chemistry 288, 4502-4512 (2013).

Bais, H. P,, Weir, T. L., Perry, L. G., Gilroy, S. & Vivanco, J. M. The role of root exudates in rhizosphere interactions with plants and
other organisms. Annu. Rev. Plant Biol. 57, 233-266 (2006).

Strehmel, N., Béttcher, C., Schmidt, S. & Scheel, D. Profiling of secondary metabolites in root exudates of Arabidopsis thaliana.
Phytochemistry 108, 35-46 (2014).

Zhalnina, K. et al. Dynamic root exudate chemistry and microbial substrate preferences drive patterns in rhizosphere microbial
community assembly. Nature microbiology 3, 470 (2018).

Chaparro, J. M. et al. Root exudation of phytochemicals in Arabidopsis follows specific patterns that are developmentally
programmed and correlate with soil microbial functions. PloS one 8, €55731 (2013).

Kliebenstein, D. Secondary metabolites and plant/environment interactions: a view through Arabidopsis thaliana tinged glasses.
Plant, Cell & Environment 27, 675-684 (2004).

Schmidt, H. et al. Metabolome analysis of Arabidopsis thaliana roots identifies a key metabolic pathway for iron acquisition. PLoS
One9, e102444 (2014).

Jaeger, C., Lindow, S., Miller, W,, Clark, E. & Firestone, M. Mapping of sugar and amino acid availability in soil around roots with
bacterial sensors of sucrose and tryptophan. Applied and Environmental Microbiology 65, 2685-2690 (1999).

Aufrecht, J. A. et al. Microfluidics: Quantifying the Spatiotemporal Dynamics of Plant Root Colonization by Beneficial Bacteriain a
Microfluidic Habitat (Adv. Biosys. 6/2018). Advanced Biosystems 2, 1870051 (2018).

Want, E. ], Cravatt, B. F. & Siuzdak, G. The expanding role of mass spectrometry in metabolite profiling and characterization.
Chembiochem 6, 1941-1951 (2005).

Cornett, D. S., Reyzer, M. L., Chaurand, P. & Caprioli, R. M. MALDI imaging mass spectrometry: molecular snapshots of
biochemical systems. Nature methods 4, 828 (2007).

Patabadige, D. E. et al. High-throughput microfluidic device for single cell analysis using multiple integrated soft lithographic
pumps. Electrophoresis 37, 1337-1344 (2016).

Au-Aufrecht, J. A. et al. Imaging the Root Hair Morphology of Arabidopsis Seedlings in a Two-layer Microfluidic Platform. JoVE,
55971 (2017).

Huh, D. et al. Reconstituting Organ-Level Lung Functions on a Chip. Science 328, 1662 (2010).

Unger, M. A., Chou, H.-P, Thorsen, T., Scherer, A. & Quake, S. R. Monolithic Microfabricated Valves and Pumps by Multilayer Soft
Lithography. Science 288, 113 (2000).

Corbin, E. A., Millet, L. J., Keller, K. R., King, W. P. & Bashir, R. Measuring Physical Properties of Neuronal and Glial Cells with
Resonant Microsensors. Analytical Chemistry 86, 4864-4872 (2014).

Murashige, T. & Skoog, E. A revised medium for rapid growth and bio assays with tobacco tissue cultures. Physiologia plantarum 15,
473-497 (1962).

Acknowledgements

Special thanks to Dr. S. Galanie (ORNL) for providing valuable advice during the preparation of this manuscript.
This research was funded by the US DOE Office of Biological and Environmental Research, Genomic Science
Program as part of the Plant Microbe Interfaces Scientific Focus Area (http://pmi.ornl.gov). Device fabrication
was carried out in the Nanofabrication Research Laboratory at the Center for Nanophase Materials Sciences,
which is a DOE Office of Science User Facility. Oak Ridge National Laboratory is managed by UT-Battelle, LLC,
for the US Department of Energy under Contract No. DEAC05-000R22725.

SCIENTIFIC REPORTS |

(2019) 9:10272 | https://doi.org/10.1038/s41598-019-46538-5 9


https://doi.org/10.1038/s41598-019-46538-5
http://pmi.ornl.gov

www.nature.com/scientificreports/

Author Contributions

Experiments were designed by M.].D., S.T.R. and D.E.W.P. and conducted by D.E.-W.P; J.A.A., PG.S. and L.]. M.
assisted in the design, development, and implementation of the multilayer fluidic structure. R.ES. assisted with
the mass spectrometry. D.E.W.P, S.T.R. and M.].D. drafted the manuscript. All authors contributed to the editing
and finalization of the manuscript and approved of the final version of the manuscript.

Additional Information
Supplementary information accompanies this paper at https://doi.org/10.1038/s41598-019-46538-5.

Competing Interests: The authors declare no competing interests.

Publisher’s note: Springer Nature remains neutral with regard to jurisdictional claims in published maps and
institutional affiliations.

Open Access This article is licensed under a Creative Commons Attribution 4.0 International
N | jcense, which permits use, sharing, adaptation, distribution and reproduction in any medium or

format, as long as you give appropriate credit to the original author(s) and the source, provide a link to the Cre-
ative Commons license, and indicate if changes were made. The images or other third party material in this
article are included in the article’s Creative Commons license, unless indicated otherwise in a credit line to the
material. If material is not included in the article’s Creative Commons license and your intended use is not per-
mitted by statutory regulation or exceeds the permitted use, you will need to obtain permission directly from the
copyright holder. To view a copy of this license, visit http://creativecommons.org/licenses/by/4.0/.

© The Author(s) 2019

SCIENTIFIC REPORTS |

(2019) 9:10272 | https://doi.org/10.1038/s41598-019-46538-5 10


https://doi.org/10.1038/s41598-019-46538-5
https://doi.org/10.1038/s41598-019-46538-5
http://creativecommons.org/licenses/by/4.0/

	Label-free time- and space-resolved exometabolite sampling of growing plant roots through nanoporous interfaces

	Results and Discussion

	Membrane patterning and device construction. 
	Chemical flux through the membrane. 
	Detection of model plant root exudates. 
	Spatiotemporal tracking of plant root exudates. 

	Conclusions

	Methods

	PDMS microfluidics. 
	Patterning nanoporous membranes. 
	Device operation. 
	Device characterization by measurements of diffusion of fluorescent dyes. 
	Metabolite profiling of plant root exudates. 
	Metabolite analysis using GC-MS. 

	Acknowledgements

	Figure 1 Microfluidic device for simultaneous imaging of live root development and for metabolite sampling.
	Figure 2 Effect of pixel size on the rate of diffusion of (A) FITC, a small fluorescent molecule and (B) labelled dextran, a large fluorescent molecule.
	Figure 3 Concentration variation of selected metabolites over time with respect to two distinct locations close to root tip (channel 1) and root base (channel 2).
	Table 1 Effect of aperture size on molecular flux of 0.
	Table 2 Diffusion and detection of example root exudate metabolites through nanoporous membrane.




