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Summary

Microbial precipitation of calcium carbonate is a
widespread environmental phenomenon that has
diverse engineering applications, from building and
soil restoration to carbon sequestration. Urease-me-
diated ureolysis and CO2 (de)hydration by carbonic
anhydrase (CA) are known for their potential to pre-
cipitate carbonate minerals, yet many environmental
microbial community studies rely on marker gene or
metagenomic approaches that are unable to deter-
mine in situ activity. Here, we developed fast and
cost-effective tests for the field detection of urease
and CA activity using pH-sensitive strips inside
microcentrifuge tubes that change colour in
response to the reaction products of urease (NH3)
and CA (CO2). The urease assay proved sensitive
and useful in the field to detect in situ activity in bio-
films from a saline lake, a series of calcareous fens,
and ferrous springs, finding relatively high urease
activity in lake samples. Incubations of lake
microbes with urea resulted in significantly higher
CaCO3 precipitation compared to incubations with a
urease inhibitor, showing that the rapid assay indi-
cated an on-site active metabolism potentially medi-
ating carbonate precipitation. The CA assay,
however, showed less sensitivity compared to the

urease test. While its sensitivity limits its utility, the
assay may still be useful as a preliminary indicator
given the paucity of other means for detecting CA
activity in the field. Field urease, and potentially CA,
activity assays complement molecular approaches
and facilitate the search for carbonate-precipitating
microbes and their in situ activity, which could be
applied toward agriculture, engineering and carbon
sequestration technologies.

Introduction

Microbially induced calcium carbonate precipitation
(MICP) is a widespread environmental process that
affects the carbon cycle and that has been explored as
an alternative solution for several engineering and envi-
ronmental challenges, such as restoration of concrete
structures, soil consolidation, pollutant bioremediation
and CO2 sequestration (Sarayu et al., 2014; Li et al.,
2015; Bose and Satyanarayana, 2017; Krajewska, 2018;
Reeksting et al., 2020). Despite its environmental rele-
vance and multiple applications, MICP can be difficult to
assess and identify in a given environment. Current envi-
ronmental microbiota analyses commonly characterize
communities via 16S rRNA gene sequencing and
metagenomic sequencing. High-throughput sequencing
techniques, however, fail to determine active metabo-
lisms, unless they are complemented with challenging
and labour-intense transcriptomic or culture-based analy-
sis, which do not necessarily reflect in situ activity. It is
possible, however, to directly test the activity of certain
enzymes in the field and identify active metabolisms on-
site, therefore, assessing the microbial function in a par-
ticular environment. Here, we developed a method for
the field detection of urease (EC 3.5.1.5) and carbonic
anhydrase (CA; EC 4.2.1.1) activity, two enzymes asso-
ciated with MICP (Achal and Pan, 2011), to reveal micro-
bial communities that potentially promote carbonate
precipitation in situ.
Metabolisms such as photosynthesis, methane oxida-

tion, nitrate reduction, bicarbonate transport and ureoly-
sis can locally increase carbonate saturation and
promote MICP (Zhu and Dittrich, 2016; Seifan and
Berenjian, 2019). Two of these metabolisms rely on
enzymes whose activity can potentially be detected in
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the field: ureolysis and CO2 (de)hydration via CA. Ureol-
ysis, catalysed by urease, allows microorganisms to use
urea as a nitrogen and carbon source (Krausfeldt et al.,
2019). CA facilitates rapid carbon transport into the cell
via CO2-HCO3

– interconversion (Kumar and Ferry,
2014). Both enzymes generate carbonate anions and
increase the pH as a product of their activity. Urease
generates ammonia and CO2 from urea (Eq. 1), which
coupled to ammonia hydrolysis and CO2 hydration, a
reversible reaction catalysed by CA (Eq. 2), produces
one mol of hydroxide and one mol of bicarbonate per
mol of urea (Eq. 3):

ðNH2Þ2COðaqÞ þH2OðlÞ !CO2ðgÞ þ2NH3ðgÞ (1)

CO2ðgÞ þH2OðlÞ⇌HCO�
3ðaqÞ þHþ

ðaqÞ (2)

ðNH2Þ2COðaqÞ þ3H2OðlÞ !HCO�
3ðaqÞ þ2NHþ

4ðaqÞ þOH�
ðaqÞ
(3)

The production of hydroxide and bicarbonate
increases the saturation state with respect to calcium
carbonates, promoting their precipitation. Urease and CA
have been shown to drive MICP in multiple environ-
ments (Dhami et al., 2013; Seifan and Berenjian, 2019),
yet their effects are commonly evaluated via culture-
based approaches, disregarding the activity of complex
communities in situ. An alternative approach is to test
the enzymatic activity from microbial biofilms directly in
the field. Existing urease and CA assays, however, are
not efficient for field testing. For example, ammonia
detection by the Berthelot reaction is commonly used to
evaluate urease activity by a colour change in solution
(e.g. Kandeler and Gerber, 1988; Sinsabaugh et al.,
2000; Cordero et al., 2019), which is dramatically
affected by the inherent components of environmental
samples (e.g. pigments in photosynthetic biofilms pre-
clude the reading of the assayed solutions), requiring
high sample dilution, several individual steps, long incu-
bation times and laboratory equipment, which prevent its
application in the field. In the case of CA, most activity
measurements are dependent on a solution-based col-
orimetry of its esterase activity (e.g. Baliukynas et al.,
2020), a characteristic known to only some CA isoforms
from few organisms (Innocenti and Supuran, 2010).
Methods that instead evaluate the CA hydratase activity
are based on a pH change in solution, which could also
be affected by the inherent buffering capacity of environ-
mental samples. These urease and CA assays were
intended to evaluate the enzymatic activity from protein
extracts of cultured organisms or from laboratory-pro-
cessed samples, rather than complex environmental
samples, and cannot be implemented in the field without
sophisticated equipment. To circumvent these inconve-
niences, we used a pH-sensitive strip to detect the gas-
eous products of urease and CA reactions, NH3 and

CO2, respectively, which diffuse from the enzymatic
reaction site and can therefore be detected with minimal
interference from other components of an aqueous envi-
ronmental sample. Separating the gas detection site
from the enzymatic reaction site can be achieved inside
a microcentrifuge tube, which makes the tests suitable
for field deployment. We evaluated on-site urease and
CA activities using this strategy in samples from calcare-
ous fens, iron-rich springs and a saline lake. In these
settings, the environmental conditions may lead to car-
bonate precipitation; however, the contribution of MICP
is difficult to assess in the absence of a field assay. By
using a field test, we obtained a preliminary assessment
of potential MICP, which can be applied to identify envi-
ronments with relevant microbial carbonate mineraliza-
tion, and to facilitate the management of urease- and
CA-based technologies.

Results and discussion

Rapid test sensitivity and reproducibility

A pH-sensitive dye encapsulated within a cellulose
matrix was used as a detector of NH3 or CO2 inside the
cap of microcentrifuge tubes. Urease activity was fol-
lowed by an ammonia-mediated pH increase, whereas
CA was detected by a CO2-driven pH decrease. The
urease test, described in the Experimental procedures
section and in Figure 1A–C, turns a phenol red indicator
from yellow to red in less than 15 min when > 30 mU
urease is assayed (Fig. 2A). The hues in the indicator
are significantly affected by the incubation time
(F = 429.6, DFn = 3.2, DFd = 125.8, P < 0.0001) and
by the incubation condition (F = 258.9, DFn = 7, DFd =
40, P < 0.0001). After 30 min, the method sensitivity is
~ 3 mU when compared to a phenyl phosphorodiamidate
(PPD)-containing negative control (Fig. 2B), which is
comparable to the response using the Berthelot reaction
in a canonical urease quantification assay (Fig. S1).
In contrast to the urease test, the CA assay (Fig. 1D–F)

yields only a subtle colour change when compared to
acetazolamide-containing negative controls, because the
rapid and spontaneous bicarbonate dehydration, even
without the enzyme, turns metacresol purple indicator to
yellow within 30 min (Fig. 2C). Detection of the CA hydra-
tase activity by any method, however, is limited by its fast
non-enzymatic reaction, therefore always requiring a com-
parison with a negative control at a given reaction time.
CA-containing assays show hues significantly affected by
the incubation time (F = 117, DFn = 2.22, DFd = 93.2,
P < 0.0001) and by the incubation condition (F = 5.8,
DFn = 5, DFd = 42, P = 0.0004). Pairwise comparisons
between conditions with and without inhibitor assayed
simultaneously, however, show subtle hue differences,
mostly significant (P < 0.05) at 15 nM CA or higher (Fig. 2
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D). By contrast, a canonical CA hydratase assay shows
sensitivities as low as 0.15–0.3 nM CA (Fig. S1).

Field detection of urease and CA activity

Urease and CA tests were used for on-site enzymatic
activity detection in samples from a saline lake, ponds
from calcareous fens and iron oxide precipitates from
ferrous springs (Figs S2–S5). Biomass collected during
a bloom event in Salt Lake and a sample of green fila-
ments collected after the bloom were urease-positive,
where the incubation time significantly affected the hues
(F = 13.8, DFn = 1.4, DFd = 2.8, P = 0.036, and;
F = 23, DFn = 1.1, DFd = 4.4, P = 0.0064 respectively),
and finding a significant difference (P < 0.05) in less

than 35 min when compared to negative control assays
(Fig. 3A and B).
Nicols Meadow Fen samples were also positive for

urease, with hues significantly affected by the incubation
time (F = 13.3, DFn = 1.2, DFd = 4.9, P < 0.014),
although they showed less colour change intensity than
the samples from Salt Lake (Fig. 3C and D). Green pho-
tosynthetic sheaths from Fortier-Sioux Nation Fen and
green biofilms from Black Dog Lake Fen showed com-
paratively less urease activity, where the incubation time
did not significantly affect their hues (F = 3.4, DFn = 1.1,
DFd = 4.2, P = 0.134, and; F = 4.3, DFn = 1.1, DFd =
4.2, P = 0.101 respectively), despite showing a slight
positive red coloration after one hour of incubation
(Fig. 3C and D). In organisms that do not constitutively

Fig. 1. Urease and CA field tests.
A. Representation of a positive urease assay after adding a biofilm sample in direct contact with the loading strip.
B. A switch to red in the tube cap (indicator strip) indicates a positive urease reaction. If no urease is present, or if a loading strip with urease
inhibitor (PPD) is assayed, the indicator is expected to remain yellow.
C. Colour transition of phenol red (pKa 7.4, pH range 6.4–8.0) used for urease tests.
D. CA assay scheme after adding a sample in the tube with bicarbonate solution.
E. Faster development of a yellow colour in the indicator than a negative control (no sample added or using a CA inhibitor) indicates positive
CA activity.
F. Colour transition of metacresol purple (pKa 8.32, pH range 7.4–9.0) used for CA assays.
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express urease, its expression is likely induced when
urea is available (Mobley et al., 1995; Zhou et al., 2019).
The higher urease activity in Salt Lake may therefore
reflect urea accessibility and correlate with the bloom
event observed in July 2019. Agriculture promotes
eutrophication (Paerl et al., 2016), and in particular urea
– the major worldwide fertilizer (Glibert et al., 2014) –

can be used by microbes as both N and C source
(Krausfeldt et al., 2019). Salt Lake is located in close
proximity to farmland, and its microbial communities may
be sensitive to nearby fertilization practices. By contrast,
less urease activity found in calcareous fen samples, in
particular Fortier-Sioux Nation Fen, which is located near
a State Wildlife Management Area, may reflect a lower
agriculture impact (Fig. S6).
Soudan seep biofilms showed slight urease-positive

reactions with hues significantly influenced by the incu-
bation time (F = 6.05, DFn = 1.6, DFd = 6.6, P = 0.036;
Fig. 3E and F). Biofilms at St. Mary’s Spring have a
combination of green cyanobacterial filaments that were
slightly positive for urease, with hues significantly

affected by the incubation time (F = 40.4, DFn = 1.8,
DFd = 7.2, P = 0.0001), and stalks of iron-oxidizing bac-
teria surrounded by few cyanobacteria and iron oxides,
which were urease-negative (Fig. 3E and F). Iron oxides
from Black Dog Lake North Fen creek were also urease-
negative. PPD-containing controls in these ferric precipi-
tates, however, showed a slight colour change (repre-
sented by low hues, and a negative hue difference in
Fig. 3E and F), attributed to ammonia release from urea
(which may be less stable in the presence of PPD) or
from PPD degradation. The P–N bonds in phosphorami-
dates are unstable in aqueous solutions (Kafarski and
Talma, 2018) and may release ammonia. Moderate tran-
sitions to red may lead to false positives, although its
intensity was not comparable to the positive reactions
observed in other environments. Several other urease
inhibitors not tested in this study (Amtul et al., 2002)
may prevent false positives; however, phosphoramidates
(such as PPD) are among the most potent and specific
urease inhibitors (Kafarski and Talma, 2018) and were
therefore selected for this assay.

Fig. 2. Field test colour change kinetics and sensitivities.
A. Assay colour (expressed as average hue values) as a function of incubation time for the urease test using different urease standards
(1.5–312 mU), and the average of their negative controls containing a urease inhibitor (PPD).
B. Hue difference of urease assays compared to their respective negative controls.
C. CA assay hue as a function of incubation time after adding different CA concentrations (1.5–85 nM), and the average of their negative con-
trols in the presence of a CA inhibitor (acetazolamide).
D. Hue difference of CA standards compared to their respective negative controls. All conditions were assayed using six replicates. Error bars
represent standard error (if not shown, the error is smaller than the symbols). *0.1 < P < 0.05, **0.05 < P < 0.01, ***P < 0.01 between each
condition and its respective negative control assessed by Bonferroni’s multiple comparisons test.

ª 2020 The Authors. Microbial Biotechnology published by Society for Applied Microbiology and John Wiley & Sons Ltd, Microbial
Biotechnology, 13, 1877–1888

1880 F. Medina Ferrer, K. Hobart and J. V. Bailey



In contrast to urease, the CA assay did not show colour
differences in Salt Lake and calcareous fen samples. Only
Soudan seep samples showed subtle visual differences
compared to negative controls that were significant (Bon-
ferroni-corrected P-value = 0.037) at 2 min of assay
(Fig. 3G and H). It is generally expected to find CA in pho-
tosynthetic biofilms as part of their CO2 concentrating
mechanisms (Kumar and Ferry, 2014), and thus, CA
levels in most analysed samples were possibly below the
detection limit of the field assay. While the urease assay
was shown to be robust and shown to have low detection
limits, the CA assay was limited by the nature of its

catalysed reaction (Eq. 2), which always requires a rigor-
ous comparison with a negative control at a particular
time. In addition, carbonic anhydrases include at least six
enzyme classes with no structural or sequence homology
and, consequently, the inhibitor choice may have varied
effects. Although acetazolamide is a potent wide-spec-
trum CA inhibitor (Zimmerman et al., 2004, 2007), it is pos-
sible that certain microbial CA were not effectively
inhibited, which would yield higher negative control rates
and thus lower assay sensitivities when compared to con-
ditions without inhibitors. We failed, however, to obtain
environmental protein extracts with significant soluble CA

Fig. 3. Field test colour change using environmental samples. Hue, and hue difference from on-site urease assays compared to their respective
negative controls of Salt Lake (A, B), calcareous fen (C, D) and iron spring (E, F) samples. CA assay hue (G) and hue difference (H) of ferric
precipitates is also shown, along with representative pictures of tubes without (–) and with (+) inhibitors for particular time points and samples.
When shown, error bars are larger than their respective symbols, representing the standard error. *0.1 < P < 0.05, **0.05 < P < 0.01,
***P < 0.01 between each sample and its respective negative control according to Bonferroni’s multiple comparisons test.
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activity in the laboratory, using a conventional assay
(Fig. S7), even in photosynthetic cells. We also found very
low soluble urease activity from protein extracts (Fig. S7),
indicating that most on-site activity found may have been
the result of extracellular, possibly membrane bound or
extracellular polymeric substances (EPS)-associated
urease, which was observed as residual urease activity of
cell debris after protein extraction.
The different factors affecting the quality of the CA

field detection method (such as ice incubation, rigorous
comparison with a negative control at a particular time,
colour change of the detection strip with atmospheric
CO2 within days of storage and lower sensitivity com-
pared to conventional laboratory assays) limits its reli-
able application in a field setting. To our knowledge,
however, there are no reported CA assays for field
detection, and thus, the strategy described here could
provide preliminary semi-quantitative information of CA
activity in the environment. The applicability of the field
CA assay for environmental samples may be improved
by using more sensitive and stable CO2 detectors, along
with negative controls containing a cocktail of different
CA inhibitor types.

Carbonate precipitation induced by urease and CA

Differences in intensity and time to obtain a positive reac-
tion serve as parameters to compare relative activities
among sites, where the strongest urease activity was
found in Salt Lake samples. To determine potential
urease- and CA-dependent MICP, we incubated Salt Lake
filaments with lake water containing urea, showing a sig-
nificant decrease in its Ca2+ concentration
(14.4 � 0.5 mM) through time (F = 118.8, DFn = 4.1,
DFd = 33.2, P < 0.0001) starting at Day 4 and depleting
at Day 9 (Fig. 4A). The calcium drop is interpreted as cal-
cium carbonate precipitation, which was also observed by
the solution turbidity (attributable to CaCO3) starting at
Day 3–4 (Fig. 4B–D). By contrast, incubations in the pres-
ence of PPD depleted only around one-third of the initial
calcium after 12 days, having significantly higher calcium
than incubations without PPD after Day 4 (Fig. 4A).
Filament incubations in the presence of acetazo-

lamide, however, did not prevent calcium depletion
(Fig. 4). Therefore, urease, and not CA activity, is most
likely responsible for carbonate precipitation under the
studied conditions, consistent with the enzymatic activity
observed in the field. Between Days 4 and 7, however,
a delay in calcium depletion with acetazolamide com-
pared to the condition without inhibitor may indicate a
possible CA influence on CaCO3 precipitation dynamics.
Both enzymes may synergistically affect carbonate pre-
cipitation, as suggested previously (Dhami et al., 2014),
via rapid bicarbonate generation by CA (Eq. 2) from CO2

produced by urease (Eq. 1), providing CO3
2– and neu-

tralizing the acidity produced by CO2 hydration. The
mechanism by which urease promoted CaCO3 precipita-
tion is attributable to a pH increase during incubations
compared to the lake water initial pH (Fig. 4A). Without
PPD, the pH rises more than 0.5 units in 12 days,
increasing the saturation with respect to carbonate min-
erals (Fig. S8).
Following 12 days, the filaments were covered by a

white precipitate, extensively found in incubations without
inhibitors or with acetazolamide only. Under the micro-
scope, green trichomes were encrusted by precipitates,
which appeared white under phase contrast, blackish
under bright field, and were autofluorescent (Fig. 5A). The
encrusting particles may correspond to magnesium-con-
taining calcium carbonates, which have been observed to
emit wide-spectrum fluorescence (Yoshida et al., 2010).
Additionally, characteristic signals of calcium carbonate
polymorphs, such as vaterite, monohydrocalcite, calcite,
ikaite and aragonite, along with thenardite (Na2SO4, likely
the result of high Na+ and SO4

2– in Salt Lake) and quartz
(presumably from diatom frustules) were detected in the
precipitates by micro-XRD (Fig. 5B).

Potential applications of urease field tests

The field detection of urease activity could prove useful
for evaluating the predictability of fertilizer efficiency.
Urea-based fertilizers are hydrolysed by soil bacteria,
resulting in volatilization and nitrogen loss to the atmo-
sphere, which is not utilized by crops (Cantarella et al.,
2018; Modolo et al., 2018). Although not evaluated in
this study, the use of a simple test that could be
employed by farmers to determine on-site urease activity
from soils may help decide appropriate fertilizer types for
a given region (Ouyang and Norton, 2020), without the
need of experienced personnel or laboratory equipment
to perform the analysis. Although different laboratory
assays intended to quantify soil urease activity are avail-
able (Kandeler and Gerber, 1988; Sinsabaugh et al.,
2000; Cordero et al., 2019), they require several steps
with hours-long incubations using different reagents and
equipment (plate reader, centrifuge), making their imple-
mentation difficult – if not impossible – in the field. Field
samples are transported, stored and analysed in a labo-
ratory setting after days or weeks from their collection,
which may result in urease activity changes derived from
sample manipulation, temperature fluctuations, freeze–-
thaw cycles and time until its analysis (Lee et al., 2007).
By contrast, once assembled in microcentrifuge tubes,
the rapid urease detection method provides a cheap and
simple, one-step assay that could be carried out by inex-
perienced individuals, obtaining a qualitative result at the
sampling site within minutes.
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Fig. 4. Calcium depletion kinetics of Salt Lake water in the presence of its microbial biomass. (A) Calcium quantification (left axis) from aliquots
taken over 12 days for triplicate incubations with a CA inhibitor (acetazolamide), a urease inhibitor (PPD) and conditions with and without both
inhibitors. A pH increase (right axis) is observed at the end of the incubations. Standard error of triplicate assays is represented by the error
bars, unless the error is smaller than the respective symbol. Bonferroni’s P-values between each condition and the experiment with both inhibi-
tors are shown with asterisks: *0.1 < P < 0.05, **0.05 < P < 0.01, ***P < 0.01. Photographs of representative incubations at Day 4 (B), 7 (C)
and 9 (D) show hazy solutions attributable to mineral precipitation.

Fig. 5. Salt Lake microbial sheaths after incubations.
A. Filament photomicrographs after 12 days of incubation, showing black precipitates covering the sheaths under bright field (black arrows, top
panel) that appeared white under phase contrast (middle panel) and have wide-spectrum autofluorescence (lower panel, dark field showing
420 nm-excited 450 nm long-pass emission).
B. Micro-XRD of precipitates after incubations without inhibitors, with acetazolamide and with both inhibitors. Mineral abbreviations: Arg, arago-
nite; Cal, calcite; Ik, ikaite; Mhc, monohydrocalcite; Qz, quartz; Tnd, thenardite; Vtr, vaterite.
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The field test may also be useful for rapid and inex-
pensive screening of environmental organisms with high
urease activity that can be used for engineering applica-
tions. Urease-driven MICP has been explored in recent
years for cementation and restoration of diverse struc-
tures, from art sculptures to buildings, as well as bedrock
plugging for enhanced oil recovery (Dhami et al., 2013;
Krajewska, 2018). Application of ureolytic bacteria, how-
ever, requires evaluating the presence of urease activity,
hopefully at the site of application, to provide evidence
that the restoration approach is likely to work under the
intended conditions. Rapid on-site evaluation of urease
activity could help predict the efficiency of restoration
approaches, instead of waiting for long-term reactive
solutions.
A simple and economical test to detect enzymatic

activity in the field may also help us understand the
microbial processes that contribute to the chemistry and
mineralogy of poorly studied sites. For example, though
calcareous fens and other peatland ecosystems are
extensive in some regions and are relevant carbon sinks
(Lunt et al., 2019), little information exists about the
activity of their microbial communities, in particular the
activity of urease. We showed here not only that calcare-
ous fen microbes have the potential to express urease,
but also that their urease is active in situ in certain envi-
ronments, where urease-driven MICP could occur.
Though the increasing use of fertilizers has been linked
to ecosystem damage, it may be possible to encourage
the use of urea-based fertilizers in regions that are
hydrologically connected to calcium-rich areas (such as
calcareous fens) where indigenous microbes are known
to drive MICP, resulting in a sustainable carbon seques-
tration alternative (Mitchell et al., 2010).
An economical test may be useful for educational

demonstrations and also could prove valuable for deter-
mining temporal variations of environmental metabolisms
along different seasons, days or even hours, which may
otherwise prove difficult because of budget constraints.
In-field tests may also be convenient to assess the influ-
ence of MICP on microbialites, particularly where bicar-
bonate transport and urease-related genes are known to
be present (Warden et al., 2016), which could help us
understand the elusive metabolisms involved in ancient
microbialite formation (Bosak et al., 2007).
Top-down molecular studies of microbial communities

and their environmental effects have exploded in the
past decade, increasing our understanding of uncul-
tivable microorganisms as well as the diversity of distinct
environments in a microbe-dominated Earth. The infor-
mation currently obtained via high-throughput sequenc-
ing of environmental microbes should be complemented
with field activity assays to assess not only metabolic
potential, but also microbial activity in a given

environment. Enzymatic activities not only represent pro-
tein expression, but also the direct microbial effects on
the environment, which in this study has been related to
carbonate precipitation. We anticipate that field-based
bottom-up approaches will aid in addressing challenging
questions, such as determining the microbial role in min-
eral formation, as well as providing new eco-friendly
technologies for engineering challenges. To our knowl-
edge, this is the first field environmental urease and CA
evaluation using an inexpensive and fast method devel-
oped with conventional laboratory materials. We expect
that a variety of other environments can be tested using
this method by other researchers, expanding our knowl-
edge of environmental protein expression and its effects
on MICP.

Experimental procedures

Rapid urease field test

Urease activity was evaluated using a modification of
the rapid urease test for the detection of Helicobacter
pylori in clinical samples (Thillainayagam et al., 1991;
Ross and Behar, 2012). The test consists of a sample-
loading strip containing urea (urease substrate) and a
pH-sensitive indicator strip. Sample-loading strips were
prepared by immersing a cellulose fibre sheet paper P8
(Thermo Fisher Scientific, Cat. 09-795D, Waltham, MA,
USA) in a fresh 0.6 M urea, 0.4 mM EDTA solution
(50 ml per 100 cm2 of paper sheet) using a rocking flat
glass pan to impregnate the paper thoroughly for 30 s
per side. The impregnated paper sheet was extended on
a tilted (~45°) dry flat glass surface to drain excess solu-
tion and left drying at room temperature (~10 h). Indica-
tor strips were similarly prepared by impregnating a
paper with fresh 0.02 % phenol red solution adjusted to
pH 6.0 with 50 mM HCl. After the papers dry completely,
circles of 6.5 mm diameter (or alternatively, strips of
4 × 8 mm) were cut from both the urea- and indicator-
impregnated papers.
To assemble the test, individual sample-loading strips

were introduced in Seal-Rite 0.5 ml microcentrifuge tubes
(USA Scientific, Ocala, FL, USA), and indicator strips
were placed inside the seals of the caps (Fig. 1A). Urease
activity was detected by adding standard solutions of
urease from Canavalia ensiformis (one unit, U, was
defined as the quantity of enzyme that liberates 1 μmole
of ammonia from urea per minute at pH 7.0 and 25°C; pro-
duct number U1875, Sigma-Aldrich, St. Louis, MO, USA)
or wet biofilm samples in direct contact with the sample-
loading strip before tightly closing the tube. A positive
reaction was visualized by a colour change from yellow to
red in the indicator strip after ~ 5–60 min of incubation at
room/field temperature (Fig. 1B). Volatile ammonia
released from urea (Eq. 1) increases the pH in the
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indicator strip, changing its colour (Fig. 1C). During the
test, it is important to prevent any contact of the sample
with the indicator strip to avoid a colour change derived
from alkaline or acidic samples that may turn the indicator.
The dry format of this test yields a faster reaction com-
pared to other liquid- or gel-based assays (Tseng et al.,
2005) and makes it conducive to field deployment.
A negative control was prepared under the same con-

ditions and additionally adding 1 mM phenyl phosphoro-
diamidate (PPD) – a urease inhibitor – in the soaking
solution of sample-loading strips. A positive reaction
without the inhibitor and a negative reaction with PPD
strongly indicate urease activity. The test, prepared as
described here in closed microcentrifuge tubes, lasts at
least one year stored at room temperature and protected
from light with no decrease in sensitivity. The negative
control containing PPD, however, expires after ~ 2–-
3 months, because the PPD inhibitor is sensitive to oxy-
gen. After three months, the PPD-impregnated strips are
unable to inhibit high urease concentrations and may
result in a false positive reaction, although yielding a
considerably less intense colour change than the urease
test without inhibitor. We recommend preparing the inhi-
bitor-impregnated loading strips from a fresh PPD solu-
tion a few days prior to use, or alternatively, storing the
loading strips under anoxic conditions and protected
from light.

Rapid CA field test

CA assays were based on a CO2 detection strip
intended for proper endotracheal catheter introduction
(Fehder, 1988). CO2-sensitive strips were prepared, sim-
ilarly to the urease field test strips, by soaking a cellu-
lose fibre paper grade P8 (Thermo Fisher Scientific, Cat.
09-795D, Waltham, MA, USA) with a fresh solution con-
taining 0.0065 M Na2CO3, 0.01% metacresol purple and
50% glycerol diluted with N2-purged distilled water.
Impregnated papers were immediately dried on a flat
glass surface by a stream of hot air (~ 15 min), and cir-
cles of 6.5 mm (or strips of 4 × 8 mm) were cut and
placed inside the cap seals of 0.5 ml microcentrifuge
tubes (USA Scientific, Ocala, FL, USA; Fig. 1D). Inside
microcentrifuge tubes, the bluish-purple indicator gradu-
ally turns purplish-yellow after three days of exposure to
atmospheric CO2, which limits the extent of using this
method for field applications. We recommend using indi-
cator strips prepared no more than 2 days in advance.
CA activity was detected by introducing 80 μl of cold

1 M NaHCO3 in the tubes and immediately adding the
samples, or 15 μl of standard CA (isozyme II from
bovine erythrocytes; Sigma-Aldrich, St. Louis, MO, USA)
solutions. The tubes were immediately closed and incu-
bated on ice. Bicarbonate dehydration (catalysed by CA,

Eq. 2) produces volatile CO2, which reacts with glycerol-
absorbed water in the indicator lid and generates acidity
that turns the indicator from bluish-purple to purplish-yel-
low (Fig. 1E). Non-enzymatic bicarbonate dehydration
proceeds rapidly, and therefore, the indicator colour
change is observed within minutes, even without the
enzyme. For this reason, it is important to use cold solu-
tions and incubate the assay tubes on ice. Cold incuba-
tion limits non-enzymatic CO2 hydration to a larger
degree than the CA-mediated reaction and is essential
for visualizing a reaction time difference between nega-
tive controls and CA-incubated reactions. Wilbur and
Anderson (1948) noted the utility of cold incubations,
which has since been applied in most CA hydratase
activity assays to date. By using the CO2-sensitive strips
in microcentrifuge tubes, we found a subtle, but repro-
ducible, colour change difference between CA-incubated
(15–85 mM CA) and negative controls assayed simulta-
neously. Negative controls were prepared under the
same conditions and adding 5 μl of fresh 1 mM acetazo-
lamide – a CA inhibitor – to the bicarbonate buffer. A
faster colour change compared to negative controls is
indicative of CA activity.

Microbial sampling locations

Samples were taken near calcareous fens in the Min-
nesota River Basin, from ferrous springs and from Salt
Lake, MN, during July and August 2019 (see detailed
locations in Fig. S2 and Table S1). Salt Lake is an alka-
line sulphate- and sodium-dominated saline lake. The
lake alkalinity (234 � 2 mg l−1 CaCO3, pH 8–9), together
with calcium carbonates in its sediments (Dean et al.,
1993), indicates favourable conditions for carbonate min-
eral precipitation, which could be stimulated by microbial
metabolisms. A sample of buoyant green biomass was
collected from Salt Lake during a bloom event in July
2019. Submerged green filaments attached to shoreland
rushes were also collected following the bloom in August
2019 (Fig. S3).
Calcareous fens, peatlands in which surficial calcium

carbonate precipitates (Almendinger and Leete, 1998),
are also environments where microorganisms may con-
tribute to carbonate mineralization. Samples were col-
lected from green biofilms growing on peat exposed by a
creek at Black Dog Lake Fen, and from surficial green
filaments suspended on water ponds during flood events
in Nicols Meadow Fen, and between Fortier 8 Fen and
Sioux Nation WMA Fen (locations shown in Table S1
and Fig. S4). Additionally, samples from iron-oxidizing
microbes were collected from orange precipitates at a
creek in Nicols Meadow Fen, from groundwater seeping
to the Mississippi River at Saint Mary’s Spring and from
a sulphide seep at a roadside near Soudan, MN
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(Fig. S5). A small portion of biomass (enough to wet the
sample-loading strip of the urease assay) was evaluated
on-site in triplicate (with the exception of the Salt Lake
bloom sample, where only two samples were evaluated)
for urease and CA activity using the rapid field test.
Additional triplicate aliquots for each sample were
obtained for protein extraction and microscopic observa-
tions (see detailed extraction methods in the supplemen-
tary file).

Calcium depletion kinetics

Salt Lake filaments (Sample ID 02 in Table S1) were incu-
bated (0.5 g wet weight) in 20 ml of 0.2 μm-filtered lake
water with the addition of 0.8 M urea in closed 50-ml glass
serum bottles with agitation (90 r.p.m., orbital shaker
MaxQTM 2000, Thermo Fisher Scientific) at room temper-
ature and under natural light cycles for 12 days. Four dif-
ferent incubation conditions were evaluated in triplicate:
lake water without inhibitors, lake water with 1 mM aceta-
zolamide, lake water with 1 mM PPD and lake water with
both inhibitors (1 mM each). Aliquots of 0.5 ml were taken
over time and titrated with EDTA (HAC-DT, Hach, Love-
land, CO, USA) to quantify calcium. Solid residues after
incubations were evaluated by powder micro X-ray diffrac-
tion (micro-XRD) using a Bruker D8 Discover micro-
diffractometer with a CoKα source (λ = 1.78899 Å)
equipped with a graphite monochromator and a 2D Van-
tec 500 detector. Samples were mounted on vacuum
grease, and three frames (30° 2θ width) centred at 20°,
45° and 70° were collected for 900 s at 40 kV and 35 mA.
Phase identification was conducted using Match!
(v3.8.3.151) and the Crystallographic Open Database
(COD-Inorg REV218120 2019.09.10) reference patterns
for aragonite (96-901-6601), calcite (96-900-0971), mono-
hydrocalcite (96-901-2074), quartz (96-901-0145), thenar-
dite (96-900-4093) and vaterite (96-150-8972). Ikaite
diffraction pattern was obtained from Hesse et al. (1983).

Image and statistical analysis

To compare and semi-quantify the rapid test results, we
followed colour changes using hue values. The hue rep-
resents colour pigmentation by a single number, disre-
garding saturation and brightness, therefore, minimizing
colour differences resulting from light and exposure time
changes in the field (Fig. S9). Average hue values were
calculated from RGB colours of standard circle areas
over photographs of the indicator strips using the NIH
IMAGEJ 1.49v software. Statistical significance of hue val-
ues from the rapid assays was assessed via mixed-ef-
fects models (considering the reaction time, as well as
the presence or absence of inhibitor for each site, as
nominal variables) with Geisser-Greenhouse correction

using GRAPHPAD PRISM 8.3.0. Differences between each
assay at a given incubation time and its respective con-
trol containing an enzyme inhibitor were evaluated by
Bonferroni’s multiple comparisons tests. Statistical analy-
sis for the calcium depletion kinetic experiments was
similarly evaluated via a two-way ANOVA and Bonferroni
correction to compare between experimental conditions.
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Supporting information

Additional supporting information may be found online in
the Supporting Information section at the end of the arti-
cle.
Table S1. Description of the environmental samples
obtained in this study.
Fig. S1. Urease and carbonic anhydrase standard assays.
(A) Colorimetric response after 20, 60, and 120 minutes of
urease reaction measured by the phenol-hypochlorite
method using urease standards (1.5–31 mU) with or without
a urease inhibitor (PPD). (B) CA hydratase response (time
for pH drop from 8.3 to 6.3) based on the Wilbur and Ander-
son (1948) method of standard CA solutions (0.05–1.5 nM)
with or without its inhibitor, acetazolamide. All conditions
were assayed with six replicates. Error bars represent stan-
dard error (when not shown, the error is smaller than the
symbols). The urease colorimetric response was analyzed
by a mixed-effects model, and the CA time response was
evaluated by a two-way ANOVA, where * 0.1 < P < 0.05, **
0.05 < P < 0.01, and *** P < 0.01 between each condition
and its respective negative control assessed by Bonferroni’s
multiple comparisons test.
Fig. S2. Microbial sampling sites. Highlighted contour of
Minnesota, USA, indicating with green circles the location of
known calcareous fens. Enlarged insets show the sampling
locations (red circles) at the Southeastern shore of Salt
Lake (A), at a roadside between Fortier 8 and Sioux Nation
WMA calcareous fens (B), from a stream at Black Dog Lake
Fen, a pond at Nicols Meadow Fen, and a creek between
Nicols Meadow Fen and Black Dog Lake North Fen (C), at
St. Mary’s Springs near the West shore of the Mississippi
River (D), and from a sulfidic seep roadside Highway 169,
near Soudan, MN (E). Calcareous fen locations and water
bodies were obtained from the Minnesota Department of
Natural Resources. Topographic maps were obtained from
the USGS National Geospatial Program, The National Map.
Fig. S3. Microbial biomass in Salt Lake, MN. Lake shore
showing a bright green cyanobacterial bloom (A) sampled in
July 2019 and its decline in August 2019 (B), where dark
green microbial filaments at the lake shore were sampled
instead. Insets show a close-up of the bloom and microfila-
ments sampled (left panels). Right panels show bright field
photomicrographs of the sampled biomass with a merged
fluorescence image (insets) of chlorophyll (red) and DAPI
(blue) emission. Note that the bloom event in A is domi-
nated by a cyanobacterium resembling Microcystis spp.,
whereas the sample taken after the bloom decline is domi-
nated by large green trichome sheaths, probably Micro-
coleus spp., adorned with numerous photosynthetic
diatoms.
Fig. S4. Microbial filaments at calcareous fens. Inundation
ponds showing green surficial filaments with bubbles at For-
tier-Sioux Nation Fens (A) and abundant filaments mixed
with aquatic plants (Spirodela spp.) at Nicols Meadow fen
(B). Green biofilms also colonize the peat exposed in a
stream-eroded cliff at Black Dog Lake Fen (C). Insets show
a close-up of the biomass sampled (left panels). Right pan-
els show bright field photomicrographs for each sample,

with insets of merged fluorescence images of chlorophyll
red emission and blue fluorescence from DAPI.
Fig. S5. Microbial mats at ferrous seeps. Orange precipi-
tates from a stream between Nicols Meadow Fen and Black
Dog Lake North Fen (A), from St. Mary’s Spring ferrous
seeps (B), and from a sulfidic seep near Soudan, MN (C,
field photo credit to Tanner Barnharst). Insets show a close-
up of the orange precipitates and microbial mats sampled.
Right panels show bright field and fluorescence microscopy
(insets) of chlorophyll (red) and DAPI (blue) emission. Note
the stalks of iron-oxidizing bacteria in A and B, and abun-
dant cyanobacterial filaments in B and C.
Fig. S6. Land use near Salt Lake and Sioux Nation WMA
Fen. Minnesota land cover classification maps around Salt
Lake (A) and Sioux Nation-Fortier fens (B). Classifications
according to 2013 Landsat and Lidar data (Rampi et al.,
2013). Note the abundance of agriculture areas near Salt
Lake compared to the calcareous fens. Quadrants with
nitrogen fertilizer (anhydrous ammonia and urea) application
restrictions are based on vulnerable groundwater areas
according to the Minnesota Department of Agriculture. Cal-
careous fen locations were obtained from the Minnesota
Department of Natural Resources. South Dakota areas are
represented by USGS satellite images, Geospatial Data
Sources (2019).
Fig. S7. Urease and carbonic anhydrase activity from pro-
tein extracts. Urease activity using the Berthelot reaction
method (A; Achal et al., 2009) and CA activity after the Wil-
bur and Anderson (1948) assay (B). A total of 1 μg of pro-
tein extracts from Salt Lake filaments (02), Fortier-Sioux
filaments (03), Black Dog peat green biofilm (04), Nicols
Meadow filaments (05), Black Dog Lake North orange pre-
cipitates (06), mixed orange and green mats from St. Mary’s
Spring (08), and Soudan streamers (09) were used. None
of the extracts were significantly higher than a blank assay
(*P < 0.01, Welch’s t-test), which is also observed using in-
gel activity assays (C & D; De Luca et al., 2015). A red
band on a yellow background indicates urease activity (C),
whereas a yellow band on a purple background indicates
CA activity (D).
Fig. S8. Salt Lake carbonate speciation and carbonate min-
eral solubilities. Bicarbonate and carbonate concentration as
a function of pH, considering the alkalinity (234 mg l−1 as
CaCO3) and calcium concentration (16 mM) of Salt Lake.
Assuming constant calcium and carbon concentrations, the
saturation index (SI) for calcium carbonate minerals
increases linearly from pH 9.0 (lake water pH) to 9.6 (pH at
the end of microbial incubations without urease inhibitors).
Note that above pH 9.6, all metastable calcium carbonate
phases are saturated. Solubility values at 25 °C were
obtained from Plummer and Busenberg (1982), Kralj and
Brečević (1995), and Bischoff et al. (1993).
Fig. S9. Quantification of hue values. (A) Color wheel dia-
gram showing the hue range of the carbonic anhydrase and
urease tests. (B) Histograms of hue pixels for representative
indicator strip (test tube caps) assays during the enzymatic
reaction. The hue was expressed as the average value from
assay photos over time.

ª 2020 The Authors. Microbial Biotechnology published by Society for Applied Microbiology and John Wiley & Sons Ltd, Microbial
Biotechnology, 13, 1877–1888

1888 F. Medina Ferrer, K. Hobart and J. V. Bailey


