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Abstract

Oxidative stress promotes protein degradation and apoptosis in skeletal mus-
cle undergoing atrophy. We aimed to determine whether spinal cord injury
leads to changes in oxidative stress, antioxidant capacity, and apoptotic signal-
ing in human skeletal muscle during the first year after spinal cord injury.
Vastus lateralis biopsies were obtained from seven individuals 1, 3, and
12 months after spinal cord injury and from seven able-bodied controls. Pro-
tein content of enzymes involved in reactive oxygen species production and
detoxification, and apoptotic signaling were analyzed by western blot. Protein
carbonylation and 4-hydroxynonenal protein adducts were measured as mark-
ers of oxidative damage. Glutathione content was determined fluorometrically.
Protein content of NADPH oxidase 2, xanthine oxidase, and pro-caspase-3
was increased at 1 and 3 months after spinal cord injury compared to able-
bodied controls. Furthermore, total and reduced glutathione content was
increased at 1 and 3 months after spinal cord injury. Conversely, mitochon-
drial complexes and superoxide dismutase 2 protein content were decreased
12 months after spinal cord injury compared to able-bodied controls. In con-
clusion, we provide indirect evidence of increased reactive oxygen species pro-
duction and increased apoptotic signaling at 1 and 3 months after spinal cord
injury. Concomitant increases in glutathione antioxidant defences may reflect
adaptations poised to maintain redox homeostasis in skeletal muscle following
spinal cord injury.

Introduction

Onset of traumatic spinal cord injury leads to extensive
skeletal muscle atrophy due to neural system decentraliza-
tion and disuse (Biering-Sorensen et al., 2009). The loss
of muscle mass is rapid during the initial 2 months after
injury, with a ~ 60% reduction in average fiber cross-sec-
tional area compared to able-bodied controls, and an
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additional ~ 20% decrease in the following 4 months
(Castro et al., 1999). Muscle wasting after spinal cord
injury is accompanied by decreased peripheral glucose
disposal and reduced skeletal muscle mitochondrial con-
tent and fatty acid uptake (Aksnes et al., 1996; Kjaer
et al., 2001). Decreases in mitochondrial capacity are
associated with changes in body composition including
increased adiposity (O’Brien et al., 2017), which
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contributes to increased risk of cardiovascular disease and
type 2 diabetes (Cragg et al., 2013). Interventions targeted
toward mechanisms to mitigate skeletal muscle atrophy
are warranted to prevent such chronic disorders and
improve the well-being of individuals with spinal cord
injury.

Skeletal muscle atrophy has been linked to increased
oxidative stress, defined as an imbalance between the pro-
duction and detoxification of reactive oxygen species
(ROS) (Kondo et al., 1991). Multiple sources are respon-
sible for excessive ROS production in atrophying skeletal
muscle. Predominantly, ROS production occurs within
the dysfunctional mitochondria through electron trans-
port chain complexes I and III (Min et al., 2011; Gram
et al, 2015). Contribution to ROS production is also
made by nicotinamide adenine dinucleotide phosphate
(NADPH) oxidase (NOX) isoforms. In rodents, protein
content of NOX4, localized at the sarcoplasmic reticulum,
increases following spinal cord injury, while NOX2 activ-
ity at the sarcolemma contributes to angiotensin II-in-
duced muscle atrophy (Liu et al., 2017; Kadoguchi et al.,
2018). Finally, ROS production by xanthine oxidase
(XO), during the final steps of purine degradation,
increases during skeletal muscle atrophy in rodents
(Kondo et al., 1993; Derbre et al.,, 2012). Thus, loss of
muscle mass is accompanied by increases in ROS produc-
tion both within and outside the mitochondria.

Conversely, several lines of antioxidant defences are
poised to counteract excessive ROS production. [Cu-Zn]-
superoxide dismutase (SOD1) in the cytoplasm and
[Mn]-superoxide dismutase (SOD2) within the mitochon-
dria convert superoxide radicals into hydrogen peroxide
(Fukai and Ushio-Fukai, 2011). Superoxide also reacts
with nitric oxide, in a concentration-dependent reaction,
producing peroxynitrite (Huie and Padmaja, 1993).
Peroxynitrite can be further decomposed to nitrite by
mitochondrial complex IV, while hydrogen peroxide is
further detoxified into molecular oxygen and water by
catalase and glutathione peroxidase (GPx) (Kondo et al.,
1993; Pearce et al., 1999). GPx utilizes glutathione (GSH)
as a substrate, converting it to glutathione disulfide
(GSSG), which is restored to its reduced form by glu-
tathione reductase (GRx). Activity of these antioxidant
enzymes increases in response to excessive ROS produc-
tion during immobilization-induced atrophy in rat skele-
tal muscle (Kondo et al.,, 1993). Hence, loss of muscle
mass is accompanied by a compensatory adaptation in
antioxidant capacity in parallel to increases in ROS pro-
duction.

While ROS play a role in the beneficial adaptive
response to exercise in healthy skeletal muscle (Gomez-
Cabrera et al., 2008), ROS also have a causative role in
the development of skeletal muscle atrophy (Kondo et al.,
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1993; Min et al.,, 2011; Derbre et al.,, 2012). Oxidative
stress damages cellular structures. Nonenzymatic lipid
peroxidation by ROS leads to production of lipid aldehy-
des, such as 4-hydroxynonenal (4HNE), which can inter-
fere with protein function and lead to activation of
apoptotic pathways (Dalleau et al., 2013). Oxidative stress
promotes damage to protein, such as carbonylation, ren-
dering proteins more susceptible to degradation (Smuder
et al,, 2010). Furthermore, exposure to exogenous ROS
increases the expression of genes involved in protein cata-
bolism, while simultaneously interfering with protein syn-
thesis (O’Loghlen et al., 2006; Dodd et al, 2010;
McClung et al., 2010). Perturbation of protein metabo-
lism lies at the core of skeletal muscle atrophy (Jackman
and Kandarian, 2004). Additionally, ROS exposure trig-
gers apoptotic pathways and may contribute to the
decreased mitochondrial content during muscle atrophy
(Siu and Alway, 2005). Furthermore, antioxidant treat-
ment alleviates muscle wasting in rodent models (Kondo
et al., 1991; Min et al., 2011; Derbre et al., 2012), indicat-
ing that oxidative stress contributes to atrophy. However,
whether spinal cord injury leads to changes in ROS
homeostasis and oxidative stress in human skeletal muscle
remains unknown.

During the initial 3 months after spinal cord injury,
plasma antioxidant levels are decreased, while both
plasma and urine markers of oxidative stress are increased
(Bastani et al., 2012). Our aim was to determine whether
spinal cord injury induces changes in enzymes responsible
for ROS homeostasis and consequently induces oxidative
stress in the atrophying skeletal muscle. To address this
question, we measured oxidative stress marker levels, as
well as protein abundance of enzymes involved in ROS
production and detoxification in skeletal muscle from
spinal cord-injured individuals at 1, 3, and 12 months
after injury, compared with able-bodied healthy controls.

Materials and Methods

Study participants

Seven individuals, four men and three women, with a
complete spinal cord injury according to the American
Spinal Injury Association Impairment Scale (AIS) for neu-
rological classification of spinal cord injury (Kirshblum
et al., 2011), injury range C4-Th12, and seven male able-
bodied controls matched for age and body mass index
participated in the study. Clinical characteristics of the
participants are presented in Table 1. None of the partici-
pants had any known systemic diseases. Able-bodied par-
ticipants were not receiving any medications, while
participants with spinal cord injury received low molecu-
lar weight heparin therapy during the first 3 months after
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injury, as well as spasmolytic therapy (baclofen or equiva-
lent) when indicated. Participants with spinal cord injury
received standard rehabilitative care at Sunnaas Rehabili-
tation Hospital, Nesoddtangen, Norway. All participants
gave their written informed consent and the study was
conducted according to the Declaration of Helsinki. The
study was approved by the Regional Committee for Medi-
cal and Health Research Ethics at Helse Sor-@st Trust,
Norway.

Preparations of skeletal muscle biopsies

Skeletal muscle biopsies were obtained using a Bergstrom
needle from the vastus lateralis of the quadriceps femoris
muscle under local anesthesia (Lidocaine 5 mg/ml),
cleaned from visible fat and blood, and rapidly frozen in
liquid nitrogen. Biopsies were lysed in ice-cold lysis buffer
(137 mmol/L NaCl, 2.7 mmol/L KCI, 1 mmol/L MgCl,
20 mmol/L Tris pH 7.8, 10 mmol/L NaF, 1 mmol/L
EDTA, 0.5 mmol/L NaVO;, 1 mmol/L PMSF, 10% glyc-
erol (w/v), 1% Triton X-100 (w/v), and protease inhibitor
cocktail Set 1 (Calbiochem, EMD Biosciences, San Diego,
CA, US)). Extracellular debris was removed by centrifuga-
tion at 12,000g for 10 min at 4°C, and the supernatant
containing soluble material was collected. Protein concen-
tration was determined using a commercially available
Pierce bicinchoninic acid (BCA) protein assay (#23225,
Thermo Scientific, Waltham, MA, US) according to the
manufacturer’s instructions.

Protein carbonylation assay

Analysis of protein carbonylation was performed as
described (Trewin et al, 2015), using a commercially
available kit (OxyBlot, #57150, Merck Millipore, Burling-
ton, MA, US). Equal amounts of protein were loaded,
denatured by addition of 6% (v/v) sodium dodecyl sulfate
(SDS), and carbonyl groups on protein side chains were

derivatized to 2,4-dinitrophenylhydrazone (DNP) by

Table 1. Clinical characteristics.
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reaction with 2,4-dinitrophenylhydrazine (DNPH). After
15 min at room temperature, the derivatization reaction
was stopped by adding neutralizing solution and 5% (v/v)
of 2-mercaptoethanol.

SDS-PAGE and western blot

Western blotting was performed as described (Lundell
et al., 2018). Equal amounts of protein were diluted in
Laemmli buffer and separated on SDS-PAGE (#3450124,
Criterion XT Precast gels, BioRad, Hercules, CA, US).
Protein was transferred to a polyvinyl fluoride (PVDF)
membrane (IPVH00010, Immobilon-P, Merck Millipore),
Ponceau S staining (#P7170, Sigma-Aldrich, St. Louis,
MO, US) was performed and results were normalized to
total protein per lane. Membranes were blocked using
7.5% (w/v) nonfat dry milk in Tris-buffered saline (TBS)
with Tween 20. Primary antibodies were diluted 1:1000
(v/v) in TBS containing 0.1% (w/v) bovine serum albu-
min and NaNj;. Membranes were incubated in primary
antibody dilutions overnight (~16 h) at 4°C under gentle
agitation. The list of primary antibodies used is presented
in Table 2. Species-appropriate horseradish peroxidase-
conjugated secondary antibodies, diluted 1:25,000 (v/v) in
5% nonfat dried milk in TBS-Tween were used, and pro-
tein amounts were visualized using chemiluminescence
(#RPN2106 ECL and #RPN2235 ECL select, GE Health-
care, Chicago, IL, US). Optical density of detected bands
was quantified using Image Lab v.5.2.1 (BioRad). The
optical density of detected bands for protein carbonyla-
tion (molecular weights 250, 225, 100, 80, 50, 40, and
35 kDa) and 4HNE-adducts (molecular weights 150, 100,
60 and 35kDa) were determined and the sum of the
bands is presented as total.

Reduced and total glutathione detection

Glutathione content was determined using a commercially
available assay kit (ab138881, Abcam, Cambridge, UK).

Able-bodied (n = 7)

Spinal cord-injured (n = 7)

Age, yr (mean + SD) 49 + 6
BMI, kg/m? (mean =+ SD) 26 £ 2
Injury level
Cervical (n = 2) c4 n/a

C6 n/a
Thoracic (n = 5) Th3-12 n/a

43 + 15

Months after injury

1 3 12
25+ 4 25+ 4 27 £3
AIS motor score (0-100)

8 8 16

27 27 28

50 50 50

AIS, American Spinal Injury Association Impairment Scale; BMI, Body Mass Index; n/a, not applicable.
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Table 2. Primary antibodies list.
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Antigen Abbreviation Size (kDa) Manufacturer (#)?
4-Hydroxynonenal AHNE n/a Abcam (ab46545)
OXPHOS Cocktail n/a n/a Abcam (ab110411)
NDUFB8 Complex | 18 Abcam (ab110242)
SDHB Complex Il 29 Abcam (ab14714)
UQCRC2 Complex I 48 Abcam (ab14745)
MTCO2 Complex IV 22 Abcam (ab110258)
ATP5A Complex V 54 Abcam (ab14748)
p47phox (Ser®?8) p-p47 (Ser3?8) 47 Abcam (ab111855)
NADPH oxidase 2 NOX2 65 Abcam (ab80508)
NADPH oxidase 4 NOX4 67 Abcam (ab133303)
Xanthine Oxidase X0 85 Abcam (ab109235)
Superoxide Dismutase 1 SOD1 17 Abcam (ab16831)
Superoxide Dismutase 2 SOD2 25 Abcam (ab13534)
Catalase Catalase 64 Santa Cruz (sc-50508)
Glutathione Peroxidase 1 GPx 22 Abcam (ab22604)
Glutathione Reductase GRx 58 Abcam (ab16801)
SAPK/INK (Thr'&3/Tyr'8%) p-INK (Thr'®3/Tyr'8%) 46/54 Cell Signalling (9251)
SAPK/INK INK 46/54 Cell Signalling (9252)
Calpain-1 Calpain-1 68/82 Abcam (ab28258)
Cleaved Caspase-9 Cleaved Caspase-9 37 Abcam (ab2324)
Caspase-3 Caspase-3 19/35 Cell Signalling (9662)

#Abcam, Cambridge, United Kingdom; Santa Cruz, Dallas, TX, United States; Cell Signalling, Danvers, MA, United States.

Aliquots, normalized for protein concentration, were
loaded for the reaction. To avoid assay enzymatic inter-
ference, deproteinization was performed by 1:5 (v/v)
addition of 100% (w/v) trichloroacetic acid (TCA) and
precipitated protein and TCA were removed by centrifu-
gation (12,000g, 5 min at 4°C). The remaining TCA in
the supernatant was neutralized by addition of 1M
NaHCOs;, the samples centrifuged (12,000g, 15 min at
4°C) and the supernatant collected for further analysis.
The amount of reduced GSH and total glutathione were
determined fluorometrically, and the amount of oxidized
GSSG was calculated according to manufacturer’s instruc-
tions.

Statistical analyses

The arbitrary units of optical density were normalized to
the mean of the able-bodied control group. Data are pre-
sented as mean and standard deviation (SD) with the
individual data points overlaid. Statistical comparisons
were made using nonparametric Mann—Whitney (Table 1)
or Kruskal-Wallis tests, followed by Dunn’s multiple
comparison where appropriate. P-values below 0.05 were
considered as significant, while 0.1 > P > 0.05 indicated
trends. Statistical analyses were performed using Prism
v.7.01 (GraphPad, San Diego, CA, US).
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Results

Oxidative stress markers in skeletal muscle
following spinal cord injury

To assess whether spinal cord injury induces oxidative
stress in skeletal muscle, we analyzed GSH and GSSG
content, as well as protein carbonylation and 4HNE
protein adducts as markers of oxidative damage. Total
amount of carbonylated proteins was unaltered in
skeletal muscle during the first year following spinal
cord injury compared to able-bodied controls (FiglA
and 1B). The level of 4HNE protein adducts was
increased at 12 (P < 0.05), but not at 1 and 3 months
after spinal cord injury (FiglC and 1D). The amount
of GSH (Fig. 1E), as well as of total glutathione (data
not shown) was increased at 1 and 3 (P < 0.05), but
not at 12 months following spinal cord injury. There
were no significant differences in the amount of GSSG
(Fig. 1F) or the GSH/GSSG ratio (Fig. 1G) between
skeletal muscle of spinal cord-injured individuals and
able-bodied controls. Thus, our results indicate
increased lipid peroxidation at 12 months, as well as
augmented GSH and total glutathione content in
skeletal muscle at 1 and 3 months following spinal
cord injury.

© 2019 The Authors. Physiological Reports published by Wiley Periodicals, Inc. on behalf of
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Protein abundance of mitochondrial
complexes in skeletal muscle following
spinal cord injury

Skeletal muscle mitochondrial content during the first
year following spinal cord injury was determined by

Redox Homeostasis in Spinal Cord Injury

IV (Fig. 2E), and V (Fig. 2F) was reduced at
12 months (P < 0.05), but not at 1 or 3 months after
spinal cord injury compared to able-bodied controls.
Conversely, protein levels of mitochondrial complex
IT were comparable between spinal cord-injured indi-
viduals and able-bodied controls (Fig. 2C). Overall,

western blot analysis (Fig. 2A). Protein abundance of abundance of mitochondrial complexes decreased
mitochondrial complexes I (Fig. 2B), III (Fig. 2D), 1 year after spinal cord injury.
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Figure 1. Oxidative stress markers in skeletal muscle following spinal cord injury. Representative western blot image and Ponceau S stain (A)
and quantification (B) for total protein carbonylation. Representative western blot image and Ponceau S stain (C) and quantification (D) for total
4HNE protein adducts. GSH (E), GSSG (F), and GSH/GSSG ratio (G) in skeletal muscle from able-bodied (AB, white bars) and spinal cord-injured
individuals (SCI, grey bars) at 1, 3, and 12 months post-injury. Units are scaled to the mean of the able-bodied controls. Data are presented as
mean and standard deviation, and individual data points are overlaid. * - P < 0.05 vs able-bodied controls, Kruskal-Wallis followed by Dunn’s

multiple comparisons test.
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Protein abundance of non-mitochondrial
enzymatic sources of ROS in skeletal muscle
following spinal cord injury

To determine whether spinal cord injury leads to changes
in non-mitochondrial ROS production, protein levels of
several key enzymes involved in this pathway were ana-
lyzed (Fig. 3A). Phosphorylation (Ser’*®) of the p47°"o*-
regulatory subunit of NOX2 was not significantly different
between spinal cord-injured and able-bodied individuals
(Fig. 3B). Conversely, NOX2 protein content was increased
at 1 and 3 (P < 0.05), but not at 12 months after spinal
cord injury (Fig. 3C). Similarly, protein levels of NOX4
tended (P = 0.06) to be increased at 1, but not at 3 and
12 months after spinal cord injury (Fig. 3D). Furthermore,
protein levels of XO were higher at 1 and 3 (P < 0.05),
but not 12 months after spinal cord injury (Fig. 3E). Thus,
1 and 3 months after the trauma, spinal cord injury leads
to increased protein levels of several non-mitochondrial
ROS-producing enzymes in the affected skeletal muscle.

Protein abundance of antioxidant enzymes
in skeletal muscle following spinal cord
injury

In order to determine the enzymatic antioxidant defence
capacity in skeletal muscle after spinal cord injury, we

M. Savikj et al.

measured protein levels of several enzymes responsible for
ROS detoxification (Fig. 4A). Protein abundance of SOD1
was similar between spinal cord-injured and able-bodied
individuals (Fig. 4B). Conversely, protein content of
SOD2 tended (P = 0.08) to be decreased at 12, but not at
1 and 3 months after spinal cord injury (Fig. 4C). Skeletal
muscle catalase and GPx protein content were unaltered
in spinal cord-injured versus able-bodied individuals
(Fig. 4D and 4). GRx was increased at 3 (P < 0.05), but
not at 1 or 12 months after spinal cord injury (Fig. 4F).
Overall, our results indicate that protein abundance of
antioxidant enzymes is unaltered in skeletal muscle during
the first year after spinal cord injury.

Apoptotic signaling in skeletal muscle
following spinal cord injury

As oxidative stress can lead to an activation of apoptosis,
we determined the content of several proteins involved in
apoptotic signaling (Fig. 5A). Protein levels of dually
phosphorylated (Thr'®/Tyr'®®) c-Jun N-terminal kinase
(JNK) were decreased at 12 months (P < 0.05), but unal-
tered at 1 or 3 months after spinal cord injury in com-
parison to able-bodied controls (Fig. 5B). Conversely,
total protein content of JNK was higher (P < 0.05) at 1
and 3, but not at 12 months after spinal cord injury
(Fig. 5C). Protein abundance of cleaved caspase-9, cleaved
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Figure 2. Protein abundance of mitochondrial complexes in skeletal muscle following spinal cord injury. Representative western blot images (A)
and quantifications for mitochondrial complex | (B), complex Il (C), complex Ill (D), complex IV (E), and complex V (F) in skeletal muscle from
able-bodied (AB, white bars) and spinal cord-injured individuals (SCI, grey bars) at 1, 3, and 12 months post-injury. Units are scaled to the
mean of the able-bodied controls. Data are presented as mean and standard deviation, and individual data points are overlaid. * - P < 0.05 vs
able-bodied controls, Kruskal-Wallis followed by Dunn’s multiple comparisons test.
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Figure 3. Protein abundance of non-mitochondrial enzymatic sources of ROS in skeletal muscle following spinal cord injury. Representative
western blot images (A) and quantifications for p-p47 (Ser®28) (B), NOX2 (C), NOX4 (D), and XO (E) measured in skeletal muscle from able-
bodied (AB, white bars) and spinal cord-injured individuals (SCI, grey bars) at 1, 3, and 12 months post-injury. Units are scaled to the mean of
the able-bodied controls. Data are presented as mean and standard deviation, and individual data points are overlaid. * - P < 0.05 vs able-
bodied controls, Kruskal-Wallis followed by Dunn’s multiple comparisons test.

calpain-1, and total calpain-1 did not differ between
spinal cord-injured and able-bodied individuals (Fig. 5D—
F). We detected higher pro-caspase-3 protein content at 1
and 3 months (P < 0.05), while cleaved caspase-3
remained unchanged after spinal cord injury (Fig. 5G and
H). Overall, our data suggest increased apoptotic signal-
ing in skeletal muscle at 1 and 3 months after spinal cord
injury.

Discussion

We determined whether complete spinal cord injury dis-
turbs ROS homeostasis and induces oxidative stress in
human skeletal muscle. A schematic of the main findings
and investigated pathways is presented in Figure 6. We
detected increased protein abundance of NADPH oxidases
and xanthine oxidase at 1 and 3 months after injury, con-
current with increased total and reduced glutathione con-
tent and GRx protein levels. Furthermore, our data show
increased caspase-3 content at 1 and 3 months after
spinal cord injury suggesting activation of apoptosis. At
12 months following spinal cord injury, we observed
increased 4HNE protein adducts and decreased content of

© 2019 The Authors. Physiological Reports published by Wiley Periodicals, Inc. on behalf of
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mitochondrial complexes and SOD2 protein abundance.
Collectively, our study reveals increases in apoptosis and
non-mitochondrial ROS production at 1 and 3 months
after spinal cord injury, concomitant with an increase in
antioxidant defences.

Mitochondrial ROS production increases in human
skeletal muscle during disuse, and the initial phases fol-
lowing spinal cord injury can be accompanied by a tran-
sient increase in mitochondrial enzymatic activity (Castro
et al, 1999; Gram et al.,, 2015). Our results indicate
unchanged protein abundance of mitochondrial com-
plexes at 1 and 3 months following spinal cord injury.
Thus, without changes in mitochondrial protein content,
this early phase is likely accompanied by increased mito-
chondrial ROS production. Conversely, we detected
decreased mitochondrial protein content (complexes I,
1L, IV, and V) at 12 months after spinal cord injury as
compared with able-bodied controls, consistent with our
earlier findings (Kostovski et al., 2013). Given that mito-
chondrial enzymatic activity is decreased (Martin et al.,
1992), mitochondrial ROS production is likely lower and
thus, probably does not play a major role in the late
post-injury phase.
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Figure 4. Protein abundance of antioxidant enzymes in skeletal muscle following spinal cord injury. Representative western blot images (A) and
quantifications for SOD1 (B), SOD2 (C), catalase (D), GPx (E), and GRx (F) measured in skeletal muscle from able-bodied (AB, white bars) and
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followed by Dunn’s multiple comparisons test.

Several enzymes outside the mitochondria have been
implicated in the excessive ROS production in skeletal
muscle undergoing atrophy (Kondo et al., 1993; Derbre
et al, 2012; Kadoguchi et al, 2018). We detected an
increase in XO and NOX2 protein content at 1 and
3 months, and a trend for higher NOX4 protein content
at 1 month post-injury. Increased NOX2 content may
reflect higher ROS-producing capacity during muscle
spasms in the early post-injury phase, as NOX2 is acti-
vated by p47°"™** in response to contraction (Sakellariou
et al., 2013). NOX4 protein content increases in rodent
skeletal muscle following spinal cord injury and promotes
a Ca®"-leak from the endoplasmic reticulum (Liu et al,
2017). Additionally, ROS production by XO is increased
in atrophying muscle following hindlimb immobilization,
owing to a proteolytic modification of XO by a Ca®-de-
pendent protease (Kondo et al., 1993). Hence, NOX and
XO might form a feed-forward system increasing ROS
production in the early phase of spinal cord injury-in-
duced muscle atrophy.

Our results suggest that skeletal muscle protein abun-
dance of antioxidant enzymes is retained following spinal
cord injury. Unaltered SOD1 and SOD2 protein contents
at 1 and 3 months after spinal cord injury indicate that
the capacity to decompose

superoxide radicals is
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conserved. Conversely, the decreased abundance of mito-
chondrial SOD2 at 12 months after injury reflects lower
antioxidant protection and mirrors the reduction in mito-
chondrial content. We found that protein content of GPx
and catalase was unaltered between spinal cord-injured
and able-bodied individuals. Conversely, GRx protein
content was elevated at 3 months, and GSH and total glu-
tathione contents were also increased at 1 and 3 months
after spinal cord injury. Glutathione biosynthesis is pro-
moted through Akt/mTOR signaling (Kim et al., 2004),
which is transiently increased early after spinal cord injury
(Lundell et al., 2018). Thus, a compensatory increase in
glutathione biosynthesis could account for increased total
glutathione content. Together, these results provide evi-
dence suggesting compensatory increases of glutathione
antioxidant capacity in skeletal muscle at 1 and 3 months
following spinal cord injury.

Protein carbonylation in skeletal muscle of spinal cord-
injured individuals was unchanged compared to able-bod-
ied controls, while 4HNE protein adducts were increased
at 12 months post-injury. Potentially, the compensatory
increases in antioxidants are sufficient to protect proteins
from oxidative damage following spinal cord injury.
However, proteins damaged by oxidation are preferen-

tially degraded by the ubiquitin-proteasome system
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Figure 5. Apoptotic signaling in skeletal muscle following spinal cord injury. Representative western blot images (A) and quantifications for p-
INK (Thr'83/Tyr8) (B), total JNK (C), calpain-1 (D), cleaved calpain-1 (E), cleaved caspase-9 (F), pro-caspase-3 (G), and cleaved caspase-3 (H)
measured in skeletal muscle from able-bodied (AB, white bars) and spinal cord-injured individuals (SCI, grey bars) at 1, 3, and 12 months post-
injury. Units are scaled to the mean of the able-bodied controls. Data are presented as mean and standard deviation, and individual data points
are overlaid. *-P < 0.05 vs able-bodied controls, Kruskal-Wallis followed by Dunn’s multiple comparisons test.

(Shringarpure et al., 2003). We have reported that skeletal
muscle atrophy following spinal cord injury is accompa-
nied by increased proteolysis and transient increase in
protein synthesis 1 month after spinal cord injury (Lun-
dell et al., 2018). A high protein turnover state, with pref-
erential degradation of oxidized proteins, may lead to
underestimation of protein carbonylation. Thus, skeletal
muscle may in fact be in a state of oxidative stress in the
early post-injury phase, without detectable increases in
carbonylation or 4HNE protein adducts. Conversely, at
12 months post-injury, skeletal muscle enters a new

© 2019 The Authors. Physiological Reports published by Wiley Periodicals, Inc. on behalf of
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“steady-state” of low protein turnover (Leger et al., 2009;
Lundell et al., 2018), thereby allowing for accumulation
of 4HNE protein adducts.

Excessive ROS exposure and oxidative stress induce
apoptosis (Siu et al., 2009). The increase in total JNK
protein at 1 and 3 months post-injury suggests transcrip-
tional and translational mechanisms promoting apoptosis
(Fleming et al., 2000). Conversely, the reduction in JNK
(Thr'®/Tyr'®*) phosphorylation and unchanged total pro-
tein content at 12 months post-injury may suggest
decreased apoptotic signaling. We did not observe
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reduced); GSSG (glutathione disulfide — oxidized); GPx (glutathione peroxidase); GRx (glutathione reductase); 4HNE (4-hydroxynonenal).

increased cleaved caspase-9 protein content, indicative of
stable mitochondrial apoptotic pathways. However, as
caspase-9 is regulated through the interaction with cyto-
plasmic factors (Stennicke et al., 1999), the mitochondrial
apoptotic pathway may be activated despite the
unchanged caspase-9 protein content. Interestingly, we
detected that pro-caspase-3 protein content was increased
at 1 and 3 months after injury, whereas cleaved caspase-3
was unchanged following spinal cord injury. Caspase-3 is
an effector caspase (Srinivasula et al., 1998), and an essen-
tial protease for inducing protein catabolism in skeletal
muscle undergoing atrophy (Du et al., 2004). As caspase-
3 activation by cleavage is a rapid process, we might not
be able to observe its significant increase. However,
increased JNK and pro-caspase-3 protein content suggests
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increased apoptosis and proteolysis in early stages after
spinal cord injury. Although we were unable to discern
the specific pathways involved, activation of apoptosis in
hindlimb-unloaded rat skeletal muscle occurs through
both extrinsic and intrinsic pathways, despite conserved
antioxidant capacity (Andrianjafiniony et al., 2010). Thus,
both caspase-8 and caspase-9-dependent pathways may
promote apoptosis at 1 and 3 months post-injury.

The 1- and 3-month time points were chosen based on
the rapid skeletal muscle atrophy occurring in the initial
6 weeks post-injury (Castro et al, 1999). Conceivably,
more profound changes could precede the first 1-month
biopsy. However, it was not feasible to obtain biopsies at
earlier time points due to the severe nature of the acute
phase of spinal cord injury. We have not controlled the
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overall physical activity of able-bodied participants, which
may account for some variation in the measured parame-
ters. Additionally, we cannot exclude that putative differ-
ences in the neurological injury levels or gender exhibit
specific oxidative stress responses and might affect some
of the parameters measured in this study. Furthermore,
due to a relatively low number of participants, we might
not be able to detect more subtle alterations. Nevertheless,
our study provides valuable insight into the more pro-
found changes in ROS homeostasis in skeletal muscle
during the first year following spinal cord injury.

We provide indirect evidence of increased ROS produc-
tion and apoptotic signaling in the initial rapid phase of
spinal cord injury-induced muscle atrophy. Concurrent
increases in glutathione may reflect adaptations to retain
redox homeostasis. ROS production is upregulated during
skeletal muscle contraction (Ryan et al., 2011; Sakellariou
et al, 2013). Therefore, muscular spasms or electrically
stimulated rehabilitative exercise may trigger oxidative
stress aggravating skeletal muscle atrophy after spinal cord
injury. Conversely, contraction-induced nitric oxide pro-
duction may compete with superoxide dismutation to
hydrogen peroxide by SOD, and promote blood flow in
the atrophying muscle (Balon and Nadler, 1994). Thus,
investigations into the ROS-response to such rehabilita-
tive efforts, especially in the initial rapid stage of skeletal
muscle atrophy after spinal cord injury, are warranted.
Furthermore, treatments with broad ROS scavengers, such
as Vitamin E and B-carotene, or more specific inhibitors
of ROS production, such as XO inhibitor allopurinol,
have been efficient in alleviating muscle atrophy in
rodents and humans (Kondo et al.,, 1991; Derbre et al.,
2012; Ogawa et al,, 2013; Ferrando et al., 2018). The
development of similar antioxidant adjuvant therapies in
the early phase could improve the beneficial responses to
rehabilitative interventions and mitigate skeletal muscle
atrophy following spinal cord injury.

Acknowledgment

We thank Prof. Juleen R. Zierath, Karolinska Institutet
for critical reading of the manuscript.

Conflict of Interest

No conflict of interest, financial, or otherwise is declared
by the authors.

References

Aksnes, A. K., N. Hjeltnes, E. O. Wahlstrom, A. Katz, J. R.
Zierath, and H. Wallberg-Henriksson. 1996. Intact glucose
transport in morphologically altered denervated skeletal

© 2019 The Authors. Physiological Reports published by Wiley Periodicals, Inc. on behalf of

The Physiological Society and the American Physiological Society.

Redox Homeostasis in Spinal Cord Injury

muscle from quadriplegic patients. Am. J. Physiol. 271(3 Pt
1):E593-E600.

Andrianjafiniony, T., S. Dupre-Aucouturier, D. Letexier, H.
Couchoux, and D. Desplanches. 2010. Oxidative stress,
apoptosis, and proteolysis in skeletal muscle repair after
unloading. Am. J. Physiol. Cell Physiol. 299:C307—-C315.

Balon, T. W,, and J. L. Nadler. 1994. Nitric oxide release is
present from incubated skeletal muscle preparations. J.
Appl. Physiol. 77:2519-2521.

Bastani, N. E., E. Kostovski, A. K. Sakhi, A. Karlsen, M. H.
Carlsen, N. Hjeltnes, et al. 2012. Reduced antioxidant
defense and increased oxidative stress in spinal cord injured
patients. Arch. Phys. Med. Rehabil. 93:2223-2228.¢2.

Biering-Sorensen, B., I. B. Kristensen, M. Kjaer, and F.
Biering-Sorensen. 2009. Muscle after spinal cord injury.
Muscle Nerve. 40:499-519.

Castro, M. J., D. F. Jr Apple, R. S. Staron, G. E. Campos, and
G. A. Dudley. 1999. Influence of complete spinal cord injury
on skeletal muscle within 6 mo of injury. J. Appl. Physiol.
86:350-358.

Cragg, J. J., V. K. Noonan, M. Dvorak, A. Krassioukov, G. B.
Mancini, and J. F. Borisoff. 2013a. Spinal cord injury and
type 2 diabetes: results from a population health survey.
Neurology 81:1864—1868.

Cragg, J. J., V. K. Noonan, A. Krassioukov, and J. Borisoff.
2013b. Cardiovascular disease and spinal cord injury: results
from a national population health survey. Neurology
81:723-728.

Dalleau, S., M. Baradat, F. Gueraud, and L. Huc. 2013. Cell
death and diseases related to oxidative stress: 4-
hydroxynonenal (HNE) in the balance. Cell Death Differ.
20:1615-1630.

Derbre, F., B. Ferrando, M. C. Gomez-Cabrera, F. Sanchis-
Gomar, V. E. Martinez-Bello, G. Olaso-Gonzalez, et al. 2012.
Inhibition of xanthine oxidase by allopurinol prevents
skeletal muscle atrophy: role of p38 MAPKinase and E3
ubiquitin ligases. PLoS ONE 7:e46668.

Dodd, S. L., B. J. Gagnon, S. M. Senf, B. A. Hain, and A. R.
Judge. 2010. Ros-mediated activation of NF-kappaB and
Foxo during muscle disuse. Muscle Nerve. 41:110-113.

Du, J., X. Wang, C. Miereles, J. L. Bailey, R. Debigare, B.
Zheng, et al.2004. Activation of caspase-3 is an initial step
triggering accelerated muscle proteolysis in catabolic
conditions. J. Clin. Invest. 113:115-123.

Ferrando, B., M. C. Gomez-Cabrera, A. Salvador-Pascual, C.
Puchades, F. Derbre, A. Gratas-Delamarche, et al. 2018.
Allopurinol partially prevents disuse muscle atrophy in mice
and humans. Sci Rep. 8:3549.

Fleming, Y., C. G. Armstrong, N. Morrice, A. Paterson, M.
Goedert, and P. Cohen. 2000. Synergistic activation of
stress-activated protein kinase 1/c-Jun N-terminal kinase
(SAPK1/JNK) isoforms by mitogen-activated protein kinase
kinase 4 (MKK4) and MKK?7. Biochem J. 352(Pt 1):145-54.

2019 | Vol. 7 | Iss. 16 | 14218
Page 11



Redox Homeostasis in Spinal Cord Injury

Fukai, T., and M. Ushio-Fukai. 2011. Superoxide dismutases:
role in redox signaling, vascular function, and diseases.
Antioxid. Redox Signal. 15:1583-1606.

Gomez-Cabrera, M. C., E. Domenech, M. Romagnoli, A.
Arduini, C. Borras, F. V. Pallardo, et al. 2008. Oral
administration of vitamin C decreases muscle
mitochondrial biogenesis and hampers training-induced
adaptations in endurance performance. Am. J. Clin. Nutr.
87:142—-149.

Gram, M., A. Vigelso, T. Yokota, J. W. Helge, F. Dela, and M.
Hey-Mogensen. 2015. Skeletal muscle mitochondrial H2 O2
emission increases with immobilization and decreases after
aerobic training in young and older men. J. Physiol.
593:4011-4027.

Huie, R. E., and S. Padmaja. 1993. The reaction of no with
superoxide. Free Radic. Res. Commun. 18:195-199.

Jackman, R. W., and S. C. Kandarian. 2004. The molecular
basis of skeletal muscle atrophy. Am. J. Physiol. Cell.
Physiol. 287:C834—C843.

Kadoguchi, T., S. Takada, T. Yokota, T. Furihata, J.
Matsumoto, M. Tsuda, et al. 2018. Deletion of NAD(P)H
oxidase 2 prevents angiotensin II-induced skeletal muscle
atrophy. Biomed. Res. Int. 2018:3194917.

Kim, S. K., K. J. Woodcroft, S. S. Khodadadeh, and R. F.
Novak. 2004. Insulin signaling regulates gamma-
glutamylcysteine ligase catalytic subunit expression in
primary cultured rat hepatocytes. J. Pharmacol. Exp. Ther.
311:99-108.

Kirshblum, S. C., S. P. Burns, F. Biering-Sorensen, W.
Donovan, D. E. Graves, A. Jha, et al. 2011. International
standards for neurological classification of spinal cord injury
(revised 2011). J. Spinal Cord Med. 34:535-546.

Kjaer, M., F. Dela, F. B. Sorensen, N. H. Secher, J. Bangsbo, T.
Mobhr, et al. 2001. Fatty acid kinetics and carbohydrate
metabolism during electrical exercise in spinal cord-injured
humans. Am. J. Physiol. Regul. Integr. Comp. Physiol. 281:
R1492-R1498.

Kondo, H., M. Miura, and Y. Itokawa.1991. Oxidative stress in
skeletal muscle atrophied by immobilization. Acta Physiol.
Scand. 142:527-528.

Kondo, H., I. Nakagaki, S. Sasaki, S. Hori, and Y. Itokawa.
1993. Mechanism of oxidative stress in skeletal muscle
atrophied by immobilization. Am. J. Physiol. 265(6 Pt 1):
E839-E844.

Kostovski, E., H. Boon, N. Hjeltnes, L. S. Lundell, M. Ahlsen,
A. V. Chibalin, et al. 2013. Altered content of AMP-
activated protein kinase isoforms in skeletal muscle from
spinal cord injured subjects. Am. J. Physiol. Endocrinol.
Metab. 305:E1071-E1080.

Leger, B., R. Senese, A. W. Al-Khodairy, O. Deriaz, C. Gobelet,
J. P. Giacobino, et al. 2009. Atrogin-1, MuRF1, and FoXO,
as well as phosphorylated GSK-3beta and 4E-BP1 are
reduced in skeletal muscle of chronic spinal cord-injured
patients. Muscle Nerve. 40:69-78.

2019 | Vol. 7 | Iss. 16 | e14218
Page 12

M. Savikj et al.

Liu, X. H., L. Harlow, Z. A. Graham, W. A. Bauman, and C.
Cardozo. 2017. Spinal cord injury leads to hyperoxidation
and nitrosylation of skeletal muscle ryanodine receptor-1
associated with upregulation of nicotinamide adenine
dinucleotide phosphate oxidase 4. J. Neurotrauma. 34:2069—
2074.

Lundell, L. S., M. Savikj, E. Kostovski, P. O. Iversen, J. R.
Zierath, A. Krook, et al. 2018. Protein translation,
proteolysis and autophagy in human skeletal muscle atrophy
after spinal cord injury. Acta Physiol. 223:e13051.

Martin, T. P., R. B. Stein, P. H. Hoeppner, and D. C. Reid.
1992. Influence of electrical stimulation on the
morphological and metabolic properties of paralyzed
muscle. J. Appl. Physiol. 72:1401-1406.

McClung, J. M., A. R. Judge, S. K. Powers, and Z. Yan. 2010.
p38 MAPK links oxidative stress to autophagy-related gene
expression in cachectic muscle wasting. Am. J. Physiol. Cell.
Physiol. 298:C542—C549.

Min, K., A. J. Smuder, O. S. Kwon, A. N. Kavazis, H. H.
Szeto, and S. K. Powers. 2011. Mitochondrial-targeted
antioxidants protect skeletal muscle against immobilization-
induced muscle atrophy. J. Appl. Physiol. 111:1459—1466.

O’Brien, L. C., R. C. Wade, L. Segal, Q. Chen, J. Savas, E. J.
Lesnefsky, et al. 2017. Mitochondrial mass and activity as a
function of body composition in individuals with spinal
cord injury. Physiol. Rep. 5:¢13080.

O’Loghlen, A., M. I. Perez-Morgado, M. Salinas, and M. E.
Martin. 2006. N-acetyl-cysteine abolishes hydrogen
peroxide-induced modification of eukaryotic initiation
factor 4F activity via distinct signalling pathways. Cell
Signal. 18:21-31.

Ogawa, M., Y. Kariya, T. Kitakaze, R. Yamaji, N. Harada, T.
Sakamoto, et al. 2013. The preventive effect of beta-carotene
on denervation-induced soleus muscle atrophy in mice. Br.
J. Nutr. 109:1349-1358.

Pearce, L. L., B. R. Pitt, and J. Peterson. 1999. The
peroxynitrite reductase activity of cytochrome ¢ oxidase
involves a two-electron redox reaction at the heme a(3)-Cu
(B) site. J. Biol. Chem. 274:35763-35767.

Ryan, M. J., J. R. Jackson, Y. Hao, S. S. Leonard, and S. E.
Alway. 2011. Inhibition of xanthine oxidase reduces
oxidative stress and improves skeletal muscle function in
response to electrically stimulated isometric contractions in
aged mice. Free Radic Biol. Med. 51:38-52.

Sakellariou, G. K., A. Vasilaki, J. Palomero, A. Kayani, L.
Zibrik, A. McArdle, et al. 2013. Studies of mitochondrial
and nonmitochondrial sources implicate nicotinamide
adenine dinucleotide phosphate oxidase(s) in the increased
skeletal muscle superoxide generation that occurs during
contractile activity. Antioxid Redox Signal. 18:603-621.

Shringarpure, R., T. Grune, J. Mehlhase, and K. J. Davies.
2003. Ubiquitin conjugation is not required for the
degradation of oxidized proteins by proteasome. J. Biol.
Chem. 278:311-318.

© 2019 The Authors. Physiological Reports published by Wiley Periodicals, Inc. on behalf of

The Physiological Society and the American Physiological Society.



M. Savikj et al.

Siu, P. M., and S. E. Alway. 2005. Mitochondria-associated
apoptotic signalling in denervated rat skeletal muscle. J.
Physiol. 565(Pt 1):309-323.

Siu, P. M., Y. Wang, and S. E. Alway. 2009. Apoptotic
signaling induced by H202-mediated oxidative stress in
differentiated C2C12 myotubes. Life Sci. 84:468—481.

Smuder, A. J., A. N. Kavazis, M. B. Hudson, W. B. Nelson,
and S. K. Powers. 2010. Oxidation enhances myofibrillar
protein degradation via calpain and caspase-3. Free Radic
Biol. Med. 49:1152-1160.

Srinivasula, S. M., M. Ahmad, M. MacFarlane, Z. Luo, Z.
Huang, T. Fernandes-Alnemri, et al. 1998. Generation of

Redox Homeostasis in Spinal Cord Injury

constitutively active recombinant caspases-3 and -6 by
rearrangement of their subunits. J. Biol. Chem. 273:10107—
10111.

Stennicke, H. R., Q. L. Deveraux, E. W. Humke, J. C. Reed, V.
M. Dixit, and G. S. Salvesen. 1999. Caspase-9 can be
activated without proteolytic processing. J. Biol. Chem.
274:8359-8362.

Trewin, A. J., L. S. Lundell, B. D. Perry, K. V. Patil, A. V.
Chibalin, I. Levinger, et al. 2015. Effect of N-acetylcysteine
infusion on exercise-induced modulation of insulin
sensitivity and signaling pathways in human skeletal muscle.
Am. J. Physiol. Endocrinol. Metab. 309:E388-E397.

© 2019 The Authors. Physiological Reports published by Wiley Periodicals, Inc. on behalf of 2019 | Vol. 7 | Iss. 16 | 14218

The Physiological Society and the American Physiological Society.

Page 13



