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REVIEW

Super‑resolution fluorescence microscopy 
studies of human immunodeficiency virus
Jakub Chojnacki1*   and Christian Eggeling1,2,3 

Abstract 

Super-resolution fluorescence microscopy combines the ability to observe biological processes beyond the diffrac-
tion limit of conventional light microscopy with all advantages of the fluorescence readout such as labelling speci-
ficity and non-invasive live-cell imaging. Due to their subdiffraction size (< 200 nm) viruses are ideal candidates for 
super-resolution microscopy studies, and Human Immunodeficiency Virus type 1 (HIV-1) is to date the most studied 
virus by this technique. This review outlines principles of different super-resolution techniques as well as their advan-
tages and disadvantages for virological studies, especially in the context of live-cell imaging applications. We highlight 
the findings of super-resolution based HIV-1 studies performed so far, their contributions to the understanding of 
HIV-1 replication cycle and how the current advances in super-resolution microscopy may open new avenues for 
future virology research.
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Background
The direct observation studies of biological systems via 
fluorescence microscopy (FM) is an invaluable tool of sci-
entific discovery thanks to its ability for dynamic analysis 
of multiple specifically labelled molecules of interest. In 
the field of virology, fluorescence microscopy has ena-
bled researchers to track the virus particle movements 
through the cells and probe for the co-localisation with 
cellular components greatly contributing to our under-
stating of the virus replication cycles. However due to 
the fundamental physical barrier associated with the 
diffraction limit of visible light the resolution of conven-
tional fluorescence microscope is theoretically limited 
to ~ 200  nm in the focal plane (xy) and ~ 600  nm along 
the optical axis (z) [1] and in fact it is often even lower in 
non-ideal conditions of actual experiments [2]. Hence the 
analysis of objects smaller than this limit by conventional 
FM cannot yield any information about their details. 
Since viruses are mostly smaller than 200 nm, this makes 
the studies of virus architecture and the distribution 

and dynamics of molecules within the individual sites 
of virus-cell interactions impossible using this method. 
Therefore for many decades visualisation of subviral 
details was performed solely via electron microscopy 
(EM) based methods which became a de facto gold stand-
ard for virus imaging. EM and in particular the advanced 
implementation of EM such as cryo electron tomography 
(cryo-ET) has yielded invaluable insights into the min-
ute details of virus structures. These are discussed in the 
accompanying review by Mak and de Marco [3]. How-
ever, as is the case with all scientific tools, EM studies 
carry specific drawbacks. In particular, EM approaches 
require laborious preparation of biological samples (fixa-
tion or freezing) thus making it unsuitable for study of 
dynamic processes during virus-cell interactions.

This technological impasse for virology studies has 
changed dramatically with the development of super-
resolution fluorescence microscopy (SRFM) or nanos-
copy techniques that work around the diffraction limit 
of light to improve the resolution (for in-depth reviews 
please refer to [4–6]). While these techniques can now 
routinely offer a spatial resolution of 10–100 nm the field 
is constantly evolving with most recent advances indicat-
ing that a resolution of down to 1 nm is now achievable 
[7]. These capabilities represent a powerful approach that 
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combines increased resolution that can resolve virus sub-
structures with all advantages of FM. These include label-
ling specificity, non-invasive live-cell imaging and higher 
throughput making SRFM an ideal tool for in-depth stud-
ies of subviral architecture and virus-cell interactions.

SRFM studies have provided a number of ground 
breaking insights into retroviral replication cycle. How-
ever, to date these studies have almost exclusively 
focussed on Human Immunodeficiency Virus Type 1 
(HIV-1) (Fig.  1). This is due the fact that over 30  years 
of intense research into this important human patho-
gen has already provided a detailed understanding of 
virus replication cycle. This, in turn, provided guidance 
and well characterised reagents towards the design of 
SRFM studies aiming to fill the gaps in the knowledge 
of HIV-1 biology. In this review we outline the princi-
ples of SRFM techniques, and guide the reader through 
their advantages and disadvantages for virological studies 
especially in the context of the live cell imaging. Finally, 
we highlight the findings of SRFM-based HIV-1 stud-
ies performed to date, how they have contributed to our 
understanding of HIV-1 replication cycle and spread and 
discuss possible future directions in this field.

SFRM techniques in virus research
Multiple SRFM approaches have evolved over the years 
that offer improved spatial resolution over conven-
tional wide-field or laser scanning confocal microscopes 
(Fig.  2). Approaches such as structured illumination 
(SIM) [8], image scanning [9], multifocal structured illu-
mination [10], Airyscan [11], or re-scan [12] microscopy 
achieve a 1.5–2-fold improvement in resolution (down 
to 100–150  nm). While these approaches offer distinct 
advantages such as their straightforward applicability to 
conventionally prepared samples their modest resolution 
increase has prevented their widespread use in the virus 
research, where studied virus structures are even smaller. 
Instead, to date, most of HIV-1 SRFM studies have uti-
lised techniques such as Stimulated Emission Depletion 
(STED) microscopy [13] or Photo-Activation Localiza-
tion Microscopy [(f )PALM] [14, 15] and (direct) Stochas-
tic Optical Reconstruction Microscopy [(d)STORM] [16, 
17], that offer spatial resolution below 100 nm and thus 
enable for the analysis of the details of virus architecture 
as well as interactions between viruses and cell compo-
nents during virus replication and spread. In the next 
sections we will introduce the reader into the principles 
and some technical details of these SRFM approaches, 
highlighting their advantages as well as disadvantages.

SIM and related techniques
As highlighted, SIM and related techniques such as 
image scanning, multifocal structured illumination, 

Airyscan, or re-scan microscopy achieve a 1.5–2-fold 
improvement in spatial resolution compared to conven-
tional optical microscopes (down to 100–150 nm). These 
approaches usually make use of optical properties of the 
microscope (such as heterogeneity or patterns in the 
detected signal) in conjunction with distinct image analy-
ses. For example, SIM takes advantage of Moiré pattern 
effect (Fig. 2c) to reveal sub-diffraction sized information 
about the sample structures. This is achieved by illumi-
nating a wide field of the sample with a high frequency 
striped pattern (Fig. 2c—“Excitation”). This light pattern 
creates the Moiré pattern interference with structures 
in the sample (Fig.  2c—“Read-out”). A series of cam-
era images (typically more than 9) is obtained by scan-
ning and rotating the illumination pattern. These raw 
images, in conjunction with distinct image analysis, are 
then used to reconstruct the final image containing high-
resolution information (Fig. 2c—“Processing” and “Final 
Image”) [8]. The spatio-temporal resolution, ease-of-use, 
versatility, and reliability (specifically with respect to pos-
sible artefacts from the required image analysis) of this 
approach have been further increased by operating it 
with Total Internal Reflection Fluorescence illumination 
(TIRF), which reduces the excitation in axial z-direction 
to ~ 100  nm above the sample coverslip surface [18]. 
Other improvements include the use of different illumi-
nation patterns such as multiple spots instead of stripes 
[10], adapting principles principles of SIM to confocal 
setups (Airyscan or re-scan microscopy) [11, 12] or by 
introducing control measures on the final reconstructed 
image [19]. Despite their still limited spatial resolution, 
these approaches are very versatile, offering 3D and live-
cell imaging capability that works well with conventional 
microscopy fluorophores and FPs. Thus they are ideally 
suited for studies that would benefit even from a mod-
est resolution increase. Unfortunately (as previously 
indicated), this only modest resolution increase has pre-
vented the widespread use of these approaches in areas 
such as virus research, which usually require sub-100 nm 
resolution.

Sub‑100 nm resolution SRFM approaches
Sub-100  nm resolution SRFM approaches achieve sub-
diffraction scales by switching the fluorescent labels 
between bright and dark states with only a small subset 
of all fluorophores being allowed to fluoresce and thus be 
individually distinguished at any given moment. Com-
bined with the knowledge of the precise position of these 
fluorescing molecules, this allows for the generation of 
an image that is no longer restricted by the light diffrac-
tion limit [20]. The main difference between switching-
based SRFM techniques relates to how the knowledge of 
the fluorophore position is generated and they can be put 
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into two groups: 1. Targeted shift of excited fluorophore 
into the dark state at the fringes of a precisely positioned 
fluorescence excitation spot. This strategy is employed by 
STED microscopy [13], as well as the related Reversible 

Saturable Optical (Fluorescence) Transition (RESOLFT) 
microscopy [21, 22] variant. 2. Stochastic switching 
of fluorescing molecules in the entire field of view fol-
lowed by their precise localisation. Techniques based on 

Fig. 1  Schematic structure of mature and immature HIV-1 particles with lipid bilayer envelope, Env, Gag and Gag-Pol (with their respective 
domains) and RNA as labelled. HIV-1 is an enveloped retrovirus with a diameter of 120–140 nm. It is comprised of ~ 2400 Gag polyprotein molecules, 
which assemble into non-infectious immature virus. Viral enzymes are packaged into the virus as part of the Gag-Pol polyproteins at ~ 1:20 ratio. 
During assembly and budding 7–10 copies of trimeric fusion glycoprotein Env are incorporated into the lipid viral envelope, along with many host 
and viral accessory proteins such as Vpr, Vif and Vpu (not shown). Following maturation, the individual domains of Gag (matrix (MA), capsid (CA), 
nucelocapsid (NC) and p6), Pol [protease (PR), reverse transcriptase (RT) and integrase (IN)] are released and together with Env and RNA undergo 
reorganisation forming a mature fully infectious virus particle
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this approach [here collectively called Single Molecule 
Switching Microscopy (SMSM)] include (f )PALM [14, 
15] and (d)STORM [16, 17], as well as variants thereof 
such as Ground State Depletion microscopy followed by 
Individual Molecule return (GSDIM) [23], Point Accu-
mulation for Imaging in Nanoscale Topography (PAINT) 
[24], or Super-resolution Optical Fluctuation Imaging 
(SOFI) [25]. The following sections introduce the princi-
ples behind these techniques and highlight their advan-
tages as well as disadvantages.

STED microscopy
STED SRFM relies on driving excited fluorophores (i.e. in 
their fluorescent bright state) back into their dark ground 
state via a non-destructive process employing stimulated 
emission using additional laser light. Specifically, laser 
excitation puts fluorophores into their excited state from 
where they spontaneously return to the ground state 
emitting a fluorescence photon that can be registered 
by the microscope detector. When a red-shifted laser 
(so-called STED laser) is added it acts on already excited 
fluorophore inducing the return to the ground non-flu-
orescent state leading to an efficient fluorescence deple-
tion. By modulating the focal intensity distribution of 
the STED laser in such a way that it features at least one 
intensity minimum (e.g. a donut-shaped intensity distri-
bution) fluorescence is depleted everywhere except at the 
local minimum (Fig. 2d).

This effectively creates a sub-diffraction sized exci-
tation spot, which when scanned across the sample 
(Fig.  2d—“Excitation”) creates an image with sub-dif-
fraction spatial resolution [13, 26, 27] (Fig.  2d—“Final 
image”). Since the efficiency of fluorescence depletion 
scales with the intensity of the STED laser, the size of 
the effective scanning spot and thus the spatial reso-
lution can be tuned accordingly from diffraction lim-
ited (i.e. ~ 200  nm with STED laser off) to in principle 
unlimited scale (usually < 50–60  nm in cellular imaging) 
[28, 29]. STED microscopy approach can also provide 

resolution improvement both in lateral and axial direc-
tions with < 100  nm axial resolution demonstrated in 
biological samples [29–32]. Here, a unique property of 
STED microscopy is the flexibility in designing an experi-
ment by straightforwardly tuning the spatial resolution 
along all spatial directions. Another advantage of STED 
microscopy lies in the ability to create a direct image 
without the need of post processing thus simplifying 
the acquisition process and avoiding potential post-pro-
cessing induced image artefacts. While the requirement 
for high STED laser intensities (GW cm−2) raises con-
cerns over increased photobleaching and phototoxic-
ity, this drawback has been efficiently mitigated through 
improved sample preparation and image acquisition pro-
tocols thus making STED microscopy suitable for live-
cell observations [33–38]. Overall, due to its ability to 
directly acquire super-resolved images STED microscopy 
is well suited for fast live and fixed imaging studies. On 
the other hand, due to the high laser powers required for 
efficient fluorophore depletion this technique may not be 
suitable for long duration live cell imaging.

RESOLFT microscopy represents a variant of STED 
microscopy which instead of organic fluorophores 
employs special reversibly photoswitchable fluorescent 
labels such as reversibly switchable fluorescent proteins 
(rsFPs) [20–22]. These labels are switched between a 
fluorescent/bright and a dark state by light induced con-
formational changes [39]. In a similar fashion to STED 
microscopy, RESOLFT is also usually employed on a 
confocal scanning microscope, where switching to the 
dark state is only induced at the focal periphery using 
a laser spot with a local intensity zero (such as a donut-
shaped intensity distribution) (Fig.  2d). Because switch-
ing between the different conformational states requires 
low laser intensities (~ 1 kW cm−2), RESOLFT has been 
shown to be well suited for live-cell imaging [21, 40], 
further improved through optimized image acquisition 
protocols [41–43]. Although the requirement to use spe-
cial reversible photoswitchable labels can be considered 

(See figure on next page.)
Fig. 2  Principles of different super-resolution fluorescence microscopy methods and a comparison of their resolution capabilities. “Excitation” 
and “Read-out” panels refer to the fluorophore excitation and signal acquisition at a single point in time as the final image is built either by 
laser scanning (indicated by the arrows) or wide-field illumination of the imaged field of view. Some microscopy techniques require additional 
post-processing of the acquired “Read-out” snapshots to build the final image, as indicated by the “Processing” panels. For a detailed explanation of 
each technique please see the corresponding sections. a A hypothetical ground truth image of 140 nm mature and immature virus particles with 
fluorescently tagged Env molecules. Image depth (z) has been ignored for the sake of clarity. b A standard confocal microscopy delivering a blurred 
diffraction-limited resolution image. c Structured Illumination Microscopy (SIM) (“SIM and related techniques” section). d Stimulated Emission 
Depletion (STED) and Reversible Saturable Optical Fluorescence Transitions (RESOLFT) microscopy (“STED microscopy” section). e Single Molecule 
Switching Microscopy (SMSM) (“Single molecule switching microscopy (SMSM)” section). f Light-sheet microscopy. Please note that this technique 
by itself does not provide much improvement in the spatial resolution, but it is often combined with other super-resolution microscopy techniques 
due to the general improvements it brings to the imaging of cellular structures (“Light-sheet microscopy” section). g Scanning Stimulated Emission 
Depletion Fluorescence Correlation Spectroscopy (sSTED-FCS) (“Imaging speed” section)
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a drawback for this technique, there are already multiple 
label variants available in several colours [21, 41, 42] and 
suitable photoswitchable organic dyes are currently in 
development [44–46].

Single molecule switching microscopy (SMSM)
SMSM-based approaches are usually based on wide-
field illumination in combination with camera detection 
(Fig.  2e—“Excitation”). They rely on building a sub-dif-
fraction image from a cycle of 100–10,000 s of individual 
camera frames where only small subsets of individual iso-
lated fluorescent labels are stochastically switched-on, i.e. 
allowed in their bright on-state, and a different subset of 
individual labels is on for each subsequent camera frame 
(Fig.  2e—“Read-out”). The spatial positions of the indi-
vidual fluorescing molecules are precisely determined 
from their recorded blurred fluorescence spots, and posi-
tions of all individual labels across all camera frames are 
then used to construct the final super-resolved image 
(Fig. 2e—“Processing” and “Final image”). Stochastic on–
off switching of single fluorophores is achieved via differ-
ent means. For example, PALM employs light-induced 
fluorescence activation of photoactivable fluorescent 
labels and subsequent photobleaching [15] whereas 
STORM originally utilised stochastic fluorescence transi-
tions of organic dye pairs [16]. STORM experiments have 
been further simplified by image acquisition through 
photoswitching of a single dye only, for example in 
dSTORM [17] and GSDIM [23]. Finally, photoswitching 
in PAINT is achieved by excitation of only fluorophores 
that transiently bind to the membranes of interest either 
directly [24] or via specific DNA-target detection (DNA-
PAINT) [47]. SMSM techniques usually offer a very 
high resolution enhancement, often achieving 10-20 nm 
localisation precisions, using relatively simple optical 
setups. To reduce out-of-focus light and thus optimize 
single-molecule localisation SMSM is commonly paired 
with Total Internal Reflection Fluorescence illumina-
tion (TIRF) that reduces the excitation in z-direction 
to ~ 100 nm above the sample coverslip surface. SMSM-
based imaging has been further improved by optimisa-
tions in single-molecule photoswitching conditions [17, 
48–50], multi-color imaging [51–53] and introduction of 
various 3D SMSM modes [54–57]. While current SMSM 
approaches offer a superior image resolution, a limitation 
of this technique lies in the requirement for acquisition 
of many camera frames followed by an extensive image 
post-processing to create a final super-resolved image. 
These steps may be a source of bias such as due to the 
imperfect photoswitching or labelling (see for exam-
ple [58]) which may cause incomplete visualisation of 
observed structures when they are present in a low num-
ber. The need for longer acquisition times also reduces 

the time resolution and thus applicability to resolve live-
cell dynamics. However, this issue is mitigated by the 
use of optimised image acquisition and processing pro-
tocols [59–63]. In summary, SMSM currently offers the 
best resolution enhancement out of all popular super-
resolution techniques. However, this comes at the cost of 
several second-long acquisition times thus making this 
technique less suitable for live cell imaging but very use-
ful for fixed sample studies that require highest possible, 
molecular level resolution.

Light‑sheet microscopy
While light-sheet microscopy does not per-se supply 
any improved spatial resolution (Fig.  2f—“Final image”) 
it is mentioned here due to the general improvements 
it brings to the imaging of cellular structures. In light-
sheet microscopy the sample is illuminated by a beam of 
light in a shape of a flat plane that is usually generated 
perpendicularly to the optical axis of the detection objec-
tive (Fig. 2f–“Excitation and read-out”). In this approach 
the fluorescence image of a sample is generated as it 
moves across the thin area illuminated by the light-sheet 
[64–66]. This technique offers several advantages over 
standard fluorescence microscopy approaches which 
include: (1) Decreased photodamage and phototoxic-
ity as only a small portion of the sample is illuminated at 
any given time; (2) Increased sample depth penetration 
due to the perpendicular angle of the illuminating light-
sheet; (3) High imaging speed as the sample is illumi-
nated by a plane of light rather than a point source (as is 
the case in confocal laser scanning microscopy); and (4) 
Improved signal-to-background ratios due to improved 
rejection of out-of-focus signals. These advantages make 
this microscopy technique an excellent tool for live-cell 
imaging. However, as highlighted, light-sheet microscopy 
does not offer an increased spatial resolution over con-
ventional microscopes. Approaches such as Bessel beam 
light-sheet can reduce the thickness of the illumination 
plane further but this only results in the improvement 
to the axial resolution [67, 68]. Therefore, for increased 
lateral resolution, researchers have started to combine 
light-sheet microscopy with SRFM approaches, such as 
with SMSM [69] and SIM [70, 71]. Thanks to its advan-
tages light-sheet microscopy is very well suited for live 
cell imaging studies that require fast acquisitions of large 
three-dimensional data sets.

Challenges of SRFM in live cell imaging studies
To date, most of to-date HIV-1 SRFM studies have 
focussed on the analysis of fixed samples. On the other 
hand, one of the main advantages of fluorescence micros-
copy and hence SRFM lies in their potential for live-cell 
imaging studies. However, while all SRFM approaches 
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can be used to observe live fluorescently labelled sam-
ples, the choice of the most suitable technique for virol-
ogy studies in live conditions must consider not only 
their resolution capabilities but also imaging speed, sam-
ple depth penetration, photobleaching and phototoxicity, 
as well as accurate labelling.

Imaging speed
Imaging speed is critical for acquisition of dynamic 
events in cells and viruses. While SMSM techniques 
offer a very high spatial resolution this comes at a cost 
of imaging speed as thousands of photoswitching cycles 
are required to build up the final image. Although with 
improvements in hardware and localisation algorithms 
[59–63] the time resolution has been improved to 0.5–2 s 
(albeit at the cost of reduced spatial resolution) it might 
still not be optimal for the live imaging of molecular 
details of virus-cell interactions. This is because processes 
such as molecular diffusion and clustering dynamics typi-
cally occur within milliseconds at the nanometre scales. 
Similarly, to SMSM techniques, SIM imaging speed is 
limited by the time required to acquire fluorescent sig-
nal from multiple illumination pattern configurations. 
While a single-color 2D image of a cell can be acquired at 
0.1–1 s resolution [72] this may still be non-ideal for live-
cell imaging of fast dynamic processes.

Imaging speeds are faster in STED microscopy. As 
a laser scanning technique its imaging speed chiefly 
depends on the imaged field of view i.e. the smaller image, 
the faster the acquisition. STED-microscopy based stud-
ies of HIV-1 uptake into HeLa cells have demonstrated 
a maximum temporal resolution of 5–10  ms, when 
employing ultrafast beam-scanners on small regions of 
interest [73]. On the other hand, parallelized scanning 
approaches have also been developed to increase imaging 
speed in large fields of view [74–76].

The temporal resolution can be further increased by 
combing SRFM with single-molecule-based spectro-
scopic tools such as single-particle tracking (SPT) or flu-
orescence correlation spectroscopy (FCS). For example, 
combining SPT with the principle of photoswitching [77] 
such as in spt-PALM enabled the single-molecule based 
monitoring of molecular diffusion patterns of HIV-1 Gag 
and tsO45 proteins from vesicular stomatitis virus G 
(VSVG) [78]. On the other hand, FCS measurements ena-
ble for the determination of not only molecular mobility 
but also anomalies in diffusion [79, 80]. This is achieved 
by recording of the fluorescence signal over time as 
tagged molecules diffuse in and out of the observation 
spot. The correlation of these fluctuations is then used 
to determine the molecular transit times of molecules 
through the observation area and allows calculation of a 
value of the diffusion coefficient (Fig. 2g—“Processing”). 

When combined with STED microscope, (STED–)FCS 
enables for the determination of molecular diffusion 
modes of individual molecules with high spatial and 
temporal resolution [81]. In combination with fast line-
scanning, STED-FCS [or scanning STED-FCS (sSTED-
FCS)] allows for the observation of multiple positions at 
once (Fig.  2g—“Excitation and read-out”) and has been 
applied to study molecular trapping sites at 80-nm spa-
tial resolution in the plasma membrane of living cells [82, 
83]. sSTED-FCS has recently been utilised to determine 
the molecular mobility of proteins on the surface of indi-
vidual HIV-1 particles [84] as well as molecular dynam-
ics in the interior of the live HeLa and CHO cells [85]. In 
summary, this technique has high potential for studies of 
molecular interaction dynamics at cell surfaces such as at 
virus assembly and fusion sites.

Sample depth penetration
Sample depth penetration in fluorescence microscopy 
imaging is generally limited by light scattering and opti-
cal aberrations due to refractive index mismatches. This 
leads to deterioration of image resolution and contrast as 
well as reduction of signal-to-noise levels, especially in 
SFRM [86, 87]. Such deteriorating effects can, for exam-
ple, be addressed through 2-photon-based excitation 
to reduce scattering [88–90] or the use of microscope 
objective lenses with a better matching of the sample’s 
refractive index (such as a glycerol-immersion objective) 
[86]. Ultimately, this issue is solved by the use of adaptive 
optics to reduce bias from optical aberrations [91], which 
has already been shown to significantly improve image 
quality and resolution in STED microscopy [87].

Photobleaching and phototoxicity
Laser light exposure, especially at high laser intensities, 
may lead to the generation of reactive species (such as 
radicals or singlet oxygen) that cause photobleaching and 
phototoxicity in living systems resulting in cell death. 
Consequently, these deteriorating effects have to be 
considered in any (especially live) fluorescence imaging 
experiments, thus also in SFRM: (1) SIM: Photobleach-
ing and phototoxicity becomes an issue through the 
requirement of recording multiple raw images for one 
final image. This limitation is mitigated by optimization 
of the optical path and illumination scheme, enabling 
live-cell recordings even in 3D (for a review see [92]) 
(2) SMSM: Despite the use of low illumination intensi-
ties (kW  cm−2), the UV laser irradiation often required 
for photoswitching is a cause of pronounced phototoxic-
ity. This can be minimized through far-red illumination 
schemes (> 640  nm) or minimization of activation light 
through the application of distinct labels and buffers (for 
an overview see [93]). (3) STED/RESOLFT microscopy: 
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STED microscopy typically utilises high-intensity (GW 
cm−2) laser light that may lead to phototoxic effects. On 
the other hand, optimized sample preparation protocols, 
fast beam-scanning and the adaptation of the wavelength 
of the STED-laser have proven STED microscopy as via-
ble tool for live-cell investigations, even when employing 
fluorescent proteins [33, 34]. Moreover, the aforemen-
tioned tunability of the STED microscope enables weigh-
ing spatial resolution against high laser intensity (for a 
review see [4]). RESOLFT microscopy uses much lower 
laser intensities than STED microscopy, but photobleach-
ing or phototoxicity may still be a problem due to the 
usually employed near-UV laser light and imperfect pho-
toswitching efficiency of fluorescent labels [94]. Never-
theless, live-cell RESOLFT microscopy has successfully 
been performed using fast, repetitive, parallelized and/or 
optimized image acquisition schemes [40, 43].

Labelling
In general with all SRFM approaches greater care has to 
be taken with respect to labelling and sample prepara-
tions as well as data acquisition and analysis approaches, 
since the increased resolution of SFRM also enhances 
sensitivity to artefacts such as background staining or 
stressed cells. While certain imperfections might be for-
given in conventional microscopy, they are usually not 
in SRFM [4]. Furthermore, a great care has to be taken 
when using larger fluorescent tags such as antibodies (as 
employed in immunolabelling), since spatial resolutions 
of < 20–30 nm are achieved in some SRFM experiments. 
Consequently, the size of the tags start to bias the image 
and thus the determination of the spatial position and 
organization of the tagged molecules. This caveat makes 
the use of smaller tags such as nanobodies or click chem-
istry necessary in SRFM studies (for an overview see [5]).

Live-cell SRFM studies of HIV-1 face further unique 
issues associated with labelling of virus components 
with technique compatible fluorophores while maintain-
ing a minimal effect on virus morphology and functions. 
Although convenient, fluorescence tagging via antibod-
ies or nanobodies has only a limited usability in live-cell 
imaging since it restricts studies to virus or cell exter-
nal surfaces only. However, effective strategies based on 
fluorescence proteins have already been developed for 
HIV-1 studies via conventional microscopy [95–97] and 
these can be adopted for live-cell SRFM. Organic-dye 
compatible HIV-1 tagging strategies via non-fluorescent 
tags such as tetracysteine (TC) tag [98], SNAP-tag [99], 
CLIP-tag [100] or artificial amino acids and click chemis-
try [101] can also offer a viable strategies for conducting 
live-cell SRFM studies of virus replication cycle. For an 
in-depth review of HIV-1 fluorescent labelling strategies 
please refer to the work by Sakin et al. [102].

SFRM studies of HIV‑1
While SRFM technologies outlined above undergo con-
stant development their application has already pro-
vided many novel insights into the previously unexplored 
details of HIV-1 replication cycle (Fig. 3). The following 
sections outline how these studies have contributed to 
the knowledge of HIV-1 replication taking the assembly 
of a new virus particle as a starting point.

Assembly
HIV-1 assembles initially as immature particles on the 
plasma membrane of the infected cells [103]. This pro-
cess is driven by the virus structural polyprotein Gag 
as it binds to the inner leaflet of the plasma membrane 
via matrix (MA) domain and forms hexametric protein 
shell bound by intermolecular interactions of capsid 
(CA) domain. Gag is also responsible for the recruitment 
of other virus and host cell components to the budding 
site. These include genomic RNA, Gag-Pol polyprotein 
which also encodes viral enzymes, fusion glycoprotein 
Env, Viral protein R (Vpr) as well as components of endo-
somal sorting complex required for transport (ESCRT) 
machinery [104], which are needed for HIV-1 release. 
Virus assembly has been very extensively studied via a 
variety of methods including electron microscopy (EM) 
and conventional fluorescence microscopy [103]. Well 
characterised nature of Gag mediated HIV-1 assembly 
made it a good candidate for a proof-of-concept study 
of PALM conducted by Betzig and co-workers. This and 
subsequent SRFM studies [14, 78, 99, 105–109] revealed 
an existence of 100–200 nm Gag clusters on the surface 
of COS-7, 293T, HeLa and A3.01 cells. Moreover, a quan-
titative PALM study has shown that tagged Gag protein 
clusters are indistinguishable from the mixed clusters 
of tagged and unmodified Gag suggesting that they rep-
resent a true virus assembly sites in the context of Gag 
transfected COS-7 cells [110]. Finally, 15  nm resolution 
obtained in a dSTORM study allowed for a visualisation 
of a ring-like Gag distribution representing a 2D projec-
tion of a semi-spherical structure of the HIV-1 Gag shell 
in A3.01 T cell line (Fig. 3a) [105]. A similar Gag distribu-
tion has also been obtained in SRFM imaging of imma-
ture virus particle (see “Maturation” section).

In addition to just confirming Gag assembly models 
derived from previous EM-based studies, SRFM experi-
ments also described novel aspects of Gag assembly 
inaccessible to conventional light microscopy or EM. 
Specifically, a spt-PALM live-cell study tracked individual 
Gag molecules on the plasma membrane of COS-7 cells 
and demonstrated an existence of two distinct Gag popu-
lations; a larger immobile pool of Gag clusters represent-
ing virus assembly sites and a more mobile population 
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of individual Gag molecules [78]. Two Gag populations 
forming either large (at the virus assembly site) or small 
clusters were also observed in A3.01 cells by a study uti-
lising dSTORM [105]. Finally, the analysis of Gag clusters 
by quantitative PALM demonstrated that small (< 100 
Gag molecules) clusters comprise ~ 40% of all detected 
Gag clusters suggesting that transition from small-sized 
clusters to a growing assembly site may represent a rate-
limiting step for HIV-1 particle formation in Gag-trans-
fected COS-7 cells [107].

Multi-colour SRFM provides a possibility to study 
spatial and temporal relationships between virus and 
cell proteins recruited to the individual virus assem-
bly sites. One of the targets of interest is the fusion 
glycoprotein Env. Env traffics to the plasma mem-
brane separately from Gag and becomes incorporated 
into assembled virus via interactions of MA domain 
of Gag and the cytoplasmic tail of Env (EnvCT) [111]. 
However, the exact mechanism of incorporation into 
the virus particle remains unknown. SRFM imaging 
using (d)STORM in fixed samples has determined Env 
distribution in the proximity of Gag assembly sites. It 
demonstrated the existence of large Env clusters at Gag 
assembly sites in HeLa cells transfected with replica-
tion incompetent pCHIV construct that expresses all 
HIV-1 proteins except Nef (Fig. 3b) [109]. Interestingly, 
the majority of Env molecules did not colocalize with 
the assembly site itself but rather was observed in its 
immediate vicinity. These findings are consistent with 

7–10 Env molecules observed via EM and SRFM in 
budded HIV-1 particles [112, 113]. Furthermore they 
suggest that, rather than by random incorporation, Env 
is recruited to the virus budding site via mechanisms 
that may involve factors other than direct Gag-Env 
interactions to exclude most of Env from the nascent 
virus particle [109]. Dynamics of Env incorporation 
have been studied by Fluorescence Recovery After Pho-
tobleaching (FRAP) indicating that Env molecules are 
immobile in the areas corresponding to Gag structures 
[114]. Here, SRFM approaches will also be beneficial 
for, for example, studying the dynamics of Env or Gag at 
individual (sub-diffraction sized) virus assembly sites. 
For example, sSTED-FCS was recently used to study 
diffusion properties of Env on individual virus particles 
and in the plasma membrane of Env-transfected HeLa 
cells [84].

Another so far unexplored aspect of virus assembly is 
the behaviour of lipids at the individual virus assembly 
sites. Lipidome studies of virus particles revealed a modi-
fied lipid content compared to the host-cell membrane, 
especially an enrichment in saturated lipids, sphingolip-
ids and cholesterol [115–117], indicating sorting of lipids 
and proteins at the virus assembly site, i.e. viruses poten-
tially arise from so-called “lipid rafts” [118]. However, the 
exact lipid distribution and their dynamics as Gag assem-
bles on the plasma membrane remain unclear. Experi-
ments with cholera toxin capped GM1 via dSTORM have 
shown that GM1 does not colocalize with Gag assembly 

Fig. 3  Super-resolution fluorescence microscopy studies and their contribution to the understanding of HIV-1 replication cycle (illustrated in the 
lower panel). Virus Assembly: a dSTORM imaging of cell surface Gag distribution (green) showing representative virus-sized clusters (upper panel) 
and their fluorescence intensity line profiles (lower panel). Scale bar: 200 nm [105]. The density distributions of Gag protein localizations was found 
to be similar to the ring-like arrangement of Gag found in immature virus (see panel f). b dSTORM imaging of Env distribution (red) around cell 
surface Gag clusters (green). Env molecules (right panels—dots) appear to be largely excluded from the sites of Gag assembly (right panels—circle). 
Scale bar: 100 nm [109]. Release: c. Distribution of Gag (green) and ESCRT protein Tsg101 (red) within budding viruses imaged by dSTORM. Protein 
localization densities indicate the accumulation of ESCRT proteins at the neck of the virus buds [122]. d Distribution of Gag (red) and ESCRT protein 
Tsg101 (green) within a budding virus imaged by 3D PALM. In this study protein localization densities indicate the existence of ESCRT components 
within the virus particle. Scale bar: 50 nm [104]. e Tetherin clusters (red) at Gag assembly sites (green) imaged by dSTORM Scale bar: 200 nm [108]. 
Virus architecture and maturation: f STED imaging of Gag distribution (red) in immature and mature virus particles showing a 2D projection of 
ring-like Gag lattice in immature and a central condensed accumulation in mature virus particles (left panels). HIV-1 maturation kinetics was 
estimated by time-lapse imaging of Gag structures and quantifying the percentage of HIV-1 particles with ring-like distributions over time (right 
panel). Scale bar: 100 nm [100]. g STED imaging of Env distribution (red) on individual eGFP.Vpr tagged virus particles (green) with multi-clustered 
Env distribution in immature non-infectious particles (PR-) coalescing into a single cluster in mature fully infectious virus (wt) (right panel). Scale 
bar: 100 nm [112]. h sSTED-FCS measurements of Env mobility on individual mature and immature virus particles by fast line-scanning (red line) 
over individual eGFP.Vpr tagged virus particles (green) and determination of diffusion characteristics at each line pixel using FCS. Representative 
FCS correlation curve data for Env in mature (red), immature (blue) and fixed (purple) viruses with faster decay indicating increased mobility (right 
panel). Env was found to undergo maturation-induced increase in mobility indicating its diffusion as one of the causes for Env clustering. Scale 
bar: 200 nm [84]. Cell-to-cell transfer: i Visualising individual virus positions (red/yellow, identified by Gag) by STED microscopy at the contact sites 
between the infected macrophages (blue cell border in inset) and astrocytes (labelled via glial fibrillary acidic protein (GFAP), green) Scale bar: 500 
nm. Inset scale bar: 3 µm [133]. Entry and post-entry: j. STED imaging of Env (red) and CD4 (blue) distributions in cell-attached eGFP.Vpr labelled 
HIV-1 (green) showing a single contact point between Env and CD4. Scale bar: 100 nm [112]. k dSTORM image of MA clusters (red) and eGFP.Vpr 
labelled viruses (green) after their attachment to cells. MA cluster sizes were found to be larger than those in cell-free virus particles. Scale bar: 2 µm 
[136]. l PALM/dSTORM image of RTC/PIC [viral DNA (red), CA (blue) and IN (green)] in the cytoplasm of infected macrophage. Scale bar: 100 nm 
[138]. Images were modified from indicated references with permission

(See figure on next page.)
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sites in fixed HeLa cells [108], and details of lipid dynam-
ics at individual HIV-1 assembly sites are currently under 
investigation via (s)STED-FCS.

Release
The ESCRT machinery is responsible for mediating 
intracellular fission events such as cytokinesis and the 
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formation of multi-vesicular bodies. HIV-1 hijacks ele-
ments of this machinery in order to separate (or bud 
off) from the plasma membrane of the infected cell 
[103, 104]. This is achieved by recruiting ESCRT pro-
teins Tsg101 and Alix via p6 domain of Gag which, in 
turn, recruit further proteins such as Chmp2, Chmp4 
and Vps4. While the conventional microscopy studies 
have provided invaluable insights into the kinetics of the 
recruitment of ESCRT proteins [119, 120], SRFM has 
enabled for a closer look at the distribution of ESCRT 
components within the individual virus budding site. A 
SMSM-based analysis of ESCRT proteins at the plasma 
membrane of Gag producing HeLa cells revealed an 
accumulation of ESCRT proteins in areas of 45–60 nm in 
diameter at the neck of the budding virus (Fig. 3c). This 
observation supports a model in which ESCRT proteins 
accumulate at the plasma membrane below the neck 
to mediate the scission of the budding virus [121, 122]. 
However, these observations are inconsistent with the 
results of a 3D-PALM study in COS-7 cells which indi-
cated that the ESCRT protein machinery accumulated at 
the head of the budding virus. This study supports a dif-
ferent model where ESCRT filaments grow away from the 
viral head towards the plasma membrane to mediate scis-
sion (Fig. 3d) [123].

SRFM-based experiments have also provided new 
details of the tetherin (CD317)-mediated restriction 
of HIV-1 release restriction. Tetherin prevents HIV-1 
release from the cell surface by forming a physical link 
between the budded virus and the plasma membrane 
[124, 125]. This tetherin-mediated restriction path-
way is counteracted by the viral protein U (Vpu), which 
removes tetherin from the plasma membrane. Quantita-
tive dSTORM analysis of tetherin at Vpu-negative virus 
assembly sites in HeLa cells highlighted that each site 
contained 4-7 theterin dimers (Fig. 3e) [108].

Maturation
Concurrently with virus budding, the viral protease 
(PR) cleaves the Gag protein lattice inside the virus in 
a series of tightly regulated steps to release individual 
proteins, namely MA (matrix), CA (capsid), NC (nucle-
ocapsid) and p6. This PR activity reorganises the virus 
architecture from an immature and non-infectious into 
a mature and fully infectious form, characterised by a 
conical capsid (Fig. 1). This process is termed matura-
tion and it is a critical step in HIV-1 replication cycle 
as it primes newly produced virus particles for infec-
tion of other cells. The architecture of both mature and 
immature virus particles has been extensively stud-
ied by EM based approaches [103]. However, with the 
ability for the determination of the relative distribu-
tion of fluorescently tagged viral proteins and studying 

dynamic properties of maturation, SRFM-based studies 
have contributed with essential novel insights into this 
stage of virus replication.

SRFM has been used to study the distribution and 
dynamics of virus internal structures during maturation. 
A PALM study introduced an approach for discriminat-
ing between VSV-G pseudotyped mature and immature 
HIV-1 particles. It relies on the statistical analysis of 
the signal intensity distributions detected from labelled 
integrase enzyme domain (IN) of Gag-Pol polyprotein 
[126]. Immature viruses displayed compact clusters, 
while mature viruses were characterized by more elon-
gated spots, which were interpreted as conical viral cap-
sids. However, dynamic analysis of virus maturation was 
infeasible in this study due to the insufficient temporal 
resolution of the PALM experiments. This limitation was 
addressed in a STED microscopy study of virus matura-
tion, where the semi-spherical Gag lattice of the imma-
ture replication incompetent pCHIV virus particle was 
visualized and accurately distinguished from the con-
densed protein distribution found in fully mature virus. 
The use of a photodestructible viral protease inhibitor 
enabled for the synchronisation of the virus maturation 
process, allowing for time-resolved observations of the 
disassembly of Gag lattice (Fig. 3f ) [100]. A detailed anal-
ysis of the data revealed a maturation kinetics half-time 
of ~ 30  min and demonstrated that proteolysis directly 
induces morphological conversion without further delay, 
thus making it a rate-limiting step in HIV-1 maturation. 
This study represented the first time-lapse visualisation 
of maturation induced reorganisations within individual 
HIV-1 particles.

Previous EM-based study has suggested an irregu-
lar Env distribution on virus surface [113]. Thanks to 
higher throughput and specific labelling, STED micros-
copy based experiments allowed for imaging of Env dis-
tribution on a large number of individual virus particles 
generated from 293T cells transfected with replication 
incompetent pCHIV construct [112]. Env distribution 
analysis revealed that the surface of immature HIV-1 
particles is characterized by multiple separated Env mol-
ecules while that of mature particles by only a single Env 
cluster (Fig. 3g) [112]. This study thus demonstrated the 
existence of a novel “inside-out” mechanism where PR-
induced disassembly of the Gag lattice inside the virus 
and allows for multi-clustered Env to coalesce into a sin-
gle cluster in fully infectious mature particles. As multi-
ple Env trimers are required for virus fusion [127, 128] 
this mechanism ensures that immature virus particles 
with a broad distribution of single Env molecules are 
unable to fuse with the target cell membrane until the 
virus reaches morphological maturity with multiple Env 
molecules gathered into a single cluster.
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The above study has suggested that Gag lattice disas-
sembly mediated clustering of Env molecules may result 
from an increase in Env mobility upon maturation. Meas-
urements of Env molecular mobility on the surface of 
individual virus particles via sSTED-FCS have confirmed 
that Env mobility is dependent on the virus maturation 
status in pCHIV particles (Fig.  3h) [84]. This study has 
also demonstrated that the virus surface is generally a 
very low-mobility environment, where protein mobility 
is two orders of magnitude slower than on the plasma 
member of the cell. This is thought to be mainly due to 
the highly packed lipid environment stemming from 
the large portion of saturated lipids in the viral mem-
brane [84, 115, 116]. These sSTED-FCS measurements 
provided, for the first time, information on the dynamic 
properties of molecules within subdiffraction sized highly 
curved virus envelopes.

Spread and persistence
HIV-1 has evolved many mechanisms to facilitate effi-
cient spread and persistence in the infected hosts. These 
mechanisms include direct cell-to-cell transfer via viro-
logical synapses [129], establishment of virus reservoirs 
[130], and the modulation of the infected cell via HIV 
accessory proteins [131]. However, to date, only few 
SRFM studies have targeted these aspects of HIV-1 infec-
tion. For example, SRFM was used to track the position 
of HIV-1 accessory protein Nef in transfected HeLa cells. 
Nef promotes HIV-1 immune evasion by downregu-
lating immune signalling molecules such as MHC-I in 
infected cells. Here, SRFM was used for high precision 
localisation of Nef/MHC-I complexes in individual early 
and late endosome vesicles as well as in the Trans-Golgi 
network [132]. A recent STED microscopy study also 
tracked the trapping and sequestration of fully infectious 
macrophage produced virus particles inside astrocytes 
(Fig. 3i) [133]. Astrocytes are one of the HIV-1 reservoirs 
in the brain but it is currently unclear whether these cells 
support virus replication or only act as passive HIV-1 
reservoirs. The multicolour STED analysis of individual 
HIV-1 particles sequestered inside astrocytes highlighted 
that they do not fuse with the astrocytes plasma mem-
brane and therefore do not infect them [133]. Rather, 
astrocytes act only as a passive reservoir of HIV-1 par-
ticles. While challenging, SRFM studies of cell-to-cell 
transmission and virus reservoirs have the potential to 
provide novel details on the distribution and dynamics of 
the molecules involved thus contributing to the analysis 
of HIV-1 replication and spread.

Virus entry
HIV-1 entry into the target cell is mediated by binding 
of Env to cell surface or endocytosed CD4 receptors and 

CXCR4/CCR5 chemokine co-receptors. Attachment of 
individual pCHIV particles to cluster of CD4 receptors 
has been observed via STED microscopy in SupT1R5 cells 
[112]. Images have shown single clusters of Env oriented 
towards CD4 clusters on the cell surface indicating direct 
interactions between Env and CD4 clusters (Fig. 3j). This 
study has also demonstrated that the cell contact can 
induce reclustering of mobile Env molecules on the virus 
surface, presumably through progressive capture of indi-
vidual Env trimers by virus facing CD4 molecules. These 
findings are in agreement with cryo-ET studies that 
proposed the existence of an “entry claw” structure that 
connects viruses and cell membranes [134]. In another 
application of SRFM to HIV-1 entry studies, 3D STORM 
imaging was used for high resolution visualisation of the 
exposure of neutralizing and non-neutralizing epitopes 
on single HIV-1JRFL pseudoviruses bound to TZM-bl 
CD4 T cells [135].

SRFM has also been used to study possible rearrange-
ments of virus internal proteins during attachment and 
entry. A dSTORM study has visualised the distribution 
of MA and CA proteins in unbound and cell-attached 
fully infectious virus particles, highlighting an increase in 
cluster sizes of MA and CA in virus particles after cel-
lular internalization, suggesting that virus internal struc-
tures undergo rearrangments during the entry (Fig.  3k) 
[136]. A subsequent study using a combination of EM 
and SRFM imaging indicated that the reported increase 
in size of mature HIV-1 particles is solely triggered 
by CD4-Env attachment and therefore it is independ-
ent of virus fusion [137]. The observed virus expansion 
may thus be a manifestation of a novel mechanism that 
primes HIV-1 for fusion. However, it is currently unclear 
what virus-intrinsic mechanism may be responsible for 
the remodelling of the virus envelope membrane, which 
would be required for such an event.

Post‑entry events
Following entry of the HIV-1 capsid into the cell cyto-
plasm, the virus genomic RNA is transcribed into dou-
ble stranded DNA by reverse transcriptase (RT) and 
integrated into the cellular genome by the viral integrase 
(IN). The so called reverse transcription complex (RTC) 
and pre-integration complex (PIC), which are comprised 
of viral genome and proteins, facilitate reverse transcrip-
tion, trafficking and nuclear import. Despite the fact 
that the subdiffraction size and transient occurrence of 
these complexes makes an analysis of their structural 
details and dynamics well suited for SRFM studies, these 
post-entry events are still the least understood phase 
of the virus replication cycle. Nevertheless, PALM was 
already used to compare the architecture of fluorescent 
IN labelled structures in VSV-G pseudotyped cell free 



Page 13 of 16Chojnacki and Eggeling ﻿Retrovirology  (2018) 15:41 

virions and post entry HIV-1 subviral complexes [126]. 
Analysis of the spatial distribution of labelled IN revealed 
that structures resembling IN complex are mainly pre-
sent in the cell cytoplasm with only smaller IN structures 
detected in the cell nucleus. This study has also reported 
the presence of CA molecules in these cytoplasmic com-
plexes. This result is consistent with findings of another 
dSTORM/PALM study that visualised fully infectious 
HIV-1-derived proteins in dsDNA containing post entry 
RTC/PIC complexes (Fig. 3l). Here, CA was also found in 
cytoplasmic RTC/PICs and in nuclear PICs, but only in 
primary human macrophages and not in HeLa cells [138]. 
The presence of CA was also detected in nuclear PICs 
of CHO cells imaged by SIM [139]. These findings sug-
gest that there are host cell dependent differences in the 
degree of capsid disassembly as HIV-1 post-entry com-
plexes travel towards the nucleus.

Conclusions
Since their introduction, SRFM methods have now 
reached a high state of maturity, and with the increas-
ing availability of commercial turn-key systems they have 
the potential to become a standard approach for bioim-
aging. However, it is clear that there is no one-fits-all 
approach, and as highlighted each technique comes with 
a unique set of advantages and disadvantages. On top 
of that SRFM technology is continuously evolving, with 
the refinement of existing techniques and combinatorial 
approaches allowing to mitigate disadvantages of each 
technique.

Virus research with its clear reason to look beyond 
the diffraction barrier took an early advantage of this 
field, and SRFM studies have already provided many 
novel insights into the understating of the HIV-1 repli-
cation cycle. Yet, arguably these are still early days of 
SRFM imaging with many more aspects of HIV-1 that 
still await investigation. Moreover, to date most of SRFM 
HIV-1 studies have been performed in the context of 
fixed viruses and in vitro cell cultures. On the other hand, 
SRFM approaches are particularly suitable to study the 
dynamic behaviour of individual subviral structures and 
their interactions with cell components in the context of 
live cells or tissues, and it is in this area where they hold 
the most potential for future improvements in the under-
standing of virus replication cycle.
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