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SUMMARY

We present an isotope-based metabolic flux analysis (MFA) approach to simultaneously quantify 

metabolic fluxes in the liver, heart, and skeletal muscle of individual mice. The platform was 

scaled to examine metabolic flux adaptations in age-matched cohorts of mice exhibiting varying 

levels of chronic obesity. We found that severe obesity increases hepatic gluconeogenesis and 
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citric acid cycle flux, accompanied by elevated glucose oxidation in the heart that compensates 

for impaired fatty acid oxidation. In contrast, skeletal muscle fluxes exhibit an overall reduction in 

substrate oxidation. These findings demonstrate the dichotomy in fuel utilization between cardiac 

and skeletal muscle during worsening metabolic disease and demonstrate the divergent effects of 

obesity on metabolic fluxes in different organs. This multi-tissue MFA technology can be extended 

to address important questions about in vivo regulation of metabolism and its dysregulation in 

disease, which cannot be fully answered through studies of single organs or isolated cells/tissues.

Graphical Abstract

In brief

Rahim et al. present a multi-tissue MFA platform to simultaneously quantify metabolic fluxes in 

the liver, heart, and skeletal muscle in vivo. They find that obesity causes divergent metabolic 

adaptations, including increased hepatic gluconeogenesis and a cardiac fuel shift toward glucose 

oxidation, while skeletal muscle reduced overall substrate oxidation.

INTRODUCTION

Metabolism is vital for cellular function: enzymes catabolize nutrients to generate chemical 

energy and intermediates that are then used to synthesize products required for cell growth 

and survival. A common approach for studying metabolism is through the measurement 

of gene, protein, and metabolite abundances of metabolic pathways. However, because 
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metabolic enzymes are tightly regulated by several factors such as allosteric feedback, 

post-translational modifications, and sub-strate/cofactor availability, static biomolecule 

abundances provide limited information about the flux of metabolites through a pathway.1 In 

contrast, metabolic flux analysis (MFA) provides functional readouts of metabolic pathway 

activity, which is an ultimate representation of the cellular metabolic phenotype.2

The goal of preventing, diagnosing, and treating metabolic disease has led to the application 

of MFA in perfused tissues and in vivo.3 Assessment of in vivo metabolic fluxes has heavily 

focused on the liver, since it is a metabolic hub of the body and major site of obesity-induced 

disease pathogenesis. As a result, decades of work have generated refined in vivo methods 

for assessing gluconeogenesis, glycogenolysis, anaplerosis, citric acid cycle (CAC), lipid 

biosynthesis, fat oxidation, and ketogenesis fluxes in the liver.4,5 Though less prevalent than 

studies of the liver, metabolic fluxes have also been assessed in skeletal and cardiac muscle 

in vivo.6-9 By taking advantage of advances in computational and analytical technologies, 

some groups have recently quantified systemic fluxes of circulating metabolites, focusing on 

nutrient sources that serve as the primary fuel for specific tissues and the CAC.9,10

Despite these pivotal advances, in vivo fluxomics faces the hurdle of more broadly 

contextualizing intermediary metabolic fluxes across tissues in the body’s cross-regulatory 

homeostatic environment.11 This limitation is particularly important for studies of 

pleiotropic disease states, pharmacological treatments, and genetic models that result in non-

intuitive changes in physiology.12 Here, we developed an isotopic flux modeling approach 

capable of simultaneously quantifying intermediary fluxes in both gluconeogenic and 

glycolytic tissues in vivo. We exploited the 13C labeling patterns generated by an infusion 

of [13C3]lactate in fasted mice to quantify relative fluxes in the heart, gastrocnemius, vastus, 

and liver. Specifically, tissue-specific biochemistries were integrated into a mathematical 

model of in vivo physiology to determine fluxes from the stable-isotopic enrichment of 

metabolites throughout the body. The coinfusion of classical radiolabeled isotopes was used 

to convert relative fluxes to absolute rates.

This multi-tissue MFA framework was applied to identify metabolic dysfunction in multiple 

organ systems caused by hyperphagia and diet-related increases in adiposity and metabolic 

disease using the Mc4r−/− mouse model. Mutations in the melanocortin-4 receptor (MC4R) 

are the most common monogenic cause of obesity in humans,13 and common MC4R 
variants are linked to polygenic obesity in the general population.14 Chow-fed Mc4r−/− 

mice rapidly develop obesity and peripheral insulin resistance due to overt hyperphagia.15 

When Mc4r−/− mice are maintained on a Western diet (WD) that is high in saturated 

fat, cholesterol, and sucrose, they develop histological features of human steatohepatitis, 

including fibrosis and chronic inflammation.16,17 In addition, high-fat-fed Mc4r−/− mice 

exhibit severe insulin resistance and reduced oxidative metabolism in skeletal muscle that is 

associated with increased adiposity relative to chow-fed animals.18 We therefore sought to 

examine the metabolic flux adaptations that occur under varying levels of obesity in chow-

fed wild-type (WT), chow-fed Mc4r−/−, and WD-fed Mc4r−/− mice. The results demonstrate 

that mitochondrial metabolic fluxes were reduced in skeletal muscle but elevated in the 

liver of obese mice, while CAC flux in the heart was maintained via a switch in substrate 

preference from fat to glucose oxidation. Furthermore, flux alterations in heart and skeletal 
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muscle developed at a less severe stage of obesity compared to those in the liver. Overall, 

these results point to a divergence in the metabolic signatures of obesity in liver, heart, and 

skeletal muscle that could be leveraged for improved tissue-specific targeting of therapeutic 

interventions or diagnostic tests for treating the metabolic complications of obesity.

An integrated multi-tissue platform to assess metabolic flux in vivo

Years of research in metabolic modeling and isotope tracing served as building blocks 

of the multi-tissue model described here. In 2014, we introduced the first publicly 

available software package (INCA, Isotopomer Network Compartmental Analysis) capable 

of estimating metabolic fluxes based on either steady-state or dynamic isotope labeling 

measurements.19 Subsequently, INCA was applied to develop a novel microscale method 

to quantitatively assess hepatic glucose and CAC fluxes in unstressed mice.20 This study 

was the first to estimate hepatic fluxes in vivo based on plasma samples obtained from a 

conscious mouse, and since then this methodology has been applied to a variety of mouse 

models during fasting16,21 and exercise.22,23 Recently, this single-compartment liver model 

was expanded to assess extrahepatic tracer recycling and Cori cycling24 and to determine 

renal contributions to gluconeogenesis12,25 by adding a second compartment. The INCA 

software package was also adapted to model general combinations of mass spectrometry 

(MS) and magnetic resonance spectroscopy (MRS) isotopomer measurements.26

Building on the previously published two-compartment models, which quantify in vivo 
flux alterations in gluconeogenic tissues of fasted mice, the current study aims to examine 

interactions between glucose-producing tissues (liver) and glycolytic tissues (heart and 

skeletal muscles) within a single mouse. Prior studies have used 13C-lactate infusions in 

mice27 and human subjects28 to establish that circulating lactate acts as a major carbon 

shuttle between numerous tissues in the body and may serve as the primary fuel for 

CAC metabolism in some tissues. Therefore, we extracted and analyzed metabolites from 

plasma, liver, heart, gastrocnemius, and vastus of conscious, unstressed mice infused with 

[13C3]lactate. These mice were also infused with radioactive [3-3H]glucose, to assess 

endogenous glucose production rate (EndoRa), and with [1-14C]2-deoxyglucose (2-DG) 

to assess tissue-specific glucose uptake rate (Rg). Because of the negligible mass of 

radiotracers infused, the 3H and 14C enrichments can be used to determine absolute rates 

of EndoRa and extrahepatic Rg without interfering with stable isotope (13C) measurements. 

Fitting the 13C mass isotopomer distribution (MID) measurements from all tissues to an 

integrated multi-compartment metabolic model enabled relative fluxes to be estimated in 

liver and extrahepatic tissues, which were converted to absolute rates using radiotracer flux 

estimates (Figure 1). Gas chromatography-mass spectrometry (GC-MS) fragment ions used 

for determining fluxes in each compartment are listed in Table S1. Details of the model 

fitting procedure are described in the STAR Methods.

Multi-compartment model of whole-body and tissue-specific metabolism

The full metabolic network and carbon transitions used in the multi-compartment flux model 

are detailed in Table S2. The overall network can be decomposed into a “whole-body” outer 

model (comprising hepatic and extrahepatic compartments) and inner models that represent 

the tissue-specific metabolism of three extrahepatic subcompartments: heart, gastrocnemius, 
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and vastus. Metabolic equations were constructed from classical biochemical reactions 

and previously defined networks.20,24,29 The outer model is analogous to the model of 

Hasenour et al.,24 while the inner models were constructed to reflect the central carbon 

and energy metabolism of each specific tissue type. Cardiac fluxes, including sources and 

sinks of carbon, were modeled based on prior findings.30-32 Contributions of unlabeled 

carbon sources to glycolysis (e.g., glycogen) in the heart and skeletal muscle were modeled 

as a single flux, VPYGM.8,33 Major carbon sinks for the heart and skeletal muscle were 

modeled as lactate, alanine, and glutamate, metabolites connected with anaerobic respiration 

and ammonia clearance. Unlabeled sources of acetyl-coenzyme A (CoA) may arise from 

multiple sources but, for parsimony, are modeled as a single flux (VFatEntry) linked to 

β-oxidation. The model also included reactions that enable metabolic cross-communication 

between hepatic and extrahepatic compartments. Tissue-specific subnetworks for cardiac 

and skeletal muscle were modeled by allowing influx of source metabolites from the 

extrahepatic compartment and efflux of sink metabolites without altering the mass or 

isotopomer balances for the outer model or the adjacent subcompartment models (Figure 

2A; Table S2).

This multi-compartment model has several unique aspects that extend beyond the biological 

applications presented here. First, the INCA software platform enables compartment-

specific fluxes to be estimated individually for each mouse while integrating MID 

measurements from all tissues included in the metabolic network. This directly accounts 

for biological variability across animals and enables quantification of differences between 

tissues of individual mice. Moreover, robust statistical assessments, such as model goodness-

of-fit tests and sensitivity analysis, are built-in features of INCA that facilitate the search 

for optimal flux solutions (see STAR Methods for further details). Second, the model 

was developed using a modular approach that enables seamless integration or removal of 

tissue-specific subnetworks without altering the description of other compartments. This 

adaptability allows researchers to further expand the metabolic model to include additional 

tissues or, conversely, simplify the model for more targeted studies. Third, the INCA 

modeling framework natively accounts for bidirectional isotopic exchange at metabolic 

nodes such as succinate dehydrogenase (SDH) and malate dehydrogenase (MDH) and can 

estimate reaction reversibility in the CAC by fitting the 13C metabolite labeling data, as 

shown previously.24 Last, and most importantly, the software platform is robust, adaptable, 

and freely available and automates the process of constructing and solving the model 

equations that describe any particular isotope labeling experiment. Therefore, researchers 

with biochemistry and physiology knowledge can analyze metabolic tracer data without the 

need to derive mathematical equations or write computer code required to rigorously solve 

systems of isotopomer balances.

RESULTS

Melanocortin-4 knockout mice exhibit diet-dependent changes in obesity and whole-body 
metabolism

To examine the effects of excess nutrient intake and diet composition on metabolism, lean 

mice (WT chow) were compared to hyperphagic Mc4r knockout (KO) mice placed on 
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chow (KO chow) or WD (KO WD). The body weight and fat mass of KO mice were 

elevated compared to WT mice, and both indices of obesity were further increased when 

KO mice were fed WD (Figures S1A-S1D). Impaired glucose tolerance (Figures S1E and 

S1F) and increased fasting plasma glucose and insulin levels (Figures S1G and S1H) 

were also observed in both KO cohorts, suggesting lower insulin sensitivity (i.e., higher 

homeostasis model assessment of insulin resistance [HOMA-IR] score) compared to WT 

controls (Figures S1I). To quantify metabolic fluxes, a mixture of stable and radioactive 

isotopes was infused into conscious, unrestrained mice via indwelling catheters implanted 

in the jugular vein and carotid artery. The rates of glucose turnover and, thus, endogenous 

glucose production (EndoRa) and disappearance (Rd) were significantly higher in the KO 

chow and KO WD groups (Figure S1J, note that EndoRa = Rd, since the mass of exogenous 

glucose infused was negligible). Consistent with increased whole-body Rd and elevated 

plasma insulin levels, tissue-specific glucose uptake (Rg) was increased in both cardiac 

and skeletal muscles of KO WD mice (Figures S1K-S1M). These data indicate stepwise 

increases in metabolic disease severity in KO chow and KO WD mice compared to WT 

chow mice.

Simultaneous flux assessment of liver, heart, and skeletal muscle reveals organ-specific 
metabolic signatures of obesity

To assess tissue-specific intermediary fluxes, metabolite MIDs were measured in plasma, 

liver, heart, gastrocnemius, and vastus tissues of mice following isotope infusions (Figure 1). 

Our previously developed two-compartment model of hepatic and extrahepatic metabolism24 

was expanded to include tissue-specific subnetworks for cardiac and skeletal muscles within 

the extrahepatic compartment (Figure 2A). Fitting the 13C labeling measurements in Table 

S1 to the multi-organ network outlined in Table S2 enabled simultaneous estimation of in 
vivo fluxes within each tissue. In addition to assessing metabolite abundances and flux, 

we measured mRNA expression of 72 hepatic genes (Figures 3I and S4), 60 cardiac genes 

(Figure S5), and 60 genes in gastrocnemius and vastus (Figures S6 and S7), all related to 

metabolism.

Consistent with previous reports,16,34 diet-induced obesity was associated with elevated 

fluxes in energy- and glucose-pro-ducing pathways of the liver. KO WD mice exhibited 

increased pyruvate cycling fluxes (VPEPCK.L, VPK.L, and VPC.L) and a doubling of CAC 

activity (Figures 2B and 3D). Increases in CAC gene expression (Cs and Idh2) in KO 

mice directly correlated with elevated CAC flux (Figures 3I and S4). Expression of 

Pklr and Pdk4, genes encoding liver pyruvate kinase and pyruvate dehydrogenase kinase, 

corresponded with increased VPK.L and decreased VPDH.L, respectively. In contrast, Pck1 
expression inversely correlated with phosphoenolpyruvate carboxykinase (PEPCK) flux, 

perhaps due to transcriptional feedback. Increased anaplerosis and cataplerosis through 

pyruvate carboxylase (PC) and PEPCK were associated with ~1.7- and ~1.5-fold increases 

in hepatic gluconeogenesis (VEnol.L) and endogenous glucose production (VEndoRa), 

respectively (Figures 2B and 3D). Glycolytic fluxes in the extrahepatic compartment (VHK.E 

and VLDH.E) also increased, indicative of elevated Cori cycling in KO WD mice. Similar 

flux trends were observed in KO chow mice, but the effects were less pronounced (Figures 

3D and S2A).
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The measured Rg in heart, gastrocnemius, and vastus (Figures S1K-S1M) was used to 

determine absolute fluxes within each extrahepatic subcompartment based on the relative 

flux solution derived from fitting the 13C labeling data from each mouse. Similar to the 

liver, energy-producing fluxes were elevated in the heart tissue of KO WD mice (Figures 

2C and 4A). Glycolytic fluxes were approximately doubled relative to WT controls (Figures 

2C, 4A, and 4B). In contrast, CAC flux was reduced in KO chow mice, attributable to a 

decrease in acetyl-CoA entry from fatty acid oxidation (FAO) compared to WT controls 

(Figure S2B). WD feeding restored CAC activity in KO WD mice through an increase in 

glycolytic flux (Figure S2C). In contrast to myocardial metabolism, substrate oxidation was 

lower in skeletal muscle of KO WD mice despite a modest increase in muscle glucose 

uptake (Figures 2D and 2E). Both oxidative and anaplerotic CAC fluxes were significantly 

reduced compared to controls, which decreased flux of pyruvate and acetyl-CoA into the 

CAC. These alterations in CAC activity were associated with reduced flux from glycogen 

into pyruvate and from fatty acids into acetyl-CoA, as well as less cataplerotic flux to 

pyruvate through malic enzyme. Similar perturbations in skeletal muscle metabolic fluxes 

were observed when comparing KO chow mice to WT controls (Figures S2D and S2E). 

These results demonstrate that flux adaptations in the skeletal muscle of obese mice diverged 

from those in the liver and heart, especially in mitochondrial oxidative and anaplerotic 

pathways. Furthermore, similar levels of flux dysregulation were evident in the heart and 

skeletal muscle of both moderately obese (KO chow) and severely obese (KO WD) mice, 

whereas widespread flux dysregulation in the liver was observed only in KO WD mice.

Hepatic redox perturbations coincide with fatty liver disease progression

Elevated mitochondrial metabolism promotes oxidative stress and inflammation in livers of 

obese mice and humans.16,34,35 Therefore, we examined the impacts of obesity on markers 

of hepatocellular injury in the Mc4r−/− mouse model. Histological analysis confirmed an 

increase in steatosis, fibrosis, hepatocellular ballooning, lobular inflammation, and elevated 

macrophage infiltration in livers of KO mice (Figures 3A, 3B, and S3A-S3D), which 

resulted in an overall elevation in nonalcoholic fatty liver disease (NAFLD) activity score 

that varied with extent of obesity (Figure 3C). Previous studies have shown that knockdown 

of liver PEPCK promotes a more reduced cytosolic and mitochondrial redox state and 

protects mice from hepatic oxidative stress and inflammation during high-fat feeding, 

whereas deletion of liver PC has the opposite effect on hepatic redox state and exacerbates 

diet-induced oxidative stress and inflammation.34,36 When analyzing liver metabolites from 

KO WD mice, we observed a 2-fold decrease in aspartate and malate and a 2-fold 

increase in pyruvate concentration relative to WT controls, which is indicative of a more 

oxidized cytosolic redox state (Figure 3E). Liver lactate/pyruvate and malate/pyruvate ratios 

(proxies of cytosolic NADH/NAD+ and NADPH/NADP+ ratios, respectively) confirmed that 

cytosolic redox state was significantly more oxidized in KO WD livers (Figure 3F and 3G). 

In contrast, mitochondrial redox state was more reduced in KO livers and varied with body 

weight (Figure 3H). Consistent with these findings, liver and plasma b-hydroxybutyrate 

levels were elevated (Figures S3F and S3G), indicative of elevated mitochondrial NADH/

NAD+ ratio and increased ketogenesis. Higher mitochondrial NADH/NAD+ favors increased 

generation of reactive oxygen species, while lower cytosolic NADPH/NADP+ inhibits 

antioxidant functions,37 both of which promote oxidative stress in liver. These redox 
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changes could also promote increases in hepatic gluconeogenesis and CAC fluxes observed 

in KO WD mice (Figure 3D).38

Myocardial glucose oxidation is elevated, while fatty acid oxidation is reduced, in Western-
diet-fed obese mice

Chow-fed KO mice exhibited a reduction in cardiac CAC flux (VCS.H), primarily driven by a 

decrease in terminal FAO (VFatEntry.H) (Figure 4A). When fed a WD, however, the reduction 

in fat oxidation was counterbalanced by a concurrent increase in pyruvate oxidation (Figure 

4B), stemming from enhanced glucose uptake (VHK.H) and glycogen breakdown (VPYGM.H) 

in KO WD mice (Figure 4A). These findings demonstrate a shift in cardiac substrate 

utilization from fatty acids to glucose as obesity worsens, suggesting that elevated glucose 

oxidation may serve as a compensatory response to restore CAC flux (Figures 4A and 

4B). Assessment of the cytosolic NADH/NAD+ ratio (Figure 4C) using cardiac lactate and 

pyruvate concentrations (Figure S5B) revealed a more reduced cytosolic redox state in KO 

mouse hearts, indicating increased glycolysis and/or decreased disposal of glycolytically 

produced NADH.39 Elevated cardiac free fatty acid levels (Figure 4D) were consistent with 

the reduction in VFatEntry.H. Expression of rate-limiting glycolytic enzymes Hk2 and Pfkm 
was significantly upregulated, along with the gene encoding the muscle glucose transporter 

Slc2a4 (Figures 4E and S5A). However, Irs1 expression was downregulated (Figure 4F), 

possibly due to chronic hyperinsulinemia (Figure S1H).40

Increased pyruvate dehydrogenase (PDH) flux (VPDH.H) in KO WD mice corresponded 

with decreased Pdk4 expression (Figures 4E and S5A), an inhibitor of PDH.41 Notably, 

the expression of Crat, a mitochondrial matrix enzyme that alleviates PDH feedback 

inhibition by removing excess acetyl-CoA,42 was upregulated in KO WD mice (Figure 

4G). Gene expression of Atp2a2 and Ppara was elevated, while Ucp3 expression was 

reduced (Figure 4F), changes typically associated with increased mitochondrial energy 

production in the heart, consistent with elevated CAC flux in KO WD mice. Conversely, 

genes involved in mitochondrial biogenesis (Nrf1 and Tfam) were slightly but significantly 

downregulated (Figure 4F). An upregulation in myocardial expression of genes involved in 

FAO (Cpt1b, Cpt2, Acadm, and Acadl) (Figure 4G), along with elevated cardiac, but not 

plasma (Figure S3H), free fatty acid levels and a significant decrease in VFatEntry.H flux, 

suggests impairments in cardiac FAO. This shift in substrate utilization from fatty acids to 

glucose aligns with the trade-off predicted by the Randle cycle. Notably, our results also 

indicate that impairments in FAO and the reduction in CAC flux observed in hearts of KO 

chow mice may precede elevations in glucose oxidation, which is possibly a compensatory 

mechanism to maintain ATP production for contractility.

Reduced skeletal muscle mitochondrial fluxes are indicative of defective substrate 
oxidation in obesity

Oxidative metabolic fluxes in both skeletal muscles gastrocnemius and vastus were 

significantly reduced in KO mice relative to WT controls (Figures 5A, 5B, 2D, and 2E). 

Glycolysis (VPK) and the expression of glycolytic genes (Pygm, Pfkm, Pfkfb1, and Pkm) 

were reduced in both tissues (Figures 5A-5D, S6A, and S7A). Consistent with these 

findings, the contribution of pyruvate to the CAC was significantly diminished in KO 
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mice compared to WT chow mice (Figures 5E and 5F). Acetyl-CoA entry into the CAC 

(VPDH and VFatEntry) and anaplerosis from pyruvate (VPC) were significantly reduced 

in skeletal muscles of obese mice (Figures 5A and 5B). Contrasting with lower terminal 

fat oxidation flux (VFatEntry), we measured an upregulation in the expression of genes 

connected with fat oxidation and carnitine production, suggesting potential compensation 

(Figures 5C, 5D, S6A, S6C, S7A, and S7C). Additionally, the branched-chain amino acid 

(BCAA) catabolic genes Bcat1 and Bcat2 were significantly downregulated in both skeletal 

muscles (Figures 5C and 5D) along with a rise in plasma BCAAs in KOWD mice (Figure 

S3I). Lower pyruvate anaplerosis through PC was associated with a reduction in the muscle 

lactate pool size (Figures 5G and 5H), which corresponded to a significantly more oxidized 

cytosolic redox state in both gastrocnemius and vastus of KO mice (Figures 5I and 5J). 

Gene expression of Ldha and Ldhb showed a decrease and an increase, respectively, 

in KO mice (Figures 5C and 5D), possibly to redirect pyruvate into mitochondria for 

complete oxidation.43 These results demonstrate that obesity leads to a consistent reduction 

in glycolytic and mitochondrial fluxes in the skeletal muscle that results from perturbations 

in the metabolic pathways of glycolysis, FAO, and CAC anaplerosis.

Hyperphagia induces metabolic flux alterations similar to Western diet feeding

To disentangle the metabolic effects of hyperphagia-induced obesity and WD-induced 

obesity, WT mice fed a WD (WT WD) were compared to genetically obese KO chow 

mice. Despite similar weight gain (Figure S8A), WT WD mice had less lean mass (Figure 

S8B) and fat mass (Figure S8C), and they consumed less food (Figure S8D) due to the 

high calorie content of the WD. Interestingly, arterial glucose levels were consistent across 

groups (Figure S8E), but KO chow mice showed significantly elevated glucose turnover (Rd, 

which equals EndoRa) (Figure S8F), indicating increased hepatic gluconeogenesis. Both 

KO chow and WT WD mice exhibited clear signs of insulin resistance, as reflected by 

intraperitoneal glucose tolerance tests (Figures S8G and S8H), fasting plasma insulin levels 

(Figure S8I), and HOMA-IR scores (Figure S8J), with KO chow mice demonstrating more 

severe insulin resistance than WT WD mice. Cardiac glucose uptake fluxes were unchanged 

between WT WD and KO chow mice (Figure S8K), whereas skeletal muscle glucose uptake 

was increased in KO chow mice (Figure S8L and S8M), possibly in response to elevated 

plasma insulin and EndoRa levels.

Both hyperphagia-induced and WD-induced obesity resulted in similar metabolic flux 

alterations across tissues. KO chow mice displayed significant increases in hepatic 

gluconeogenesis (VEnol), endogenous glucose production (EndoRa), and citrate synthase 

(VCS) flux compared to WT chow mice, whereas these differences did not achieve 

significance in WT WD mice (Figure 6A). Both KO chow and WTWD mice exhibited 

elevated pyruvate cycling, but KO chow mice uniquely had higher PDH (VPDH) and lactate 

dehydrogenase (LDH) (VLDH) fluxes, reflecting enhanced pyruvate metabolism in the 

context of hyperphagia (Figure 6A). Despite these distinct differences between WT WD 

and KO chow mice, we observed some common patterns of hepatic flux dysregulation 

when compared to lean WT chow mice, suggesting a partial convergence of liver metabolic 

phenotypes in hyperphagia- and diet-induced obesity. This convergence was also evident 

in histological markers of non-alcoholic steatohepatitis (NASH), where hepatic steatosis, 
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hepatocellular ballooning, inflammation, NALFD activity score, and macrophage infiltration 

were similarly elevated in both WT WD and KO chow groups (Figures S8P-S8T). However, 

it’s important to note that this convergence is not complete, and significant differences 

remain between the WT WD and the KO chow mice. For example, livers of WT WD mice 

had more macrovesicular steatosis and fibrosis compared to KO chow mice (Figures S8N 

and S8O).

In the heart, no significant differences were found between fluxes of KO chow and WT 

WD mice, suggesting that both obesity models similarly alter cardiac metabolism (Figure 

6B). However, the reductions in FAO and CAC flux observed in KO chow mice did not 

achieve significance in WT WD mice. In skeletal muscle, both the gastrocnemius and 

the vastus muscles showed reduced glycolytic (VPK) and mitochondrial (VCS) fluxes in 

KO chow and WT WD mice compared to WT chow mice, primarily due to decreased 

glycogen utilization (Figures 6C and 6D). FAO in the gastrocnemius was significantly 

lower in WTWD mice compared to WT chow, with a similar trend in KO chow mice 

(Figure 6C). In contrast, glucose uptake in the vastus was elevated in KO chow mice 

compared to both WT WD and WT chow mice, though glycolytic flux remained suppressed 

due to reduced glycogen breakdown (VPYGM) (Figure 6D). These results indicate that, 

despite diet-specific metabolic differences, both models of moderate obesity produce similar 

signatures of metabolic flux dysregulation.

DISCUSSION

Prior studies have applied isotope tracers to investigate the effects of obesity and high-fat 

diets on metabolic fluxes within specific tissues.16,34,44 To our knowledge, no studies have 

introduced stable isotope methods that simultaneously assess intermediary metabolic fluxes 

within and between different gluconeogenic and glycolytic tissues in a single mouse. Here, 

a mathematical modeling approach was developed to quantify metabolic fluxes in multiple 

tissues with the generalizability and scalability to test hypotheses under a wide range of 

physiological conditions. We applied this novel 13C MFA platform to examine the impact of 

hyperphagia and WD feeding on hepatic, cardiac, and skeletal muscle fluxes in a genetically 

obese mouse model that exhibits several representative features of human metabolic 

disease. Similar to previous findings, CAC fluxes, pyruvate cycling, gluconeogenesis, and 

endogenous glucose production were elevated in the livers of obese mice. These flux 

alterations were associated with divergent changes in cytosolic and mitochondrial redox 

states, which are hypothesized to promote oxidative stress and insulin resistance. While 

overconsumption of a normal chow diet decreased CAC flux in hearts of KO mice, WD-fed 

KO mice preserved cardiac energy metabolism by switching the major mitochondrial fuel 

source from fat to glucose (Figure 7). In contrast, glycolytic and mitochondrial oxidative 

fluxes were substantially lower in skeletal muscles of KO mice, despite an increase in 

glucose uptake, and the changes were fully developed even at moderate levels of obesity 

in both WT WD and KO chow groups. These findings illustrate distinct metabolic flux 

signatures within each organ that develop along different stage-dependent trajectories as the 

severity of metabolic disease progresses.
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Alterations in glycolytic and mitochondrial metabolism can cause redox imbalance, which 

contributes to the development of metabolic syndrome and insulin resistance.45 For example, 

higher mitochondrial NADH/NAD+ ratios estimated in the livers of KO WD mice are also 

associated with steatosis, hepatocellular ballooning, lobular inflammation, NAFLD activity 

score, and fibrosis in humans independent of age, sex, BMI, and diabetes.46 Similarly, 

high-fat feeding has been shown to reduce glycolysis47 and lower fat oxidation in skeletal 

muscle.48 These findings are consistent with our results, which indicate that glycolysis and 

CAC flux were decreased in skeletal muscle of obese mice, potentially explaining the shift 

toward a more oxidized cytosolic redox state. Conversely, glycolytic and CAC fluxes were 

increased in hearts of KO WD mice, concomitant with a shift toward a more reduced 

cytosolic redox state. Therefore, the tissue-specific cytosolic and mitochondrial redox 

perturbations reported here may be a consequence of the metabolic flux alterations observed 

in each organ, which underlie their different pathways of metabolic disease progression 

(Figure 7).

The metabolic response of cardiac and skeletal muscle to obesity has previously been 

examined and is indicative of varying insulin sensitivity of the different tissues.49 Patients 

with type 1 or type 2 diabetes—but no history of coronary heart disease—exhibited signs 

of insulin resistance in the skeletal muscle but had no alterations in myocardial glucose 

uptake under insulin-stimulated conditions.49-51 Nevertheless, reduced cardiac glucose 

uptake and increased FAO are hypothesized causes of cardiac dysfunction in animal 

models of obesity and insulin resistance.52,53 This hypothesis stems largely from work 

performed in isolated hearts or cultured cardiomyocytes with glucose and palmitate as the 

sole substrates.54 The complexity of in vivo pathophysiology suggests a more nuanced 

relationship between substrate availability and utilization, however. We observed that 8 

weeks of WD feeding increased flux of acetyl-CoA into the CAC from glucose (VPDH.H) 

but decreased flux from non-glucose sources (VFatEntry.H) in hearts of KO mice, with net 

preservation of CAC flux (VCS.H) to meet the cardiac energy demands of obesity (Figure 

4). These results are consistent with other in vivo studies conducted using [18F]2-fluoro-2-

deoxy-D-glucose and PET imaging that indicate glucose uptake is markedly elevated in 

the hearts of both young and middle-aged mice fed a high-fat, high-cholesterol WD.55 

Moreover, the development of pressure-overload-induced cardiac hypertrophy has been 

linked to concurrent increases in glycolysis and decreases in FAO,56,57 similar to our 

findings. Discrepancies between the results reported here and elsewhere likely stem from 

the hyperinsulinemic and hyperglycemic state of KO WD mice compared to lean control 

mice (Figure S1), as well as other challenges associated with replicating the in vivo milieu 

of the obese heart using an in vitro or perfusion system.

Previous in vivo 13C MRS studies performed in lean, insulin-resistant human subjects 

and high-fat-fed rats indicate that reductions in mitochondrial function are associated 

with intramyocellular lipid accumulation and muscle insulin resistance.6,58 However, 

discrepant results have been obtained from other studies of rat skeletal muscle showing 

that mitochondrial oxidative capacity is unchanged59 or even increased60 in obesity. The 

results here show a significant decrease in glycolytic and CAC flux in the skeletal muscle 

of obese mice during fasting (Figures 5A and 5B). The decreased glycolytic flux was due 

to reduced glycogen breakdown rather than diminished glucose uptake, which could be 
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connected with an impairment in glycogen synthase observed in obese, insulin-resistant 

humans.61,62 Our transcriptomics results showed a significant upregulation in FAO genes, 

suggesting elevated β-oxidation in the skeletal muscles of obese mice (Figures 5C and 5D). 

Despite elevated FAO gene expression, acetyl-CoA production from both fat oxidation and 

PDH was decreased (Figures 5A and 5B), with the latter known to be potently inhibited 

by fatty acids.63 These results are consistent with previous findings that high-fat feeding 

increases incomplete FAO in the skeletal muscle unmatched by compensatory increases in 

CAC activity in both animals and humans.64-66 Furthermore, our results provide support for 

the concept of “metabolic inflexibility” of skeletal muscle in obese individuals, whereby 

insulin resistance is linked to a blunted mitochondrial capacity to effectively switch from 

glucose to fat oxidation during the transition from a fed to a fasted state.67

Our study demonstrates that the vastus and gastrocnemius muscles exhibit similar shifts 

in metabolic flux as a result of obesity (Figures 5A-5D). Both muscles are predominantly 

composed of type II (fast-twitch) fibers and share a comparable distribution of fiber types, 

with gastrocnemius being somewhat higher in type I (slow-twitch) fibers in human samples 

but not in samples from rodents and other mammals.68 Comparative analyses have shown 

a similar enzymatic profile between these muscles, except for LDH, which is expressed 

at significantly higher levels in the vastus.68 This aligns with our findings, where elevated 

LDH flux was observed in the vastus relative to the gastrocnemius across all three groups. 

Previous studies have also shown that increased adiposity and obesity are associated with 

a reduction in type I fibers in the vastus and gastrocnemius,69,70 which typically have a 

higher oxidative capacity for both glucose and fatty acids.71 The overall reduction in glucose 

oxidation and CAC flux due to obesity may therefore reflect shifts in skeletal muscle fiber 

composition and muscle mass.

Our study also elucidates the subtle differences in physiology between two models of 

moderate obesity caused by overt hyperphagia (KO chow mice) vs. WD feeding (WT 

WD mice). While fat mass, plasma insulin levels, glucose turnover rate, and HOMA-IR 

differentiate the two groups (Figures S8A-S8J), metabolic flux alterations within tissues of 

WT WD and KO chow mice exhibited similar overall trends (Figure 6). Compared to lean 

(WT chow) mice, flux changes were more pronounced in skeletal muscle than in the liver 

or heart of WT WD and KO chow mice. Consistent with these data (Figure 6A), prior 

studies have demonstrated progressive hyperactivation of hepatic fluxes during an extended 

time course of WD feeding, with pyruvate cycling fluxes typically dysregulated prior to 

other mitochondrial and glucose-producing fluxes.24,72 Moreover, approximately 8 weeks 

of WD feeding in C57BL/6 mice had minimal impacts on cardiac function indicators, such 

as ejection fraction and fractional shortening,73 aligning with the limited effects on cardiac 

metabolism we observed in WT WD and KO chow groups compared to WT chow (Figure 

6B). Similarly, previous studies report that both hyperphagia74 and WD feeding75 reduce 

the expression of glucose and oxidative metabolism genes in skeletal muscle, consistent 

with our gene expression data and aligning with our metabolic flux findings. Collectively, 

these results suggest that moderate obesity induced by either hyperphagia or 8 weeks of WD 

feeding elicits similar disruptions in metabolic flux across multiple tissues, which become 

more widespread and further amplified in the severely obese KO WD model.
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Advancements in analytical platforms and mathematical modeling have enabled in vivo 
flux analysis to become an important tool for studying physiology and metabolic 

diseases.5,10,27,76 In general, previous studies have prioritized studying intermediary 

metabolic activity of individual tissues, which likely results from balancing practical 

constraints with research interests. The flexible platform presented here was designed to 

enable researchers to maximize the flux information available in a single in vivo isotopic 

labeling experiment and broadly capture changes in metabolism across multiple tissues. 

Specifically, the technology allows either a focused ora comprehensive assessment of 

intermediary metabolic fluxes in different organ systems and, to demonstrate its utility, was 

applied to examine the response to stage-wise increases in obesity as a relevant metabolic 

stressor. Metabolic models were constructed with software that eliminates the tedium and 

potential mistakes of manually generating and solving the mathematical equations required 

for flux analysis. By reducing the time spent adding, removing, modifying, and solving 

equations, researchers can focus on building models and performing experiments to test new 

hypotheses. We expect that the generality and flexibility of this platform will facilitate the 

use of multi-organ fluxomics to examine a variety of important questions in metabolism 

research.

In summary, we present the development and application ofa novel multi-tissue MFA 

platform that can be applied to simultaneously assess intermediary metabolism in the liver, 

heart, and skeletal muscle of individual mice based on isotope enrichment measurements of 

tissue and plasma metabolites. By making use of technical and computational advancements 

in systems biology, our study shows that isotopic tracing and rigorous data modeling can 

quantify in vivo metabolic fluxes that are otherwise unobservable. Applying the multi-tissue 

model developed herein, we demonstrate the broad impact of obesity on specific organs, 

reinforcing the notion that metabolic disease is unlikely to manifest in the same manner or 

to a similar extent in different organs within a single individual. Overall, the development of 

this in vivo 13C MFA approach provides a flexible analytical platform that can be applied to 

investigate the metabolic response to many other genetic, physiological, or pharmacological 

interventions that simultaneously impact multiple organ systems and can be expanded to 

include other metabolic tissues of interest.

Limitations of the study

The multi-compartment model applied here relies upon assumptions with inherent 

limitations. The model does not account for additional sources of glucose synthesis other 

than the liver. However, the scalability of this flux approach allows for the addition of 

other gluconeogenic or glycolytic tissues if required. The model aggregates all non-pyruvate 

sources of acetyl-CoA into a single flux (VFatEntry), which represents terminal FAO but 

may also include contributions from other mitochondrial fuel sources such as BCAAs 

or ketone bodies. Existing literature indicates that the contribution of BCAAs to the 

mitochondrial acetyl-CoA pool is minimal, accounting for less than 10% of the total.9 

However, resolving specific fluxes involved in the metabolism of fatty acids, ketone bodies, 

or BCAAs—or whole-body turnover of these substrates—would require a different set of 

tracers and metabolite measurements. Furthermore, the NanoString panel was specifically 

designed to assess gene expression within pathways included in the flux model, and 
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so coverage of auxiliary pathways (e.g., BCAA catabolism) is limited. The glycolytic 

metabolic model for the heart and skeletal muscle does not include the oxidative pentose 

phosphate pathway (oxPPP) due to lack of enrichment measurements of sugar phosphate 

intermediates. Although oxPPP activity is considered to be low in cardiac77 and skeletal 

muscles,78 future studies benefiting from the use of liquid chromatography-tandem mass 

spectrometry (LC-MS/MS) measurements could further explore metabolic fluxes within this 

pathway.79

There are also potential limitations due to the study design. First, the choice of experimental 

model will influence the results. Mice were fasted overnight prior to the start of the 

isotope infusion, and the results should be interpreted only within this defined metabolic 

context. This condition was chosen to maximize 13C enrichment due to infusion of the 

lactate tracer, minimize variability due to differences in nocturnal feeding patterns, and 

maintain consistency with previous liver-specific flux analyses reported by our group24 and 

others.80,81 Although Mc4r−/− mice are commonly used for studying hepatic steatosis and 

obesity, this model develops dilated cardiomyopathy at ages older than those studied here.82 

When studying multiple tissues simultaneously, the choice of any obese mouse model will 

have inherent limitations that need to be recognized. It should also be noted that the mice 

included in this study were all male, but application of the same flux analysis workflow 

to female mice would enable investigations of sex-specific differences in the pathogenesis 

of obesity and cardiometabolic diseases. Second, we did not independently confirm steady-

state labeling in tissues. A unique facet of our experimental system is the ability to 

measure plasma glucose enrichment over time and verify steady-state labeling during the 

isotope infusion time course, which we have confirmed previously for a 2-h infusion of 13C-

propionate.20 Other groups have confirmed isotopic steady-state in tissue metabolites after 

2.5 h of 13C-glucose infusion27 or 1.5 h of 13C-glutamine infusion80 using separate cohorts 

of mice sacrificed at different time points. Based on the high turnover rate of circulating 

lactate in fasted mice,27 we expect that isotopic steady state is achieved with 13C-lactate 

more rapidly than 13C-propionate, 13C-glucose, or 13C-glutamine tracers. However, endpoint 

measurements of tissue metabolites can be obtained only in a terminal sample and, therefore, 

steady-state assumptions for tissue metabolites cannot be independently confirmed in each 

animal. In light of this fact, the 2-DG bolus was administered at a minimal dose to avoid 

significant metabolic perturbations, following methods described previously.83 Mice were 

surgically equipped with carotid artery and jugular vein catheters to limit mouse handling 

stress during isotope infusions and blood sampling.84,85 Cervical dislocation was used for 

euthanasia to exclude the potential impact of anesthetics86 on our measurement set and 

because of its common use in other in vivo metabolic tracer experiments.8,27,87 However, 

we cannot exclude the possibility that euthanasia method and tissue collection procedures 

influenced the outcomes presented here, as well as those in other studies using similar 

techniques, given that all measurements (not just metabolic fluxes) can be influenced by 

these methodological choices.88-90 Tissues were rapidly collected in a consistent order 

and flash frozen to minimize sampling artifacts, but, nevertheless, a study to evaluate the 

potential impact of euthanasia and tissue collection on in vivo isotope labeling patterns 

would be an informative addition to the field.
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STAR★METHODS

EXPERIMENTAL MODEL AND STUDY PARTICIPANT DETAILS

All protocols and procedures were approved by the Vanderbilt Institutional Animal Care and 

Use Committee. All studies were performed on ~16-week-old, male hyperphagic Mc4r−/− 

mice (knockout, KO) or wild-type (WT) littermates on a C57Bl/6J background; breeders 

were generously provided by the Roger D. Cone laboratory.91 Mice were maintained on 

a 12-h light-dark cycle with ad libitum access to water and a standard rodent chow diet 

(5L0D, 29% protein, 58% carbohydrates, 13% fat by caloric contribution; LabDiet, St. 

Louis, MO) for 8 weeks. At 8 weeks of age, half of the WT and KO mice were switched 

to a Western-style diet (D12079B, 17% protein, 43% carbohydrates, and 40% fat by caloric 

contribution; Research Diets Inc., New Brunswick, NJ) while others were kept on chow diet 

for another 8 weeks. Overall, four groups were utilized for these studies: chow-fed WT mice 

(WT Chow), chow-fed KO mice (KO Chow), WT mice fed a Western diet (WD) for 8 weeks 

(WT WD), and KO mice fed WD for 8 weeks (KO WD).

METHOD DETAILS

In vivo procedures in the conscious mouse: One week prior to studies, jugular 

vein and carotid artery catheters were surgically implanted in 15-week-old mice for 

venous infusions and arterial blood sampling, respectively.84 A combination of stable and 

radioactive isotope tracers was administered to overnight-fasted (~16h) mice over a total 

time course of 180min. Throughout each study, blood glucose levels were monitored using 

an Accu-Check glucometer (Roche Diagnostics, Indianapolis, IN), and hematocrit was 

maintained through an infusion of donor erythrocytes (suspended in 10U/mL heparinized-

saline). Mice received a primed (1.5 μCi), continuous (0.075 μCi/min) infusion of [3-3H] 

glucose starting at t=0min. Then, a primed (0.200 mmol/kg), continuous (0.050 mmol/kg/

min) infusion of [13C3]lactate was administered starting at t=60min. Lastly, a 12 μCi 

bolus of [1-14C]2-deoxyglucose (2-DG) was introduced at t=155min. Blood samples were 

collected just prior to [13C3]lactate infusion, and then at 2, 5, 10, 15, and 25min after 

the [14C]2-DG bolus. Following the final blood sample, mice were euthanized via cervical 

dislocation, and excised tissues were snap frozen in liquid nitrogen and stored at −;80°C. 

Tissues were rapidly collected in a consistent order of liver, skeletal muscle, and heart, 

and immediately frozen in liquid nitrogen to mitigate potential effects of post-mortem 

metabolism on isotopic measurements.

Liver histology, plasma analysis, and body composition measurements: 
Additional age-matched mice from each group were maintained similarly—except without 

surgery or isotope infusions—for body composition, blood biochemistry, tissue histology, 

and gene expression analysis following an overnight fast (~19h). Body composition was 

assessed using a Bruker Minispec benchtop pulsed NMR (7T) system (model mq7.5, Bruker, 

Billerica, MA). Mice were placed in a restrainer to obtain plasma (isolated from blood 

collected from the cut tail), and tissues were rapidly collected and snap frozen in liquid 

nitrogen post euthanasia. Plasma glucose concentrations were determined using an Accu-

Chek glucometer. Insulin was measured with radioimmunoassay RI-13K (MilliporeSigma, 

Burlington, MA). Liver histology was assessed as previously described 16. Briefly, liver 
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tissues were fixed in formalin, embedded in paraffin, and cut into sections. Hematoxylin 

and eosin (H&E) stained sections of liver from each mouse were evaluated for evidence of 

nonalcoholic steatohepatitis (NASH) markers by a board-certified veterinary pathologist in 

blinded fashion. Scoring was based on previously published criteria.92

Metabolite extraction, derivatization, and GC-MS analysis: Plasma and tissue 

metabolites were extracted and derivatized as described elsewhere.24 Briefly, plasma 

aliquots used for analysis of glucose labeling were extracted with cold acetone to precipitate 

protein. Samples were air-dried and immediately processed to convert glucose to its di-

O-isopropylidene, methyloxime pentapropionate, or aldonitrile pentapropionate derivative 

according to protocols described elsewhere (Antoniewicz et al., 2011). Polar metabolites 

were isolated from 40 μL of plasma or 30-50 mg of liver, heart, gastrocnemius, and 

vastus tissues using a biphasic methanol/water/chloroform extraction. The polar layer of 

the extract was isolated using a fine-tipped pipette and air-dried overnight for storage at 

−80°C prior to derivatization. Ten μL of 5-mM norvaline was spiked as an internal standard 

for metabolite quantification. Metabolites were then converted to their methyloxime 

tert-butyldimethylsilyl (Mox-TBDMS) derivatives using methoxyamine hydrogen chloride 

(ThermoFisher Scientific) and MtBSTFA+1% TBDMCS (Regis Technologies). Derivatized 

samples were analyzed by GC-MS. Sample volumes of 1 μL were injected using a 5:1 split 

on an Agilent 7890A gas chromatography system equipped with two HP-5ms (15 m x 0.25 

mm x 0.25 mm; Agilent J&W Scientific) capillary columns in series and interfaced with an 

Agilent 5977C mass spectrometer. Helium was used as carrier gas, maintained at a constant 

flow rate of 1 mL/min throughout the analysis. The inlet temperature was set to 270°C, 

while the interface temperature was maintained at 300°C to ensure efficient transfer of the 

analytes into the mass spectrometer. The temperature program began with an initial hold at 

80°C for 2 minutes. The temperature was then increased at a rate of 20°C per minute until 

reaching 140°C, followed by a slower ramp of 4°C per minute until 280°C was achieved. 

This final temperature was held constant for 5 minutes, resulting in an overall run time of 

approximately 45 minutes. The mass spectrometer was operated in scan mode, with data 

collected over an m/z range of 100 to 550. A solvent delay of 5 minutes was implemented 

to prevent solvent-related interference during the early stages of the analysis. The GC-MS 

settings described here are similar to previously published parameters for Mox-TBDMS 93 

and glucose derivatives 20. Derivative peaks were integrated using the PIRAMID package94 

to obtain mass isotopomer distributions (MIDs) for the metabolite fragment ions shown 

in Table S1. Measurement uncertainty was assessed by calculating the root-mean-square 

deviation between the MID of unlabeled standards and the theoretical MID computed from 

the known abundances of naturally occurring isotopes.

Multi-tissue metabolic flux analysis (MFA): MFA was performed by minimizing the 

sum of squared residuals (SSR) between model-simulated and experimentally measured 

metabolite MIDs. The Isotopomer Network Compartmental Analysis (INCA) software 

package19 was used to develop metabolic models and determine all fluxes by least-squares 

regression. Plasma, liver, heart, gastrocnemius, and vastus metabolite MIDs were provided 

as measurements to INCA. The uncertainty in these measurements was set to either the 

root-mean square error of unenriched control samples or the SEM of technical GC-MS 
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replicates, whichever was greater. Best-fit flux solutions were determined for each animal 

by fitting experimental measurements to the isotopomer network model. To ensure a 

global solution was obtained, flux estimations were repeated a minimum of 100 times 

from randomized initial guesses. A chi-square test was used to assess goodness-of-fit, and 

sensitivity analysis was performed to determine 95% confidence intervals associated with 

the calculated flux values. All model fits were accepted with average SSRs (±SEM) of 

179.6±12.5 for WT Chow (n=8), 118.7±2.8 for WT WD (n=6), 197.9±8.6 for KO Chow 

(n=7), and 171.8±12.3 for KO WD (n=6), which were below the upper 95% confidence 

limit of 325. Initially, fluxes in the hepatic and extrahepatic compartments were estimated 

relative to liver citrate synthase flux by constraining VCS.L to an arbitrary value of 100. 

Relative cardiac and skeletal muscle fluxes were estimated by setting the glucose uptake flux 

(VHK) to 100 in those subnetworks. Endogenous glucose production (VEndoRa) and the 

rate of glucose disappearance (Rd) were determined using Steele’s steady-state equations, 

assuming Rd=EndoRa 95; VEndoRa was used to convert relative hepatic and extrahepatic 

fluxes to absolute rates. Similarly, relative cardiac and skeletal muscle fluxes were converted 

into absolute rates using Rg, an index of tissue-specific glucose uptake, determined from 

[14C]2-DG administration 96.

Gene expression analysis: RNA was isolated from ~30 mg of liver, heart, 

gastrocnemius, and vastus using Trizol reagent (Invitrogen), according to manufacturer 

protocols. To eliminate phenolic impurities carried over from the Trizol extraction, we 

further processed the samples using a RNeasy mini kit (Qiagen, Hilden, Germany). RNA 

yield from each sample was determined using a NanoDrop ND-100 spectrophotometer 

(Thermo Scientific, Wilmington, DE), and RNA integrity was determined using a 2100 

Bioanalyzer (Agilent Technologies, Santa Clara, CA). RNA transcript abundance for each 

tissue was analyzed using the NanoString nCounter mRNA custom codeset panel, according 

to manufacturer protocols. Briefly, hybridization reactions were set up by adding 10 μL of 

hybridization buffer, 5 μL of TagSet Master mix, 5 μL of Extension TagSet, 1 μL of 30x 

working probe A pool, 1 μL of 30x working probe B pool, 3 μL of DNase/RNase free water 

and 5 μL of RNA Sample (20 ng/μL), for a total volume of 30 μL to each sample tube. The 

samples were hybridized at 67°C for 16 hours. The hybridized samples were then analyzed 

using the FLEX system’s nCounter Prep Station, and the cartridge was scanned using an 

nCounter Digital Analyzer to generate RCC files. Raw counts were normalized with the 

nSolver software (4.0) package using the geometric mean of both positive control probes 

and housekeeping probes. Lastly, logarithmic fold change, relative to the WT Chow group, 

was calculated using the normalized data obtained from nSolver.

Quantification of tissue and plasma metabolites and assessment of redox 
markers: Plasma and tissue metabolites were extracted and analyzed as described above 

(see Metabolite extraction, derivatization, and GC-MS analysis). Absolute quantification 

of metabolite pool sizes was performed by running calibration standards and normalizing 

GC-MS ion counts to the norvaline internal standard peak. Plasma and tissue pool sizes 

were expressed relative to plasma volume and tissue weight, respectively. For analysis of 

plasma and tissue ammonium concentration, 300 μL of sample extract was diluted with 

dH2O to 1.5 mL and then analyzed using an Ammonia Gas Sensing Electrode (Thermo 
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Fisher Scientific, MA, USA) according to the user manual. Cytosolic and mitochondrial 

redox state for each tissue was estimated using enzymatic equilibrium relations described 

elsewhere 36,97. The cytosolic NADH/NAD+ was estimated from lactate dehydrogenase 

(LDH) equilibrium: cNADH/NAD+ = [Lactate]/[Pyruvate] x KLDH; where KLDH = 1.11 x 

10−4. Similarly, a surrogate measure of cytosolic NADPH/NADP+ was estimated from the 

malate/pyruvate concentration ratio that is indicative of malic enzyme (ME) equilibrium. 

Lastly, mitochondrial NADH/NAD+ was estimated from glutamate dehydrogenase (GDH) 

equilibrium: mNADH/NAD+=[Glutamate]/[α-ketoglutarate][NH4
+] x KGDH; where KGDH= 

3.87 x 10−3 mM.

QUANTIFICATION AND STATISTICAL ANALYSIS

Unless otherwise specified, data are presented as means ± SEM. Differences between groups 

were tested using ANOVA and Tukey multiple comparisons post hoc analysis. Analysis of 

histological scoring was performed using Kruskall-Wallis ANOVA with a Dunn’s multiple 

comparisons test for post hoc analysis. Unless otherwise stated in figure legends, significant 

differences were defined as follows: ***p < 0.01, **p < 0.05, and *p < 0.1.

Supplementary Material

Refer to Web version on PubMed Central for supplementary material.
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Highlights

• Multi-organ MFA quantifies fluxes in liver, heart, and muscle in vivo

• Obesity increases hepatic gluconeogenesis and cardiac glucose oxidation

• Skeletal muscle fluxes decline, indicative of metabolic inflexibility in obesity

• Multi-tissue MFA provides a scalable platform for assessing tissue-specific 

fluxes
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Figure 1. Overview of study design and fluxomics approach
The steps (A–F) involved in multi-tissue MFA are highlighted.
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Figure 2. Multi-organ assessment of metabolic fluxes in genetically obese, Western-diet-fed mice 
reveals discordant effects in liver, heart, and skeletal muscle
(A) Overview of isotope infusion protocol. Fold change in absolute fluxes assessed in the 

(B) liver, (C) heart, (D) gastrocnemius, and (E) vastus tissues of KO WD (n = 6) mice 

relative to WT chow (n = 8) controls. The map represents the metabolic network shown in 

Table S2. Red and blue arrows represent fluxes that are significantly increased or decreased 

in KO WD mice compared to WT chow mice, respectively (p < 0.05).
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Figure 3. Increased hepatic metabolic fluxes in obese, Western-diet-fed mice correlate with 
changes in liver NASH markers, gene expression, metabolite abundance, and redox state
(A–H) Scoring of (A) steatosis, (B) fibrosis, and (C) NAFLD activity in the livers of WT 

chow (n = 8), KO chow (n = 7), and KO WD mice (n = 6) (***p < 0.01). Assessment of (D) 

absolute hepatic fluxes, (E) hepatic metabolite concentration, and (F and G) cytosolic and 

(H) mitochondrial redox markers (*p < 0.10, **p < 0.05, and ***p < 0.01). Note that VGK.L 

and VEnol.L are expressed in triose units.

(I) Gene expression of enzymes connected to glycolysis, CAC, amino acid, and urea cycle 

metabolism in the liver (*p < 0.05 for WT chow vs. KO chow and Φp < 0.05 for WT chow 

vs. KO WD).

Data are represented as the mean ± SEM.
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Figure 4. Myocardial glucose and fatty acid oxidation are reciprocally altered by hyperphagic 
Western diet feeding
(A) Absolute metabolic fluxes, (B) pyruvate oxidation relative to VCS, (C) cytosolic redox 

state, and (D) free fatty acids in the hearts of WT chow (n = 8), KO chow (n = 7), and KO 

WD mice (n = 6) (*p < 0.10, **p < 0.05, and ***p < 0.01). Gene expression of proteins 

that regulate (E) glycolysis, (F) mitochondrial function, and (G) fat oxidation in the heart 

(*p < 0.05 for WT chow vs. KO chow and Φp < 0.05 for WT chow vs. KO WD). Data are 

represented as the mean ± SEM.
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Figure 5. Obese mice have reduced glycolytic and mitochondrial oxidative fluxes in skeletal 
muscle
(A–D) Absolute fluxes estimated in the (A) gastrocnemius and (B) vastus skeletal muscles 

of WT chow (n = 8), KO chow (n = 7), and KO WD mice (n = 6) (*p < 0.10, **p < 0.05, and 

***p < 0.01). Log fold change in gene expression of proteins regulating glycolysis, pyruvate 

metabolism, and fatty acid metabolism in (C) gastrocnemius and (D) vastus muscles (*p < 

0.05 for WT chow vs. KO chow and Φp < 0.05 for WT chow vs. KO WD).

(E and F) Pyruvate oxidation relative to VCS.

(G–J) (G and H) Lactate concentration and (I and J) cytosolic NADH:NAD+ ratio, assessed 

using metabolite concentration, in the gastrocnemius and vastus tissues (*p < 0.10, **p < 

0.05, and ***p < 0.01).

Data are represented as the mean ± SEM.
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Figure 6. Moderate obesity caused by Western diet feeding of wild-type mice leads to similar 
changes in metabolic fluxes compared with those observed in chow-fed hyperphagic mice
Absolute fluxes estimated in the (A) liver, (B) heart, (C) gastrocnemius, and (D) vastus 

skeletal muscle of WT chow (n = 8), WTWD (n = 6), and KO chow (n = 7) mice (*p < 0.10, 

**p < 0.05, and ***p < 0.01). Data are represented as the mean ± SEM.
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Figure 7. Overview of major metabolic changes in the liver, skeletal muscle, and heart of obese 
mice
Livers of obese mice exhibited increased oxidative and gluconeogenic fluxes. Heart muscle 

and skeletal muscle exhibited opposite changes in energy metabolism and cytosolic redox 

state.
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KEY RESOURCES TABLE

REAGENT or RESOURCE SOURCE IDENTIFIER

Chemicals, peptides, and recombinant proteins

Methoxamine (MOX) Reagent Thermo Fisher Scientific Cat. No: TS-45950

MTBSTFA + 1% TBDMCS Silylation 
Reagent

Thermo Fisher Scientific Cat. No: TS-48927

Sodium L-Lactate (13C3, 98%) 20% W/W in 
H2O

Cambridge Isotope 
Laboratories

Cat. No: CLM-1579-MPT-PK

[1-14C]2-Deoxy-D-Glucose Revvity Cat. No: NEC495A

D-[3-3H]-Glucose Revvity Cat. No: NET331C

Methanol Sigma Aldrich Cat. No: 1008372500

Chloroform Sigma Aldrich Cat. No: 1024322500

Water Sigma Aldrich Cat. No: 1037022500

TRIzol™ Reagent Invitrogen Cat. No: 15596026

Critical commercial assays

nCounter mRNA Custom CodeSet NanoString Cat No: 116000001

RNeasy Mini Kit Qiagen Cat. No: 74104

Deposited data

Absolute flux measurements This Paper Mendeley Data: https://dx.doi.org/10.17632/dxc5yxysnm.1

Mass isotopomer distribution (MID) data This Paper Mendeley Data: https://dx.doi.org/10.17632/dxc5yxysnm.1

Metabolite concentrations This Paper Mendeley Data: https://dx.doi.org/10.17632/dxc5yxysnm.1

mRNA fold change data This Paper Mendeley Data: https://dx.doi.org/10.17632/dxc5yxysnm.1

NanoString nCounter raw RCC files This paper GEO accession number GSE291838

Experimental models: Organisms/strains

Mouse: Mc4r−/− (C57Bl/6J) Huszar et al. (1997) https://doi.org/10.1016/S0092-8674(00)81865-6

Software and algorithms

BioRender BioRender https://www.biorender.com/

Isotopomer Network Compartmental 
Analysis (INCA 2.0)

Rahim et al. (2022) https://doi.org/10.1016/j.ymben.2021.12.009https://
mfa.vueinnovations.com/

MATLAB 2024a Mathworks https://www.mathworks.com/

Microsoft Office 365 Microsoft https://www.microsoft.com/en-us/microsoft-365/
microsoft-365-education

nSolver NanoString https://nanostring.com

Prism 9 GraphPad https://www.graphpad.com/
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