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Abstract

In living tissues, mechanical stiffness and biological function are intrinsically linked. Alterations 

in the stiffness of tissues can induce pathological interactions that affect cellular activity 

and tissue function. Underlying connections between tissue stiffness and disease highlights 

the importance of accurate quantitative characterizations of soft tissue mechanics, which can 

improve our understanding of disease and inform therapeutic development. In particular, accurate 

measurement of lung mechanical properties has been especially challenging due to the anatomical 

and mechanobiological complexities of the lung. Discrepancies between measured mechanical 

properties of dissected lung tissue samples and intact lung tissues in vivo has limited the ability 

to accurately characterize integral lung mechanics. Here, we report a non-destructive vacuum-

assisted method to evaluate mechanical properties of soft biomaterials, including intact tissues 

and hydrogels. Using this approach, we measured elastic moduli of rat lung tissue that varied 

depending on stress-strain distribution throughout the lung. We also observed that the elastic 

moduli of enzymatically disrupted lung parenchyma increased by at least 64%. The reported 

methodology enables assessment of the nonlinear viscoelastic characteristics of intact lungs under 
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normal and abnormal (i.e., injured, diseased) conditions and allows measurement of mechanical 

properties of tissue-mimetic biomaterials for use in therapeutics or in vitro models.
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1. Introduction

Stiffness is a fundamental property of living tissues that influences cellular activity and 

supports tissue function. Defined as the extent to which a material resists deformation in 

response to an applied force [1–3], stiffness is represented by elastic modulus (E). Tissue 

stiffness is determined by the tissue-specific profile and assembly of extracellular matrix 

(ECM) components, and E ranges from ~103 Pa (brain, fat) to ~109 Pa (bone) in human 

[4,5]. Alterations in tissue stiffness can cause impaired reciprocal interactions between cells 

and their environment that can lead to dysregulated cellular behaviors and tissue function 

[5–8]. For example, the pathological ECM remodeling associated with fibrotic diseases 

such as pulmonary fibrosis, liver cirrhosis, and scleroderma can significantly alter tissue 

mechanics [9–11]. The strong association between tissue stiffness and disease highlights 

the need for accurate quantitative evaluation of the mechanical properties of tissues, and 

represents a significant opportunity to improve our understanding of disease and develop 

new therapeutics [12].

Techniques that are typically used to assess tissue stiffness include tensile testing, micro-/

nano-indentation, or atomic force microscopy (AFM) [13–15], but involve destructive 

methods that require dissection of tissue samples from the organ to measure mechanical 

properties. Tissue removal from the lung is especially detrimental to the accuracy of 

mechanical analyses because lung mechanics are determined by the complex structures, 

hierarchical branching, and exquisite biochemical organization of the lung in situ, features 

that may be compromised or lost during conventional assessments. The gas exchange region 

of the lung is highly vascularized and aerated, containing nearly 500 million air sacs (i.e., 

alveoli), each approximately 200 – 300 μm in diameter. The surface of alveoli is lined 

with a thin layer of fluid called pulmonary surfactant secreted by alveolar type II cells that 

increases lung compliance (i.e., elasticity) by reducing the surface tension in the alveoli 

[16,17]. Lung compliance can be substantially reduced in lung injury, such as in acute 

respiratory distress syndrome (ARDS), due to accumulation of protein-rich fluids in the 

alveoli that disrupt the surfactant layer [18,19]. In lung fibrosis, elastic fibers are replaced 

by collagens, which leads to increased lung stiffness (i.e., decreased lung compliance) 

[20,21]. While accurate characterization of lung tissue mechanics can facilitate therapeutic 

development, the complex biophysical features that govern the viscoelastic characteristics 

of the lung can be substantially altered in parenchymal tissue samples isolated from the 

lung for assessment [15,22]. Thus, use of existing methods to determine the mechanical 

properties of lung tissues may not fully capture the complex mechanical characteristics and 

dynamic behaviors of the intact lung, underscoring the critical need for non-destructive 

approaches for lung tissue characterization.
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Innovative methodologies have been developed for quantification of mechanical properties 

of tissues or organs in a non-destructive manner. For example, imaging modalities, including 

ultrasound, optical coherent tomography (OCT), and magnetic resonance imaging (MRI), 

have been utilized to estimate tissue stiffness by imaging tissue displacement in response 

to mechanical force [23] or by measuring speed of shear waves propagating through the 

tissue [24,25]. These methods enabled qualitative or quantitative assessment of elastic 

properties of tissues to diagnose and characterize different diseases, such as cancer, 

fibrosis, and inflammation [26,27]. Because these imaging-enabled approaches require 

expensive, complex, and bulky imaging systems, there have been efforts to establish simpler 

methods that can allow non-destructive tissue characterization with reduced cost and system 

complexity. In particular, compression test has been used to determine tension of the visceral 

pleural membrane and Young’s modulus of the lung by correlating tissue deformation and 

uniaxial compressive load [28–30]. Further, viscoelastic mechanical response of tissues, 

including skin and liver tissue, have been determined by evaluating elongation of local tissue 

in response to applied vacuum pressure [31,32]. Notably, the vacuum-based methods have 

been extensively used to study micromechanics of cell membrane as the method is capable 

of inducing gentle deformation of the cell without damaging its delicate structure [33,34].

In this research article, we explore the utility of the vacuum-assisted modality for accurate 

non-destructive measurement of the elastic moduli of soft biological materials, such as 

hydrogels and lung. We constructed an integrated measurement platform with computer-

controlled sensors, custom-built microscope, and negative pressure generator that enabled 

accurate, non-destructive measurements of the stiffness of lung tissue. We tested this 

system using gelatin hydrogels of variable stiffness and explanted rat lungs (Fig. 1), and 

verified measurement accuracy and reproducibility by comparison with values reported 

in the literature. Notably, our approach allowed rapid and precise determination of the 

elastic modulus of enzymatically disrupted lung without removal of tissue from the lungs. 

This methodology can be used to expand our knowledge about the correlation between 

biophysical properties of the lung and different respiratory disorders.

2. Materials and methods

2.1. Preparation of crosslinked gelatin hydrogels

Gelatin hydrogels (4, 10, 15% w/v) were prepared by dissolving gelatin powder (G2500, 

Sigma-Aldrich) into deionized water at 70°C. To improve visibility of the hydrogel 

boundary for accurate assessment of gel deformation with our imaging system, we added 20 

μL of fluorescein (1 mg/mL; excitation/emission: 498 nm/517 nm; F6377, Sigma-Aldrich) 

to 4 mL of molten gelatin solution. Aerated hydrogels were produced by vortexing the 

molten gel solution manually using a metal mixing rod to create micro-air bubbles within 

the solution for approximately 5 min while gelation was occurring. Further, hydrogels 

embedded with fluorescent microparticles (diameter: 10 μm, excitation/emission: 505 

nm/515 nm; F8836, Invitrogen) were prepared by adding 3 μL of the particle solution into 

4 mL of molten gel solution (final particle concentration: ~3000 particles/mL). To generate 

gelatin hydrogels for measurements, 30 μL of molten gelatin solution was placed on a 
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polydimethylsiloxane (PDMS) substrate. The hydrophobic PDMS facilitated formation of 

dome-shaped gelation hydrogels which gelled after 10 min at 4°C.

2.2. Explant of rat lungs

Lungs (n = 6) were explanted from Sprague-Dawley rats (equal numbers of males and 

females; 200 – 250 g; SAS SD Rats, Charles River Laboratories) and used for lung tissue 

stiffness measurements. All procedures were performed in accordance with the animal 

welfare guidelines and regulations of the Institute for Animal Care and Use Committee 

(IACUC) at Stevens Institute of Technology. Prior to lung explant, animals were euthanized 

with 5% Isoflurane (VED1350, Penn Veterinary Supply) for 30 min using a vaporizer 

(SomnoSuite, Kent Scientific). At time of explant, the chest was opened using a surgical 

scalpel and scissors. An endotracheal cannula (73–2727, Harvard Apparatus) was inserted 

into the trachea and secured using a 6–0 prolene suture (Ethicon). Cannulated lungs were 

kept intact and carefully removed from the chest. The endotracheal cannula was connected 

to a small animal ventilator (PhysioSuite, Kent Scientific) and ventilated with tidal volume 

of 6 mL/kg at rate of 30 breath per minute (bpm). During ventilation, pressures and volumes 

were monitored through an integrated sensor in the ventilator. To eliminate variation 

between the lungs that could be caused by inflation and deflation history, we ventilated 

all the lungs for 5 min prior to the stiffness measurements. In this study, the lungs were not 

perfused.

2.3. Disruption of rat lung parenchyma

To induce tissue disruption in isolated rat lungs, trypsin solution (concentration: 0.25%; 

volume: 1 mL) was instilled through the trachea of freshly explanted rat lungs while the 

lungs were positioned in the prone position. To visually confirm delivery of the solution in 

the lung parenchyma in real time, indocyanine green fluorescent dye (ICG; Cardiogreen, 

Sigma-Aldrich Inc.; excitation/emission: 785 nm/820 nm) was mixed in the trypsin solution 

prior to the administration. A custom-built near-infrared imaging system was used to 

visualize distribution of the trypsin/ICG solution throughout the lung. Before stiffness 

measurements, the trypsinized lungs were continuously ventilated for 10 min to induce 

enzymatically induced damage in the alveolar spaces. Accumulation of edematous fluid, 

disruption of alveolar cell membrane, and depletion of surfactant layer in the alveolar space 

were visually confirmed via histology.

2.4. Histology

All lungs were fixed by immersion in 4% paraformaldehyde (30,525–89–4, Acros Organics) 

for 48 h at 4°C. Lungs were inflated with air (volume: ~10 mL), and the trachea was 

clamped to ensure the lung remained open during fixation. The fixed lungs were then 

dehydrated using ethanol (70% – 100% v/v) and CitriSolv (1601, Decon Laboratories), 

embedded in paraffin, sectioned at 5 μm thickness, and mounted on glass slides. Prior 

to staining, lung sections were de-paraffinized in CitriSolv and rehydrated in ethanol and 

water. Tissue sections were stained with hematoxylin and eosin (H&E) according to the 

manufacturer’s instructions (ab245880, Ab-cam).
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2.5. Vacuum-assisted stiffness measurement system

The vacuum-based stiffness measurement system was constructed by integrating: glass 

capillary, pressure sensor, programmable syringe pump, light sources, custom-built 

microscopic imaging system, micro-manipulator, and computer. A thin capillary (inner 

diameter: 0.58 mm, outer diameter: 1 mm, length: 76 mm; 1B100F, World Precision 

Instruments) was used for gelatin hydrogels, and a thick capillary (inner diameter: 1.5 

mm, outer diameter: 1.8 mm; CV1518–300, VitroCom) was used for lungs. The capillary 

was connected to a 5-mL syringe via polymer tubing, and the syringe was loaded in a 

programmable syringe pump (AL-4000, World Precision Instruments). Air pressure was 

monitored using a pressure sensor (pressure range: ±25 kPa; MPXV7025GC6U-ND, NXP 

USA) and a digital data acquisition device (Arduino Uno) controlled with custom-written 

MATLAB code (MathWorks). The glass capillary was attached to a micro-manipulator 

(PT3, Thorlabs) that enabled precise manipulation of the capillary position to achieve 

gentle contact without damage to delicate hydrogels or lung tissues. To eliminate potential 

measurement variation across different lungs, including both healthy and defective lungs, we 

measured the modulus at a similar anatomical location (i.e., right middle lobe).

2.6. Whole lung compliance measurements

To measure whole lung compliance, we constructed a sensing model that can measure 

airway pressure (PAlv) and lung volume (V) during ventilation. The system consists of a 

pressure sensor (pressure range: ±7 kPa; MPXV7007GC6U, NXP), airflow sensor (flow 

range: ±750 cm3/min, HAFBLF0200CAAX5, Honeywell), and digital signal acquisition 

device (Arduino Uno). The pressure–volume sensor module was connected between the 

ventilator and endotracheal cannula to record and process signals using a custom-written 

MATLAB code.

2.7. Fluorescence microscopy

To monitor the deformation of hydrogels or tissues within the glass capillary, we constructed 

a custom-built fluorescence microscope comprised of an objective lens (RMS10X, 

Olympus), scientific CMOS camera (Manta G-145 NIR, Allied Vision), and light sources 

(MWWHLP1 LED, Thorlabs; MDL-D-488 Laser, OptoEngine). A white LED light source 

was used to illuminate samples during brightfield imaging, and a 488-nm laser was used to 

visualize fluorescein (excitation/emission: 460 nm/515 nm; F6377, Sigma-Aldrich) mixed in 

gelatin hydrogels or labeled in lung pleural tissue, which enhanced visibility of the hydrogel 

and lung tissue boundary during measurement and analysis. The laser was transmitted from 

the laser generator through an optical fiber bundle (MHP910L02, Thorlabs) and focused 

on samples via an achromatic lens (AC254–100-AB-ML, Thorlabs). Laser power was 

adjusted to obtain optimal fluorescence signals, which were passed through an emission 

filter (ET535/50 m, Chroma) and focused onto the image sensor of the camera via a 

tube lens (AC254–75-AB-ML, Thorlabs). Images and videos were recorded using image 

acquisition software (Vimba, Allied Vision).
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2.8. Near-infrared imaging of whole lungs

To visualize distribution of the trypsin/ICG solution, we constructed a near infrared (NIR) 

imaging system that enabled noninvasive detection of ICG fluorescence signal by imaging 

through the lung pleura [35–38]. The NIR imaging system consisted of a scientific CMOS 

camera (Manta G-145 NIR, Allied Vision), camera lens (50 mm C-Series VIS-NIR lens, 

Edmund Optics), 785-nm laser (MDL-III-785, OptoEngine), and NIR filter set (ICG-B-000, 

Semrock). Laser power, camera lens focus and aperture, and exposure time were adjusted to 

obtain optimal NIR images.

2.9. Stiffness calculation via image processing and analysis

All image processing, analysis, and reconstruction was performed using ImageJ software 

(NIH). The brightness and contrast of all images and image frames extracted from 

videos of the same experimental group were adjusted identically. To process videos using 

ImageJ software, all videos were converted into AVI files and compressed using MJPEG 

compression format. A video file was imported into ImageJ as an image sequence for further 

image processing and analysis. The boundary of gelatin or lung tissue in an image was 

determined using the “edge detection” function, in which a thin line at the interface between 

the sample (gray) and background (black) was identified based on pixel intensity and plotted 

as a gray image. Edge images obtained at different times were combined into a single image 

using the “image calculator” function to show time-dependent deformation. To visualize 

fluctuation of a selected region over time in a single image, we used the “image stitching” 

method, in which a selected spot at the edge of the sample (e.g., region with maximum 

deflection) was extracted from each image frame of an image sequence. The extracted 

region of interest (ROI) in each frame was stitched along the horizontal direction to show 

change of the elongation of the ROI over time. Elastic modulus (E) was then computed by 

E = 3CRPPV/2πLE, where C is a constant specific to the geometry of the capillary used to 

apply vacuum pressure, RP is radius of the capillary used for measurement, PV is vacuum 

pressure, and LE is sample elongation length. For a tubular capillary, C is ~2.1 [39–42].

2.10. Statistical tests

All data were obtained from experiments repeated at least three times and are reported as 

mean ± standard deviation. One-way analysis of variance (ANOVA) was used to determine 

statistically significant differences between groups, with p < 0.05 considered significant.

3. Results

3.1. Measurement and calculation of elastic moduli of gelatin hydrogels

We constructed an integrated system that can non-destructively measure the elastic modulus 

of soft biomaterials (e.g., hydrogels; Fig. 1A) and soft tissues (e.g., lung; Fig. 1B). The 

system can generate and dynamically apply a range of set values of vacuum pressure (PV) 

to the surface of a biomaterial or tissue via glass capillary connected to a programmable 

syringe pump. The glass capillary probe is precisely controlled by a micromanipulator. As 

vacuum pressure is applied, the surface of the test sample is deformed. To determine elastic 

modulus, deformation is monitored using a custom-built microscope (Fig. 1C–D).
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To evaluate system functionality and measurement accuracy, we formed gelatin hydrogels 

(4% w/v) on a PDMS substrate (Fig. 2). Gelatin hydrogels were labeled with fluorescent 

dye to improve visibility of the gel boundary during deformation (Fig. 2A). After a glass 

capillary probe (inner diameter: 0.58 mm) was placed in gentle contact with the upper 

surface of a gelatin hydrogel, vacuum pressure (PV) was gradually changed from 0 to −8.2 

kPa at a rate of −2.25 kPa/s within 3.6 s. As negative pressure continued to increase, the 

region of gelatin subjected to vacuum pressure was gradually elongated inside the capillary 

tube (Fig. 2A). To quantify gel deformation, we used ImageJ to extract the edge of the gel 

at different time points (Fig. 2B). Then, the edge of the hydrogel with greatest deformation, 

i.e., the region subjected to negative pressure, was cropped from each image and merged 

into a single composite image (Fig. 2C), enabling visualization of hydrogel deformation over 

time.

We evaluated the stiffnesses of gelatin hydrogels with different concentrations (4, 10, 15% 

w/v; Fig. 3; Supplementary Videos 1–3). Vacuum pressure (PV) and elongation length (LE) 

were measured and plotted for (i) 4% (Fig. 3A), (ii) 10% (Fig. 3B), and (iii) 15% w/v (Fig. 

3C) gelatin hydrogels. In all experiments, the rate of increased or decreased pressure (i.e., 

slope of pressure curve) during measurement was 2.25 kPa/s. Furthermore, the maximum 

elongation length of gelatin, which corresponded with the center of the deflected region, was 

plotted against time via edge detection, feature extraction, and image stitching using ImageJ. 

Maximum elongation lengths were 0.115 mm for 4% w/v gelatin with PV of −8.2 kPa, 0.034 

mm for 10% w/v gelatin with PV of −11.8 kPa, and 0.022 mm for 15% w/v gelatin with PV 

of −14.8 kPa.

We then compared the stretched length (LE) of the three different hydrogels during 

elongation and relaxation periods when the negative pressure was −5 kPa (Fig. 3D). No 

significant differences in LE were observed between stretching and relaxation in gelatin 

hydrogels of the same concentration. For example, LE of 4% gelatin measured during 

elongation (0.13 ± 0.04 mm) and relaxation (0.13 ± 0.02 mm) showed no significant 

difference (p = 0.825). However, the average elongation of 4% w/v gelatin (0.13 ± 0.03 mm) 

was significantly greater than those of 10% w/v gelatin (0.046 ± 0.01 mm, p < 0.001) and 

15% w/v gelatin (0.03 ± 0.01 mm, p < 0.001) under PV of −5 kPa (Fig. 3D). Using the 

measured values, we computed the elastic modulus (E) of each gelatin hydrogel. For 4, 10, 

and 15% w/v gelatins, E were 11.4 ± 2.3, 31.5 ± 6.7, and 49.8 ± 13.0 kPa, respectively (Fig. 

3E). The results are consistent with the elastic modulus values measured via compression 

test (Supplementary Fig. 1) and the range of published values obtained through various 

conventional measurement methods [43–45] (Supplementary Table 1). Comparisons of 

moduli between different gelatin groups (e.g., 4% vs 10%, 4% vs 10%, etc.) indicated 

significant correlation between E and gelatin concentration (p < 0.001). Notably, inner 

diameter of the capillary probe (DI) was proportional to the depth of the negative pressure 

energy propagates within the gel (Supplementary Fig. 2). In particular, larger probe (DI = 1.5 

mm) can elongate and therefore, measure stiffness of deeper regions of hydrogel compared 

to thinner probe (DI = 0.58 mm) which provides more superficial measurements.
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3.2. Effects of porosity on stiffness of gelatin hydrogels

We investigated whether the elastic modulus of an aerated hydrogel can be also measured 

using our measurement setup and approach without damaging its delicate porous structure 

(Fig. 4; Supplementary Video 4). Aerated 10% w/v gelatin was prepared and evaluated 

mechanically in comparison with non-aerated 10% w/v gelatin (control). Aerated gels 

were created by blending air into the gelatin during gelatin, resulting in the generation of 

microbubbles (diameter: ~200 μm) within the gel (Fig. 4A). Similar to the experiments with 

non-aerated gels (Fig. 3), vacuum pressure between 0 kPa and −10 kPa was applied to the 

gel while the shape deformation was recorded for post-analysis (Fig. 4B). Elongation of the 

aerated gel during three cycles of stretching and relaxation was determined via the recorded 

videos and plotted with the control gel. In this study, the maximum deflection measured was 

~0.145 mm and 0.082 mm for the aerated gel and non-aerated gel, respectively (Fig. 4C). 

Based on the deformation mechanics, the elastic modulus of the aerated 10% w/v gelatin 

was determined to be 15.1 ± 5.4 kPa, which was significantly lower (p < 0.001) than that of 

the non-aerated gelatin (31.5 ± 6.7 kPa; Fig. 4D).

3.3. Non-destructive measurement of elastic modulus of rat lungs

We used intact rat lungs to investigate whether the elastic modulus of lung tissue can 

be measured non-destructively using the vacuum-assisted method (Fig. 5; Supplementary 

Videos 5–7). During measurements, the intra-alveolar pressure of the lung (PAlv) was 

maintained at a constant level (2, 5, 10 cmH2O) without ventilating lungs to minimize 

motion-induced measurement error and prevent tissue damage that could be caused by 

uncontrolled contact of the capillary probe with the tissue surface. To improve visualization 

of tissue deformation, a 488-nm laser was used to directly illuminate the lung pleural tissue 

labeled with fluoresceine molecules prior to measurements (Fig. 5A, i). The pressure inside 

the lung (PAlv) was controlled and monitored using a syringe connected to a pressure sensor 

(Fig. 5A, ii). Photographs showed deformation of lung tissue under a negative pressure (PV) 

of −2 kPa via a capillary tube (inner diameter: 1.5 mm) while different PAlv (2, 5, 10 cm 

H2O) were maintained within the lung (Fig. 5B). Further, we measured the elongation length 

of the lung tissue (LE), while PV was increased and decreased to imitate the stress-strain 

(i.e., pressure-volume) measurements of lung (Fig. 5C; Supplementary Fig. 3). Measured LE 

varied nonlinearly in response to PV while the loading-unloading curve exhibited hysteresis 

which is a unique behavior of viscoelastic materials, including lung tissue. In addition, we 

measured LE while varying rate of change of vacuum pressure magnitude (|PV|) (i.e., 2 

kPa/s, 0.66 kPa/s, and 0.2 kPa/s) (Supplementary Fig. 4). Notably, increased rate change 

of |PV| resulted in reduced LE indicating viscoelastic deformation pattern of the lung. 

We further confirmed the non-linear deformation of lung tissue by measuring LE while 

increasing |PV| from 0.7 to 10 kPa in a step-wise manner (Supplementary Fig. 5). At lower 

pressure (|PV| < 2 kPa), LE increased rapidly with |PV| while further increasing magnitude 

of the negative pressure (e.g., |PV| > 5 kPa) resulted in decreased rate of tissue elongation, 

highlighting non-linear correlation between LE and |PV|.

Notably, as pressure inside the lung increased, LE decreased. For PAlv of 2, 5, and 10 

cmH2O, LE were 0.33 ± 0.05, 0.20 ± 0.03, and 0.12 ± 0.03 mm (Fig. 5D), and E were 4.4 ± 

0.6, 7.4 ± 1.1, and 13.2 ± 3.9 kPa, respectively (Fig. 5E). The results indicate that there was 
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an interaction between PAlv and E (0.2 vs 0.5 kPa: p = 0.005; 0.2 vs 1.0 kPa: p = 0.0058; 0.5 

vs 1.0 kPa: p = 0.067). Such alveolar pressure dependence is due to the changes in tension 

(T) within the pleural layer and alveolar septal network with respect to the air pressure 

inside. As the lung volume increases, the collagen fibrils in the tissue become stress-bearing 

while their waviness is lost, leading to increased tissue elastic modulus [46]. Therefore, 

as the internal pressure of the lung elevates by increasing the volume of air in the lung, 

tension in the lung tissue also increases, requiring a greater vacuum pressure to stretch the 

lung tissue against the resisting tensile force [47,48] (Supplementary Fig. 6). Lung stiffness 

measured using the vacuum-based method were within ranges reported in the literature, 

obtained using a broad range of mechanical testing methods, including indentation, atomic 

force microscopy, and tensile testing (Supplementary Table 2).

3.4. Alterations in stiffness caused by alveolar disruption

We further investigated whether changes in the stiffness of lung parenchymal tissue caused 

by enzymatic disruption can be detected using our approach. To induce acute tissue 

disruption, the lung was exposed to an enzymatic solution (i.e., trypsin) that can dislodge 

epithelial cells from ECM and further disrupt the surface tension in the alveolar space 

(Fig. 6; Supplementary Videos 8–9) [49]. The goal of trypsinization was not to mimic 

stereotypical presentation of any one pathology, but rather to assess the ability of the 

vacuum-assisted method to quantify changes in lung tissue stiffness [50,51]. The rat lung 

was instilled with 0.25% trypsin (1 mL) with ICG dye through the trachea and incubated 

for 10 min. Distribution of the trypsin solution within the respiratory tract of the lung 

was confirmed through visualization of trypsin/ICG via NIR imaging of the lung (Fig. 6B, 

i–ii). We monitored static compliance (CS) of the whole lung before and after the trypsin 

challenge by measuring its pressure–volume relation, where air pressure (PAlv) and lung 

volume (V) were measured using our custom-built sensor module. Static compliance (CS) 

was calculated by CS = TV/(PPlat - PEEP), where TV is tidal volume, PPlat is plateau 

pressure, and PEEP is positive end-expiratory pressure. While the healthy lungs (control) 

displayed high static compliance (0.70 mL/cmH2O), damaged lungs showed substantially 

reduced compliance (0.29 mL/cmH2O), as trypsinized lungs required significantly greater 

pressures when ventilated with the same air volume (Fig. 6C). Histological analysis via 

H&E staining of the trypsinized lung showed excessive accumulation of fluid and debris 

in alveolar spaces with substantial reduction of intact cells and decreased number of nuclei 

compared to control lungs (Fig. 6D, i & ii; supplementary Figs. 7 & 8). In the trypsinized 

lungs, maximum elongation lengths under PV of −2 kPa were 0.11 ± 0.01 and 0.07 ± 0.01 

mm, respectively, for 5 and 10 cmH2O of PAlv (Fig. 7A). As a result, elastic moduli of 

the enzymatically damaged lungs were determined to be 12.8 ± 1.0 and 21.7 ± 3.9 kPa, 

respectively, for 5 and 10 cmH2O of PAlv, indicating 73.1% and 64.6% increases in tissue 

stiffness compared to the control (healthy) lungs under the same measurement conditions 

(Fig. 7B). The significant increase in E following proteolytic tissue disruption, in particular 

for PAlv of 5 cmH2O (p = 0.003), suggests that the intrinsic deformation mechanics and 

stiffness of the lung tissue parenchyma was compromised following trypsin challenge. 

Further, in the damaged lungs the effects of PAlv on E were considerable (p = 0.02), 

highlighting the influence of measurement conditions such as intraalveolar pressure on 

tissue characterization. Notably, no physical damages to the lung parenchyma or pleura (e.g., 
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blistering or rupturing) were observed in the visceral pleural layer of the lungs following the 

vacuum-based measurements (Supplementary Fig. 9).

4. Discussion

Here, we report a non-destructive vacuum-assisted method to measure elastic moduli of soft 

tissues and biomaterials. This method allows for stiffness measurement in a non-destructive, 

localized, and rapid manner. The enabling underlying principles of this method are that: 

(i) soft tissues and biomaterials can deform when subjected to gentle vacuum pressure, 

and (ii) degree of deformation depends on the stiffness of the material. Although methods 

exist for assessing the stiffness of soft tissues and biomaterials (e.g., rheometry, tensile 

testing, micro-/nano-indentation, atomic force microscopy), these methods typically require 

destructive lung tissue preparation procedures (e.g., biopsy and tissue slicing) [39,52,53]. 

Thus, these methods cannot be readily applied to intact lungs and lack translational potential 

for integration into medical devices for assessing tissue stiffness – a fundamental property of 

living tissues that can offer diagnostic and/or prognostic insights. While compression-based 

or indentation techniques have been used to assess mechanical properties of explanted lungs 

without tissue dissection [28–30], the equipment currently required for such systems (i.e., 

rigid probes and bulky stress/strain sensors) preclude their incorporation into minimally 

invasive and flexible devices capable of measuring tissue stiffness in situ. On the other hand, 

our vacuum-based system could be modified into an integrated, portable, steerable, and 

miniaturized device to allow localized in situ assessment. For example, the glass tube used 

in current study can be replaced with a flexible, transparent polymer tubing and combined 

with a steerable endoscope to quantify local tissue stiffness not only within thorax but also in 

other organs and tissues, including cardiovascular or gastrointestinal tissues.

We first tested our vacuum-based stiffness measurement method using gelatin hydrogels 

of various concentrations (4, 10, 15% w/v), and measured mean elastic moduli between 

11.4 ± 2.3 and 49.8 ± 13.0 kPa, consistent with reported values [43–45]. To determine the 

feasibility of evaluating tissue-mimetic materials, we prepared an aerated gel with pores 

(~200 μm) designed to mimic the alveolar architecture of the lung. We used our method 

to measure stiffness of the porous 10% w/v gelatin hydrogel, and determined that elastic 

modulus (average: 15.1 ± 5.4 kPa) was nearly 50% lower than the elastic modulus of non-

aerated 10% w/v gelatin (average value: 31.5 ± 6.7 kPa), indicating that the aerated structure 

of the porous gel increased elasticity (i.e., decreased stiffness) under vacuum loading. This 

application demonstrates the utility of our method in evaluation of tissue-mimetic delicate 

materials.

We then applied our method to evaluate the stiffness of intact lung tissues. Lung 

tissue was labeled with fluorescein to more easily visualize the boundary of the lung 

during measurements, allowing accurate evaluation of tissue deformation across conditions. 

Notably, the lungs displayed nonlinear viscoelastic deformation behaviors. Further, average 

values of tissue elongation decreased as the pressure inside the lung increased from 2 to 10 

cmH2O, corresponding to measured lung elastic moduli of ~4.4 ± 0.6 and 13.2 ± 3.9 kPa, 

respectively, for PV of −2 kPa. The increase in tissue stiffness with respect to PAlv could 

be due to increased tension throughout the tissue region, which limited tissue deformation. 
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The resistance of the lung tissue to deform resulted in reduced tissue elongation for a 

specific vacuum pressure applied to the tissue surface. Specifically, to elongate lung tissue 

under tension to the same degree as lung tissue without tension, a higher vacuum pressure 

would be required, leading to an increased elastic modulus calculated for the pre-stretched 

lung tissue [54–56]. This result underscores the importance of measuring lung mechanical 

properties under conditions that closely resemble the in-vivo environment (e.g., intact 

lung structure, physiological airway pressure and volume). Since PAlv of the intact lungs 

measured during positive pressure ventilation can vary during the breathing cycle (~5–40 

cm H2O in human) [57,58], physiologically-relevant pressure ranges should be maintained 

within the lungs during measurement for accurate evaluation of lung tissue stiffness. Further, 

while the exact physiologic preload throughout the lung is difficult to determine [59,60], 

PAlv can be used to represent the stress-strain state of the lung in vivo condition.

The vacuum-based method can allow accurate measurement of lung tissue without altering 

its intrinsic structure, anatomy, or biology. The elastic moduli measured using this method, 

however, reflect the stiffness of lung tissue resulted from interplay between the visceral 

pleural layer, alveolar septal network, and the alveolar surface tension at the measurement 

site. Notably, the role of the visceral pleural tissue will become increasingly important when 

this method is applied to large species, such as human and swine, because of their thicker 

and more complex pleural tissue structure. In rat lungs, however, the pleura is notably thin 

and elastic (< 10 μm [61]) and thus the tissue stiffness measured can be predominantly 

determined by the alveolar architecture and surface tension force. This is evidenced by our 

experimental results that showed substantial increase (> 64.6%) in the lung tissue stiffness 

following a trypsin challenge of the alveolar space. If the mechanical properties of the 

visceral pleura dominated the measurements, the stiffness between the healthy and disrupted 

lungs would be nearly the same. Further, it is expected that the stiffness of perfused lung 

would be greater than non-perfused lung because elevated perfusion pressure within the 

blood vessel network due to circulation of blood or blood-like medium can contribute to 

increased lung tissue stiffness [62].

We also hypothesized that a non-destructive method for measuring tissue stiffness could 

potentially be used to assess changes in lung mechanics that occur due to injury or 

disease. To test this hypothesis, we disrupted the alveolar tissue via intratracheal instillation 

of trypsin solution and measured the resulting change in lung stiffness. Intratracheal 

delivery of trypsin into the rat lung led to increased stiffness of the disrupted lung 

tissue. Specifically, elastic moduli of trypsinized lungs determined under PV of −2 kPa 

were ~12.8 ± 1.0 and 21.7 ± 3.9 kPa, respectively, for 5 and 10 cmH2O of PAlv, which 

represent 73.1 and 64.6% increases in tissue stiffness compared to control lungs. Underlying 

mechanisms that contributed to the increased stiffness include: (i) displacement or dilution 

of pulmonary surfactant in the alveoli leading to increased alveolar surface tension and 

decreased compliance [63–65] and (ii) detachment of native cells from the airway basement 

membrane, leading to loss of barrier function, development of pulmonary edema (fluid 

accumulation in the airways and interstitium), and reduced elasticity [66,67]. We observed 

the correlation between the elastic moduli and lung compliances determined in both healthy 

and disrupted lungs. Increase in the elastic moduli of trypsin-challenged lungs were reflected 

by decreased lung compliance determined via pressure-volume relation measurements. The 
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tissue disruption induced by trypsinization can be irrelevant to the injury patterns typically 

seen in human ALI or ARDS [50,51]. Nevertheless, the measurement results demonstrate 

that the vacuum-based method is capable of quantifying alteration of the mechanical 

properties in the enzymatically disrupted lung parenchyma. Stiffness measured at different 

locations of healthy and trypsinized lungs can offer invaluable information of the relation 

between tissue quality and function. However, because main objective of this study is to 

quantify the difference between healthy and damaged lungs, we measured the stiffness at an 

anatomically similar location of the lungs (i.e., right middle lobe) regardless of the injury 

state of the tissue region.

The results collectively indicate that our non-destructive, vacuum-based lung tissue stiffness 

measurement method could accurately quantify and predict the lung tissue mechanics and 

behaviors compared to destructive methods, and may be appropriate for evaluations both 

ex vivo and in vivo. Pressure and volume (P-V) measurements will continue to offer 

valuable clinical information regarding compliance and stiffness of global lung (i.e., the 

average of both lungs). The vacuum-assisted method, while more invasive, can provide 

information that is site and tissue specific and could be used to identify changes in each 

lung, lobe, or segment, providing regional insight and information. While this may be useful 

in intubated patients, we envision it has much more clinical and translational potential in 

other applications, such as utilizing our method at the time of surgery (whether its open or 

thoracoscopic/robotic approaches), during ex vivo lung perfusion (donor lung assessment 

and reconditioning), and as a tool to aid in lung bioengineering. For example, donor lungs 

that are initially unsuitable for transplantation, often due to acute injury and edema, can 

sometimes be recovered using ex vivo machine perfusion. Our non-invasive method for 

measuring stiffness could be used to assess edema or acute tissue injury in donor lungs to aid 

in determination of suitability for transplantation, including in lungs recovering on ex vivo 
perfusion systems [36,38].

Additionally, solid tumors often display differential mechanical properties from the 

surrounding tissue [68,69]. A major challenge of tumor resection is difficulty identifying 

the boundaries of the tumor, ensuring that all tumor tissue is removed while minimizing 

removal of normal tissue [70]. A non-destructive mechanical testing method similar to 

those described here could also be used intraoperatively during surgery to determine tumor 

margins (e.g., tumors located in the lung periphery) in real-time with high spatial resolution 

and facilitate reliably effective tumor resection. Measurement number and duration would 

largely depend on the properties of the tumor, such as stiffness, size, and location. 

Additionally, we envision future integration and use in conjunction with other imaging 

modalities for localization and diagnostic purposes. Further research and refinement of 

our methodology may also be useful in distinguishing lung pathology which is often 

clinically difficult to distinguish without tissue biopsy (e.g., atelectasis vs infiltrate, tumor vs 

granuloma, consolidation vs fibrosis etc.).

Despite the advantages, the vacuum-based method has several limitations. During the 

experiments, we observed surface desiccation of lung tissues and hydrogels, which can 

cause increased stiffness over time. The tendency for samples to dehydrate may be more 

significant for tissues and biomaterials that contain high water content. One technique for 
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overcoming this limitation would be to maintain ambient humidity at 100% to prevent 

dehydration during testing [71,72]. During image analysis to determine sample deformation, 

we occasionally observed irregularity in the sample edge. Such irregularity was mainly 

caused by low quality of images obtained during measurement. To reduce the measurement 

uncertainty, an objective lens with higher magnification or adjustments to imaging angle 

could be used to improve image quality and resolution for more accurate edge detection. 

Further, while explanted rat lungs were used in this study, the role of the chest cavity on lung 

stiffness can be considerable. It is because measured stiffness depends on the stress-strain 

distribution throughout the lung and can be affected by the surrounding air pressure and 

geometry of the cavity in which the lung is placed during measurements. To provide more in 
vivo -like conditions during measurements, our method could be combined with innovative 

non-contact imaging technique and ex vivo lung chamber [59].

Further, while assessment of deeper, non-superficial regions of biomaterials and centrally 

located tissues can be desirable, the vacuum-based method can only assess stiffness 

near the surface of the sample that can be elongated by the vacuum pressure being 

applied. Modifications to the measurement system and theory would be required for 

precise characterization of more centrally located regions. For example, as we showed 

experimentally using microparticle-embedded hydrogels (Supplementary Fig. 2), the inner 

diameter of the capillary tube could be increased to evaluate deeper sample regions as 

the depth of the deformed sample measured from the surface would correlate with the 

cross-sectional area of surface regions exposed to vacuum pressure. In addition, feasibility 

of the vacuum-based method in human lungs would need to be investigated because of their 

thicker and more complex visceral pleural layer. In human lungs, it is possible that measured 

elasticity values could be mainly reflected by the stiff visceral pleura rather than the lung 

parenchymal tissue underneath the pleura. Further, our method is currently incapable of 

decoupling different force components, such as tensional force in the tissue and surface 

tension at the air-liquid interface within the alveoli. However, one possible way to assess 

the tissue stiffness in the absence of the surface tension could be filling the lung with saline 

solution [73]. While this fluid-filling approach could be not clinically applicable, it can 

allow us to evaluate lung tissue properties in certain applications, in particular donor lung 

regeneration [36–38,74].

The stiffness measurements demonstrated in this study are based on a key assumption that 

there is no-slip interaction between the probe and tissue surface [39–42]. Therefore, to 

reduce measurement error, it is imperative to ensure that only the tissue volume just below 

the tubular probe is withdrawn into the tube during measurement. Notably, we occasionally 

observed slipping of surrounding pleural tissue into the probe when the probe was not tightly 

in contact with the tissue surface. When this occurred, we detached the probe from the tissue 

to release the withdrawn tissue and reposition the probe onto the surface for subsequent 

measurements. Further, the equation used can more accurately quantify the elastic moduli 

of materials and tissues with homogeneous structure and linear mechanical properties. 

Therefore, to improve the accuracy in determining moduli of aerated hydrogels and lung 

parenchyma, this equation would need to be modified to accommodate the influence of the 

porous tissue architecture [75,76].
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The measurement platform configuration described in this study was tested in intact ex-vivo 
rat lungs. In the future, a similar aspiration probe could be integrated with a flexible 

polymer and combined with a miniature camera or optical fiber for monitoring local tissue 

deformation in vivo and providing tissue stiffness values intraoperatively during open-chest 

surgery or video-assisted lung surgery. Further, such device can be combined with a scope 

(e.g., bronchoscope, endoscope, etc.) and deployed into the patients’ body to evaluate tissue 

properties for localized and timely evaluation of pathologic tissue in situ.

5. Conclusions

The ability to determine mechanical properties of local tissue without disrupting intrinsic 

structure and biology can provide invaluable insights into the correlation between 

tissue stiffness and function. Here, we reported a non-destructive method for measuring 

mechanical properties in intact tissues and biomaterials. Because this method can be used 

to evaluate stiffness of both native tissues and biomaterials, it may be particularly useful in 

the design and characterization of biomimetic materials that aim to replicate mechanical 

properties of native tissues for use in therapeutics (e.g., tissue adhesives, sealants) or 

in vitro models [77,78]. Furthermore, this method could be used to evaluate acutely 

injured lungs, and potentially serve as a diagnostic tool for donor organ evaluation. While 

the current measurement system is applicable to in-vitro and ex-vivo measurements of 

tissues, we envision that in-vivo tissue characterization could be achieved with a modified 

configuration. Such a system could then be applied across a variety of organs and tissues to 

aid in diagnosis, evaluation, and treatment of injury and disease.
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Statement of significance

Accurate quantification of tissue stiffness is critical for understanding mechanisms of 

disease and developing effective therapeutics. Current modalities to measure tissue 

stiffness are destructive and preclude accurate assessment of lung mechanical properties, 

as lung mechanics are determined by complex features of the intact lung. To address 

the need for alternative methods to assess lung mechanics, we report a non-destructive 

vacuum-based approach to quantify tissue stiffness. We applied this method to correlate 

lung tissue mechanics with tissue disruption, and to assess the stiffness of biomaterials. 

This method can be used to inform the development of tissue-mimetic materials for use 

in therapeutics and disease models, and could potentially be applied for in-situ evaluation 

of tissue stiffness as a diagnostic or prognostic tool.
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Fig. 1. Overview of vacuum-based measurement of elastic moduli of soft biomaterials, including 
hydrogels and tissues:
Schematic of (A) hydrogel and (B) lung tissue deformed via vacuum pressure. PV: vacuum 

pressure. LE: elongation length. (C) Custom-built system to measure the stiffness of soft 

biomaterials and ex vivo lung. (D) Schematic of measurement system. P: Air pressure 

sensor.
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Fig. 2. Gelatin hydrogel (4%w/v) used to evaluate functionality of the measurement system:
(A) Stiffness measurement was demonstrated using a dome-shaped 4% w/v gelatin hydrogel 

formed on a PDMS substrate. To enhance visibility of gel deformation, fluorescein dye 

was added to the gelatin. (B) Via edge detection, the deformed shape of the gelatin was 

determined. (C) Merged image of the deformed region of the gelatin showing elongation of 

the gel due to vacuum pressure over time.
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Fig. 3. Cyclic vacuum-loading on gelatin hydrogels of different concentrations:
Applied negative pressure (PV) and measured elongation length (LE) are plotted for (A) 4%, 

(B) 10%, and (C) 15% w/v gelatin. For all samples, the rate of negative pressure increased 

or decreased (i.e., slope of aspiration curve) was approximately 2.25 kPa/s. (D) Elongation 

length (LE) of the gelatin under PV of −5 kPa was determined during elongation and 

relaxation period of the gel, respectively. (E) Elastic modulus (E) of each gelatin hydrogel 

was determined based on the measurement condition. All values represent mean ± standard 

deviation. *p < 0.001.
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Fig. 4. Effects of porosity on gelatin deformation mechanics:
(A) Aerated 10% w/v gelatin was tested to investigate the correlation between gel porosity 

and stiffness. (B) Images of the aerated gel showing deformed shape under vacuum pressure 

(PV) of −10 kPa. (C) Deformation of both aerated and non-aerated (control) 10% w/v gelatin 

under cyclic vacuum pressure loading over time. (D) Elastic modulus (E) of the aerated and 

non-aerated 10% w/v gelatin. All values represent mean ± standard deviation. *p < 0.001.
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Fig. 5. Deformation behavior of ex vivo rat lungs:
(A) (i) Photograph and (ii) schematic of setup for measuring stiffness of ex vivo rat lung. 

P: air pressure sensor. (B) Lung tissue was subjected to vacuum pressure of −2 kPa via a 

glass capillary tube (inner diameter: 1.5 mm) while the intra-alveolar pressure (PALV) was 

maintained at different pressure levels: (i) 2 cmH2O, (ii) 5 cmH2O, (iii) 10 cmH2O. (C) 

Elongation length (LE) measured while varying magnitude of vacuum pressure (|PV|). (D) 

Maximum elongation length (LE) and (E) elastic modulus (E) of lung tissue against different 

PAlv. **p < 0.05.
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Fig. 6. Effects of enzymatic tissue disruption on lung deformation mechanics:
(A) Schematic of lung tissue disruption induced by intratracheal instillation of trypsin with 

ICG fluorescent dye. (B) (i) Explanted rat lungs before trypsin challenge. (ii) Distribution 

of trypsin/ICG (red) in alveolar space visualized via NIR imaging. (C) Pressure-volume 

(PV) curves of the lung before and after trypsinization were obtained by measuring the 

intra-alveolar pressure (PAlv) and volume (VL) of air inspired or expired through the trachea 

of the lung using a small animal ventilator. (D) H&E images of the alveoli of (i) control 

(healthy) and (ii) enzymatically disrupted rat lungs.
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Fig. 7. Alteration in elastic moduli of enzymatically disrupted lung parenchyma:
(A) Maximum elongation length (LE) and (B) elastic modulus (E) of lungs were determined 

under different PAlv for both control (healthy) and trypsin challenged (disrupted) lungs. All 

values represent mean ± standard deviation. **p < 0.05.
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