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Microbial production of iron (oxyhydr)oxides on polysaccharide rich biopolymers occurs on such a vast

scale that it impacts the global iron cycle and has been responsible for major biogeochemical events. Yet

the physiochemical controls these biopolymers exert on iron (oxyhydr)oxide formation are poorly

understood. Here we used dynamic force spectroscopy to directly probe binding between complex,

model and natural microbial polysaccharides and common iron (oxyhydr)oxides. Applying nucleation

theory to our results demonstrates that if there is a strong attractive interaction between biopolymers

and iron (oxyhydr)oxides, the biopolymers decrease the nucleation barriers, thus promoting mineral

nucleation. These results are also supported by nucleation studies and density functional theory.

Spectroscopic and thermogravimetric data provide insight into the subsequent growth dynamics and

show that the degree and strength of water association with the polymers can explain the influence on

iron (oxyhydr)oxide transformation rates. Combined, our results provide a mechanistic basis for

understanding how polymer–mineral–water interactions alter iron (oxyhydr)oxides nucleation and

growth dynamics and pave the way for an improved understanding of the consequences of polymer

induced mineralization in natural systems.
Introduction

Microbially produced iron (oxy)hydroxides have a large impact
on the global iron cycle1 and have inuenced the creation of an
oxygen-rich atmosphere.2 For common iron oxidizers such as
Gallionella (Fig. 1a) and iron reducers such as Shewanella
(Fig. 1b) we nd nanoparticles of hydrated iron phases on their
lamentous polysaccharide rich stalks3 and extracellular poly-
meric substances (EPS) respectively.4,5 This intimacy suggests
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that the organic compounds are involved in the nucleation
process of the iron phases. The microbial polymers are known
to strongly affect subsequent nanoparticle behaviour in soils
and sediments such as growth,6–9 transformation,10,11 aggrega-
tion9,11,12 and reactivity.3,11,13,14 Yet, we do not know if the poly-
mers drive the nucleation or if they merely adsorb at the already
formed nanoparticles. In the case of directed control of poly-
mers over nanoparticle nucleation, the formation of nano-
particles can occur at a lower driving force (e.g. supersaturation)
than currently assumed, which will add to the signicance of
microbial biomineralization in the iron and carbon cycles.
Currently, the physicochemical controls exerted by these
biopolymers on iron (oxyhydr)oxide behaviour is poorly under-
stood which makes it difficult to assess the impact of such
interactions on an environmental level.

Iron (oxyhydr)oxides are common products of aqueous
processes and are readily found in soils and sediments.15 In
solution, iron (oxyhydr)oxides form by attachment of primary
entities such as ionic complexes16 or poorly to well crystalline
nanoparticles.6,17–20 The size of the primary entities is between
�1–4 nm.6,16 In oxic environments, ferrihydrite (�Fe8.2O8.5(-
OH)7.4$3H2O), an iron (oxyhydr)oxide with the smallest particle
size among iron oxides, is one of the most stable phases at the
nanoscale21 and is generally the rst one to precipitate. It is
poorly crystalline, has highly charged surface sites and trans-
forms to other iron (oxyhydr)oxides over time.22 At
Nanoscale Adv., 2020, 2, 3323–3333 | 3323
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Fig. 1 (a) Polysaccharide stalks from Gallionella and (b) EPS produced
by Shewanella are both associated with iron (oxyhydr)oxide formation.
(c) We covalently attached alginate and EPS to an AFM tip and brought
the polymers in contact with ferrihydrite and hematite and obtained
dynamic force spectra. (d) Force curves typycal for interaction
between polymer brushes and minerals. Distance along the y-axis is
the length between the surface and the tip pulling away from the
surface. To derive single polymer binding events, we applied worm-
like chain fits (black curve) for the last rupture event for each force
curve.
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circumneutral pH, a common product of ferrihydrite trans-
formation is hematite (Fe2O3), which is the most stable
macroscopic iron oxide.21,23 Hematite has a low surface charge
and well developed crystal faces, where the most stable crystal
face is the {00.1}.24,25 The formation of ferrihydrite in solu-
tion26,27 and its subsequent transformation28,29 has long been
investigated but the mechanisms underlying the nucleation of
iron (oxyhydro)oxides and their transformation behaviour on
substrates, such as biopolymers, is lacking.

Considering the principles of nucleation theory, there are
twomain processes by which polymers can facilitate nucleation:
by locally increasing the ion activity and the supersaturation30

or by decreasing the free interfacial energy of the polymer–
nuclei–solution system, g.31,32 One hypothesis is that microbial
polymers decrease g for iron (oxyhydr)oxide formation, thus
reducing the system's free energy barrier to nucleation, DG*,
which is proportional to g3 through:33

DG* ¼ Fu2g3

kBTs2
; (1)

where u represents the molecular volume, kB, the Boltzmann
constant, T, the temperature and s, the saturation. Because
nucleation probability scales exponentially with DG*, a small
decrease in g of the polymer–nuclei-solution has a huge impact.
This was previously demonstrated for nucleation of a relatively
soluble mineral, calcite (CaCO3), on polysaccharides33 and
a direct method to test this hypothesis was established in
3324 | Nanoscale Adv., 2020, 2, 3323–3333
a separate study,34 which conrmed the theoretical prediction35

that, for any heterogeneous nucleation process, g of polymer–
nuclei-solution system is directly proportional to the free energy
of crystal-substrate binding (i.e., adhesion), DGadh:

g ¼ �h

a
DGadh þ ð1þ hÞgCL; (2)

where h represents a nucleus shape factor, a, the area of inter-
action per molecule and gCL, the crystal–liquid interfacial free
energy. This means that large DGadh, independent of any
additional effects from a substrate (e.g. enhanced ion
binding30), would translate into a reduced g and hence
a decreased DG*. Here, we use this relationship established for
polymer–calcite system to investigate whether polymer–iron
(oxyhydr)oxide binding is strong enough to decrease the inter-
facial free energy for formation of poorly soluble iron (oxyhydr)
oxides and hence, to determine whether this is the driving
mechanism behind their formation on biopolymers.

It has been difficult to experimentally determine DGadh at the
bond level between minerals and polymer assemblies (polymer
brush) such as polysaccharide and EPS. DFS is an atomic force
microscopy (AFM) based technique that have been used to
address binding between a polymer and a substrate. DFS
measures the force required to rupture the bond, fr, between
a substrate and a polymer attached to the AFM tip (Fig. 1c), as
a function of loading rate, lr. This approach has traditionally
been challenging to apply for a polymer brush because of both
analytical challenges related to interpret the non-linear depen-
dence of extension as well as unravelling the unknown amount
of bonds clustered at the probe–surface contact. The latter has
been circumvented by having just one (or a few) molecules on
the tip. However, a polymer brush is a better representation of
a natural system and would allow us to take intramolecular
forces between the biopolymers into account. Recently,
however, a new approach was formulated where direct infor-
mation about the interaction between extendable polymer
brushes and mineral surfaces was obtained.36 The approach is
polymer brush-based dynamic force spectroscopy (DFS).36 The
polymer brush-based approach provides a way for extracting
rupture forces that approximate single polymer events from
a polymer coated probe. This technique is highly relevant for
natural systems when polymers oen occur in close proximity
and polymer–polymer interactions take part in the overall
binding. We used alginate polysaccharide as a model for poly-
saccharide rich bacterial stalks and EPS extracted from Shewa-
nella as a real representation of the extracellular environment
where bacteria inuence iron (oxyhydr)oxide precipitation.
Besides polysaccharides, EPS can contain proteins, nucleic
acids, phospholipids and humic substances37 but poly-
saccharides have been shown to play a decisive role in iron
(oxyhydr)oxide crystallisation and geochemical cycling.3,38,39 We
covalently attached alginate and EPS to AFM tips and collected
force curves from surfaces of either ferrihydrite nanoparticles or
a polished, single crystal of hematite {00.1} (Fig. S1†). The large
hematite crystal ensures that we are probing only this most
stable and most represented face. The nanoparticulate ferrihy-
drite substrate ensures that we are probing a variety of possible
This journal is © The Royal Society of Chemistry 2020
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surfaces characteristic for such a poorly crystalline and yet
structurally unresolved iron (oxyhydr)oxides.

If indeed the polymers decrease g, we would expect the
polymer–nuclei-solution system to form smaller nuclei
compared to a polymer-free system because a lower nucleation
barrier would result in more nuclei compared to a system with
a higher barrier. Thus, we tested the results from the binding
experiments performed on ferrihydrite and hematite surfaces to
bulk nucleation experiments. For the bulk experiments, we
coprecipitated alginate-containing and alginate-free ferrihy-
drite and used pair distribution function (PDF) and trans-
mission electron microscopy (TEM) to determine the resulting
particle size. In addition, we used cryogenic X-ray photoelectron
spectroscopy (XPS) and thermogravimetric analysis (TGA) to
gain information on the transformation processes. Addition-
ally, we used density functional theory (DFT) to support the
ndings. Our results are consistent across scales, from single-
molecule binding experiments and simulations to bulk nucle-
ation studies.
Experimental
Preparation of hematite and ferrihydrite substrates for DFS

We used the {00.1} face from a polished, single crystal of
hematite as a substrate for DFS measurements. The {00.1} face
was cleaned in 1 M NaOH at 60 �C for 1 h to remove fatty
contamination, sonicated for 20 min to remove particulate
contaminants, rinsed with ultradeionised water (MilliQ, resis-
tivity 18.2 MU cm) and plasma cleaned for 10 min prior to use.
This cleaning procedure results with hematite adventitious
carbon content of 6.9 � 0.7 at%.40 The hematite substrate was
imaged using Cypher ES™ Environmental to conrm the atness
of the surface and the absence of a particulate contamination
((ESI), Fig. S1†).

For preparation of ferrihydrite substrate, we used reagent
grade NaOH (Sigma Aldrich,$98%) and Fe(NO3)3$9H2O (Sigma
Aldrich, $98%). The ferrihydrite substrate was made by nucle-
ating iron (oxyhydr)oxide on freshly cleaved muscovite (Ted
Pella Inc., mica grade V-3) using the protocol of Jun et al.41 Aer
20 minutes, we obtained a substrate of closely packed ferrihy-
drite particles. The adventitious carbon content of such
prepared ferrihydrite substrate, measured with XPS, was 8.3 �
0.4 at%. Prior to DFS experiments, a ferrihydrite substrate was
imaged in air or liquid using a Cypher ES™ Environmental or
a MFP3D AFM to conrm uniform coverage (Fig. S1†).
Tip functionalization

We functionalised the tips with (a) alginate (Pronova UP LVM,
Novamatrix, Norway) and (b) a saccharide-rich and protein-poor
(ratio 3.64 : 1) EPS fraction extracted from the biolm of She-
wanella oneidensis strain MR-1, using the procedure from Cao
et al.42 To functionalize the tips, the alginate and EPS were
covalently attached to sharpened silicon nitride MSCT tips from
Bruker (nominal spring constant, k ¼ 0.01–0.6) using the
protocol from Sletmoen et al.43 Briey, the AFM tips were
thoroughly rinsed using 3 sequences of ethanol and MilliQ
This journal is © The Royal Society of Chemistry 2020
water and aer drying, they were plasma cleaned for 10
minutes, then silanized in freshly prepared 1% (v/v) solution of
trimethoxysilylpropyl–diethylenetriamine and 1 mM acetic
acid, for 20 min at room temperature, then rinsed in MilliQ
water. 1-(3-Dimethylaminopropyl)-3-ethylcarbodiimide hydro-
chloride (EDAC) was used as a coupling agent between the
amino groups of the silanized AFM tips and the carboxylate on
the polysaccharide. 0.5 mg ml�1 EDAC was incubated for 1 h
with 20 mg ml�1 alginate or EPS in 50 mM boric acid, pH 5.8.
DFS data acquisition

DFS is a method to directly measure the forces between
a complex organic molecules and a mineral surface. These
forces are then recalculated into bond parameters used to
derive thermodynamic parameters such as DGadh. DFS
measurements were made using an Asylum MFP3D AFM at 20 �C
in 10 mM NaCl (Sigma Aldrich, $99.5%). 10 mM NaCl solution
was used to minimise the repulsive van der Waals forces
between the tip and substrate and to avoid possible complexa-
tion between PS/EPS and divalent cations. All solutions were
ltered through a 0.22 mm lter (Whatman) prior to use. To
avoid damage to the tip during the force measurements, we
used the minimum trigger force possible (in general, 120 pN)
and determined the true cantilever spring constant at the end of
the measurement. The spring constant was measured using the
thermal calibration method,44 at a trigger point of 2500 pN.
Subsequently, the tip was discarded. During the DFS measure-
ments, we used a constant approach rate of 500 nm s�1 and
a dwell time of 1 s. We collected force curves for seven retraction
velocities, for each experiment, ranging from 5 nm s�1 to 10 mm
s�1, to sample energy proles in both the near equilibrium and
far from equilibrium regimes. The retraction velocity was
changed every 5 force curves, while the tip probed random
points on the surface. This approach minimized the effect of
local mineral heterogeneities. A minimum of 20 such cycles was
made for each experiment, resulting in at least 700 force curves
per experiment.
DFS data analysis

We used the single bond theory developed by Friddle et al.45 for
data interpretation, where fr is plotted against the lr. We used
the polymer brush-based approach developed by Sand et al.36 for
the data treatment. In brief, to approximate single polymer
event, we only considered the rupture events that most likely
represent the rupture/bond breaking between a single polymer
and the substrate. Because of tip geometry, the last rupture
event, i.e. the event where the tip is furthest from the substrate,
has the highest likelihood of representing a single rupture
event. To further discriminate between multiple and single
rupture events, we applied the worm-like chain (WLC) model to
that last rupture event to estimate the number of interacting
molecules, N, involved in the rupture:

fLapp

kBT
¼ x

L
þ 1

4
�
1� x

L

�2 � 1

4
(3)
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and

Lapp ¼ Lp

N
; (4)

where f represents the force, Lapp represents the apparent
persistence length, L, the contour length of the polysaccharide,
x, the tip-surface separation and Lp, the persistence length of
a single polymer. Lapp describes the steepness of each force
curve. Lapp decreases with increasing number of polymer
molecules participating in the adhesion cluster. Thus,
measurements with the highest recurring persistence length
most closely correspond to a single polymer and therefore
approximate a single polymer rupture event.36 All curves were t
with the WLC model. We discarded the curves with poor t
parameters (a WLC tting parameter, R, lower than 80%, and an
error above 10% of the Lapp value (the standard deviation of the
Lapp � 100/Lapp)). Of those statistically selected curves, we only
accepted the force curves with Lapp > 1 nm in order to approx-
imate single polymer interactions (histogram (Fig. S10), more
information in the ESI-Section 11†). That gave a nal set of
curves with an average R of 93%� 3 for the WLC t and showed
that 90, 94 and 87 curves approximate a single polymer event for
alginate–hematite, alginate–ferrihydrite and EPS–ferrihydrite,
respectively. This number of single polymer events is consid-
erably larger than the 6 force curves needed to describe a single
bond interaction, at a 99% condence level.46 Following the
approach of Sand et al.,36 rupture events were ltered for curves
showing the highest persistence lengths. For those measure-
ments, we calculated the actual/true loading rate by measuring
the change in force over time, lr ¼ dF/dT. The ltered curves
were plotted as themean rupture force vs.mean loading rate. An
example of the histograms of rupture forces and loading rate
distributions for one data point in the equilibrium regime for
each experimental set is included in Fig. S11.† We determined
experimental values for the equilibrium force, feq, distance
between transition states, xt, and intrinsic unbinding rate, koff,
by tting our rupture forces for the single polymer events vs.
loading rate to the equation:45

hf iy feq þ fbe

1

RðfeqÞ E1

 
1

R
�
feq
�
!
; (5)

where

R
�
feq
� ¼ lr

ku
�
feq
�
fb

; (6)

E1ðzÞ ¼
ðN
z

e�s

s
ds; (7)

and where fb ¼ kBT/xt.
We calculated the adhesion free energy per unit length

following the polymer brush-based approach.36Manohar et al.,47

related feq to the adhesion free energy per unit length, gadh, by:

gadh ¼
kBT

b
ln

0
@4p sin h

� feqb
kBT

�
feqb

kBT

1
A; (8)
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where b represents the Kuhn length of the polymer (b ¼ 2Lp).
For large values of the argument, feqb/kBT[1, Manohar et al.48

has shown that eqn (8) reduces to (ESI Section 13†):

gadh z feq. (9)

The free energy of adhesion per monomer then follows as:

DGadh ¼ gadhlmono z feqlmono, (10)

where the monomer length lmono ¼ 0.675 nm represents the
sum of a saccharide ring length (0.483 nm)49 with the length of
the carboxyl group expected to be involved in the bonding (0.192
nm).
Density functional theory (DFT)

Plane-wave DFT calculations were performed with the projector
augmented-wave (PAW)50,51 method, as implemented in the ab
initio total energy and molecular dynamics program VASP
(Vienna Ab initio Simulation Package).52–54 The calculations
made use of the Perdew–Burke–Ernzerhof (PBE)55,56 generalized
gradient approximation (GGA) of the exchange-correlation
potential. The rotationally-invariant variant to the DFT+U
approach57 was employed to treat the Fe 3d electrons with an
effective on-site parameter Ueff of 3.81 eV,58 on the surface of
interest to this work. A plane-wave cutoff energy of 600 eV was
used throughout. A 2 � 2 hydroxyl-terminated {00.1} hematite
slab with 4 iron bilayers was constructed from the crystallo-
graphic structure of Blake et al.59 An alginate monomer was
initially placed with its center of mass approximately 5 Å above
the surface. A constant volume ab initio molecular dynamics
(AIMD) simulation was then run at 50 K for 5 ps to let the
alginate monomer bind to the surface. The AIMD simulation
was followed by energy minimization with the conjugate
gradient approach. Energy minimizations of the isolated
hematite surface and alginate monomer were performed to
calculate the alginate adsorption energy at the {00.1} surface. An
energy minimization with 3 water monolayers was also made to
compare the alginate adsorption energy to that of water.
Synthesis of hematite and ferrihydrite nanoparticles, and
their coprecipitates and complexes with alginate

Hematite was precipitated following the protocol of Barton
et al.,60 by slowly dripping 60 ml of 2 M iron(III) nitrate
(Fe(NO3)3$9H2O) (Sigma Aldrich,$98%) solution into 750 ml of
boiling MilliQ. The reaction time was approximately 30 min,
aer which the solution was removed from the heater and le
overnight, at a room temperature, to cool. The next day, the
solution was poured into MilliQ water rinsed dialysis bags
(Spectra/Por tubing) and dialyzed against MilliQ water until the
conductivity of solution approached that of MilliQ water (7
days).

Ferrihydrite was prepared following the method of
Schwertmann and Cornell.23 We added 1 g Fe(NO3)3$9H2O
(Sigma Aldrich, $98%) to 12.5 ml MilliQ water and dropwise
added 1 M NaOH at 2 ml min�1 under vigorous stirring. When
This journal is © The Royal Society of Chemistry 2020
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pH reached 6.8, the titration was stopped and the precipitates
centrifuged and rinsed 3 times in MilliQ water.

When ferrihydrite was coprecipitated with alginate poly-
saccharide (Pronova UP LVM, Novamatrix, Norway), alginate
was added to MilliQ water to obtain a total concentration of
0.1% PS. The PS-MilliQ solution was adjusted with 1 M HCl to
pH 2.5 before starting the titration, which wasmade in the same
way as for the pure ferrihydrite precipitate. Once the titration
stopped, the suspension was centrifuged and rinsed 3 times in
MilliQ water.

Hematite could not have been coprecipitated with alginate
because the water-boiling temperature during the synthesis
would degrade the alginate. To make TGA and cryoXPS analyses
comparable for ferrihydrite and hematite, we preparedmixtures
of ferrihydrite with alginate, and hematite with alginate. We
added ferrihydrite and hematite powders to 10 mM NaCl, 0.1%
(w/w) alginate solution and kept the specic surface area/liquid
ratio the same. The 15 ml PET tubes containing alginate–iron
(oxy/hydr)oxide complexes were shaken overnight, ultra-
centrifuged and washed by ultracentrifugation with 45 ml of
10 mM NaCl solution to remove excess alginate, then freeze-
dried.
Characterisation of (alginate-) ferrihydrite and (alginate-) and
hematite nanoparticles

X-ray diffraction (XRD). The diffractograms were recorded in
reectionmode on a Bruker D8 Advance, using Cu Ka radiation (l
¼ 1.54 Å) and a LynxEye silicon strip PS detector. Samples were
mounted on Si low-background sample holders and the scat-
tering from the powders was recorded from 10–90� 2Q with step
size of 0.04� 2Q and 3 s counting time. The sample was spun at
20 rpm. We used 0.3� primary and 3� secondary slits, 2.5� Soller
slits on incident and diffracted beams and a 0.02 mm thick Ni
lter. The diffractograms of pure hematite and ferrihydrite are
shown in ESI (Fig.S2†).

Pair distribution function (PDF). X-ray scattering data for
pair distribution function (PDF) analyzes were obtained at beam
line 11-ID-B at the Advanced Photon Source, Argonne National
Laboratory. The X-ray energy was 58.66 keV and scattered X-rays
were detected with a 40 cm � 40 cm amorphous Si 2D detector
(Perkin Elmer), placed approximately 15 cm from the sample.
From measurement of a CeO2 standard, the geometry of the
experimental setup was calibrated using the soware Fit2D.61

Samples were mounted in Kapton capillary tubes (Cole-Parmer)
and measured for 5 min. The obtained 2D data were converted
to polarization corrected 1D data with Fit2D. PDFs were then
obtained with the soware PDFGETX2,62,63 using standard data
treatment procedures, including subtraction of the background
measured for an empty sample holder, subtraction of the
incoherent scattering, normalization by the average atomic
scattering cross section, correction for nonlinear detector effi-
ciency and Fourier transform of the reduced scattering struc-
ture function (Q[S(Q) � 1]). For data treatment, the composition
of ferrihydrite was assumed to be Fe8.2O8.5(OH)7.4$3H2O, based
on the composition for the 2 nm varian.64 A maximum Q of 24
Å�1 was used for the Fourier transform of Q[S(Q) � 1]. The
This journal is © The Royal Society of Chemistry 2020
soware PDFgui65 was used to calculate PDFs based on the
structure for 2 nm ferrihydrite66 and the structural parameters
and the size of the coherent scattering domains were tted to
minimize difference between calculated and measured
patterns. All parameters were tted in the order: (1) scale,
correlated atomic movement (d2), spherical size of coherent
scattering domains, (2) unit cell dimension, (3) isotropic atomic
displacement parameters, (4) Fe occupancy and (5) atomic
position constrained within the space group of the ferrihydrite
model (P63mc). Prior to the ferrihydrite tting, instrument
dampening (Qdamp) of 0.047 was determined from t to the
measured PDF for synthetic, well crystallized goethite.

Transmission electron microscopy (TEM). Droplets of the
suspended ferrihydrite and ferrihydrite–alginate particles were
deposited on TEM grids, dried and imaged with a eld emission
JEM2100-F (JEOL Ltd) operated at 200 kV.

Thermogravimetric analyses (TGA). Around 40 mg of solid
was added to the crucible and data were obtained from 30 to
1000 �C with a heating rate of 10 �Cmin�1 under N2 atmosphere
using a Netzsch TG 209 Libra.

X-ray photoelectron spectroscopy (XPS). We used XPS at
room temperature and in cryogenic mode (cryoXPS) for in situ
investigation of the composition of the solid–solution inter-
face.67–69 The instrument was a Kratos Axis UltraDLD spectrometer
operated with Al monochromatic Ka radiation (1486.6 eV; 150
W). A charge neutraliser was used to compensate for the
charging resulting from the photoelectron emission. We used
CasaXPS to t the data and the Shirley algorithm for back-
ground subtraction. The binding energy (BE) scale was cali-
brated by setting the O 1s energy to 530.0 eV.70 The
photoelectron peaks were tted using a combination of 30%
Gaussian and 70% Lorentzian contributions. We prepared
suspensions of ferrihydrite and hematite nanoparticles in 0.1%
alginate solution and in pure MilliQ and adjusted pH to 5.5 �
0.1. The suspensions were le to equilibrate for 18 hours in
15 ml PET tubes. The data acquisition protocol was previously
described by Jelavić et al.71 In short, the suspensions were
ultracentrifuged for 10 min and the supernatant was decanted,
a small amount of the wet sediment was transferred directly to
the XPS antechamber precooled with liquid nitrogen to�170 �C
where the wet paste immediately vitried. The sample was then
transferred to the analysis chamber also cooled at �170 �C with
liquid nitrogen and analysed, under ultrahigh vacuum condi-
tions, �10�9 Torr (V-vitried sample). Once the analysis in
cryogenic conditions was done, the liquid nitrogen line was
disconnected and the sample was then le in the analysis
chamber overnight to warm up to ambient temperature. The
next morning, the same sample was analysed at ambient
temperature and the similar vacuum conditions (RT-room
temperature sample). As a reference, we recorded dry powders
of ferrihydrite, hematite and alginate at ambient temperature
(Fig. S3†).

Results and discussion

For all force curves, we observed the characteristic saw tooth
pattern for polymer detachment (red curves in Fig. 1d) that
Nanoscale Adv., 2020, 2, 3323–3333 | 3327



Fig. 2 Dynamic force data displayed as rupture force in pN vs. loading
rate in Nm�1 (a–c) The data points represent the values for each velocity
pool with standard errors. The curve (red, purple or green) is a fit to the
single bondmodel. The parameters obtained from the fitting are d listed
in Table 1. The intercept between the plateau of rupture forces in the
near equilibrium regime and the y-axis defines the feq, the slope of the
kinetic regime defines the xt and the intercept between a tangent of the
kinetic regime and the x-axis (r0) defines the koff (b ¼ e�0.557xt/kBT). (d)
Reaction coordinates for unbinding from a bound state. Alg-alginate;
EPS-extracellular polymer substance; FHY-ferrihydrite; HEM-hematite;
DGadh-the crystal-polymer binding free energy.

Table 1 Bond parameters

xt
a (pm) koff

b (s�1) feq
c (pN) DGadh

d (kBT)

Alginate–hematite 25 � 5 74 � 18 71 � 4 11.6 � 0.6
Alginate–ferrihydrite 10 � 8 240 � 94 116 � 2 19.1 � 0.3
EPS–ferrihydrite 16 � 8 307 � 180 139 � 6 22.8 � 1.0

a xt, the distance to the transition state. b koff, the intrinsic unbinding
rate. c feq, the equilibrium rupture force. d DGadh, the crystal–polymer
binding free energy. Numbers in grey represent the standard error.

3328 | Nanoscale Adv., 2020, 2, 3323–3333
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arises from multiple rupture events. Aer extracting the curves
approximating single polymer interactions36 we plotted the
average rupture force (fr) for single polymers as a function of the
average loading rate (lr) of alginate–hematite, alginate–ferrihy-
drite and EPS–ferrihydrite systems (Fig. 2a–c). The observed
trends for fr vs. lr exhibit the characteristic shape of DFS curves,
that cross the two fundamental regimes of bond breaking: the
near equilibrium plateau at low lr and the kinetic regime of
increasing fr at high lr45,72 (grey text in Fig. 2a).

We applied the single bond analysis45 adopted for polymers36

to our dynamic force spectra (Fig. 2a–c) and extracted the
equilibrium force (feq), the intrinsic unbinding rate (koff), and
the distance between transition states (xt). Knowing feq, we ob-
tained the crystal–polymer binding Gibbs free energy (DGadh)
using eqn (8)–(10). The parameters and standard errors are
presented in Fig. 2d and Table 1. While the EPS–ferrihydrite
bond properties are similar to those for alginate–ferrihydrite,
both are distinct from the properties of the alginate–hematite
bond. DGadh is slightly higher for EPS–ferrihydrite (22.8� 1 kBT)
than for alginate–ferrihydrite (19.1 � 0.3 kBT) but both are
nearly twice greater than for alginate–hematite (11.6 � 0.6 kBT).
EPS–hematite was previously shown to be 8.6 kBT (using
a similar approach).36 Similarly, xt and koff for the ferrihydrite
systems are indistinguishable, within experimental error,
whereas koff is�4 times smaller for the alginate–hematite bond.
koff is a measure of the kinetic barrier to bond breaking and the
higher values for ferrihydrite imply that the bond strength of (E)
PS to ferrihydrite is stronger than to hematite.

Effects of bond strength on iron oxide nucleation

The values of DGadh can now be used to evaluate the impact of
polymer–mineral interaction on g and on ferrihydrite and
hematite nucleation (eqn (2)). To calculate g, we need the
crystal–liquid interfacial free energy, gCL, which is difficult to
measure experimentally but it is related to mineral solubility,
Ceq, through an empirical approximation:73

gCL ¼ �18.3 log(Ceq) + 34.5. (11)

particle size and solution speciation (Section 6 in ESI, Table
S1†). Assuming hematite forms from aggregation of ferrihy-
drite,28 we have used solubility data for 3 nm ferrihydrite and
6 nm hematite, which give gCL of 159 and 224 mJ m�2 (eqn (11),
more details in Section 7-ESI†). Our gCL (ferrihydrite) ¼ 159 mJ
m�2 is comparable with the gCL (ferrihydrite) ¼ 186 mJ m�2

estimate based on the thermodynamic data.22 There are no
This journal is © The Royal Society of Chemistry 2020



Table 2 Interfacial free energy, g (mJ m�2), as a function of h and a (nm2)a

DGadh

Alginate–hematite Alginate–ferrihydrite EPS–ferrihydrite

28.8 kJ mol�1 47.3 kJ mol�1 56.5 kJ mol�1

gCL 224 mJ m�2 159 mJ m�2 159 mJ m�2

h/a 0.1 0.2 0.3 0.4 0.5 0.1 0.2 0.3 0.4 0.5 0.1 0.2 0.3 0.4 0.5

0.3 147 219 243 255 262 �30 88 128 148 159 �76 65 112 136 150
0.5 96 216 256 276 288 �156 41 107 140 160 �233 3 81 121 144
0.8 20 211 275 307 327 �345 �29 76 128 160 �457 �91 35 98 135

a g for nucleation on the polymer as a function of area for possible interaction, a, and shape factor, h. Nucleation is favored (black) when g < gCL and
unfavorable when g > gCL (grey). DGadh, the crystal–polymer binding free energy.

Fig. 3 DFT simulation of (a) hematite–water and (b) hematite–alginate
binding.
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estimates for gCL of nanoparticulate hematite but taking the
value of 830 mJ m�2 estimated for bulk hematite21,22 and
knowing that its value ought to decrease with decreasing
particle size, our estimate follows the trend. Using the values of
DGadh from the DFS measurements and gCL derived from the
solubility, we derived g for the realistic combinations of a and h
(Table 2). The exact values of a and h for iron (oxyhydr)oxides
nucleation in these systems are not known but based on poly-
saccharide conguration and possible nucleus shapes (e.g. h ¼
0.5 for a hemisphere)32 we estimated possible ranges (Table S3,
Section 8-ESI†). For ferrihydrite, both alginate and EPS decrease
the interfacial free energy for nucleation compared with
nucleation in the bulk solution (gCL) for most values of a and h
(PS: a # 0.4 nm2 and EPS: a # 0.5 nm2). For alginate–hematite
interactions, nucleation on the polymer is only favorable if a is
extremely small, perhaps unreasonably so (Table 2). Adapting
a smaller grain size for hematite gives slight favourable condi-
tions for direct nucleation on the polymer if a #0.3 nm2, but is
still below the ranges calculated for ferrihydrite.

The results raise the question of why EPS promotes iron
oxide nucleation more than alginate. The bond dynamics
explored here are expected to be driven by electrostatic inter-
actions between negatively charged groups of EPS and alginate
and positively charged iron oxide surface sites. First, we note
that the covalent bond between polysaccharide molecules
anchored to an AFM tip and the substrate breaks at about 2 nN
(ref. 74) and our DFS data show that our measured rupture
forces are well below such a value. Thus, the stronger feq and
DGadh found for EPS is likely to reect compositional differ-
ences between EPS and alginate. In addition to COO�, EPS also
contains proteins and lipids.42,75 The amine groups from the
proteins are positively charged while the phosphate groups are
negatively charged and both could contribute to binding. Beside
the electrostatic contribution from the functional groups, the
difference in feq between alginate–ferrihydrite and EPS–ferri-
hydrite could be caused by differences in steric effects between
polymer and substrate and/or variations in oxygen–oxygen
interactions between the functional groups.32

The solubilities for ferrihydrite and hematite are a function
of in the DFS approach, we only measure the strongest bond,
but in a bulk system, a number of bonds act between alginate
This journal is © The Royal Society of Chemistry 2020
and the mineral surface. We used DFT to compare the adsorp-
tion energy of the full alginate monomer and water molecules to
a hematite {00.1} face. Even at neutral conditions, i.e., where the
interaction between the mineral surface and the alginate
monomer exclude the electrostatic contribution, alginate
adsorption still has a signicantly more favorable adsorption
Nanoscale Adv., 2020, 2, 3323–3333 | 3329
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energy than water (that represents a pure system). The alginate
monomer binds to the hematite surface through two alcohol
groups and a carboxyl group and involves a total of four
hydrogen bonds; adsorption energy is �1.11 eV. In contrast,
a single water molecule interacts with the surface through two
hydrogen bonds; adsorption energy of �0.43 eV. Even under
neutral conditions, the hematite–alginate bond is signicantly
more exothermic than the hematite–water bond (�1.11 vs.
�0.43 eV per molecule) and the alginate interaction results in
stronger surface binding per molecule than water (Fig. 3).
Nucleation in the bulk system: the size of ferrihydrite
coprecipitated with alginate

The conclusion that polysaccharides, whether alginate or
EPS, decrease the nucleation barrier for ferrihydrite forma-
tion is supported by a parallel set of experiments where fer-
rihydrite nanoparticles were coprecipitated with alginate (we
did not attempt to coprecipitate hematite with alginate
because alginate starts to degrade rapidly at water boiling
temperature).

When the interfacial free energy is low, we expect more
nucleation sites, promoting the growth of smaller crystals than
in a system with fewer nucleation events. TEM (Fig. 4) and PDF
Fig. 4 TEM images of (a) pure ferrihydrite and (b) alginate–ferrihydrite.
Average grain size in nm is given in the upper right corner for n ¼ 22.
Experiments done in duplicates.
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analysis (details in Section 9-ESI†) of our precipitates show that
the alginate-coprecipitated ferrihydrite particles are slightly
smaller and that there is a high coverage of ferrihydrite particles
on the polymer (essentially 100% in Fig. 4b). Although smaller
crystals can also be produced if the growth of the nuclei is
inhibited by the polymer, the qualitative TEM results are
consistent with the conclusion that the biopolymers decrease
the interfacial free energy which is expected to enhance nucle-
ation rates of the iron (oxyhydr)oxides relative to nucleation in
a solution.
The interfacial water of alginate–iron oxy(hydr)oxide
complexes could play a role in their nucleation

The DFS results reported here imply that the polymer–mineral
interaction alone could exert control over iron (oxyhydr)oxide
nucleation. However, TGA and cryoXPS show that the role of the
interactions between the polymer and the surrounding aqueous
medium cannot be ignored. TGA indicates a higher water
Fig. 5 TGA of ferrihydrite, hematite and their complexes with alginate.
The gray curve represents the difference curve obtained by sub-
straction of (a) TG curve of a pure ferrihydrite from the TG curve of
ferrihydrite–alginate complex and (b) TG curve of a pure hematite
from the TG curve of hematite–alginate complex. (a) The negative
difference in weight loss between 100 and 200 �C indicates that
alginate–ferrihydrite contains more water than pure ferrihydrite and
that water is more tightly bound. The positive change in weight loss
over the rest of the curve results from decomposition of the alginate in
the alginate–ferrihydrite sample. (b) The difference in weight loss
between 100 and 200 �C is positive suggesting no extra, tightly bound
water in the alginate–hematite complex compared to pure hematite.

This journal is © The Royal Society of Chemistry 2020



Table 3 Oxygen concentrations and calculated interfacial water content of alginate–ferrihydrite and alginate–hematite complexes

O 1sb (atom %) Interfacial H2O contentc (%) DH2O content (%)

Ferrihydrite MilliQ Va 90.1 8.4 +3.7
RTa 81.7

0.1% alginate V 68.6 12.1
RT 56.5

Hematite MilliQ V 83.6 7.1 �1.8
RT 76.5

0.1% alginate V 70 5.3
RT 64.7

a V-vitried sample, i.e., the spectrum from the sample analysed at cryogenic conditions, and RT-room temperature sample, i.e., the spectrum
acquired from the sample analysed at ambient temperature. b High-resolution spectra of O 1s region of all samples can be found in the ESI.
c Values are calculated by subtracting the oxygen content of the RT sample from the V sample.
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content in alginate–ferrihydrite complexes compared to pure
ferrihydrite (Fig. 5a) and suggests a distinct difference in ther-
mochemical properties between the two systems. This is not the
case for alginate–hematite complex that shows similar ther-
mochemical behavior to pure hematite (Fig. 5b).

These results were conrmed with cryoXPS measurements
(more details in Section 10-ESI†). CryoXPS shows an increased
interfacial water content of 3.7% in the alginate–ferrihydrite
system compared to pure ferrihydrite (Table 3, Fig. S8†). In the
alginate–hematite system, there is a decrease in the interfacial
water content compared to pure hematite (Table 3, Fig. S9†).
The reason for the decrease of the interfacial water content
upon the complexation of hematite with alginate is unknown.
This extra, more strongly bound water in the alginate–ferrihy-
drite interface region is expected to inuence the interfacial
energy and reaction rates and could explain increased ferrihy-
drite transformation rates in the central part of bacterial poly-
saccharide laments.3
Conclusion

We investigated biopolymer induced precipitation of iron
(oxyhydr)oxides by measuring the interfacial free energy of the
polymer–nuclei-solution system. We looked into the precipita-
tion of ferryhidrite and hematite because they are common iron
biominerals. As model bacterial biopolymers, we used alginate
polysaccharide and extracellular polymeric substance extracted
from the biolm of Shewanella oneidensis. We used dynamic
force spectroscopy to determine the equilibrium force and
Gibbs free energy of binding between ferrihydrite and hematite
substrates and biopolymers. Our rationale was that the stronger
the energy of binding, the lower the barrier towards nucleation.
We used the Gibbs free energy of binding to determine the
interfacial free energy of the biopolymer–iron (oxyhydr)oxide-
solution system (heterogeneous nucleation) and compared it
to the interfacial free energy of iron (oxyhydr)oxide-solution
system (homogeneous nucleation).

The higher feq for ferrihydrite than hematite is likely caused
by higher charge density at the surface. Microbial polymers can,
through strong mineral binding (high feq), decrease the nucle-
ation barriers for ferrihydrite and direct nucleation on the
This journal is © The Royal Society of Chemistry 2020
polymers. Our results for complex polymer systems parallel
observations of the impact of organic molecules on carbonate
mineral formation by marine organisms.33,34 In both systems,
the inuence of the charge state of the polymer and polymer–
solvent–mineral interactions, reected in the polymer–mineral
g, suggests that electrostatic interactions are important for
binding and in determining interfacial energies and hence, for
controlling nucleation. In addition to electrostatic interactions,
the DFT simulations suggest that hydrogen bonding might be
an additional source of biopolymer–iron oxide binding. Our
results on thermal stability and interfacial water content of
polymer–mineral complexes imply that the polymer–solvent
interactions can also impact the mineral transformation
kinetics from the initial, transient disordered phase the nal,
stable phase. Thus, our data show that a combination of poly-
mer–mineral and polymer–solvent interactions control the
dynamics of iron oxide mineralization from the rst appearance
to nal form. Finally, our results highlight that microbial
polymers can decrease the barriers for nucleation which is ex-
pected to lead to enhanced nucleation of iron (oxyhydr)oxides at
low driving forces.
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J. Bloch, T. Proffen and S. J. L. Billinge, J. Phys.: Condens.
Matter, 2007, 19, 335219.

66 F. M. Michel, L. Ehm, S. M. Antao, P. L. Lee, P. J. Chupas,
G. Liu, D. R. Strongin, M. A. A. Schoonen, B. L. Phillips
and J. B. Parise, Science, 2007, 316, 1726–1729.
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