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Abstract: Mitochondrial dysfunction(s) (MDs) can be defined as alterations in the 

mitochondria, including mitochondrial uncoupling, mitochondrial depolarization, inhibition 

of the mitochondrial respiratory chain, mitochondrial network fragmentation, mitochondrial 

or nuclear DNA mutations and the mitochondrial accumulation of protein aggregates. All 

these MDs are known to alter the capacity of ATP production and are observed in several 

pathological states/diseases, including cancer, obesity, muscle and neurological disorders. 

The induction of MDs can also alter the secretion of several metabolites, reactive oxygen 

species production and modify several cell-signalling pathways to resolve the mitochondrial 

dysfunction or ultimately trigger cell death. Many metabolites, such as fatty acids and 

derived compounds, could be secreted into the blood stream by cells suffering from 

mitochondrial alterations. In this review, we summarize how a mitochondrial uncoupling 

can modify metabolites, the signalling pathways and transcription factors involved in this 

process. We describe how to identify the causes or consequences of mitochondrial 

dysfunction using metabolomics (liquid and gas chromatography associated with mass 

spectrometry analysis, NMR spectroscopy) in the obesity and insulin resistance thematic. 
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1. Introduction 

Metabolomics can be defined as “measure of metabolite pool that exists within a cell or tissue under 

a particular set of environmental conditions” [1,2]. Metabolomics are often confused with metabonomics, 

which defines the study of metabolite modifications induced by an environmental change [3]. However, 

the two terms are often used interchangeably [4]. The precise definition and origins of these terms has 

been discussed in detail elsewhere [4]. Therefore, in this review we will use the term metabolomics to 

refer to both metabolomic and metabonomic studies. 

Metabolomics offers an opportunity to screen and analyse several biochemical pathways at once.  

It also combines methods of choice for the discovery of biomarkers of a given disease. The importance 

of metabolomics has increased rapidly since the publication of the original article on metabonomics in 

1999 [3]. Indeed, more than 7700 studies containing the word “metabolomics” have been published 

(results from PubMed, August 2014). Easier access to mass spectrometry facilities and decreased costs 

have likely led to the increase in these studies. However, we must also note that most of these studies 

were mainly conducted in the field of cancer biology. Since excellent recent reviews are available for 

this research field [5,6], cancer will not be discussed in this paper. We will rather review the metabolomic 

studies contributing valuable information regarding cell responses to mitochondrial dysfunction. We will 

first briefly review the major types of mitochondrial dysfunction(s) with a strong emphasis on 

mitochondrial uncoupling. We will also discuss the impact of several metabolites on uncoupling 

proteins’ (UCP) function and expression. We will then summarise the different metabolomic 

techniques/technologies that are currently available. Finally, we will review the possible implication of 

mitochondrial dysfunction(s) in obesity and insulin resistance and what metabolomic studies have 

brought to this field. 

2. Mitochondrial Structure and Organization 

Mitochondria are cellular organelles derived from an ancestor endosymbiotic α-proteobacteria that 

fused with an ancestor eukaryotic cell approximately 1.5 billion years ago [7]. Since this integration, 

mitochondria have evolved but have kept several characteristics from bacteria, such as a double cellular 

membrane that delimitates four different compartments: the outer mitochondrial membrane (OMM), the 

inner mitochondrial space (IMS), the inner mitochondrial membrane (IMM) and the mitochondrial 

matrix (MM). The IMM surrounds the MM, which is where major metabolic reactions take place. The 

IMM also forms several invaginations known as “cristaes”, which are where the mitochondrial electron 

transfer chain (ETC) is located. This chain is formed by four different protein complexes (I, II, III and 

IV); it allows the release of protons into the IMS, thus forming a proton gradient. The F1/F0-ATPsynthase 

(complex V) uses the gradient to catalyse ATP production.  

Since these complexes have long been considered as isolated, the assembly of several complexes  

and other molecules, such as coenzyme Q and cytochrome C, into supercomplexes (also known  
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as respirasomes) has been proposed [8,9]. Several supercomplexes have already been described  

(i.e., I-III2-IV1, I-III2, I-III2-IV2 and I-III2-IV3-4) [10]. Complex I seems to be the most important complex 

in the assembly of supercomplexes because it is required for the assembly of any known respirasomes; 

however, the absence of a single complex could compromise the assembly of supercomplexes [8]. The 

assembly is also regulated by several proteins, including respiratory supercomplex factors 1 and 2 (Rcf1 

and Rcf2), two members of the hypoxia-induced factor 1 (HIF-1) protein family [11] and human 

cytochrome c oxidase subunit 7A-related protein (COX7RP) [12]. In addition to the requirement of some 

complexes, the shape of the cristae and several lipids (such as cardiolipins and phospholipids) are also 

critical to the correct and stable assembly of such supercomplexes [13–15]. This organization into 

superstructures is thought to allow easier channelling of electrons through the different complexes. 

Interestingly, isolated supercomplexes are still able to respire by themselves [8]. 

Due to their key role in ATP production, mitochondria are thus usually considered the “powerhouses 

of the cell” [16]. However, recent decades have seen the discovery of many new functions and 

participation by mitochondria in the regulation of several crucial events, such as cell death [17], 

mitophagy [18], calcium homeostasis [19,20] and cell signalling [16,21]. Because these functions are 

beyond the scope of this review, we will only focus on the role of mitochondria in metabolism and its 

handling of metabolites. 

3. Mitochondria and Metabolism 

Glucose (through glycolysis), free fatty acids (FFAs) and glutamine (through glutaminolysis) are 

major fuels in mammalian cells [22]. Several enzymatic reactions are vital to the complete oxidation of 

these molecules in mitochondria. Therefore, mitochondria have always been considered important 

organelles in the regulation of metabolism. Indeed, many processes occur at least partially in the 

mitochondria, such as the β-oxidation of free fatty acids, ketogenesis, glutaminolysis, branched amino 

acid (BCAA) catabolism and interested readers will find a description of major enzymatic reactions in 

the tricarboxylic acid cycle (TCA, also known as the Krebs cycle or citric acid cycle) and especially 

important for cardiomyocytes [23]. In this section, we will discuss all these different but interconnected 

metabolic pathways. Figure 1 provides a description of the major enzymatic reactions. 

One of the most described functions of mitochondria is the β-oxidation of FFAs (also occurring in 

peroxisomes for long fatty acyl chains); this function is especially important for cardiomyocytes [24]. 

This process begins with the conversion of FFAs into acyl-CoA esters by the acyl-CoA synthase, which 

is a cytosolic process. After this conversion, the acyl-CoA ester is transported into the mitochondria. To 

allow the translocation of acyl chains containing more than 14 carbons [25], the acyl-CoA is transferred 

into the mitochondria by the carnitine acyl-carnitine translocase system [25]. Once imported into the 

mitochondrial matrix, the different steps of the β-oxidation process take place: dehydrogenation, 

hydratation, second step of dehydrogenation, thiolysis and production of a shorter acyl-CoA (removal 

of two carbons). 

Acetyl-CoA could also come from glycolysis. Indeed, cells can also metabolize glucose in the cytosol 

in order to produce pyruvate through several enzymatic reactions (detailed in Figure 1).  

In anaerobic conditions, this metabolite will be converted into lactate by the lactate dehydrogenase. 

However, in aerobic conditions, pyruvate will be imported into the mitochondria where it will be 
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converted into acetyl-CoA by the pyruvate dehydrogenase. It must also be noted that glycolysis  

does not only serve to fuel the TCA cycle and to produce ATP. Indeed, it has been proposed that 

glycolysis could also provide “building blocks” for the synthesis of other metabolites. For instance,  

glucose-6-phosphate and fructose-6-phosphate, two intermediates from glucose catabolism, can be used 

to synthesize nucleotides such as uridine/guanosine/cytidine 5’-mono-, di-, and triphosphates. Another 

intermediate, glyceraldehyde-3-phosphate could be used for the synthesis of complex lipids such as 

phospholipids, sphingolipids, cerebroside or gangliosides. Finally, 3-phosphoglycerate can be used for 

the synthesis of amino acids such as serine, glycine or cysteine. These pathways have been reviewed in 

details elsewhere [26].  

The acetyl-CoA molecules formed will then be used to feed other metabolic pathways, such as the 

TCA cycle [26], or to produce cholesterol or other lipids through lipogenesis [27]. The acyl-CoA can 

also be transported back to the cytosol by the carnitine acyl-carnitine translocase system to produce 

acetoacetate and β-hydroxybutyrate (ketone bodies) in ketogenic tissues [3]. These enzymatic reactions 

are detailed in Figure 1. During starvation, the peripheral tissues will be able to import these ketone 

bodies into mitochondria once released into the blood stream, where they will be degraded into  

acetyl-CoA, which will eventually be used to replenish the TCA cycle. The ketone bodies can also be 

used to aliment lipogenesis and cholesterol synthesis, especially in the brain, lactating mammary glands 

and the liver [28]. The biological relevance of the non-oxidative metabolism of ketone bodies has been 

demonstrated recently both in vivo and in vitro. Indeed, the knock-down of AACS leads to the impaired 

differentiation of murine 3T3-L1 adipocytes and lower cholesterol blood concentration in mice [29]. All 

these enzymatic pathways have been discussed in a recent review [28]. 

As mentioned before, the acetyl-CoA can finally be completely oxidized in the TCA cycle. All the 

enzymes involved in this cycle are localized into the mitochondrial matrix except the succinate 

dehydrogenase, which is located in the IMM and is part of the mitochondrial complex II. During the 

TCA cycle, NADH and FADH2 will be produced. The close proximity between the TCA cycle and the 

oxidative phosphorylation system allows the rapid use of three and one molecule(s) per cycle of formed 

NADH and FADH2, respectively, to produce ATP. 

Glutaminolysis is another of the most recently identified metabolic pathways that occur in 

mitochondria. The degradation of glutamine, which is a very abundant amino acid, is used to produce 

energy. This process is particularly important in both non-cancerous and cancerous cells because the 

privation of glutamine completely prevents cell growth [29]. Glutaminolysis begins in humans with the 

uptake of glutamine by the plasma membrane antiporter solute carrier family 7 member 5 (SCL7A5) [30]. 

Some cells (i.e., hepatocytes [31]) expressing the glutamine synthetase can also directly synthesize 

glutamine from glutamate and ammonia, thus providing the substrate for glutaminolysis. Once imported 

into the cell, glutamine can be used in the cytosol to produce new purine nucleotides [32,33] or 

glucosamine-6P (through the activation of glucosamine-6P synthase [34]); glutamine can also be used 

for protein synthesis. However, glutamine can also be imported and degraded into glutamate and 

ammonia in the mitochondria by glutaminase [35]. The deamination of glutamate leads to the formation 

of α-ketoglutarate and therefore feeds the TCA cycle to produce energy. Alpha-ketoglutarate can also 

be reduced in acetyl-CoA by isocitrate dehydrogenase-1 to aliment lipogenesis [36]. Although this 

pathway seems functional in any models, cells grown under hypoxia seem to rely exclusively on this 

process for lipogenesis [36].  
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In addition to the degradation of glutamine, mitochondria are also involved in the metabolism of three 

other hydrophobic amino acids: valine, leucine and isoleucine (also known as branched amino acids 

[BCAAs]). Even if every tissue is virtually able to catabolize BCAAs, this activity is more important in 

some tissues (especially skeletal muscle and adipose tissues) when compared with the kidneys or 

intestines [37,38]. BCAA degradation is performed by two enzymes: (1) branched-chain amino acid 

aminotransferase (BCAT) isoenzyme [39] and (2) branched α-keto acid dehydrogenase (BCKD). Two 

BCAT isoforms resulting from the expression of two different genes comprise the mitochondrial and 

cytosolic pools [39]. However, the mitochondrial enzyme seems to be predominant as a cytoplasmic 

activity and is only found in the brain [39]. This leads to the production of acyl-CoA from these 

intermediates. Ultimately, the formed acyl-CoA can be oxidized in the mitochondria to produce energy. The 

understanding of BCAA metabolism’s importance has increased in recent years [40]. BCAAs are able 

to regulate the activity of peroxisome proliferator-activated receptor γ (PPARγ) [41], which is a key 

transcription factor in mitochondrial biogenesis [42] and adipocyte differentiation [43]. They also 

regulate the expression of 8-oxyoguanine DNA glycosilase 1, which is a protein involved in oxidative 

stress-induced DNA damage repair [44]. In addition, BCAAs also play a key role in regulating 

macroautophagy because they can activate the mechanistic target of rapamycin (mTOR), thereby 

inhibiting this process [41,45]. BCAAs also play an important role in glucose metabolism because 

exposure to BCAAs increases glucose uptake in rat skeletal muscles [46,47] and murine adipocytes [48], 

which suggests a positive role for these amino acids on insulin sensitivity.  

Finally, mitochondria are also involved in synthesising steroids; this process is known as 

steroidogenesis. This process requires cholesterol, which can have different origins: (1) synthesized de 

novo in endoplasmic reticulum; (2) imported through the uptake of high-density lipoprotein (HDL); or 

(3) imported through the uptake of low-density lipoprotein (LDL); or (4) extracted from lipid  

droplets [49]. To allow the synthesis of steroids, cholesterol is translocated into mitochondria by the 

steroidogenic acute regulatory protein (SaRT) transporter family [49]. Once imported, cholesterol is 

converted to a pregnenolone cytochrome P450-linked side chain cleaving enzyme (P450scc) and 

exported back to the cytosol and the endoplasmic reticulum, where the final steps of steroidogenesis will 

be performed [49]. 

The metabolic pathways are regulated by substrate concentrations, intermediary metabolites or the 

final products produced during different enzymatic reactions. Metabolites can regulate the activity of 

metabolic enzymes in different manners: allosteric regulation, enzyme abundance (by regulating its 

degradation or transcription) and post-translational modifications in enzymes such as phosphorylation, 

sumoylation and acetylation. Many papers have demonstrated acetylation’s control of several enzymes’ 

activity. For instance, the acetylation of phosphoenolpyruvate carboxykinase 1 (PEPCK1) [50,51], an 

enzyme fulfilling one key step of gluconeogenesis (Figure 1), increases its interaction with the ubiquitin 

protein ligase E3 component n-recognin 5 (UBR5). This interaction leads to the ubiquitylation of 

PEPCK1 and its degradation by the proteasome. Interestingly, the acetylation of proteins requires the 

substrate NAD+. Therefore, virtually any conditions leading to a decreased NAD+/NADH ratio could 

severely interfere with the availability of NAD+ and the acetylation of (mito)proteins, which could lead 

to dramatic changes in enzymatic pathway activity. These mechanisms have been reviewed [52]. 
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Figure 1. Simplified representation of biochemical pathways related to mitochondria. 

 

Glucose represents the main source of energy in mammalian cells. Glucose is catabolized through a process 

known as glycolysis to form NADH and pyruvate. Pyruvate is imported into mitochondria, where it is converted 

into acetyl-CoA that must enter the TCA cycle to be completely oxidized. This leads to the formation of NADH 

and FADH2. Another important source of energy is the amino acid glutamine, which is very abundant. To 

produce energy, glutamine can be used through a process called glutaminolysis. Other amino acids can be used 

for ATP production, such as branched-chain amino acids. Another important source of energy in some cell 

types, such as cardiomyocytes, or in cases involving glucose deprivation is free fatty acids. Their degradation 

occurs during a process known as β-oxidation, which occurs in the mitochondrial matrix. Finally, NADH and 

FADH2 are used by the mitochondrial OXPHOS to produce ATP. During electron transit in the complexes, 

protons accumulate in the IMM. The F1/F0-ATPsynthase uses this proton gradient to produce energy as ATP. 

Another biochemical process partially occurs in mitochondria: steroidogenesis. Abbreviations: 2-ENCH:  

2-enoyl-CoA hydratase; 3-HACDH: 3-hydroxylacyl-CoA dehydrogenase; 3-KACT: 3-ketoacyl-CoA thiolase; 

ACDH: acyl-CoA dehydrogenase; ATPS: mitochondrial ATPsynthase; BCAT: branched-chain aminotransferase; 

BKCD: branched-chain alpha-ketoacid dehydrogenase; C I: mitochondrial complex I; C II: mitochondrial 

complex II; C III: mitochondrial complex IIII; C IV: mitochondrial complex IV; CAT1: carnitine 

acyltransferase 1; CAT2: carnitine acyltransferase 2; DBHD: d-β-hydroxybutyrate dehydrogenase; FBA: 

fructose bisphosphate aldolase; G6PDH: glycerol-6-phosphate dehydrogenase; 6PGLDH: 6-phosphogluconate 

dehydrogenase; GDH: glutamate dehydrogenase; GL: gluconolactonase; GPD: glyceraldehyde phosphate 

dehydrogenase; HK-1: hexokinase 1; HMGCS: HMG-CoA synthase; HMGL: HMG-CoA lyase; LDH: lactate 

dehydrogenase; ME: malic enzyme; OXPHOS: oxidative phosphorylation chain; P450c17: cytochrome 
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P450c17; P450scc: P450 side-chain cleavage enzyme; PDH: pyruvate dehydrogenase; PFK-1: 

phosphofructokinase 1; PFK-2: phosphofructokinase 2; PGK: phosphoglycerate kinase; PGI: phosphoglucose 

isomerase; PGM: phosphoglycerate mutase; PK: pyruvate kinase; R5PI: ribose-5-phosphate isomerase; StAR: 

steroidogenic acute regulatory proteins; TA: transaldolase; TCA cycle: tricarboxylic cycle; TK: transketolase; 

TPI: triose phosphate isomerase; α-K-B-MV: α-keto-b-methylvarate; α-KIC: α-ketoisocaproate; α-KIV:  

α-ketoisovalerate; α-KG: α-keto-glutarate; α-MB-CoA: α-methylbutyryl-coenzyme A; β-H-Acyl-CoA:  

β-hydroxy-acyl-coenzyme A; β-HB: β-hydroxybutyrate; AcA: acetoacetate; CIT: citrate; DHAP: 

dihydroxyacetone phosphate; FADH2: flavin adenine dinucleotide; FU: fumarate; H+: proton; HMG-S-CoA:  

3-hydroxy-3-methyl-glutaryl-CoA; IB-CoA: isobutyryl-coenzyme A; ISO: isocitrate; IsoLeu: isoleucine;  

IV-CoA: isovaleryl-coenzyme A; Leu: leucine; MA: malate; OA: oxaloacetate; NADH: nicotinamide adenine 

dinucleotide; PEP: phosphoenolpyruvate; SUC: succinate-coenzyme A; Suc-CoA: succynyl-coenzyme A; SU: 

succinate; Val: valine. 

4. Mitochondrial Dysfunction 

4.1. Different Types of Mitochondrial Dysfunction 

Because mitochondria play key roles in several metabolic pathways, a dysfunction (that could have 

many origins) in these organelles will have severe consequences on the biology of the cells. However, 

mitochondrial dysfunctions are not only represented by defects in metabolic pathways. Mitochondrial 

dysfunctions are classically defined as impairments in numerous mitochondrial function indexes 

including OXPHOS, respiration, membrane potential, proton leak and ROS (reactive oxygen species) 

production [53]. These mitochondrial dysfunctions could be caused by many cellular conditions, such 

as mitochondrial and genomic DNA mutation(s) [54,55], supercomplex destabilization [56], 

endoplasmic reticulum stress [57] and mitochondrial protein aggregates [58]. In this review, we will 

only discuss mitochondrial uncoupling and its consequences on metabolism and cellular functions.  

4.2. Mitochondrial Uncoupling and UCP Protein Family 

Mitochondrial uncoupling can be defined as the dissipation of the IMM proton gradient, which leads 

to heat production and a decrease in ATP synthesis by the mitochondrial ATPsynthase [59]. This process 

is often considered to be a mitochondrial dysfunction. However, a mild mitochondrial uncoupling can 

be activated with certain physiological conditions and can contribute to non-shivering adaptive 

thermogenesis by brown adipose tissue (in rodents, humans and animals that hibernate) [60]. 

Mitochondrial uncoupling is mainly mediated by UCPs (a family of IMM transporters) and adenine 

nucleotide translocases (ANTs). 

In humans, four isoforms of ANT are found; they present tissue specificity. The ANT1 is located in 

skeletal muscle, the heart and the brain [61]. ANT2 is essentially expressed in non-proliferative  

cells [62]. ANT4 is only found in testis [63] while ANT3 is ubiquitously expressed [62]. ANTs play a 

role in regulating mitochondrial uncoupling [64] by controlling the ADP/ATP ratio. Although its affinity 

for ADP is low, it compensates with a high protein abundance in mitochondria, which allows the 

induction of a mild mitochondrial uncoupling. The structures and functions of ANTs have been reviewed 

elsewhere [65].  
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In mammals, the UCP family contains five different members [66]. The initial function proposed for 

these proteins was the transport of protons from the IMS to the mitochondrial matrix [67]. This process 

dissipates the proton gradient established between the IMS and the mitochondrial matrix, inhibits ATP 

production with F1/F0 ATPsynthase (a process known as mitochondrial uncoupling) and produces heat 

instead of ATP [68]. The five proteins present different tissue localization. UCP-1 is mostly expressed 

in brown [69] and brown-in-white (brite) adipocytes [70]. UCP-2 is broadly expressed but is found 

abundantly in the spleen, the kidneys (in Kupfer cells [71]), immune cells, cells from the central nervous 

system, the pancreas, the heart and brown adipose tissue [72–75]. Its expression is also higher in human 

head, neck, skin, prostate and pancreatic tumours [76]. The third member, UCP-3, is abundantly but not 

exclusively expressed in skeletal muscles [71] and it has been found in pancreatic islet beta cells [77]. 

UCP-4 and UCP-5, which is also known as brain mitochondrial carrier protein-1 (BMCP1), are 

predominantly expressed in the brain [78] and liver; UCP-5 is predominately expressed in skeletal 

muscle [79]. Even though UCPs have been intensively investigated since their initial discovery  

in 1985 [67,80], the functions of the other members are still highly debated [68,81] despite the clear 

implication of UCP-1 in thermogenesis through the activation of mitochondrial uncoupling [60,67,80]. 

The different functions proposed for each UCP are detailed in Table 1. 

Table 1. Summary of localization and functions proposed for the different UCPs. 

 Localization Function(s) proposed Species Tissue or cell-type Reference 

UCP-1 

Brown adipocytes, 

Beige adipocytes, 

Skeletal muscle 

ROS production limitation Mouse Skeletal muscle cells [82] 

Mitochondrial uncoupling Mouse Brown adipose tissue [83] 

Thermogenesis Mouse White adipose tissue [84] 

UCP-2 

Spleen, Kupfer cells, 

Immune cells, Central 

nervous system, 

Pancreas, Heart, 

Brown adipocytes 

Mitochondrial uncoupling Yeast / [74] 

ROS production limitation 

Mouse RAW264.7 macrophages [85] 

Mouse Endothelial cells [86] 

Human 

Pancreatic 

adenocarcinoma cell 

lines 

[87] 

Malate, oxaloacetate and 

aspartate transporter 
Human 

HepG2 hepatocarcinoma 

cells 
[88] 

UCP-3 

Skeletal muscle, 

Pancreatic islet beta 

cells 

Mitochondrial uncoupling Mouse Skeletal muscle [89] 

Fatty acid anion transport 

(hypothetical) 
/ / [90] 

Ca2+ ion transport Human 
EA.hy926 endothelial 

cells 
[91] 
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Table 1. Cont. 

 Localization Function(s) proposed Species Tissue or cell-type Reference 

UCP-4 
Central nervous 

system 

Limited proton translocation / Artificial liposomes [92] 

Chloride ion transport / Artificial liposomes [92] 

Mitochondrial uncoupling 

with increased ROS 

production 

Mouse 3T3-L1 white adipocytes [93] 

Limitation of ROS production Human 
SH-SY5Y 

neuroblastoma cells 
[94] 

Regulation of mitochondrial 

complex II activity 

Human 
SH-SY5Y 

neuroblastoma cells 
[94] 

C. Elegans / [95] 

UCP-5 

Central nervous 

system, Liver, 

Skeletal muscle 

Limited proton translocation / Artificial liposomes [92] 

Chloride ion transport / Artificial liposomes [92] 

Limitation of ROS production Human 
SH-SY5Y 

neuroblastoma cells 
[94] 

Regulation of mitochondrial 

complex II activity 
Human 

SH-SY5Y 

neuroblastoma cells 
[94] 

In addition to the regulation of mitochondrial uncoupling, two crucial new functions have been 

proposed recently for UCPs. The first is the regulation of ROS production by limiting the rate of the 

mitochondrial respiration ETC. However, UCPs are not the only way to regulate ROS production; cells 

have many enzymes designed for this function, such as the superoxide dismutase (SOD) enzyme family 

members. Three SODs have been described: SOD1, SOD2 and SOD3. Even though their function is 

similar (they catalyse the conversion of two molecules of superoxide to dioxygen and hydrogen 

peroxide), these enzymes differ in their mechanisms and localizations. SOD1, also known as Cu/Zn 

SOD, and SOD3 use Cu and Zn ions in their catalytic centres. They are expressed in cytoplasmic and 

extracellular compartments, respectively. SOD2 is localized in the mitochondrial matrix and uses Mn 

ions to degrade superoxide molecules. Regulation and functions in diseases involving SODs has recently 

been reviewed elsewhere [96]. The hydrogen peroxide formed by SODs can then be degraded in water 

by different enzymes from the catalase, thioredoxin (Trx) and peroxiredoxin families. The first is 

essentially localized in peroxysomes and fulfils its function because of the heme ferriprotoporphyrin IX, 

which is localized in its active site [97]. Three isoforms are found for thioredoxins in humans: TrxR1 

(expressed in cytosol); TrxR2 (restricted to mitochondria); and thioredoxin glutathione reductase (TGR), 

which is specific to testis [98]. The peroxiredoxin family members (Prxs) detoxify several ROS such as 

peroxide, peroxynitrite and organic hydroperoxides. The family contains six enzymes that can be 

subdivided into three groups: 1-Cys (Prx6), typical (Prx1-4) and atypical 2-Cys Prxs (Prx5). 

Peroxiredoxins show different localization: Prx3 is restricted to mitochondria, while the other Prxs are 

found in the cytosol, nucleus, Golgi apparatus and peroxisomes. The functions and regulations of Prxs 

have been discussed in detail elsewhere [99]. The last family of ROS detoxifying enzymes is the 

glutaredoxins (Gxrs). These enzymes play a pivotal role in reducing protein disulphide bonds by 

glutathione by transferring two electrons on two glutathione molecules and producing a glutathione 
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disulphide that can be reduced in glutathione by glutathione reductase. The four isoforms found in 

humans possess different localizations. Grx2a is mainly mitochondrial [100]. 

UCPs’ role in the transport of metabolites, such as chloride and fatty acid anions, has also been 

reported. Uncoupling of the mitochondrial electron transfer chain by UCPs could also decrease the 

ATP/ADP ratio and thereby modify the abundance of several metabolites such as NAD+, which is a 

metabolite required for the deacetylation of many mitochondrial mitochondrial proteins by Sirtuin 3 [101]; 

affecting deacetylation affects the activity of many mitochondrial proteins such as metabolic  

enzymes [52]. UCPs could thus play a role in regulating several metabolites. In the next part of this 

review, we will discuss how UCPs could interfere with metabolic pathways/metabolites and the putative 

effect of several metabolites on mitochondrial uncoupling. 

5. Mitochondrial Uncoupling Proteins and Metabolites Crosstalk 

5.1. Glucose 

Glucose can modulate the expression of UCP family members both in vitro and in vivo. In primary 

cultures of bovine pericytes and retinal capillary endothelial cells maintained in cultures during four 

media passages with different glucose concentrations (5, 23 and 30 mM), ROS production increased 

according to the glucose concentration and the expression of UCP-1, UCP-2 and SOD2 [102]. One 

possible explanation for this is the attempt to decrease ROS production through the induction of 

mitochondrial uncoupling. However, this compensatory mechanism was not observed in glucose 

concentrations above 30 mM, thus suggesting a threshold-dependent ROS regulation [102]. Similar 

results were obtained with human umbilical vein endothelial cells [103]. EAhy926 endothelial cells in 

cultures with high glucose concentrations also respond with an increased cellular Q10 amount; increased 

ROS abundance; and higher activity in several glycolytic enzymes, such as hexokinase I, lactate 

dehydrogenase and acyl-CoA dehydrogenase, which is associated with increased expression of UCP-2 

and SOD2 [104]. Even if still not completely elucidated, the increase in UCP-2 expression in glucose-rich 

conditions could rely on the activation of insulin signalling mediated by Akt activation and FoxO1 

phosphorylation, which is a post-translational modification that allows the sequestration of the transcription 

factor from the nucleus [105]. A link between the FoxO1 mutation (FLAG-tagged UCP-2Δ256) and 

increased UCP-2 expression has also been demonstrated in vivo in FVB-BL6 hybrid mice [106]. 

5.2. Nucleotides 

Both UCP-1 and ANT can be inhibited by purine nucleotides such as GDP [107]. The binding of 

GDP to UCP-1 is dependent on pH and is optimal at pH 7.0. In acidic conditions (pH 4.0), GDP binding 

is less important because of the presence of the carboxyl group at E190, which is situated in the fourth 

transmembrane helix of UCP-1 [108]. The carboxyl group impairs nucleotide binding to the hydrophobic 

binding pocket found in the third domain of UCP-1, which would accommodate the binding of purine 

nucleotides [109]. The protonation of two other amino acids situated on the cytosolic side of the protein 

could also determine access to the nucleotide binding site [110]. 
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5.3. Amino Acids 

Evidence of the regulation of mitochondrial uncoupling by some amino acids has emerged in recent years. 

Valine, leucine or isoleucine deprivation in C57BL/6J mice is sufficient to shut down lipogenesis and trigger 

lipolysis through UCP-1 expression in brown adipose tissue [111,112]. This suggests that the expression of 

UCP-1 can be regulated by the availability of some amino acids. These effects could be because of the 

activation of the sympathic nervous system and the release of corticotrophin-releasing hormone (CSH) by 

the hypothalamus after the activation of the stimulatory G protein/cAMP/protein kinase A/cAMP response 

element-binding protein (CREB) pathway, as demonstrated in C57BL/6J mice [113].  

5.4. Lipids 

Several lipid classes have regulatory roles on UCP expression and mitochondrial uncoupling 

regulation. First, FFAs seem to play an important role in this regulation [114]. Some authors have 

demonstrated that FFAs possess a protonophoric effect, depending on their chain length. Long chain 

FFAs (between C12 and C16) and long unsaturated FFAs with sizes over half of the mitochondrial membrane 

thickness, seem to have the most potent effect [114]. The effect of FFAs on the mitochondrial electron 

transport chain has been investigated recently in isolated mitochondria from rat hearts and livers [115]. 

This study revealed that FFAs can significantly decrease the electron transport in complexes I and III. 

This is accompanied by a decrease in mitochondrial membrane fluidity and an increase in ROS 

production. However, FFAs seem to have the opposite effect in cases involving the reverse electron 

transport chain [115], thus suggesting that FFAs’ effect on mitochondria might depend on the direction 

of the electron flow. In the hearts of rats treated with HFD (high fat diet), a condition that induces 

intracellular accumulation of FFAs, increases can be seen in fatty acid β-oxidation, mitochondrial 

thioesterase 1 activity, and UCP-3 protein associated with mitochondrial uncoupling [116]. As demonstrated 

in isolated rat muscle cells, this effect might rely on superoxide anion production, NFκB activation and 

iNOS induction (NO production) [117]. However, the role of UCP-3 as a functional uncoupling protein 

is still debated and controversial [107]. Another mechanism by which FFAs could control mitochondrial 

uncoupling in brown adipocytes is through a direct effect on UCP-1. FFAs, such as palmitate, can 

physically interact with UCP-1, thus leading to a conformational change in the protein and its accelerated 

enzymatic proteolysis [118]. This study shows that FFAs therefore bind and regulate UCP-1 in competition 

with nucleotides. Other results suggest that UCP-1 can also act as an H+/long chain fatty acid symporter, 

at least in isolated brown adipose tissue in mice [119]. Interestingly, “non-flippable” fatty acids (such as 

glucose-O-ω-laurate (12 C), glucose-O-ω-palmitate (16 C), glucose-O-ω-stearate (18 C) and glucose-O-

ω-arachidate (20 C) cannot activate UCP-1, thus suggesting that fatty acid orientation is important in the 

activation of UCP-1 [115]. In addition to the direct control of UCP-1 activity, lipids can also modulate 

UCP-1 expression. The administration of all-trans-retinoic acid, beta-carotene omega-dicarboxylic acid, 

which is a non-metabolizable fatty acid analogue, can trigger UCP-1 induction [115]. Medium-chain 

FFAs seem to be the most potent UCP-1 activators compared to other FFAs [116]. This effect might rely 

on superoxide anion production, NFκB activation and iNOS induction (NO production), as demonstrated 

in isolated rat muscle cells [117]. However, it should be mentioned that the role of UCP-3 as a functional 

uncoupling protein is still debated and controversial [107]. 
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Interestingly, polyunsaturated fatty acids (PUFAs) are even more efficient than saturated fatty acids 

in the up-regulation of UCP1 expression [120]. Treating obese Wistar rats with docosahexaenoic acid 

leads to improvements in mitochondrial function and decreased mitochondrial uncoupling [121]. This 

can be explained by docohexaenoic acid’s positive effect on PPARγ activity, which is a transcription 

factor that regulates the expression of UCPs [122]. Another group has also reported increased UCP-1 

expression in brown adipocytes in mice that were fed a PUFA-rich diet [123]. However, to prevent 

docohexaenoic acid’s side effects in Wistar rats (such as diastolic dysfunction [124]) while keeping the 

beneficial effect of obesity, administering an eicosapentaenoic acid/docosahexaenoic acid 1:1 ratio to 

rats is recommended [121]. The positive effect of eicosapentaenoic acid on mitochondrial uncoupling is 

due to either an up-regulation of UCP-2 expression through the stimulation of eNOS (and NO release) 

mediated by AMPK activation [125] or an increased mitochondrial biogenesis (through the activation of 

proliferator-activated receptor-gamma coactivator-1α [PGC-1α] and nuclear respiratory factor 1 [Nrf1]) as 

demonstrated in the epididymal adipose tissue of C57BL/6J-treated mice [126]. This increases 

mitochondrial biogenesis and increases the beta-oxidation rate for FFAs [126] while reducing the free 

fatty acid level and triglyceride content in this adipose tissue. Several studies have also confirmed the 

beneficial effect of PUFAs. Janoska et al. [127] demonstrated that the administration of long-chain n-3 

polyunsaturated fatty acids could limit fat deposits and stimulate fatty acid re-esterification in 

epididymal adipose tissue in mice exposed to high fat diet, even if no evidence of a role for UCP-1 was 

found in these conditions. This effect is thus most likely not dependent on cold-induced thermogenesis. 

These effects have been attributed to decreases in the synthesis of pro-inflammatory lipid mediators, such 

as 15-deoxy-Δ (12,15)-prostaglandin J (2) and protectin D1 [128]. In this study, the increase in 

mitochondrial oxidative capacity was observed, and no sign of mitochondrial uncoupling was found. 

The beneficial effects of PUFAs on the limitation of hyper-adiposity and some associated symptoms of 

metabolic syndrome might be mainly independent of mitochondrial uncoupling. Their positive effect 

would rather be because of their activating effect on PPARα, PPARδ and PPARγ [122,129]. 

Lipoic acid, which is a compound derived from octanoid acid, also presents interesting features. This 

metabolite can inhibit the mitochondrial electron transport chain and ATP production [130], thus 

triggering the activation of PGC-1α and leading to increased expression of UCP-2 and several genes 

participating in FFA β-oxidation and lipogenesis [131,132]. Lipoic-acid-treated rats display and increase 

the abundance of glucose transpoter 4 (GLUT4) protein at the plasma membrane of muscle cells and 

therefore reduced glucose concentrations in the blood stream [133], a process that has been confirmed 

in 3T3-L1 adipocytes [134]. These combined effects might explain lipoic acid’s beneficial effect on 

insulin sensitivity [131,135]. 

Other lipid-derived metabolites play important roles in controlling mitochondrial activity. For 

example, 3-hydroxydecanoic, 3-hydroxydodecanoic, 3-hydroxytetradecanoic and 3-hydroxypalmitic 

acids are metabolites known to accumulate in the blood of patients suffering from long-chain  

3-hydroxyacyl-CoA dehydrogenase deficiency. These different molecules seem to act as potent 

mitochondrial uncouplers, thus leading to decreases in the mitochondrial potential membrane, reductions 

in matrix NADPH and a lower ATP/O ratio (which reflects the amount of ATP produced from a single 

oxygen molecule) accompanied by decreased H2O2 production [136]. Mitochondrial coupling is also 

regulated by lipid metabolites, including arachidonic acid-derived molecules such as epoxyeicosatrienoic 

acids (EETs). The inhibition of EET production by a selective epoxygenase inhibitor (MS-PPOH) in 
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neonatal hippocampal astrocytes induces a strong reduction in the mitochondrial potential membrane, 

fragmentation of the mitochondrial network and lower oxygen consumption by the organelle, which 

could be reverted with EET supplementation [137]. 

The peroxidation of lipids leading to the formation and accumulation of several metabolites, including 

4-hydroxy-2-nonenal (HNE), is a well-known hallmark of obesity, especially in tissues displaying  

low-grade inflammation, such as visceral adipose tissue. HNE activates mitochondrial uncoupling 

through the expression and activation of several uncoupling proteins [138] or through direct increases in 

proton conductance of the IMM [139]. 

Electrophilic, nitrated lipids could also play an important role in modulating mitochondrial 

uncoupling. In a study performed on the perfused hearts of C57/BL6 mice, nitro-linoleate and  

nitro-oleate can bind and modify ANT1 through nitroalkylation on Cys57 [140]. This modification 

seems to confer cardioprotection against ischemia-reperfusion by a mechanism that depends on the 

activation of mitochondrial uncoupling [140]. 

We have seen so far that some particular classes of lipids could lead, under certain circumstances, to 

mitochondrial dysfunction and mitochondrial uncoupling largely mediated by the modulation of the 

activity and/or expression of UCP proteins and ANT1. However, the expression of some UCPs can also 

have an effect per se on lipid metabolism. Evidence supporting this hypothesis has been demonstrated 

for UCP-3. In UCP-3−/− mice receiving a high-fat diet (HFD) treatment, the phosphorylation of Akt 

(Ser473) and AMPK (Thr172) was reduced and accompanied by a lower abundance of GLUT4 [141]. 

These mice also presented signs of increased insulin resistance and decreased fatty acid oxidation. 

Interestingly, wild-type mice exposed to an HFD show similar effects, thus suggesting that an HFD  

per se can down-regulate the expression of UCP-3 and GLUT 4 and can reduce Akt and AMPK 

activation [141]. 

5.5. Ketone Bodies 

The putative impact of ketone bodies on UCP expression is demonstrated by the fact that C57BL/6J 

mice exposed to a ketone-enriched diet seemed to over-express UCP-1 in brown adipose tissue [142]. 

Exposed to a similar diet, the brains of Wistar rats responded with increased expression of both UCP-4 

and UCP-5 [143]. Similar increases in UCP-2, UCP-4 and UCP-5 were also seen in the hippocampi of 

juvenile C3HeB/Fe mice exposed to a ketogenic diet [144]. In this case, the increase in UCP expression 

is sufficient to significantly decrease maximum mitochondrial respiration rates and ROS production of 

isolated mitochondria from these cells [144]. However, an opposite relation between ketone body 

synthesis and UCP-1 expression has been found in female mice sterilized with ovariectomies [145], thus 

suggesting that the relationship between ketone body production and UCP-1 is not observed in every model. 

If ketone bodies seem to have a regulatory effect on some UCP expression, some UCPs also have a 

direct effect on ketone body production. The overexpression of UCP-1 increases ketone body synthesis 

in human stromal fibroblasts [146]. NMRI mice treated for four days with retinoic acid, which increases 

the expression of UCP-1 [147] and UCP-2 and limits fat deposits in liver [148], show increases  

in circulating ketone bodies [147,148], thus confirming the link between ketone bodies and UCP 

expression regulation. However, in contrast to UCP-1 and UCP-2, the overexpression of UCP-3 in 

C57/BL6J mice livers (by transduction with lentivirus coding for UCP-3) does not alter the concentration 
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of β-hydroxybutyrate [149], which is a ketone body, thus suggesting that some UCPs are not involved 

in regulating ketone body synthesis. 

5.6. Effect of Plant Metabolites on Mitochondria 

Dietary consumption of some metabolites can also control mitochondrial uncoupling and ROS 

production. Flavonoids are a large group of secondary plant metabolites that have been described as 

potent antioxidant compounds [150]. However, it is now commonly accepted that some flavonoids seem 

to be more efficient than others. Indeed, quercetin and galangin are far more efficient than taxifolin and 

catechin in preventing mitochondrial membrane lipid peroxidation induced by Fe(2+)/citrate because 

quercetin can scavenge 2,2-diphenyl-1-picrylhydrazyl and superoxide radicals [151]. Other plant 

metabolites such as fucoxanthin, which is a carotenoid present in some edible brown seaweeds, can 

induce UCP-1 over-expression in white adipose tissue and subsequently activate mitochondrial 

uncoupling [150]. Moreover, it confers a strong anti-obesity effect by improving insulin resistance and 

the normalization of glucose concentrations in the blood stream; it also possesses a potent antioxidant 

effect [152]. Fucoxanthin could therefore be of interest in the treatment of obesity and cancer and in 

promoting healthier ageing. 

We have seen that many metabolites can affect the expression of the UCP family. The opposite is 

also true: the alteration of UCP expression also modifies the concentrations of many metabolites. 

However, limited data are available for some classes of metabolites, such as ketone bodies or food 

complements. This suggests the critical importance of screening metabolites in studies where an effect 

on UCPs is observed to obtain a better understanding of their regulation. In the next part of this review, 

we will discuss the different metabolomic techniques that can be used for this purpose. 

6. Metabolomic Techniquest 

Several metabolites are able to strongly effect mitochondrial uncoupling induction and the 

mitochondrial function. Techniques allowing the simultaneous identification and quantitative analysis 

of several metabolites have been very helpful in better understanding how metabolites affect 

mitochondrial (dys)function and the effect of mitochondria activity and their alterations on metabolite 

signatures. The term metabolomics refers to the study of several metabolites at a given time under certain 

conditions [3]. While this set of techniques is built on other high-throughput analytical levels, it offers a 

serious advantage over the other “-omics” techniques such as transcriptomics, proteomics or genomics. 

Metabolite concentrations are amplified compared to the extent of the expression of the corresponding 

gene and provide a more integrative level of addressing the functionality of metabolic network  

maps [153,154]. Therefore, metabolomics are very sensitive compared to other techniques and provide 

a dynamic, functional integration of metabolism [155]. We can identify four major categories of 

metabolomics studies [156]. The first type of study is referred to as “metabolite profiling”, in which 

authors attempt to identify every change in a metabolite in their experimental model without any  

pre-defined candidates in mind [156]. However, the possibility of detecting and quantifying all 

metabolites modified in a given experimental condition is a challenge because of the low amount of 

some molecules and their instability. In addition, the metabolites to be analysed can vary greatly 

(qualitatively and quantitatively) in time and spatial organization (referring to the highly dynamic aspect 
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of metabolomes). Furthermore, metabolomes are not only influenced by the disease and/or treatment 

(condition of interest to study) but also by the method used for sample preparation. Finally, the metabolites 

represent a numerous and complex group of molecules showing a high amount of diversity; they are also 

very heterogeneous in reactivity and physico-chemical properties. According to Beecher et al. [157], 

more than 5,000 metabolites are of interest in humans. If we also consider secondary metabolites, this 

number is even higher [158]. Some authors have reported more than 200,000 different metabolites in 

plants [159]. In addition, the very different concentrations of these metabolites can pose challenges in 

their detection by mass spectrometry. In the second category of metabolomic studies (or “targeted 

metabolomics”), the strategy is to only focus on a limited number of molecules that have been pre-selected 

as candidates of interest to reduce the complexity and the time required for analysis [156]. The third 

category of metabolomic studies is “metabolite fingerprinting”. In this approach, authors do not attempt 

to identify the metabolites but rather define a “fingerprint” of the metabolites available for a particular 

time-point and condition of interest. Because this technique requires less time for analysis and 

computations, it is the technique of choice in the discovery of “biomarkers” and diagnostics [156]. 

Another powerful approach is the quantitative metabolomic. In this type of study, an extra step is needed 

to label the metabolites of interest (with radioactive or stable isotopes). One of the most-used protocols 

involves using 13C-labelled glucose. Other metabolites can also be labelled using this stable isotope. By 

using labelled metabolites, the secondary-derived metabolites’ abundance can be tracked and quantified 

using standard metabolomic approaches. However, the necessity of using a labelling procedure could be 

particularly challenging in human studies; therefore, this technique is mainly used in fundamental 

research performed on laboratory animals or cell models [160]. Once the metabolites have been labelled, 

mass spectrometry is used to determine the concentrations of metabolites of interest in different samples. 

A typical workflow in a metabolomic study includes several experimental phases: sample collection; 

metabolite extraction or isolation; and final analysis of metabolites using nuclear magnetic resonance 

(NMR) [161] and liquid [162] or gas chromatography [163] coupled with mass spectrometry (LC-MS 

and GC-MS, respectively). The spectra generated by mass spectrometry must be analysed and compared 

to databases [164] to identify the metabolites present in the samples [1]. A typical metabolomic 

workflow is presented in Figure 2. In the next part of this review, we review the principles and interests 

of the main metabolomic techniques available. 

A metabolomics study is usually divided into five parts: material collection, sample preparation, data 

acquisition, bioinformatic analysis and interpretation of data obtained. Before collecting the material of 

interest, several steps must be followed. First, a suitable material must be chosen based on the 

metabolites to be studied. Second, the animal model or the characteristics of the humans used during the 

study must be considered. Suitable controls must also be defined at this point. Third, the material 

collection protocol and storage conditions must be adapted to ensure the preservation of metabolites of 

interest. Radiolabelling is usually performed at this step if required. In the second step, the material is 

prepared to allow the extraction of the metabolites of interest or to allow the material to be used with the 

instruments in the next step. In the third step, the metabolites of interest are detected in the samples using 

different techniques, including LC-MS, GC-MS, capillary electrophoreses coupled with mass 

spectrometry (CA-MS) or nuclear magnetic resonance (NMR). Ideally, a quality protocol step is added 

to the protocol to ensure the proper detection of metabolites. Once the spectra are obtained, they must 

be compared to databases (either free of charge or commercial) to identify the metabolites detected. 



Metabolites 2014, 4 846 

 

 

Ideally, any information regarding the physio-pathological state of the patients (if applicable) and data 

from other “-omics” studies must be added to the database created. Statistical analysis is then performed 

to isolate metabolites that are differentially abundant in the samples and identify pathways modified in 

a particular condition. Finally, the modifications found must be confirmed in other animal models and/or 

humans to ensure their biological relevance. 

Figure 2. Schematic representation of workflow usually used in metabolomics study. 

 

6.1. NMR Spectroscopy 

One way to analyse the metabolites in a particular biological specimen is by using NMR. This allows 

simultaneous identification and quantification of a wide range of metabolites. This technique presents 

several advantages. First, it requires little or no preparation of the biological material, which can be 

useful in avoiding bias due to the isolation of metabolites of interest. Second, this simplicity also allows 

the automation of this step [156]. Third, the technique is reasonably rapid compared to other mass 

spectrometry techniques, and many samples (200–300 samples) can be analysed in one day [156]. Fourth, 

this technique is non-destructive; therefore, the same sample can be used for different purposes [156], 

which is useful in studies conducted with valuable human material. Fifth, the technique is reproducible, 

including between different departments or institutions [156]. Sixth, the technique could be sensitive 

depending on equipment used (up to the ng level, according to the instrument considered) [156]. Several 

kinds of NMR exist. The most-used type is simple pulse sequence and one-dimensional nuclear Overhauser 

enhancement spectroscopy (NOESY) with water suppression [155]. If the sample complexity is high, 

the 2D NMR technique is recommended to reduce the complexity of the sample [155]. NMR is also 

compatible with 13C labelling of metabolites even though this requires longer acquisition times. Stable 

isotope-resolved metabolomics have been reviewed elsewhere [160]. Labelling metabolites is also 

possible in isolated mitochondria [165]; this allows the detection of poorly abundant metabolites and 

possibly mitochondrial dysfunction.  
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6.2. Mass Spectrometry 

An alternative but complementary technique to NMR is mass spectrometry. It presents and combines 

several advantages. These techniques are more sensitive than classical NMR and cover a wider 

metabolite range. Mass spectrometry can be used alone with direct injection of the sample into the 

apparatus. Direct injection offers a rapid technique allowing the processing of a large number of samples 

(e.g. compatible with 96-well plates) [166]. However, sample complexity could be a problem and  

co-suppression or interference between peaks occurs regularly. This could be due to the matrix of the 

vehicle used (if any) [167,168]. Moreover, some technical problems could be encountered, such as 

contamination from different vehicles and sample diffusion [166]. However, optimized protocols are 

now available to circumvent such undesirable effects [166]. 

It is also possible to first separate the different metabolites before mass spectrometry through  

LC-MS, GC-MS or capillary electrophoresis (CE-MS). Once the different metabolites are separated, 

they can be led to a mass spectrometer to be analysed. Each technique presents different advantages and 

drawbacks. One of the most frequently used approaches is based on GC-MS because this technique has 

been used and validated in numerous publications [1,169,170]. Second, it allows simultaneous screening 

for different types of metabolites (including sugars, amino acids and lipids). Volatile metabolites are 

also compatible with GC-MS after a derivation step [171]. Another advantage of GC-MS is the 

availability of several databases allowing recognition of the spectra obtained by this technique. One of 

the best databases available is the NIST (National Institute of Standards and Technology) 14 Mass 

Spectral Library [172]. It contains more than 385,872 retention index values for 82,337 compounds (as 

of June 2014) and is compatible with both polar and apolar columns. This database also contains spectra 

for MS-MS (234,284 spectra) and an electron ionization library (276,259 spectra). Other free public 

databases have been developed, such as MassBank [173]. To date, this database contains more than 3251 

spectra for metabolites and more than 4504 spectra for other chemicals [173]. Other databases, 

sometimes more complete, exist but are not free of charge. Amongst these paid, commercial databases 

is the Wiley Spectral Database [172]. In the 10th edition of this database, spectra are available for more 

than 736,000 unique compounds. Interestingly, some authors try to develop learning machines for the 

identification of mass spectra. In this study, a two-step process is described [174]. First, the developed 

algorithm creates a fingerprint prediction model from a large set of mass spectrometry data (from a 

public database; in this case, MassBank). Second, the algorithm matches the predicted fingerprint to a 

large database of molecules to associate the spectra with particular metabolites [174]. 

LC-MS presents different advantages over GC-MS. First, this technique is more sensitive than  

GC-MS. Second, it allows the detection of a wider molecular mass range. Third, derivation is not needed 

because it is mainly recommended for non-volatile metabolites. The resolution of metabolite separation 

is also greater and can be improved using ultra-performance liquid chromatography. However, unlike 

GC-MS, some metabolites are isolated/selected according to the column used. Therefore, more than one 

run is usually required to complete a particular study. Another drawback is that fewer databases are 

available for LC-MS spectra analysis than for GC-MS. As with NMR, this technique is compatible with 

labelling metabolites of interest. A method using 13C labelling and LC-MS to analyse metabolites in isolated 

mitochondria from murine skeletal muscle and NT2196 cancer cells was recently published [175]. 
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The third technique, CE-MS, is still a minor technique compared to GC-MS and LC-MS. However, 

it presents better resolving power, requires less sample volume (which could be of interest with limited 

human samples) and has a shorter analysis time. It also allows the detection of a large number of 

metabolites (1000 at one time) [176]. Therefore, this is a promising technique for future metabolomics. 

7. Impact of Metabolomics in the Field of Obesity, Type II Diabetes Mellitus and  

Metabolic Syndrome 

7.1. Adipose Tissues and Obesity 

Adipose tissue, which undergoes the most hypertrophic/hyperplasic modification in obese individuals 

(humans with a body mass index (BMI) ≥30 [177]) can be divided into three categories. First, the different 

anatomical localizations of white adipose tissue (WAT) are essentially composed of white adipocytes 

(characterized by a unilocular lipid droplet and a small stretched nucleus at the periphery of the cells), 

preadipocytes, blood vessels, inactive immune cells and fibroblasts [178]. WAT is mainly involved in 

handling of triglycerides (TG). The adipocytes can store energy as TG and mobilize them as FFAs to 

meet energy demands through a process called lipolysis [179]. In addition to their role in lipid metabolism, 

white adipocytes also play a strong role as endocrine cells. More than 400 proteins are secreted from and 

synthesized by adipocytes [180]. These proteins are known as adipokines or adipocytokines [181]. They 

were essentially discovered by proteomics studies analysing adipocyte secretomes in various conditions, 

such as adipogenesis in 3T3-L1 (murine preadipocyte differentiation) [182] and humans [183], at the 

basal state [184] or in response to an insulin challenge [183]. While the major roles of main adipokines 

have been reviewed elsewhere [185,186] very few have been characterized in detail thus far. Future 

studies should be conducted to address the role of these adipokines in adipocytes or any other cells 

targeted by adipocytes, such as immune, neuronal or muscle cells. 

The second type of adipocytes is brown adipocytes. Their progenitors differ according to their 

localization. Interscapular brown fat derives from myogenic factor 5’s (Myf5) negative progenitors as 

skeletal muscle cells [187]. However, systemic brown adipocytes and white adipocytes share a common 

progenitor cell type expressing Myf5. Depending on the exposure to cytokines, the progenitor will 

express different proteins and differentiate either into a white adipocyte with exposure to bone 

morphogenetic proteins (BMP) 2 and 4 [188] or a brown adipocyte with exposure to BMP7 and 

fibroblast growth factors (FGF) 16 and 19 [189]. The differentiation between brown [189] and white 

adipocytes [188] has been reviewed in detail elsewhere. Brown adipocytes fulfil the distinct role of 

adaptive non-shivering-thermogenesis. This is allowed by the expression of UCP-1, which induces a 

mild mitochondrial uncoupling and heat production. It must be noted that brown adipose tissue has long 

been considered to be almost non-existent in adult humans [190]. However, recent studies have 

demonstrated both the presence and functionality of such adipose tissue in humans in response to  

cold exposure [184,191,192].  

The third type of adipocytes is brite adipocytes. These cells possess the morphological and functional 

characteristics of brown adipocytes but are related to white adipocytes. As brown adipocytes, beige 

adipocytes express UCP-1 and can perform thermogenesis. The origin and importance of these cells is 

still highly debated and has been discussed comprehensively elsewhere [193]. 
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As previously mentioned, white adipocytes can store energy as triglycerides. However, this capacity 

is limited. If exceeded, the excess lipids will be stored in other compartments such as the muscles, the 

liver and other non-adipose tissues [194]. This could lead to several deleterious consequences such as 

metabolic syndrome, which is a cluster of symptoms characterized by insulin resistance, T2DM (type 2 

diabetes mellitus), dyslipidemia, chronic low-grade inflammation, atherosclerosis and hypertension [195]. 

However, obesity can also lead to the development of other diseases, including liver cirrhosis [196], 

heart failure [197] and some types of cancers [196,198]. 

7.2. Mitochondrial Dysfunction(s) in Obesity and Related Diseases 

Mitochondria are thought to play a key role in the aetiology of obesity and T2DM. Fat accumulation 

and/or insulin resistance seem to affect mitochondria in several ways, including ROS production, 

mitochondrial structure, biogenesis and ATP production. We will discuss the role of these mitochondrial 

dysfunctions in the aetiology of obesity and related diseases. 

First, numerous evidence shows increased mitochondrial ROS production [199] in response to obesity 

in animal models and humans. ROS production has been found to increase in the WAT of KKAy mice 

(a model of non-diabetic obesity), diet-induced obesity (DIO) mice and obese and type 2 diabetic 

db/db−/− (knock-out for the leptin receptor) mice [200]. This can be explained by the increased expression 

and activity of NADPH oxidase and the decrease in the expression of antioxidant enzymes such as SOD1, 

SOD2, catalase and glutathione peroxidase (GPx) [200]. ROS production can also be explained by the 

presence of an elevated concentration of FFAs in the tissues and blood of obese individuals. FFAs can 

increase ROS production through the activation of NADPH oxidase [201]. ROS can also modulate the 

expression of genes involved in obesity in T2DM. The incubation of 3T3-L1 murine adipocytes in the 

presence of H2O2 mimics the situation observed during obesity in that it decreases adiponectin and PPARγ 

expression and increases the expression of pro-inflammatory molecules such as monocyte chemoattractant 

protein-1 (MCP-1), interleukine-6 (IL-6) and plasminogen activator inhibitor 1 (PAI-I) [200]. Incubation 

in the presence of antioxidant molecules, such as N-acetyl-cysteine, prevents these effects [200]. In 

humans, ROS production also seems higher in adipose tissue [200], lymphoblasts [202], monocytes [203] 

and the skeletal muscle [204] of obese patients. Interestingly, this increases more after stimulation with 

arachidonic acid [202], which suggests a direct role for this molecule and that food and its composition 

are directly responsible for the increased ROS production observed with obesity. In accordance with this 

hypothesis, a two-day fast decreased ROS production in human polymorphonuclear leucocytes [205]. 

Glucose, which is considerably increased in the blood of obese patients, also stimulates ROS production 

in rats’ liver cells or H9c2 rat myoblasts, which induces mitochondrial network fragmentation (glucose 

concentration: 50 mM) [206]. 

Other reports indicate that obesity can decrease mitochondrial biogenesis and the number of 

mitochondria. One piece of evidence for this is that db/db−/− mice present a decreased mitochondrial 

population compared to lean non-diabetic wild-type C56/BL6 mice [207]. In general, mitochondrial 

abundance in fat deposits is inversely correlated with the weight of the mice. This could be explained by 

the decreased PGC-1β, PGC-1α, estrogen-related ERRα (ERReceptor α (ERRα) and PPARα activity 

observed in db/db−/− mice [208]. In addition, a transcriptomic study performed on adipose tissue from 

ob/ob−/− mice showed that the expression decreased in over 50% of the gene coding for mitochondrial 
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proteins [209]. However, it seems that no T2DM mice model presents mitochondrial population 

alterations. The mitochondrial population of adipocytes in ob/ob−/− mice is unaffected in relation to the 

number of mitochondria [207]. In humans, mitochondrial biogenesis alterations have also been found. 

Obese patients seem to present less subsarcolemmal mitochondria compared to lean subjects [207]. 

Interestingly, the mitochondrial DNA copy number is also inversely correlated with visceral fat 

accumulation in healthy young adults [210], which suggests that mitochondrial biogenesis could be 

affected in cell types other than adipocytes and skeletal muscle cells. This effect could be explained by 

the decrease in mitochondrial transcription factor A (mTFA/TFAM),) Nrf1 mRNA and protein levels 

induced by fat accumulation as measured in the cardiomyocytes of human patients [211]. This could 

also be due to elevated levels of tumour necrosis factor α (TNFα), which decreases the activity of 

endothelial nitric oxide synthase (eNOS) [212]. Decreased levels of transcription factors involved in 

mitochondrial biogenesis, such as PGC-1α and PGC-1β, are also found in the skeletal muscle of T2DM 

patients [213]. In another study performed on humans suffering from T2DM, forkhead box C2 (FOXC2), 

mTFA and TFAM subunit expression in respiratory complexes I, II, III and IV decreased in 

subcutaneous abdominal fat, thus suggesting a decrease in mitochondrial biogenesis [214]. Analysis of 

human diabetic kidney patients also revealed the down-regulation of PGC1α, which is a master regulator 

of mitochondrial biogenesis [215]. These results suggest a global decrease in the abundance and activity 

of mitochondria, which might be either the consequence or cause of kidney diseases [216]. Interestingly, 

T2DM patients are treated with rosiglitazone, which improves insulin sensitivity [217] and restores the 

expression of these proteins [214]. However, conflicting studies report no modification in terms of 

mitochondrial abundance in overweight and obese patients [218]. If obesity seems to have a strong effect 

on mitochondrial numbers, diabetes does not necessarily affect mitochondrial biogenesis per se; the 

effect is essentially dependent on the type of diabetes and the tissue considered. In hearts from the 

OVE26 mice model with type 1 diabetes, mitochondrial biogenesis is increased; increases are seen in 

the mitochondrial DNA copy number and in TFAM, which could be explained by the severe 

mitochondrial damages (reduced respiratory control ratio [ratio of mitochondrial respiration state 3 to 

state 4] due to a reduced state 3 rate and diminished GSH abundance) observed in this model [219].  

In addition, alterations of mitochondrial morphology and the mitochondrial network can be observed 

in the mitochondria from obese individuals’ hepatocytes [220,221]. Alteration of the mitochondrial 

network could explain the reduced level of mitofusin 2 (Mfn2), which is a protein involved in the fusion 

of the OMM [222]) in Zucker rats [223] and the increased expression of dynamin-related protein 1 

(Drp1) and mitochondrial fission protein 1 (Fis1), which are involved in OMM and IMM fusion, 

respectively, observed in HFD mice [224]. These modifications ultimately induce mitochondrial 

network fragmentation. The functional effect on mitochondrial dynamics has been confirmed in mice’s 

skeletal muscle cells that are transfected by electroporation in the presence of mitochondrial matrix-targeted 

photoactivable green fluorescent protein (mtPAGFP). The propagation of activated mtPAGFP after 

photo-activation is decreased in HFD mice compared to lean controls [224]. In accordance with studies 

performed on animal models, the Mfn2 level is also reduced in T2DM patients’ skeletal muscle [213,223]. 

Because mitochondrial (and mitochondrial network) morphology is linked with mitochondrial ATP 

production [223,225]; it is tempting to assume that ATP production is altered in obesity. In accordance 

with this hypothesis, ATP synthesis and mitochondrial respiration significantly decrease in the skeletal 

muscle cells of obese mice [224], obese humans and diabetic patients [226]. This is essentially because 
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of a decrease in mitochondrial Complex I activity, as observed in overweight patients [211]. This suggests a 

functional significance of the mitochondrial alterations observed in response to obesity and T2DM. 

In conclusion, mitochondrial dysfunction seems to have an important role in relation to the consequences 

of obesity, such as insulin resistance. However, recent reports have suggested that mitochondrial 

dysfunction is not necessarily required to induce insulin resistance (and possibly other obesity-related 

diseases). Some conditions that induce insulin resistance do not always affect mitochondrial function. 

Conversely, alterations of mitochondrial function do not always induce insulin resistance. Mitochondrial 

respiration inhibition by rotenone is sufficient to induce insulin resistance (as measured by decreased 

insulin-stimulated glucose uptake) in 3T3-L1 murine adipocytes but does not affect FAO hepatocytes’ 

insulin sensitivity (even if the basal and insulin-stimulated glucose uptakes decrease) [227]. In addition, 

anti-diabetic drugs to improve insulin sensitivity, such as rosiglitazone, induce mitochondrial dysfunction. 

Following treatment of 3T3-L1 adipocytes with rosiglitazone, mitochondrial respiration decreased and 

glycolysis increased [227]. ROS production was not affected by the treatment. Interestingly, basal glucose 

uptake significantly increased but insulin-stimulated glucose uptake was not affected, which suggests 

that these drugs’ anti-diabetic effect could be cell-specific [227]. Similar results have been obtained on 

intact hepatocytes and isolated mitochondria from rats’ skeletal muscle (inhibition of states I and III of 

mitochondrial respiration) [228]. However, a decrease in ROS mitochondrial production was observed 

under these circumstances, which emphasises the cell-specific effect of this class of drug [228,229]. In 

contrast, in humans treated with rosiglitazone, increased expression of mitochondrial ETC components 

was observed in patients with high oxygen consumption (VO2 over 28.1 mL/kg/min) [230]. However, 

the anti-diabetic function of rosiglitazone was similar in both types of patients, thus suggesting that the 

gain in mitochondrial function is not required for insulin resistance improvement. The glitazones’ effects 

on ETC components are likely due to the direct binding of glitazones on mitochondrial complex I. It has 

been recently suggested that, glitazones can disassemble disassembly complex I following binding, 

thereby reducing complex I activity and ATP production, at least in human HepG2 hepatocytes [229]. 

Similar results for mitochondrial complex I activity have been obtained with other anti-diabetic drugs 

(phenformin and biguanides) belonging to another class of anti-diabetic drugs [227].  

In conclusion, despite numerous evidence of implication of mitochondrial dysfunction(s) in the onset 

of obesity and its consequences, the role of these different types of mitochondrial dysfunction could be 

different according to the cell type considered and does not seem to be necessarily required to observe 

insulin resistance. Therefore, further studies are still required in order to ascertain the role of mitochondrial 

dysfunction in these diseases. 

We also emphasize that mitochondrial dysfunction is usually evaluated by measuring ATP content or 

production, mitochondrial potential membrane or ROS production. However, mitochondrial dysfunction 

also includes other dysfunctions, such as perturbations in mitochondrial metabolism and metabolite 

concentration. Therefore, metabolomic studies offer a unique opportunity to screen for metabolites and 

evaluate the pertinence of such mitochondrial dysfunctions in obesity. As more people are affected by 

obesity and its associated disorders, it is necessary to detect the possible development of these 

consequences to treat them as quickly as possible. The method of choice should be non-invasive, fast, 

affordable and reliable. Once again, metabolomics meet all these requirements, as do other “-omics” 

techniques such as the lipidomic, transcriptomic and proteomic approaches. Next, we will summarize 
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what metabolomics, which is the most integrative “-omics” approach, has brought to the obesity research 

field. The principal modifications are presented in Table 2. 

Table 2. Summary of metabolites found as modified in response to insulin resistance. 

Class of metabolites Metabolite(s) identified 

Trend in 

insulin 

resistance 

Species 
Tissue or 

cell-type 
Reference 

Free fatty acids 
Myristate, palmitate, stearate, oleate, 

linoleate, arachidonate 
Increase Human Blood [231] 

 
3-carboxy-4-methyl-5-propyl-2-

furanpropanoic acid 
Increase Human Serum [232] 

Carnitines 

Dodecenoyl carnitine, tiglyl carnitine, 

tetradecenoyl carnitine, lauroyl carnitine, 

propionyl carnitine 

Increase Mice Blood [233] 

Acetylcarnitine, proprionylcarnitine, 

deoxycarnitine 
Increase Mice Blood [234] 

 

Proprionyl carnitine, isovaleryl/2-

methylbutyryl carnitine, hexanoyl carnitine, 

octenoyl carnitine 

Increase Human Blood [231] 

 Carnitine Increase Mouse Serum [235] 

LysoLyso-

glycerophospholipids 

Lysophosphatidylethanolamine  

(20:1, 20:2, 22:4) 

Lysophosphocholine (20:5, 18:2, 18:1) 

Lysophosphatidyl inositol (20:4) 

Lysophisphatidylserine (20:0) 

lysophosphatidic acid (18:2) 

Increase Human Blood [236] 

 Lysophosphocholine (16:1) Decrease Mice Blood [237] 

 Lysophosphocholine (22:4) Increase Mice Blood [237] 

 Lysophosphocholine Increase Human Serum [238] 

 
Diacyl-phosphatidylcholines 

Lysophosphocholines 
Decrease Mouse Serum [239] 

 Lysophosphatidylcholine Phosphatidylserine No change Mouse Liver [237] 

 Lysophosphatidylcholine (18:0) Increase Mouse Serum [240] 

Amino acids Serine, glycine, arginine Decrease Mouse Serum [239] 

 
Alanine, arginine, glycine, isoleucine, 

methionine, ornithine, serine 
Decrease Mouse Serum [235] 

 

Valine, leucine, isoleucine, phenylalanine, 

tyrosine, glutamate/glutamine, 

aspartate/asparagine, arginine 

Increase Human Serum [231] 

 
Citrulline, histidine, methionine, ornithine, 

proline, serine, tryptophan 
No change Human Serum [231] 

TCA cycle 
Succinate Increase Mouse Serum [235] 

Citrate, glucoxe, glycolate, lactate, pyruvate Decrease Mouse Serum [235] 

Ketone bodies 
Acetoacetate, acetoneµ Decrease Mouse Serum [235] 

2-hydroxybutyric acid Increase Human Serum [169,231] 

Others Hydroxysphingomyelin Decrease Mouse Serum [239] 
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7.3. Metabolomic and Lipidomic Studies 

One of the most important classes of metabolites in the field of obesity-related pathologies and 

mitochondrial dysfunction is lipids. First, obese patients present ectopic lipid storage in several tissues, 

including adipocytes, macrophages, skeletal muscle cells and hepatocytes [241]. Thus, lipid 

concentrations are highly modified in these conditions. Second, lipids are essentially catabolized by the 

mitochondria and the peroxisomes for very long fatty acids. Therefore, an excessive accumulation of 

lipid-derived molecules could be a possible indicator of mitochondrial dysfunctions that could be 

involved in the aetiology of obesity-linked diseases. 

It seems particularly important to study two classes of lipids: FFAs and acylcarnitines. An interesting 

metabolomic study performed on the muscles, serums and WAT of rats exposed to a high-fat diet, a 

“cafetariat” diet and a control diet suggests that saturated fatty acids (stearate, palmitate and myristate) 

are elevated in virtually every tissue in obese rats [233]. An increased blood concentration of FFAs (such as 

myristate, palmitate, stearate, oleate, linoleate and arachidonate) was also observed in obese humans [231]. 

Several fatty acids (including total saturated, monounsaturated and polyunsaturated) were also elevated 

in the livers of HFD C57BL/6 mice [237], which explains the hepatic steatosis observed in these 

conditions. However, α-linolenic acid decreased under the same conditions. This evidence shows that 

obesity induces strong modifications in fatty acid metabolism. This global increase in FFA levels could 

have several deleterious effects, especially on mitochondria. These deleterious effects include mitochondrial 

uncoupling [242], decreased mitochondrial ATP production leading to increased glycolysis rates and 

increased ROS production [115]. All these effects have been recapitulated through the direct incubation 

of H9c2 cardiac myocytes in rats and C2C12 murine skeletal muscle cells in the presence of fatty acids 

such as palmitate [242,243]. Monitoring different FFAs levels is thus a good method to identify the 

possible consequences of mitochondrial dysfunctions. However, increased FFA is a common event in 

obesity, even in non-insulin-resistant obese individuals where no mitochondrial dysfunction is expected. 

Therefore, other lipids must be considered to discover the potential biomarkers of mitochondrial 

dysfunction. One interesting class of candidates is acylcarnitines, which are FFAs coupled to carnitine. 

Levels of acylcarnitines (such as dodecenoyl carnitine, tiglyl carnitine, tetradecenoyl carnitine, lauroyl 

carnitine and propionyl carnitine) are higher in HFD rats [233]. Increased levels of other acylcarnitines 

(acetylcarnitine, proprionylcarnitine and deoxycarnitine) have also been found in HFD mice [234]. The 

increase in some circulating acylcarnitines (proprionyl carnitine, isovaleryl/2-methylbutyryl carnitine, 

hexanoyl carnitine and octenoyl carnitine) has also been confirmed in obese patients [231]. The high 

concentration of acylcarnitines in mitochondria is often associated with mitochondrial dysfunction [233] 

and could represent insufficient β-oxidation [244]. Interestingly, these elevated concentrations are 

correlated with higher body mass in rats, glucose concentrations, an adipose tissue inflammatory state 

(presence of crown-like structure in adipose tissue, recruitment of pro-inflammatory M1 macrophages), 

conditions associated with mitochondrial dysfunction and metabolic syndrome [233]. The authors have 

also identified several extra molecules that are present in adipose tissue lesions in high amounts: laurate 

and lauroyl carnitine [233]. The authors also successfully demonstrated the physiological role of these 

molecules by demonstrating pro-inflammatory activation in bone-marrow macrophages, which is a 

process mediated by AMPK inactivation and increased pro-inflammatory cytokines such as IL-3, IL-12, 

IL-16, IL-23, CXC chemokine ligand 11 (CXCL11), CXCL13, CC-chemokine ligand 5 (CCL5) and 
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CCL17 [233]. The accumulation of acylcarnitines is clearly associated with insulin resistance. Clearing 

these lipids (through physical exercise or the knock-out of malonyl-CoA decarboxylase) improves 

insulin resistance in mice [244]. 

Lyso-glycerophospholipids is another interesting class of lipids. These molecules are membrane-derived 

phospholipids formed in response to a cell stimulus [245]. Lyso-glycerophospholipids are often 

considered to be signalling and pro-inflammatory molecules [246]. The synthesis and roles of these 

molecules in chronic inflammatory diseases have been reviewed in detail elsewhere [245].  

Lyso-glycerophospholipids have also been linked to mitochondrial dysfunctions. First, the insertion of 

lysophospholipids (one class of lyso-glycerophospholipids) in the mitochondrial membrane promotes its 

permeabilization [247] and inhibits the activity of mitochondrial COX1 and glycerolphosphate 

dehydrogenase [248]. Concentrations of 0.75 mg of lysophospholipids/mg protein can completely alter 

the mitochondrial membrane integrity and induce the complete release of malate dehydrogenase from 

the mitochondrial matrix [248]. Lysophospholipids are also often considered to be cell death effectors 

and to play an important role in lipotoxicity [249]. This class of lipids thus seems to be particularly 

interesting in relation to obesity and mitochondrial dysfunctions. 

Several pieces of evidence indicate the possible alteration of lyso-glycerophospholipid metabolism 

in obesity and its related diseases. By comparing the metabolomes (using LC-QTOF/MS, GC-Q/MS and 

CE-TOF/MS) of 20 women suffering from gestational diabetes with the metabolomes of 20 healthy 

women, the authors found increases in some lyso-glycerophospholipids such as lysophosphoethanolamine 

(LPE) (20:1), LPE (20:2), LPE (22:4), lysophosphatidylcholine (LPC) (20:5), LPC (18:2), LPC (18:1), 

lysophosphatidylinositol (LPI) (20:4), LPS (20:0), (LPA) (18:2) [236]. Based on the correlation between 

lyso-glycerophospholipids and obesity/weight, a study using flow injection analysis/ thermospray mass 

spectrometry (FIA-MS) to analyse serums from obese children who lost weight (compared with children 

with stable weights) showed increased levels of lysophosphocholines [238]. However, some 

lysophosphatidylcholines could be differentially affected by obesity as seen in HFD C57BL/6 mice. 

Lysophosphatidylcholine (16:1) seemed to decrease when the level of lysophosphatidylcholine (22:4) 

increased [250]. The elevated lysophosphocholine concentration in insulin-resistant patients was 

reported to be associated with the number of servings of full-fat dairy foods [251]. However, every class 

of lysoglycerophospholipids does not seem to be affected in the same way by obesity and/or diabetes; 

these effects could depend on the model considered. In a study using LC/MS/MS, the level of twenty 

two diacyl-phosphatidylcholines, two lysophosphocholines and three carnitines was lower in serum from 

the Berlin Fat Diabetic Mouse Inbred line, whereas higher concentrations of other metabolites, such as 

amino acids (serine, glycine and arginine) and hydroxysphingomyelin, were found [239]. In accordance 

with this finding, lysophosphatidylcholine and phosphatidylserine level was not affected in the livers of 

HFD C57BL/6J mice [237]. However, the association between lower phosphatidylcholines and obesity 

was confirmed in mice by another study conducted with FVB/N mice [240]. In conclusion, it seems that 

obesity is clearly associated with modifications to lyso-glycerophospholipids levels (which could 

represent a risk of mitochondrial dysfunction) even though some discrepancies were observed in some 

models. More studies are thus required to assess the role of this class of lipids in obesity and its related 

diseases, especially their role in mitochondrial dysfunctions. 

Other intermediates and metabolites of lipid metabolism are affected by obesity and seem to be linked 

to mitochondrial dysfunctions. Serums from patients with either gestational diabetes or T2DM showed 
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major alterations in fatty acid metabolites compared to the controls, especially in furan fatty acid 

metabolites such as 3-carboxy-4-methyl-5-propyl-2-furanpropanoic acid (CMPF) [232]. An elevation of 

CMPF in mice results in glucose intolerance, impaired insulin secretion and decreased glucose uptake 

by causing mitochondrial dysfunction (decreases in the mitochondrial potential membrane and increases 

in mitochondrial ROS production) in β-cells that then impair the activity of transcription factors 

controlling insulin biosynthesis [232]. A beneficial effect from CMPF-induced pancreatic β-cell dysfunction 

could be obtained by blocking the CMPF transporter (OAT3) or an antioxidant treatment [232].  

Because diabetes is strongly associated with perturbations in lipid metabolism, one can postulate that 

improved insulin sensitivity could improve this metabolism. However, although they can clearly alleviate 

T2DM, glitazones are associated with an increased risk of hepatic steatosis. This could be due to their 

side effects on lipid metabolism, as demonstrated in a lipidomic study performed on obese mice [252]. 

First, glitazones strongly affect the transcript level of several enzymes that handle lipid metabolism, 

including increases in fatty acid synthase, lipoprotein lipase, fatty acid translocase and acetyl-CoA 

oxidase, thus suggesting a global increase in lipid metabolism under these circumstances [252]. In 

accordance with these results, levels of several lipids are affected in a tissue-specific manner. Triglyceride 

levels decrease in the liver while they increase in plasma and remain unaffected in the heart or adipose 

tissue. Phosphatidylcholines globally decrease in plasma membranes but increase in hepatic and cardiac 

tissues [252], while lysophosphatidylcholines are unaffected no matter what tissue is studied. Cardiolipins 

remain globally unaffected in plasma but decrease in the heart [252]. Finally, phosphatidylserines  

and phosphatidylethanolamines globally increase in the liver and heart, while their levels decrease in  

blood [252]. Another study reported corrected levels of long-chain fatty acids in serum from 

rosiglitazone-treated patients [253]. All these studies clearly showed that even if levels of some 

glycerophospholipids (phosphatidylcholines, phosphatidylserines, and phosphatidylethanolamines) and 

long-chain fatty acids are corrected by glitazones, others (such as lysophosphatidylcholines or 

triglycerides) are not affected. Therefore, since insulin resistance is clearly alleviated by this treatment, 

one can postulate that some lipids that are modified by diabetes do not clearly play a role in this disease. 

Second, it also shows that glitazones have critical side effects. Therefore, these molecules must be used with 

caution; when possible, their use must be associated with metabolite levels monitoring in patients treated 

with glitazones. Biguanides also have a clear effect on lipid profiling. Metformin treatment in  

diet-induced-obese mice increases the urinary levels of some phosphatidylcholines (15:0, 16:0, 18:0) 

[254], but these results were challenged in another study [255]. In addition to this role, metformin also 

seems able to limit palmitate stress induced in INS-1 beta cells by decreasing endoplasmic reticulum 

stress (through decreases in C/EBP homologous protein (CHOP) activation, the phosphorylation of 

eIF2α and Janus kinases (JNK)) [256]. Amino acid metabolism also seems to be affected by obesity. 

Some authors found significant modifications in some amino acid levels (leucine, alanine, arginine, lysine 

and methionine) in C57/BL6 mice with leptin gene deficiencies (ob/ob mice) compared to wild-type mice 

[235]. These authors also found modifications in TCA cycle metabolites (pyruvate, citrate and 

glycolate), ketone bodies (acetoacetate and acetone), creatine metabolism and lipid metabolism 

(cholesterol and carnitine). BCAAs also represent a target of choice in evaluating the possible induction 

of mitochondrial dysfunctions in obesity and its related diseases. BCAA catabolism is performed in the 

mitochondrial matrix. Therefore, modifications of these metabolites’ levels could be an indicator of 

mitochondrial functionality. A retrospective study performed on 50 patients found significantly higher 
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BCAA blood concentrations in patients suffering from primary mitochondrial disease or from pyruvate 

dehydrogenase deficiency [257]. BCAA catabolism products can also affect mitochondrial functionality, 

especially FFA β-oxidation rates [258]. This evidence suggests a possible link between increased BCAA 

concentrations and mitochondrial functionality, at least under certain circumstances. 

In accordance with this role and the possible implication of mitochondrial dysfunction in obesity, 

obese humans also present increased circulating levels of BCAAs (valine, leucine and isoleucine) and 

other amino acids (phenylalanine, tyrosine, glutamate/glutamine, aspartate/asparagine and arginine) [231]. 

However, concentrations of other amino acids remain unaffected (citrulline, histidine, methionine, 

ornithine, proline, serine and tryptophan) [231]. This suggests that only some are important in obesity. 

Plasma concentrations in BCAAs also decrease during weight loss and are correlated with insulin 

sensitivity in humans, thus indicating that BCAAs are good biomarkers in evaluating the evolution of 

insulin sensitivity in humans [259]. This accumulation of BCAAs could be due to the decreased 

expression of enzymes involved in their catabolism, which was demonstrated in a study performed on 

mitochondria isolated from the skeletal muscle of obese and insulin-resistant patients [204]. However, 

conflicting results showed decreased levels of BCAAs in WAT from HFD mice, which has been 

associated with increased BCAA catabolism [234]. Therefore, the precise role of BCAAs in obesity and 

insulin resistance is still controversial. Indeed, if BCAAs are linked to the development of insulin 

resistance, we would expect to see increased insulin resistance in rats exposed to BCAAs. To confirm 

this hypothesis, a study was performed on rats exposed to an HFD and complemented with BCAAs. 

Interestingly, these rats were equally insulin resistant to HFD rats [231]. BCAAs do not affect rats fed 

with a classic diet [231]. In addition, BCAA complementation does not have any inhibitory effect on the 

increased levels of acylcarnitines observed in HFD rats’ skeletal muscle, which is a previously seen 

indicator of mitochondrial dysfunction [231]. However, insulin resistance observed in BCAA-HFD rats 

seems different compared to HFD rats. This treatment seems to induce mTOR (Ser2448) and IRS1 

(Ser307) phosphorylation and increase JNK protein levels [125]. Moreover, treatment with rapamycin, 

an mTOR inhibitor, seems to alleviate insulin resistance only in BCAA-HFD-fed rats [231]. Supporting 

the role of BCAAs in obesity, the knock-out of the BCATm gene seems to increase BCAA levels (as 

seen in obesity); however, mice are surprisingly protected against HFD-induced obesity and have better 

glucose and insulin tolerance [260]. Another study reported that middle-aged mice fed with BCAAs had 

prolonged lifespan, decreased ROS production (due to the increased expression of genes encoding 

antioxidant enzymes), increased mitochondrial biogenesis and increased sirtuin-1 expression in cardiac 

and skeletal muscle [41]. In addition, treatment with rosiglitazone also increased BCAA levels in the 

plasma of treated patients [253]. Similar results were observed in humans’ BCAA blood levels in 

response to metformin treatment [261]. However, conflicting results were obtained in another study 

performed on adipose tissue from Zucker rats; an increased expression of enzymes involved in BCAA 

catabolism was found [262]. The link between BCAAs, obesity and insulin resistance is unclear and 

must be investigated further. This demonstrates the possibility that the biology of BCAAs in obesity 

could also differ between mice, rats and humans. This aspect merits more attention in the future. Despite 

its unclear role in insulin sensitivity, BCAAs also seem to play a role in the development of coronary 

disease, which is another possible consequence of obesity. A link has been demonstrated between 

increased serum BCAA concentrations in humans and waist circumference, blood pressure, fasting blood 
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glucose, TG, apolipoprotein B (apoB), apoB/apoAI ratio, apoCII and apoCI levels, which are important 

risk factors in coronary diseases [263]. 

Another class of metabolites of special interest is ketone bodies. These molecules are produced in the 

mitochondrial matrix during times of energy demand and glucose deprivation. Alterations of this 

metabolism have been associated with obesity [169]. A study performed on 163 Chinese patients 

(ranging from 25–70 years old) found three metabolites associated with the possible development of 

metabolic syndrome: 2-hydroxybutyric acid (a ketone body), inositol and glucose [169]. Another study 

found similar results regarding the ketone body levels. In a study performed on 74 obese humans,  

β-hydroxybutyrate levels were elevated in obese individuals [231]. The accumulation of  

3-hydroxybutyrate could be a direct effect of FFA exposure. The incubation of isolated mitochondria 

from the skeletal muscle of C57Bl/6J mice in the presence of palmitate induces an accumulation of  

3-hydroxybutyrate in the mitochondrial matrix [264]. However, the possibility of using 3-hydroxybutyrate 

as a biomarker for insulin resistance is compromised by results showing that metformin treatment of 

patients also increases serum concentrations of this metabolite and acetoacetate [255]. Therefore, 

increased levels of 3-hydroxybutyrate might be caused by the mitochondrial dysfunction induced by this 

drug and may not be related to the onset of insulin resistance. 

Chronically high glucose blood concentrations are also a hallmark of insulin resistance [265]. To 

elucidate the consequences of this chronic exposure to glucose, a metabolomic study was performed on 

INS-1cells exposed to high and low glucose concentrations using GC/MS. The authors found increases 

in some TCA cycle components (citrate, succinate, α-ketoglutarate, fumarate and isocitrate) in response 

to high glucose conditions. These modifications were accompanied by increased glycolysis rates, 

mitochondrial respiration and mitochondrial proton leaks and indicate a possible mitochondrial 

dysfunction [266]. However, we can still question the importance of these modifications in the aetiology 

of insulin resistance. Treatments alleviating insulin resistance, such as glitazones, also  

up-regulate glycolysis and lactate and acetate production, which are associated with increased anaerobic 

glycolysis and fatty acid β-oxidation. As demonstrated in humans, biguanides also considerably decrease 

the abundance of virtually every TCA cycle intermediate [267]. This is in accordance with the 

mitochondrial dysfunction induced by these molecules.  

In addition to lipids and sugars, organic anions/cations also seem to be good biomarkers of the 

potentially detrimental consequences of obesity. GC-MS quantification of 94 metabolites recovered 

from the urine of a cohort of T2DM patients (with or without kidney disease) compared to a healthy 

control group revealed that obesity affected 13 organic anions [216]. Furthermore, the analysis of gene 

expression from human diabetic nephropathy revealed a lower expression of the genes encoding organic 

anion transporters (OAT-1 and OAT-3), which could explain the differences observed. In accordance 

with this hypothesis, twelve OAT-transported organic anions were related to mitochondrial metabolism. 

In addition to organic anions, organic cations could also play in important role in diabetes. Elevated 

protein levels of organic cation transporter-1 (OCT-1) were found in the livers of HFD  

mice [268]. Interestingly, metformin can inhibit OCT-1 [269]. Moreover, loss of OCT-1 reduces TG 

liver content in both lean and ob/ob obese mice, which is caused by the inhibition of thiamine uptake, 

AMPK phosphorylation and acetyl-CoA carboxylase activity [269]. Therefore, organic cations should 

be considered as potential biomarkers for insulin resistance. 
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Despite the great advances provided by metabolomic studies in the obesity field, we still must note 

that most of these studies were performed on plasma, blood, whole cells or tissue lysates. However, the 

nature of such samples is complex and could reduce the number of metabolites that can be detected. 

Mitochondrial metabolites (and thus the molecular signatures of mitochondrial dysfunction) can remain 

undetected when these analyses are performed on cells/tissues. Therefore, some authors propose directly 

analysing the metabolites of isolated mitochondria. An excessive palmitate concentration is often 

associated with very high rates of FFAs β-oxidation and mitochondrial overload with incomplete lipid 

oxidized products; this condition is known to induce mitochondrial dysfunction and lead to insulin 

resistance [244]. Using GC-MS, Seifert et al. studied the effect of palmitate on skeletal muscle cells and 

its consequences on the composition of a metabolite mixture in a buffer and a matrix of mitochondrial 

fractions [264]. They found that palmitate leads to changes in TCA components, such as increased citrate 

and α-ketoglutarate and decreased succinate and malate; this suggests the possible induction of a 

mitochondrial dysfunction [264]. Interestingly, another study performed on mice and humans isolated 

mitochondria that were incubated in the presence of palmitoyl carnitine, palmitoyl-CoA and oleoyl-CoA 

and reported the stimulation of mitochondrial ATP production [270]. However, if their concentrations 

exceed 5 µM, mitochondrial dysfunction occurs. ATP synthesis is inhibited and a depolarization of the 

mitochondrial membrane is observed, thus suggesting these molecules finely tuned regulation of 

mitochondrial ATP production [270]. This observation also suggests that mitochondrial dysfunction(s) 

will occur only if FFA concentrations are excessive. Alterations in the TCA cycle during mitochondrial 

dysfunction were shown by another study performed on isolated mitochondria incubated in the presence 

of 13C-radiolabeled substrates and rotenone, which is a mitochondrial complex I inhibitor [70]. 

Metabolite analysis was performed with GC/MS. A clear mitochondrial dysfunction was observed in 

this study along with increased citrate and decreased oxaloacetate, succinate, α-ketoglutarate and 

aspartate in the mitochondrial matrix [175]. However, this study was performed in breast cancer cells 

(NT2196); therefore, the modifications found might not reflect the biology of normal cells. However, 

these findings support the fact that TCA cycle component modification is a major cause of mitochondrial 

dysfunction(s). 

We also must remember that a metabolome can be strongly influenced by several factors, such as 

gender, food intake, physical exercise, ethnicity and age. A recent study performed on 192 overweight 

adolescents (ranging from 12–15 years old) demonstrated many differences between boys and  

girls [271]. For instance, girls present higher urinary excretions of citrate, creatinine, hippurate and 

phenylacetylglutamine and higher plasma levels of phosphatidylcholine and unsaturated lipids compared 

to boys of the same age [271]. The pubertal development stage also affects the metabolome. It was 

positively related to urinary creatinine excretion and negatively related to urinary citrate  

levels [271]. However, the authors of this study could not show that physical exercise affected the 

metabolome [271]. Intracytoplasmic sperm injection (ICSI) could also affect the metabolome. In a study 

performed on 42 children born after ICSI and 42 naturally conceived children, urea and thyroid hormone 

T3 levels were lower in ICSI children [272]. More than 40 metabolites were also significantly elevated 

in ICSI children, including C-reactive protein (CRP) and glucose; TCA cycle components, such as citrate 

and isocitrate; and lipids, such as myristate and cholesterol [272]. In conclusion, we must be very careful 

when suggesting a metabolite as a potential biomarker of obesity and/or mitochondrial dysfunction. 
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Ideally, the influence from any factors, such as gender, age, ethnicity and method of conception, must 

be corrected before making any conclusion relative to the significance of the biomarker considered. 

We have seen that metabolomics represent an attractive experimental approach that can be used for 

prognostics and diagnostics. However, they require specific instruments, time and qualified people to 

ensure the quality and reproducibility of the results. Therefore, some authors proposed another strategy: 

implanting an external device into the patient’s body [273]. This would allow the real-time analysis of 

the metabolite set of interest. However, the presence of a foreign material could induce a pro-inflammatory 

process and therefore alter the concentrations of some metabolites of interest. By using microdialysis to 

model implanted sensors, the study demonstrated that glucose, lactate and urea concentrations rise over 

time following implantation [273]. This has been associated with the pro-inflammatory response induced 

by the implanted capillary. However, increased levels were also found for other metabolites, such as 

glycerol and pyruvate, retrieved at high concentrations in T2DM patients [273]. This confirms the 

possibility of real-time screening of some metabolites of interest in patients, thus allowing rapid 

treatment when necessary.  

8. Conclusions 

We have seen that mitochondria are important players in many cellular metabolic pathways, including 

the TCA cycle, FFA β-oxidation, glutaminolysis, BCAA catabolism and steroidogenesis. Because of 

their central role in metabolism, dysfunctions in this organelle have many deleterious effects. 

Mitochondrial dysfunction(s) can lead to the development of several pathologies, including obesity-related 

diseases such as atherosclerosis and metabolic syndrome. However, the role of mitochondria in these 

pathologies is still highly debated and must therefore be studied in more detail in the future. 

We have also seen that mitochondrial dysfunctions are often associated with specific metabolite 

signatures. Therefore, it is possible to use approaches such as lipidomics and metabolomics to detect the 

early signature of mitochondrial dysfunctions. If these signatures could be validated for particular 

diseases, it would therefore be possible to detect these markers early in patients before the onset of 

symptoms. This would allow a faster and more appropriate treatment of mitochondria-associated diseases. 

Therefore, future studies must be dedicated to the validation of such biomarkers (ideally both in animal 

models and humans). Metabolomic approaches seem to be ideal for achieving this goal. However, 

because every metabolomic approach uses different techniques and instruments, the results are often 

limited to the detection of only a few classes of metabolites. Different and complementary techniques 

must therefore be used to ensure the most complete and comprehensive metabolic profile and alterations. 

One could also imagine the possibility of using mild mitochondrial uncoupling in adipocytes as a 

suitable treatment for obesity [274]. Indeed, the increase in energy expenditure would allow decreased 

TG content in obese individuals’ adipose tissues and would subsequently limit the consequences of this 

pathological state [275]. To achieve this goal, the use of some metabolites might be envisaged. Indeed, 

we have seen that almost any class of metabolites can interfere with the regulation and/or the activity of 

UCPs. It is therefore tempting to think of using these metabolites to regulate the activity of UCPs. 

However, because few mechanisms are available for this regulation, further studies are needed to identify 

metabolites that can regulate UCP expression and/or activity. 
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