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Biochemical and biomechanical 
comparisions of decellularized scaffolds 
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Abstract
Decellularized adipose tissue (DAT) is a promising biomaterial for adipose tissue engineering. However, there is a lack 
of research of DAT prepared from xenogeneic porcine adipose tissue. This study aimed to compare the adipogenic 
ability of DAT derived from porcine subcutaneous (SDAT) and visceral adipose tissue (VDAT). The retention of 
key collagen in decellularized matrix was analysed to study the biochemical properties of SDAT and VDAT. For 
the biomechanical study, both DAT materials were fabricated into three-dimensional (3D) porous scaffolds for 
rheology and compressive tests. Human adipose-derived stem cells (ADSCs) were cultured on both scaffolds to 
further investigate the effect of matrix stiffness on cellular morphology and on adipogenic differentiation. ADSCs 
cultured on soft VDAT exhibited significantly reduced cellular area and upregulated adipogenic markers compared 
to those cultured on SDAT. In vivo results revealed higher adipose regeneration in the VDAT compared to the 
SDAT. This study further demonstrated that the relative expression of collagen IV and laminin was significantly 
higher in VDAT than in SDAT, while the collagen I expression and matrix stiffness of SDAT was significantly higher 
in comparison to VDAT. This result suggested that porcine adipose tissue could serve as a promising candidate for 
preparing DAT.
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Introduction

Reconstruction of subcutaneous soft-tissue defects presents a 
major challenge in plastic and reconstructive surgery. The 
current methods involve artificial material filling or autolo-
gous tissue transplantation. However, some disadvantages, 
including the occurrence of capsular contracture, resorption, 
necrosis and donor site morbidity, may limit the applications 
of these methods.1–3 Therefore, there is a growing need for 
biomaterials that can not only replace lost or damaged soft 
tissue but also encourage its natural adipose regeneration. 
Decellularized extracellular matrix (ECM) derived from 
many living tissues have emerged as an ideal biomaterial for 
a broad range of regenerative medicine since the composi-
tion, architecture and physical properties of decellularized 
ECM provide specific physical and chemical cues for cell 
recruitment, proliferation and differentiation.4 Clinical decel-
lularized products are harvested from a variety of allogeneic 
or xenogeneic tissue sources, including dermis, urinary blad-
der, small intestine, mesothelium, pericardium and heart 
valves, and from several different species. Many decellular-
ized products derived from allogeneic or xenogeneic tissue 
sources (e.g. dermis, urinary bladder and small intestine)5–9 
have been developed and used in the humans for wound 
repair and tissue regeneration. Adipose tissue represents a 
potentially abundant source of ECM and decellularization of 
adipose tissue was first described by Flynn10 in 2010. 
Subsequently, several published articles have reported alter-
native methods for decellularizing adipose tissue11,12 and 
decellularized adipose tissue (DAT) was found to provide an 
inductive microenvironment for adipogenesis both in vivo 
and in vitro.13–17 In recent years, several groups have been 
testing DAT in vitro and in vivo for potential clinically trans-
latable, tissue-engineering applications.18–20 Most recently, 
Kokai et al.21 reported a first allograft implantation of DAT in 
the dorsal wrist of patients. The DAT matrix maintained soft-
tissue volume in the dorsal wrist in a 4-month investigation 
with no severe adverse events and adipogenesis was found in 
the matrix, indicating that DAT could serve as a biomaterial 
product for clinical soft-tissue filling in the future. Porcine 
adipose tissue is an abundant animal tissue.22 More than 6.8 
million tonnes of porcine adipose tissue are produced world-
wide, with significant quantities of inedible adipose tissue 
being discarded.15 Moreover, pigs have similar anatomical 
and physiological properties to humans,23 so porcine adipose 
tissue may be an attractive candidate biomaterial for prepar-
ing DAT. Since pigs are abundant in both subcutaneous adi-
pose tissue and visceral adipose tissue, which have 
significantly different appearance and texture, comparing 
DAT from two donor sites and determining an optimal por-
cine DAT preparation site are necessary.

While the mechanisms underlying ECM-mediated con-
structive remodelling are not completely understood, many 
studies have shown that different elements of the decellular-
ized matrix impact regeneration.24 The impact of biochemical 
properties of decellularized matrix on tissue regeneration has 

been a hot topic in the past decade.25–27 For example, Reing 
et al.28 and Agrawal et al.29 reported that ECM degradation 
peptides possessed chemotactic and mitogenic activities for 
host progenitor cells. Huleihel et al.30 and Dziki et al.31 
showed that matrix-bound nanovesicles promoted a transition 
in macrophage behaviour from a proinflammatory to a regu-
latory/anti-inflammatory phenotype, which in turn contribute 
to a constructive and functional tissue repair. Biochemical 
properties are also affecting tissue remodelling of decellular-
ized matrix. Biomechanical study of DAT was first reported 
by Omidi and colleagues32,33 who measured the mechanical 
properties of DAT samples derived from multiple fat depots 
and found that the mechanical properties of the DAT samples, 
including linear and hyperelastic properties, were similar to 
those of natural ex-vivo breast adipose tissue, suggesting the 
biomechanical suitability of DAT for breast reconstruction. 
Costa et al.34 reported that decellularized urinary bladder 
matrix exhibited a rapid initial decrease in strength and modu-
lus in Sprague Dawley rats of abdominal wall defect. This 
remodelling process was associated with a rapid, dispropor-
tionate loss of strength that was comparable or above that of 
the native abdominal wall. Edwards et al.35 demonstrated that 
decellularization affects collagen crimp, tissue swelling and 
collagen fibre sliding of porcine superflexor tendon (pSFT), 
but the ample strength and integrity remains sufficient for the 
pSFT to act as a viable regenerative graft.

This study aimed to compare the adipogenic induction 
ability of both porcine subcutaneous DAT (SDAT) and vis-
ceral DAT (VDAT) and preliminarily investigate the effect 
of both biochemical and biomechanical factors on affect-
ing the adipose regeneration of these two types of DATs.

Materials and methods

Preparation of porcine SDAT and VDAT

Porcine subcutaneous adipose tissue (abdominal subcuta-
neous adipose tissue) and visceral adipose tissue (omental 
adipose tissue) were obtained from a local slaughter house 
and transported on ice to the lab. Immediately after arrival, 
the tissues were cut into small pieces and washed thor-
oughly with distilled water.

The cut adipose tissue was decellularized following a 
protocol described by Flynn10 after a slight modification. 
Briefly, the tissue was subjected to three cycles (1 h each) 
of freezing and thawing (−80°C to 37°C) in distilled water, 
followed by 0.05% trypsin digestion for 16 h at 37°C under 
constant agitation. After washing with phosphate-buffered 
solution (PBS), the samples underwent 48 h of polar sol-
vent extraction in 99.9% isopropanol to remove the lipid 
content. Following three PBS washes, the samples were 
incubated for 16 h with Benzonase digestion solution 
(Sigma, St. Louis, USA), rinsed again three times with PBS 
and subjected to a final polar solvent extraction in 99.9% 
isopropanol for 8 h to remove the remaining lipid. At the 
end, the processed tissues were rinsed and disinfected with 
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0.1% peracetic acid in 4% ethanol for 4 h. The prepared 
SDAT and VDAT were stored in sterile PBS containing 1% 
penicillin–streptomycin at 4°C for short-term storage and 
the usage was carried out within 36 h.

Evaluation of DAT

Both SDAT and VDAT samples were fixed in 4% para-
formaldehyde and embedded in paraffin. Then 5-µm sec-
tions were cut for haematoxylin and eosin (HE). In 
addition, residual DNA was extracted using a DNeasy kit 
(Qiagen, Valencia, CA, USA). DNA content (μg/mg wet 
weight) was then quantified with a microplate reader 
(Model 680; Bio-Rad, Hercules, CA, USA) at 260 nm and 
normalised to the initial wet weight of each sample.

Scanning electron microscopy

The inner structure of the two types of DAT was observed 
using scanning electron microscopy (SEM) (Hitachi 
S-3000N; Hitachi Ltd., Tokyo, Japan). The samples were 
fixed to metal stubs and coated with platinum by a sputter. 
An acceleration voltage of 20 kV was used, and images 
were observed using Canon digital camera (Canon Inc., 
Tokyo, Japan).

Key protein evaluations of SDAT and VDAT

Both SDAT and VDAT samples were fixed in 4% para-
formaldehyde and embedded in paraffin. Then 5-µm sec-
tions were cut for fluorescence staining of collagen I 
(ab21286, Abcam), collagen IV (ab19808, Abcam) and 
laminin (ab11575, Abcam) in a primary antibody over-
night at 4°C. The primary antibodies were detected with 
the appropriate secondary antibodies, and sections were 
observed using a confocal laser-scanning microscope 
(FV10i-W; Olympus, Tokyo, Japan).

Biochemical assays were performed for the quantification 
of collagen I (JYM0195Po, ELISA LAB, Wuhan, China), 
collagen IV (JYM0245Po, ELISA LAB, Wuhan, China) and 
laminin (JYM0040Po, ELISA Lab, Wuhan, China) in SDAT 
and VDAT by sensitivity enzyme-linked immunosorbent 
assay (ELISA) kits. Dry DAT specimens and native adipose 
tissue specimens with same dimension were thoroughly 
sheared and homogenated via a homogeniser. The complex 
was precipitated by centrifugation at 3000 g for 20 min. The 
supernatant was collected and dissolved in 1 mL dissociation 
reagent. Protein concentrations were then measured accord-
ing to the manufacturer’s instructions.

Preparation of DAT scaffolds and mechanical 
characterization measurement

To evaluate biomechanical properties, both SDAT and 
VDAT were fabricated into three-dimensional porous 

scaffolds as previously described.36 Briefly, equal 
amounts of SDAT and VDAT were suspended with equal 
amounts of distilled water, respectively, gently poured 
into cylindrical moulds, frozen at −80°C and lyophilised 
in a freeze dryer.

The DAT specimens (1.5 cm height, 1.3 cm diameter) 
were prepared in moulds according to the above protocol 
and kept hydrated with 1 × PBS. Rheology measurements 
of DAT scaffolds and native adipose tissue with same 
dimension were performed using a TA Discovery Hybrid 
Rheometer at 25°C, with a steel parallel plate of 8-mm-
diameter geometry. The strain was set up as 0.5%, and the 
frequency increased from 0.1 to 100 rad s−1 by steps. 
Compression tests were performed up to 80% compressive 
strain at a speed of 20 mm/min. The compression tests 
were executed on a universal tensile tester (Instron 5965), 
equipped with a pair of compression plates and a 500 N 
loading cell.

Animal study

Four- to six-week-old female C57BL/6 mice were pur-
chased from the Southern Medical University Laboratory 
Animal Centre and maintained in microisolator cages at the 
Animal Experiment Centre of Nanfang Hospital. All ani-
mal procedures were approved by the Nanfang Hospital 
Institutional Animal Care and Use Committee, in accord-
ance with the guidelines of the National Health and Medical 
Research Council of China. Two types of DAT scaffolds 
were transplanted subcutaneously into either side of the 
back of each mouse. Mice were sacrificed at week 6 and 
week 12 (n = 6 for each time point in each group), and the 
grafts were explanted. Each sample was divided into two 
parts. One half of the samples were fixed in 4% paraform-
aldehyde, embedded in paraffin. The remainder samples 
were frozen and preserved at −80°C for RNA analysis.

Masson staining and immunostaining of 
harvested samples

Samples were sectioned into 5-µm thickness slices and 
stained with Masson’s trichrome for collagen analysis. 
Immunostaining was performed to analyse angiogenesis 
and adipogenesis in samples. Immunostaining of angiogen-
esis and adipogenesis markers were performed with anti-
body against CD31 (ab28364; Abcam, Cambridge, UK). 
The incubation of primary antibodies lasted for 15 h at 4°C 
followed by incubation of appropriate secondary antibod-
ies. The sections were counterstained with Hematoxylin in 
CD31 sections or DAPI (4′,6-diamidino-2-phenylindole) in 
perilipin sections. Angiogenesis in implants was assessed 
by counting the number of CD31-positive vessels by the 
total number of cells shown from four fields of each slide. 
The cell counting was performed by two blinded evalua-
tors. Adipocytes and nuclei were identified by perilipin and 
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DAPI staining, respectively. The adipogenesis area was 
calculated as follows: Adipocytes Area Rate (100%) =  
Adipocytes area / Total area × 100%. The calculation was 
performed by two blinded evaluators.

Cell culture and staining

Passage 3 adipose-derived stem cells (ADSCs) were 
obtained from the Research Center of Clinical Medicine of 
Nanfang Hospital and used in the following experiment.

Disc-shaped DAT scaffolds (diameter, 1 cm; height, 
0.5 cm) were prepared according to the above protocol and 
placed in 24-well plates. A suspension of human ADSCs 
containing 5 × 104 cells was seeded onto the two types of 
DAT scaffolds and allowed to attach overnight.

To evaluate the effect of two DAT scaffolds on the 
adipogenesis of ADSCs, the wells of SDAT and VDAT 
were treated with 2-mL fresh media or 2-mL adipo-
genic media (DMEM/F12 plus 10% FBS, 500 mM 
isobutylmethylxanthine, 1 mM dexamethasone, 10 mg/
mL insulin, 200 mM indomethacin, 100 IU penicillin 
and 100 mg/mL streptomycin), respectively. Each 
respective medium was then changed every 3 days 
until completion of the study.

To evaluate the effect of two DAT scaffolds on the 
cytoskeletal organisation, scaffold-seeded ADSCs were 
rinsed twice and fixed in 4% paraformaldehyde at day 3 
and day 14. Cytoskeletal organisation (F-actin distribu-
tion) within the cells was identified using phalloidin 
(P1951, Sigma) staining. Cells were incubated in staining 
buffer (1% bovine serum albumin and 0.3% Triton X-100 
in PBS) for 30 min to block nonspecific binding. Phalloidin 

was diluted 1:40 in staining buffer and added to the cells 
for 20 min. Nuclei were counterstained with DAPI. After 
rinsing, the cells were imaged using a confocal laser-scan-
ning microscope.

Quantitative reverse-transcription polymerase 
chain reaction

Total RNA was extracted from samples using TRIzol 
Reagent (Invitrogen/Life Technologies, Carlsbad, CA, 
USA) following the manufacturer’s protocol. Extracted 
RNA was quantified using a Thermo Scientific NanoDrop 
2000c. Superscript III reverse transcriptase (Life 
Technologies) was used to convert the RNA template into 
cDNA, following the manufacturer’s protocol. Quantitative 
reverse-transcription polymerase chain reaction (qRT-
PCR) was conducted on a StepOnePlus Real-Time PCR 
System using SYBR Green Master Mix (Life Technologies). 
PCR specificity was assessed using the cycle threshold 
method. Relative expression of target genes was normal-
ised to that of glyceraldehyde 3-phosphate dehydrogenase 
(GAPDH), the endogenous control gene.

Statistical analysis

Quantitative results were presented as the mean ± standard 
deviation. Statistical analysis was performed using SPSS 
21.0 software (IBM Corp., Armonk, NY, USA). Student’s 
t-test was used to compare two groups at a single time 
point and a one-way analysis of variance was employed to 
compare groups at all time points. A value of p < 0.05 was 
considered significant.

Figure 1. DAT characterization.
HE staining (scale bars = 200 µm), SEM analysis (scale bars = 10 µm) and residual DNA quantification of SDAT and VDAT.
***p < 0.001.
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Result

DAT characterization

H & E staining revealed that no obvious nuclei were evi-
dent in both SDAT and VDAT. SEM analysis showed that 
these two DAT were mainly composed of collagen fibres of 
different diameters, and no lipid droplets could be detected 
inside the tissue. Moreover, multiple thick collagen fibre 
could be found in SDAT scaffolds, and the average fibre 
diameter of SDAT is significantly larger than that of VDAT. 
Compared to the subcutaneous porcine adipose tissue 

(3.8 ± 0.9 μg/mg) and visceral adipose tissue (5.2 ± 0.7 μg/
mg), the DNA content of the SDAT (0.3 ± 0.08 μg/mg) and 
VDAT (0.3 ± 0.1 μg/mg) was significantly reduced 
(***p < 0.001), indicating the effective removal of cellular 
components (Figure 1).

SDAT and VDAT were fabricated into three-dimen-
sional (3D) scaffolds with round dish shape (Figure 2). 
The 3D scaffolds had a highly porous structure and exhibit 
an elastic behaviour.

Collagen staining and volume retention of two 
DAT scaffolds in vivo

A large quantity of collagen area (blue) was observed in both 
SDAT and VDAT scaffolds at week 6 and cell infiltration 
were observed in collagen during the same period. At week 
12, collagen adipose tissue development observed in the col-
lagen infiltrated cells were mainly concentrated around these 
newly developed adipocytes (Figure 3(a)). The volume of 
DAT scaffolds decreased from week 0 to week 6 and the 
remained volume of SDAT was significantly less than that of 
VDAT at week 12 (p < 0.05) (Figure 3(b)).

Angiogenesis and adipogenesis in vivo

Angiogenesis in implants was assessed by CD31 staining. 
Numerous neo-vessels were observed in both implants at 
week 6, and the number of neo-vessels decreased at week 
12 (Figure 4(a)). Quantification analysis revealed that the 

Figure 2. DAT scaffolds characterization.
Macroscopic view of SDAT and VDAT scaffolds.

Figure 3. Collagen staining and volume retention of two DAT scaffolds: (a) Images of two DAT scaffolds from in vivo study after 
collagen staining and (b) volume retention of two DAT scaffolds.
Scale bars = 400 µm.
*p < 0.05.
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Figure 4. In vivo angiogenesis of DAT scaffolds: (a) CD31 staining of neo-vessels and (b) quantification of neo-vessels in both DAT 
implants.
Scale bars = 400 µm.
*p < 0.05. ***p < 0.001.

number of neo-vessels in VDAT implants was significantly 
higher than that in SDAT implants from week 6 to week 12 
(Figure 4(b)).

In vivo adipogenesis of SDAT and VDAT was assessed 
by Perilipin staining. Adipocytes were observed within the 
peripheral region of the scaffolds at week 6 in two groups. 
At week 12, numerous mature adipocytes could be observed 
in the peripheral region of both SDAT and VDAT scaffolds 
(Figure 5(a)). Semi-quantification of adipose regeneration 
revealed an increased adipose regeneration area in both 
SDAT and VDAT plants from week 6 to week 12. The sta-
tistical analysis further revealed that the adipose regenera-
tion area of VDAT was significantly higher than that of 
SDAT during the same period (p < 0.05) (Figure 5(b)). In 
addition, gene analysis demonstrated significantly higher 
expression of the adipogenic factor PPARγ in VDAT group 
than in the SDAT group at week 6 (p < 0.05) (Figure 5(c)).

Retention of key ECM proteins

The relative retention of adipose key ECM proteins after 
decellularization in SDAT and VDAT was evaluated. 
Collagen I, collagen IV and laminin distribution was 
observed by fluorescence staining (Figure 6). Quantitative 
results revealed that the retention of collagen I and laminin 
was significantly reduced in SDAT and VDAT compared 
to native tissue, but the collagen IV is well preserved in 
decellularized tissue (Figure 7(a)). The content of collagen 
IV and laminin in VDAT is significantly higher than that in 

SDAT (p < 0.001), while the expression of collagen I in 
SDAT is significantly higher than that in VDAT (p < 0.001) 
(Figure 7(b)).

Mechanical properties of DAT scaffolds and 
native adipose tissue

When rheological properties of SDAT and VDAT scaf-
folds were measured under oscillation condition after 
total hydration, subcutaneous native adipose tissue 
(SNAT) and visceral native adipose tissue (VNAT) with 
same dimension were tested under identical condition, the 
assessment and comparison between different samples 
were performed with the storage modulus at angular fre-
quency at 1 Hz which represented similar physiological 
stress between fat tissue and surrounding tissue.37 All 
samples exhibited greater storage modulus than loss mod-
ulus which indicated the gel-like behaviour; the fat tissue 
after decellularization presented around one order higher 
than that of the native fat tissue from original sites which 
are according with the previous report,38 for example, the 
storage modulus of VDAT and VNAT were 2.7 × 105 Pa 
and 2.5 × 102 Pa, respectively (Figure 8(a)).

The compressive tests of two DAT scaffolds were car-
ried out in the present study in hydrated conditions analo-
gous to the in vivo environment at room temperature. A 
typical elastic response of soft tissue could be observed in 
the compressive strain–stress curve, starting with a linear 
elastic response, followed by a transition region and 
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Figure 5. In vivo adipogenesis of DAT scaffolds: (a) Perilipin staining confirmed the adipogenesis in both groups at different 
time points, (b) quantification of adipocytes area rate in adipose constructs in both groups and (c) qRT-PCR analysis of PPARγ 
expression in both groups.
Scale bars = 1000 µm.
*p < 0.05.

Figure 6. Fluorescence staining of collagen I, collagen IV and laminin in both types of DAT.
Scale bars = 200 µm.
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ending with a linear slope, which was referred as ‘collagen 
dominant phase’; however, some remarkable differences 
were observed in the groups with different tissue sources. 
The Young’s modulus of both groups was calculated at the 
initial linear portion. The value of VDAT scaffolds was 
3.9 ± 0.9 kPa and the decellularized scaffolds (SDAT) 
from subcutaneous fat displayed a significant higher mod-
ulus than visceral source fat (6.6 ± 1.8 kPa). The maximum 
stress that the scaffold could withstand before failure was 
called ultimate tensile strength (UTS). The UTS of SDAT 
(0.2 ± 15.3 MPa) exhibited a significantly higher value 
than that of VDAT (0.1 ± 16.6 MPa) (Figure 8(b)).

Matrix stiffness modulates ADSCs morphology 
and differentiation

ADSCs were seeded on two DAT scaffolds in adipogenic 
media to investigate the adipogenic effect of DAT stiff-
ness on ADSCs in vitro, and morphological changes asso-
ciated with adipogenesis were quantified. By day 3, the 
cells on both DAT scaffolds exhibited characteristically 
elongated shape. By day 14, ADSCs on both scaffolds 
adopted a reduced cellular area and ADSCs on the soft 
VDAT scaffolds maintained a relatively compact, rounded 
shape compared to that on SDAT scaffolds (Figure 9(a)). 
The ADSCs on the VDAT scaffolds had a significantly 
smaller cell area than that on SDAT scaffolds at day 14 
(Figure 9(b)). Quantitative RT-PCR analysis of adipo-
genic gene revealed that ADSCs on VDAT exhibited a 

significant upregulation of PPARγ compared to ADSCs 
cultured on SDAT scaffolds at day 14 (Figure 9(c)).

Discussion

Our studies showed that decellularized scaffolds can be 
prepared from both porcine subcutaneous and visceral adi-
pose tissue and implanted subcutaneously for engineered 
adipose tissue construction. Both decellularized scaffolds 
supported cell migration and infiltration, and the infiltrated 
host cells mainly appeared at the periphery of the scaffolds. 
Masson staining revealed that both DAT scaffolds exhib-
ited a characteristic of collagen remodelling; the adipose 
tissue development could be observed near the remodelling 
collagen, indicating that both DAT scaffolds have a charac-
teristic of bioactive properties for adipose regeneration.

Biochemical studies performed in the present study indi-
cated that both types of DAT retained key ECM collagen 
components (collagen I, collagen IV and laminin). Collagen 
serves as a primary structural element of the ECM. For 
example, Fibril-forming collagens (types I, II, III, V and ΧI) 
have a clear structural role of mechanical support and dimen-
sional stability.39 Moreover, specific components (e.g. base-
ment membrane component, fibronectin and laminin) from 
the ECM have been extensively used as a biomaterial in cell 
culture or tissue repair for many years and have been shown 
to have profound effects on cells, both with respect to attach-
ment and survival as well as for the maintenance of cellular 
functions.40–42 In general, extracellular fibronectin and 

Figure 7. (a) The quantification of collagen I, collagen IV and laminin in decellularized adipose tissue and native adipose tissue and 
(b) comparison of collagen I, collagen IV and laminin expression in SDAT and VDAT.
*p < 0.05. **p < 0.01. ***p < 0.001.
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laminin form networks with collagen fibres13 and provide 
attachment points for integrins anchored in the adipocyte 
membrane.43 Collagen VI is abundant in adipose tissue and 
attachment to Collagen VI is sufficient to restore adipogenic 
potential in preadipocytes with blocked collagen synthesis.44 
Collagen IV is present within the basement membrane that 

enwraps each adipocyte and is important for angiogene-
sis45,46; laminin is distributed primarily around well-devel-
oped fat vacuoles, and it is upregulated during the 
adipogenesis of preadipocytes and lipogenesis of adipo-
cytes.47,48 Moreover, laminins are key glycoprotein compo-
nents of basement membranes that present in all blood 

Figure 8. Biomechanical evaluation of DAT scaffolds and native adipose tissue: (a) Rheology measurement and (b) compression 
measurement.

Figure 9. Effect of scaffolds stiffness on cell morphology: (a) Phalloidin staining of Cytoskeleton (F-actin), (b) cell area 
measurement and (c) adipogenic gene PPARγ expression.
Scale bars = 400 µm.
*p < 0.05.
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vessels.49 The interaction of endothelial cells with basement 
membrane components plays an essential role during angio-
genic processes,50 and proteolytic cleavage of laminins may 
affect their role in angiogenesis. Type I collagen molecules, 
staggered and interwoven with each other to form thick col-
lagen bundles, provide the major ECM framework necessary 
to sustain the structure and function of tissues (e.g. skin, 
blood vessels, bone, tendon).51 Biochemical analyses in this 
study revealed that the relative expression of collagen IV and 
laminin in VDAT is significantly higher than that in SDAT, 
which may partly explain the improved angiogenesis and 
adipose regeneration result in the VDAT implants, as com-
pared with that in the SDAT implants.

The mechanical properties of the ECM are also consid-
ered to affect the progression of various cellular functions, 
such as proliferation, differentiation and ECM secre-
tion.52,53 In particular, the substrate biomechanics54 as well 
as the topography of the environment55 may modulate 
stem cell fate and 3D organisation in a way similar to bio-
chemical signals. It has been shown that substrates elastic-
ity may direct stem cell lineage specification through 
affecting the cellular focal-adhesion structure and the 
cytoskeleton.56 Surface nanotopography of extracellular 
microenvironment could induce pronounced changes to 
cell shape and consequently gene expression, and this 
change could influence cellular responses from attachment 
and migration to differentiation and production of new tis-
sues such as neuron and muscle.55,57–59 Cells are highly 
sensitive to mechanical stimuli (e.g. compressive, tensile 
and shear) and the mechanical properties of their matrix.60 
On soft matrices, cells spread less and develop larger actin 
stress fibres than on soft matrices.61 Histologic examina-
tions revealed that the main protein components were pre-
served in both DAT matrix. Key ECM proteins (collagen I, 
collagen IV and laminin) in native adipose tissue (SNAT, 
VNAT) were measured and the comparison between native 
adipose tissue and DAT was made. The results revealed 
that the retention of collagen I and laminin was signifi-
cantly reduced in SDAT and VDAT compared to native 
tissue, but the collagen IV is well preserved in decellular-
ized tissue (Figure 7(a)). The reduction in collagen I and 
laminin in decellularized tissue compared to native tissue 
may be ascribed to the damage caused by chemical agents 
during decellularized process,20,62 emphasising the impor-
tance of an optimal decellularization strategy that could 
achieve a good balance between optimal decellularization 
and maintaining matrix physical properties.63,64 Further 
analysis demonstrated a significant higher relative expres-
sion of collagen I in SDAT than in VDAT and a weak 
mechanical strength of VDAT compared with SDAT. 
Moreover, collagen fibre network appeared looser and less 
crimped in VDAT. We further elucidated how substrate 
stiffness regulated adipose regeneration by culturing 
ADSCs on two DAT scaffolds. By quantifying the mor-
phological changes associated with their differentiation, 
we found that consequence of culturing ADSCs on softer 

substrates (VDAT) exhibited a compact, rounded shape, 
while cells on SDAT exhibited a more spreading morphol-
ogy. Studies revealed that matrix stiffness also controls 
cell fate by directing the gene expression and the differen-
tiation of mesenchymal stem cells.56 In particular, matrices 
may direct differentiation towards lineages and the normal 
mechanical environment of which approximates that level 
of stiffness. A recent study by Young et al.65 detailed a 
similar observation. Using decellularized human lipoaspi-
rate to functionalise polyacrylamide gels of varying stiff-
ness, they found that ADSCs on gels that mimicked the 
native matrix stiffness of adipose tissue (2 kPa) exhibited a 
significantly reduced cell area and upregulated adipogenic 
markers, indicating that biomechanical cues are capable of 
regulating adipogenesis. In this study, the smaller cellular 
area and the higher adipogenic gene PPARγ expression of 
ADSCs on VDAT compared to that on SDAT imply that 
the mechanical property of scaffolds may serve as another 
important factor that affects the adipose regeneration 
results between SDAT and VDAT.

There is a growing need for biomaterials that can not 
only replace lost or damaged adipose tissue but also facili-
tate its natural regeneration and continual integration with 
surrounding tissue throughout the lifetime of the patient. 
Although hyaluronic acid and collagen-based gels are 
available soft-tissue filler for filling subcutaneous voids in 
clinics, these materials fail to stimulate adipose regenera-
tion and often suffer from limited longevity due to rapid 
resorption in vivo.66,67 Our results suggested that future 
soft-tissue filler materials could incorporate DAT elements 
in order to restore the adipose deficits instead of simply 
filling them with static materials. Since the present study 
demonstrated that SDAT and VDAT have different 
mechanical stiffness, they could serve as available substi-
tutes for filling soft-tissue defects that require various stiff-
ness. As shown in Figure 2, both SDAT and VDAT can be 
fabricated into specific 3D shape in moulds through a lyo-
philization process. The 3D DAT scaffolds had a highly 
porous structure and exhibit highly elastic behaviour, even 
when wet. In previous studies, DAT displayed a highly 
customizable property and was often made into various 
formats, such as injectable gels,13,21 powers,12,36 microcar-
riers,68 porous foams,15 printing bioink69 and so on. In 
addition, DAT was often used as one component compos-
ited with other materials, such as thermosensitive hydrogel 
composed of soluble methylcellulose and soluble DAT,70 
methacrylated glycol chitosan (MGC)–based or meth-
acrylated chondroitin sulphate (MCS)–based composite 
scaffolds71 and the DAT-fibroin hydrogels.72 Therefore, it 
is reasonable to speculate that porcine adipose tissue can 
serve as xenogeneic biomaterials to produce anatomically 
relevant 3D DAT scaffolds that can address the need for 
on-demand tissue production. The customizable property 
of porcine DAT makes it a promising biomaterial to recon-
struct soft-tissue defects (caused by complex traumas, 
oncologic resections, congenital abnormalities, etc.) of 
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various shape in clinics in a patient-specific manner. 
Autologous tissue transplantation is a still commonly used 
procedure to reconstruct soft-tissue defects in clinics.37,73,74 
However, this strategy is generally limited by certain limi-
tations such as donor site morbidity and flap necrosis due 
to insufficient blood supply.75,76 Obviously, using DAT as 
‘off-the-shelf’ products to reconstruct soft-tissue defects 
would largely avoid the limitations caused by autologous 
tissue transplantation.

Consistent with previous studies,12,13,36,77 in vivo implan-
tation of SDAT and VDAT scaffolds without compositing 
cells or growth factors showed biocompatibility, and sup-
ported blood vessel and adipose regeneration in this study. 
However, a fast resorption of DAT scaffolds was observed 
after in vivo implantation. It is reported that collagen-based 
materials have seen rapid resorption and limited vascular 
formation following subcutaneous implantation.78,79 DAT, 
on its own, did not encourage significant host adipogene-
sis.80 However, DAT transplanted into the subcutaneous tis-
sue as a scaffold composited with stem cells68,81–83 or growth 
factors84 could induce strong angiogenic response and pre-
serve volume well. For example, rat ADSCs seeding signifi-
cantly enhanced angiogenesis and adipogenesis of porcine 
DAT in rats.83 Zhang et al.85 described that DAT loaded with 
basic fibroblast growth factor exhibited a significantly 
increased implant retention compared to DAT alone in vivo 
over a period of 12 weeks. Similar results have been seen 
with collagen-based materials. Injections of fibrin gel alone 
were resorbed within 4 weeks in vivo but were able to main-
tain 50% of their original volume when adipocyte-differen-
tiated ADSCs were incorporated.86,87 Therefore, for 
long-term and stable volume retention of DAT in vivo, an 
incorporation of stem cells or growth factors is recom-
mended. The DNA levels of porcine SNAT (3800 ± 900 ng/
mg) and VNAT (5200 ± 700 ng/mg) detected in our study is 
higher than in porcine native adipose tissue (1173 ± 175 ng/
mg) described by Choi et al.36 We speculated that this DNA 
difference may be ascribed to the breeds differences of pigs 
used in these two studies. Different mass of DNA detected 
in DAT was shown in articles. From low to high order, 
there have been 2.1 ± 0.9 ng/mg,81 6.57 ± 3.49 ng/mg,88 
39 ± 15 ng/mg,69 43.52 ± 6.17 ng/mg,89 187 ± 35 ng/mg,80 
230.7 ± 44.5 ng/mg72 and around 600 ng/mg.13 Compared to 
the porcine SNAT and visceral adipose tissue, the DNA lev-
els of the SDAT (300 ± 80 ng/mg) and VDAT (300 ± 100 ng/
mg) was significantly reduced (***p < 0.001). Although a 
DNA threshold of 50 ng/mg is considered as a safe amount 
for clinical applications,62,90–92 there was no evidence that 
DNA > 50 ng/mg in the DAT would cause immune reaction 
or affect the growth and proliferation of cells. DAT is an 
ideal biomaterial for soft-tissue filling, but the underlying 
adipogenesis mechanisms of DAT still remain unclear. This 
preliminary study indicated that ECM composition and 
scaffold mechanical property are both likely to serve as 
important factors in affecting adipogenesis of DAT scaf-
folds. But the current study is small and data are limited, 

further studies are still needed to fully explain the exact adi-
pogenesis mechanisms between these two types of DAT 
scaffolds.

Conclusion

Porcine adipose tissue can be fabricated into 3D scaffolds 
and VDAT scaffolds exhibit a better adipogenesis result 
compared with SDAT scaffolds in vivo. Both SDAT and 
VDAT scaffolds exhibited gel-like characteristic, with 
SDAT displayed a higher stiffness than VDAT. Collagen 
IV and laminin content is higher in VDAT compared to 
SDAT, while collagen I in SDAT is significantly higher 
than that in VDAT. Porcine adipose tissue could serve as a 
promising candidate for preparing DAT.
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