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Background

On 31 December 2019, a cluster of zoonotic 
pneumonia cases in Wuhan, China, was reported 
and included 41 hospitalized patients [1]. The 
disease, now known as novel coronavirus disease 
2019 (COVID-19), is caused by the 2019 novel 
coronavirus (2019-nCoV), a betacoronavirus 
[1]. Since the first reports, the number of cases 
rapidly expanded, and the 2019 novel coronavi-
rus was categorized as a public health outbreak 
of international concern by the World Health 
Organization on 30 January 2020. The virus 
was renamed severe acute respiratory syndrome 
coronavirus 2 (SARS-CoV-2) on 11 February 
2020 because the virus is genetically related to 
the coronavirus responsible for the SARS out-
break of 2003. The global pandemic was declared 
on 11 March 2020, and the disease was named 
COVID-19 [2].

Many patients presented to health care providers 
with mild symptoms that progressed to pneu-
monia, followed by severe respiratory illness 
requiring admission to the intensive care unit 
and an elevated incidence of mortality. Common 

symptoms of COVID-19 include fever and 
cough, shortness of breath, myalgia, fatigue, and 
abnormal findings on chest computed tomogra-
phy, as well as various other symptoms. Com-
plications included a syndrome that resembled 
acute respiratory distress syndrome [1]. The 
first documented case of infection in the United 
States presented in the state of Washington on 
19 January 2020 [3], and the number of infec-
tions quickly progressed, and the United States 
leads the world in confirmed COVID-19 cases.

Nucleic acid testing, most commonly reverse 
transcriptase polymerase chain reaction (RT-
PCR), plays a significant role in the diagnosis 
of COVID-19 from respiratory samples from 
infected patients. However, despite the launch 
of commercially available diagnostic assays for 
the detection of SARS-CoV-2 nucleic acids, with 
emergency use authorization claims granted by 
the Food and Drug Administration (FDA) [4], 
diagnostic uncertainty remains. Pre-analyti-
cal factors, such as specimen selection, collec-
tion, and transport, are critical to optimal assay 
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Abstract 

In January 2020, a cluster of pneumonia cases was reported in Wuhan, China. A global pandemic fol-
lowed. The infection, called novel coronavirus disease 2019 (COVID-19), is caused by severe acute 
respiratory syndrome coronavirus 2 (SARS-CoV-2). Common symptoms of COVID-19 illness included 
fever, cough, and abnormal findings on chest computed tomography. Nucleic acid testing, in the form of 
real-time reverse transcriptase polymerase chain reaction, is essential for diagnosing COVID-19 from 
respiratory samples from infected patients. Still, many questions remain surrounding the optimization 
of pre-analytical factors, such as specimen selection, collection, and transport. This review summarizes 
the current publications that describe viral density and specimen suitability for molecular detection 
methods. Of note, many of the reports represent studies with small sample sizes, and information may 
change as more is learned about specimen types as the pandemic continues. 
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accuracy [5]. Furthermore, there is a current need for information 
describing the viral loads in different body sites. 

The COVID-19 pandemic brought diagnostic challenges to 
clinical laboratories across the globe, particularly in the ability 
to reliably provide accurate and rapid test results. Detection of 
SARS-CoV-2 RNA is a critical diagnostic factor for the diagnosis 
of COVID-19 from clinical specimens. Early in the pandemic, 
reports of false-negative real-time RT-PCR (rRT-PCR) results 
were documented, and the sensitivity of rRT-PCR for the detec-
tion of SARS-CoV-2 came into question [6-8]. These reports 
did not compare the assay’s limit of detection with those of new 
commercial assays, but they did control for optimized specimen 
collection processes. 

It is now understood that the disease usually begins in the upper 
respiratory tract (URT) and can progress to the lower respiratory 
tract (LRT) in more severe cases [5]. Therefore, when the initial 
nasopharyngeal (NP) sample tested negative in patients with a high 
pre-test probability of disease, it was recommended that repeat 
testing (also referred to as serial testing) be performed with an 
LRT specimen [7]. It is important to note that sub-optimal speci-
men quality can also impact test results; therefore, re-collection 
and testing of the URT (or LRT) specimens in patients with nega-
tive RT-PCR results and high suspicion or probability of infection 
are recommended [5]. 

Suboptimal pre-analytical practices may limit the accuracy of RT-
PCR. Lack of attention to rapidly emerging literature may limit 
test performance by impacting the following testing parameters: 
specimen collection devices (including swab material and trans-
port media), sample selection, sample collection (i.e., poor-qual-
ity collection), specimen transport and storage, the presence of 
interfering substances, and testing outside the diagnostic window. 
Guidance documents for providers with concise communication 
and wide distribution of clear instructions for specimen collec-
tion, management, and storage are crucial to clinical operations 
to ensure high-quality specimens are submitted for testing. Infor-
mation about specimen types is changing quickly, and it is likely 
that what we now know about sample types used for SARS-CoV-2 
testing will be a small subset of what we will learn in the future. 

upper Respiratory Tract samples

Nasopharyngeal, mid-turbinate, and oropharyngeal swabs

Patients with viral pneumonia do not typically produce purulent 
sputum; therefore, the most common collection method used 
to obtain a specimen for respiratory pathogen testing is the use 
of NP swabs (NPS). NPS and oropharyngeal swabs (OPS) (also 
called throat swabs) were among the first specimens suggested for 
COVD-19 testing. Mid-turbinate swabs (MTS) and anterior-nares 
(i.e., nasal) swabs (ANS) are now also accepted for testing (Fig. 1). 

Despite its popularity, an NPS sample is challenging to col-
lect from some patients, and suboptimal sampling may result in 

Figure 1. Diagram illustrating the differences among clinical samples collected from different areas of the nasal cavity. Adapted by Geisinger 
Laboratory Medicine from the Centers for Disease Control and Prevention (https://www.cdc.gov/coronavirus/2019-ncov/lab/guidelines-clinical-
specimens.html). 

https://www.cdc.gov/coronavirus/2019-ncov/lab/guidelines-clinical-specimens.html
https://www.cdc.gov/coronavirus/2019-ncov/lab/guidelines-clinical-specimens.html
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false-negative results [9,10]. For this reason, MTS may be con-
sidered, as they are less invasive for the patient and are considered 
safer for the specimen collector due to little or no induced patient 
gagging and coughing. 

An LRT specimen may be required if the URT specimen is nega-
tive and pre-test probability is high or if the severity of disease 
dictates (i.e., the patient is intubated and/or unconscious). In these 
cases, LRT specimens may need to be obtained by bronchoscopy 
or tracheal aspiration. 

To assess the differences between URT and LRT samples, one 
study used SARS-CoV-2 quantitative RT-PCR assays to test dif-
ferent specimen types from 82 infected individuals. Additionally, 
serial samples (OPS, sputum, stool, and urine) were collected from 
two patients daily over time to assess viral loads after symptom 
onset. Estimates of the viral density of SARS-CoV-2 ranged from 
104 to 107 copies per ml, and sputum samples generally showed 
higher viral loads than OPS samples. Overall, viral loads were 
best in sputum, followed by OPS and stool samples. No viral 
RNA was detected in urine samples. In this study, the viral loads 
in OPS and sputum samples appeared to be highest early after 
symptom onset and peaked at approximately 5 to 6 days after 
symptom onset, as opposed to peaks in viral density observed in 
SARS-CoV-2 patients, which typically occur around 10 days after 
onset. Lastly, viral RNA was detected from infected patients a day 
before symptom onset, suggesting that individuals may be infec-
tious while asymptomatic [11].

Another study monitored the viral loads in the URT over time, 
specifically the days since symptom onset. This study tested NPS, 
MTS, and OPS samples from 18 patients, 17 of whom were symp-
tomatic and 1 asymptomatic with a positive test result, using poly-
ester flock swabs for all sampling. This study’s finding agreed with 
those mentioned above, in which high viral loads were detected 
early in the disease, where NPS and MTS showed higher viral 
loads than OPS [12]. These findings were supported by another 
study in which the viral loads of respiratory samples from 76 con-
firmed COVID-19 patients were analyzed quantitatively, and the 
average viral load in sputum was found to be significantly higher 
than those in OPS and nasal swabs (P < 0.001) [13].

A higher positive rate was observed in NPS than in OPS in a study 
of 353 patients who had both specimens tested simultaneously. 
NPS from inpatients showed a higher positive rate than those 
from outpatients. Virus detection was better when both swabs were 
tested than with NPS alone; however, the results were unreliable 
between sample types (kappa = 0.308) [6]. 

Despite the inferiority of the OPS in multiple small studies [6, 
11-14], another small study, which followed the clinical courses 
of 9 hospitalized patients admitted for COVID-19, found similar 
viral densities in OPS and NPS [15].

Pooling of NPS samples

Pooling of specimens has long been utilized as a method to screen 
large numbers of samples at lower cost. Individual samples are 
combined into a pool and tested. The pooling of specimens for 

the detection of SARS-CoV-2 has been suggested to save reagents 
and personnel time. In one small study, a Web-based tool was 
utilized to determine the optimal number of specimens per pool. 
When a pool size of 5 samples was assessed, the authors observed 
an overall increase in the testing capability of at least 69% [16]. As 
the demand for testing more of the general population increases, 
others suggest pooling of specimens when screening asymptomatic 
individuals. The rate of positivity is generally low (≤10%) in this 
group of individuals, which would save on testing.

Moreover, due to the limited availability of testing supplies, screen-
ing asymptomatic individuals by pooling specimens would lessen 
the number of test kits required. Another study utilized larger 
sample pool sizes of 9 or 10 as a strategy to detect community 
transmission of SARS-CoV-2 [17]. The number of pools tested was 
292, consisting of 2,740 NPS and bronchoalveolar lavage (BAL) 
samples, with a positivity rate of 0.07%. It is important to note that 
pooling strategies are not standardized; therefore, a careful assess-
ment of local data (i.e., positivity rate) is necessary before adopting 
a pooling protocol, and results must be interpreted with caution.

Saliva 

Saliva is an offshoot of OPS; however, it can be collected in larger 
volumes than that collected for an OPS. Saliva was evaluated as 
another option for non-invasive sample collection. In one study, 
200 prospectively collected saliva samples were compared to paired 
NPS and OPS (combined into one sample for testing [NPS/OPS]) 
in persons seeking care at an acute respiratory infection clinic. 
Compared to NPS/OPS as the reference standard, the sensitivity 
and specificity of the saliva samples were lower than those of NPS/
OPS at 84.2% (95% confidence interval [CI], 60.4% to 96.6%) 
and 98.9% (95% CI, 96.1% to 99.9%), respectively. Overall result 
agreement between the two specimens in a population with 9.5% 
prevalence was 97.5% (kappa coefficient, 0.851; 95% CI, 0.723 
to 0.979; P < 0.001). Because saliva collection is non-invasive, it 
has been adopted as a specimen in some settings; however, cau-
tion in result interpretation is warranted, as sensitivity using saliva 
samples is lower than for NPS and OPS [18].

All specimens tested positive in a case study that evaluated a variety 
of specimen types (NPS, OPS, saliva, sputum, and urine) from 2 
COVID-19 patients. Specimens were collected every 2 days dur-
ing hospital days 1 to 9, and RT-PCR assay results showed that the 
viral load was highest in the nasopharynx. Saliva samples showed 
that viral density was lower but easily detectable. Interestingly, the 
samples of saliva were collected at 1 hour, 2 hours, and 4 hours 
after using a chlorhexidine mouthwash on hospital days 3 and 6. 
Although the viral load in saliva was temporarily decreased for 2 
hours after using the chlorhexidine mouthwash, SARS-CoV-2 was 
detected by 4 hours after the mouthwash and up to hospital day 6 
for both patients (day 7 for one patient). Chlorhexidine mouthwash 
effectively reduced the SARS-CoV-2 load in saliva for a short time 
but did not eliminate viral detection [19].

Another study of 23 confirmed SARS-CoV-2-infected individu-
als showed that viral density in saliva was highest during the 
first week after symptom onset. Although the viral load in saliva 
declined with time, one patient had detectable viral RNA 25 days 
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after symptom onset [20]. Other studies documented detectable 
viral RNA for as long as 6 weeks after symptom onset [21]. In one 
report, it appeared that more severe cases had prolonged shedding 
of viral DNA [22]. 

Lower Respiratory Tract samples

Sputum

Because of the false-negative OPS and in some cases NPS docu-
mented early in the pandemic, the diagnostic value of analyzing 
sputum samples to improve accuracy was assessed. Not all individ-
uals can produce sputum; however, one study was able to pair OPS 
and sputum samples obtained from 52 cases. Using an RT-PCR 
assay, the positive rates from sputum specimens and OPS were 
76.9% and 44.2%, respectively, with sputum having a significantly 
higher positive rate than OPS (P = 0.001) [23]. The superiority 
of sputum samples over OPS was documented in a small study in 
which sputum samples generally showed higher loads of SARS-
CoV-2 than OPS [11].

Bronchoalveolar lavage

One study assessed the detection of SARS-CoV-2 in a variety of 
sample types, including BAL, sputum, and bronchoscope brush 
biopsy samples; blood; feces; urine; and nasal and pharyngeal 
swabs. Of 1,070 specimens collected from 205 patients infected 
with SARS-CoV-2, BAL specimens showed the highest positive 
rates (14 of 15; 93%), followed by sputum (72 of 104; 72%) and 
nasal swabs (5 of 8; 63%). Bronchoscope brush biopsy samples 
showed lower positivity (6 of 13; 46%), followed by pharyngeal 
swabs (126 of 398; 32%), feces (44 of 153; 29%), and blood (3 of 
307; 1%). None of the 72 urine specimens tested positive [14]. In 
another study, LRT specimens, sputum, or endotracheal aspirates 
had significantly higher SARS-CoV-2 RNA density than NPS or 
OPS specimens [24].

Because early studies indicated sputum and BAL samples, if avail-
able, can be superior to OPS, especially late in the course of illness 
[23-25], and because reports show that viral RNA may become 
undetectable when the patient is tested later in the course of an 
illness [26], our laboratory immediately deployed a risk-based 
method to assess negative NPS results. LRT specimens, includ-
ing sputum, tracheal aspirate, and BAL, were sought when the 
pre-test probability was high and the URT sample yielded a nega-
tive result. This approach was found to improve the detection of 
SARS-CoV-2 by increasing the accuracy of diagnosis in cases when 
clinical suspicion for COVID-19 was high. 

Ocular samples

For one case series, the authors retrospectively performed a chart 
review of their hospitalized patients with confirmed COVID-19 
and sought those with ocular manifestations of the disease. NP and 
conjunctival swabs from 38 patients were assessed by RT-PCR for 
the presence of SARS-CoV-2. Positive findings from NPS were 
observed for 28 patients (73.7%). Only 2 of the patients (5.2%) 
also tested positive for SARS-CoV-2 in their conjunctival swabs. 
A total of 12 patients (31.6%; 95% CI, 17.5 to 48.7) had ocular 
abnormalities consistent with conjunctivitis, including conjunctival 

swelling, redness, or increased tear secretions. Of these, 11 had 
NPS with positive findings (91.7%; 95% CI, 61.5 to 99.8). Positive 
results were also noted for 2 (16.7%) of the conjunctival swabs. Of 
note, patients with ocular findings appeared to have more severe 
disease than those without an ocular finding [27]. In contrast, a 
study of 15 critically ill patients showed that only 1 (6.67%) con-
junctival swab specimen was positive for the detection of SARS-
CoV-2 [24].

Gastrointestinal and Anal samples 

Stool

Because of the challenge of collecting NPS in pediatric patients, 
other specimen types, such as OPS, stool, and rectal or anal swabs 
were examined. One early study in adults showed that stool sam-
ples tested positive for a prolonged period compared to OPS, 
called throat swabs in this study [28]. Similarly, a study of three 
mild pediatric cases demonstrated that stool samples tested posi-
tive for weeks after the OPS samples became negative [29]. More-
over, detection of viral shedding in the stool (5/14; 35.7%) was 
found to be equally accurate as OPS testing in a small case series in 
which a positive stool test was not correlated with gastrointestinal 
symptoms [30]. When COVID-19 patients with mild disease and 
one or more gastrointestinal symptoms (diarrhea, nausea, and/or 
vomiting), with or without respiratory symptoms, were compared 
with patients presenting with solely respiratory symptoms, the fol-
lowing patterns were observed. 

Patients with gastrointestinal symptoms had a longer duration 
between symptom onset and viral clearance (P < 0.001), which 
also correlated with a delayed diagnosis compared to those with 
respiratory symptoms alone. Moreover, stool from patients with 
gastrointestinal symptoms was more likely to test positive than 
stool from those with respiratory symptoms alone (73.3% versus 
14.3%; P = 0.033) [31]. 

In contrast, another study showed that the presence of SARS-
CoV-2 RNA in stool was not linked to the presence of gastroin-
testinal symptoms or disease severity. Of 42 laboratory-confirmed 
cases, 8 (19.05%) had gastrointestinal symptoms, whereas 28 
(66.67%) patients tested positive for SARS-CoV-2 RNA in stool 
specimens. The presence of viral RNA in the stool continued to be 
detected in 18 (64.29%) patients, for 7 (range, 6 to 10) days after 
the OPS turned negative. In this study, the presence of the virus 
in the stool did not appear to vary based on illness severity [32]. A 
systematic review and meta-analysis of published gastrointestinal 
symptoms and detection of the virus in stool were also reported 
[33]. Although several studies demonstrated that viral RNA in 
the stool could be detected for prolonged periods after OPS were 
negative and symptoms resolved [33], none were able to establish 
whether the virus was infectious. One study attempted to isolate 
infectious virus from various sample types, including sputum, OPS, 
and stool. Active virus replication was observed for sputum and 
OPS, but not stool, despite high viral loads [34].

Rectal/anal swabs

RT-PCR results from anal swab samples continued to test posi-
tive well after paired OPS tested negative [28]. However, in a 
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study of 212 pediatric patients, the diagnostic accuracy of anal 
swabs was directly compared to that of OPS. The detection rates 
of SARS-CoV-2 from the two different specimen types were sig-
nificantly different, with positive rates of 78.2% from OPS and 
52.6% from anal swabs (McNemar test, P = 0.0091; kappa = 0.311,  
P < 0.0001) [35].

In a small case series, 39% (11 of 28) of anal swab specimens had 
detectable concentrations of viral RNA, and 73% (8 of 11) of those 
patients had severe cases of COVID-19 [36]. Another study cor-
roborated that critically ill patients have detectable amounts of 
viral RNA in anal swabs (27%; 4/15) with increased positivity in 
the stool (69%; 11/16) [24]. 

Blood samples

In some reports, viral RNA was not detected in blood samples; 
however, SARS-CoV-2 nucleic acid was detected in sera collected 
from critically ill COVID-19 patients [37]. These patients also 
exhibited extremely high interleukin 6 levels, which suggested 
a close correlation with the detection of viral RNA in the serum 
samples (R = 0.90) [37]. 

In another assessment of critically ill patients, viral RNA was 
detected in 6 of 57 (10.5%) serum samples. Patients with serum 
viral RNA progressed to more severe disease stages, which sug-
gested a correlation between disease severity and serum RNA 
(P = 0.0001) [36]. Lastly, 6.3% (1 of 16) of serum samples from 
critically ill patients demonstrated positive RT-PCR results for 
SARS-CoV-2 [24].

urine samples

In several small case series, each with patients for whom positive 
SARS-CoV-2 RNA signals were detected in NPS, viral RNA was 
not detectable in urine specimens [15,32,38]. In another study of 
206 patients, 72 of whom had urine collected, none of the 72 urine 
specimens tested positive [14]. In contrast, two studies reported 
infrequent detection of viral RNA in urine samples [24,39], but 
those results have yet to be corroborated by more extensive studies. 

Correlation of Positive Results from samples Collected 
during Asymptomatic, Mild, and severe Disease stages

Not only did variations in viral loads exist between sample types, 
they also differed depending on the severity of the disease. The 
viral loads in nasal swabs and OPS obtained from patients with 
severe disease appeared to be higher than those in swabs collected 
from patients with mild to moderate disease; however, the sample 
size was small, and the 95% CI was wide [12]. In sputum, the viral 
loads in acute and early stage of illness were higher than those 
found later, during the recovery stage [13].

In one study, the viral load that was detected in one asymptom-
atic patient was similar to that found in the symptomatic patients, 
which suggested viral transmission could possibly occur from 
asymptomatic or minimally symptomatic patients [12]. In other 
cases, the viral RNA shedding patterns have been documented to 
vary with disease severity [40]. In one such study, 76 patients with 
laboratory-confirmed COVID-19 were tested; the mean estimated 

viral density of severe cases was higher than that of the density 
found in mild cases. Detectable virus remained for the first 12 days 
after illness onset, whereas in mild cases, 90% of patients tested 
negative on RT-PCR after 10 days [41].

Duration and symptomatic status in RT-PCR-Positive 
Patients

A patient is determined to be infected by the presence of the virus, 
which can be detected in different body fluids, secretions, and 
excreta. Results indicated that samples from the LRT had slower 
resolution of viral shedding than URT samples [24]. Reports of 
prolonged viral shedding (>55 days) are documented [24]. Older 
age was correlated with higher viral loads (P = 0.020) [20]. While 
asymptomatic patients can transmit the virus [42] in some cases, 
mild infection with documented positive test results occurred 
without evidence of transmission to close contacts [43]. Finally, in 
50% of patients, seroconversion occurred after 7 days (14 days in 
all) but was not associated with declining viral loads [15]. 

Long-term-care facilities, especially nursing homes, appear to 
have high rates of documented case transmission by asymptom-
atic individuals. In one skilled nursing facility, a point prevalence 
study was performed 23 days after the first resident tested posi-
tive. Of the 48 residents with laboratory-confirmed infection, 27 
(56%) were asymptomatic at the time of testing; 24 developed 
symptoms, with a median time to onset of 4 days. In samples from 
24 pre-symptomatic residents, viable virus was recovered from 17 
residents (71%). Based on the results from this study, over half of 
residents with positive test results were asymptomatic at the time 
of testing and most likely contributed to transmission [44].

summary 

LRT samples appear to have higher positivity rates than URT and 
other samples, especially later in the illness course. Optimal sam-
ple collection and testing of NPS during the initial presentation 
of illness remains the recommended testing standard. Testing of 
specimens from multiple sites may improve sensitivity and reduce 
false-negative test results, especially if clinical suspicion is high. 
Urine has not been found to contain detectable viral RNA, and 
the presence of RNA in serum is low. Stool or anal swabs may be 
an option for testing early or late in the illness, but it does not cor-
relate with severity. No standard methods are available for stool, 
and the sample type does not always yield positive results. Saliva, 
ANS, and OPS are convenient but may not be optimal samples, 
according to existing publications. Viral dynamics in infected 
patients are yet to be fully determined. Persistence and clearance 
of viral RNA from different patient specimens remain unclear. 
Epidemiology, known symptoms, and newly documented symp-
toms will be essential as laboratories monitor and compare illness 
with the presence of the virus in clinical specimens. The ability 
to distinguish live virus from detectable virus remains a challenge. 
This review represents publications from the early phases of the 
pandemic, but scores of new publications appear on a weekly basis. 
Therefore, it will be important for clinical laboratories to continu-
ally monitor the literature as the pandemic progresses and new 
discoveries are published.
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