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Lytic polysaccharide monooxygenases (LPMOs) catalyze oxidative cleavage of crystal-
line polysaccharides such as cellulose and chitin and are important for biomass conver-
sion in the biosphere as well as in biorefineries. The target polysaccharides of LPMOs
naturally occur in copolymeric structures such as plant cell walls and insect cuticles that
are rich in phenolic compounds, which contribute rigidity and stiffness to these materi-
als. Since these phenolics may be photoactive and since LPMO action depends on
reducing equivalents, we hypothesized that LPMOs may enable light-driven biomass
conversion. Here, we show that redox compounds naturally present in shed insect exo-
skeletons enable harvesting of light energy to drive LPMO reactions and thus biomass
conversion. The primary underlying mechanism is that irradiation of exoskeletons with
visible light leads to the generation of H2O2, which fuels LPMO peroxygenase reac-
tions. Experiments with a cellulose model substrate show that the impact of light
depends on both light and exoskeleton dosage and that light-driven LPMO activity is
inhibited by a competing H2O2-consuming enzyme. Degradation experiments with the
chitin-rich exoskeletons themselves show that solubilization of chitin by a chitin-active
LPMO is promoted by light. The fact that LPMO reactions, and likely reactions cata-
lyzed by other biomass-converting redox enzymes, are fueled by light-driven abiotic
reactions in nature provides an enzyme-based explanation for the known impact of
visible light on biomass conversion.

lytic polysaccharide monooxygenases j photobiocatalysis j biomass conversion j insect exuviae j
catecholamines

Transitioning from non-sustainable fossil feedstocks to sustainable renewable feedstocks
for chemicals and energy demands efficient processes for converting renewable resour-
ces into chemicals and energy (1). Plant and insect biomass represent vast reservoirs of
crystalline polysaccharides, such as cellulose and chitin, respectively, but the complex
nature of plant cell walls and insect exoskeletons complicates the extraction and valori-
zation of these carbohydrates. Cellulose-degrading and chitin-degrading microorgan-
isms have solved this challenge by developing advanced enzymatic tools for biomass
processing, with a major impact on the global carbon cycle.
A key and relatively recently discovered group of enzymes used for biomass conver-

sion contain the lytic polysaccharide monooxygenases (LPMOs) (2–4), which are
monocopper enzymes (5, 6) that oxidatively cleave glycosidic bonds in chitin (4) and
cellulose (5–7). LPMOs are widespread in terrestrial ecosystems and are classified in
the auxiliary activity (AA) families 9–11 and 13–17 of the Carbohydrate-Active
enZYmes (CAZy) Database (8). At the time of discovery, LPMOs were considered to
be monooxygenases, but recent work has shown that H2O2 is a kinetically relevant
cosubstrate that allows fast peroxygenase reactions (9–17). LPMOs are ubiquitous
enzymes that play an important role in fungal and bacterial biomass conversion by
introducing chain breaks in the crystalline surfaces of chitin or cellulose. By doing so,
LPMOs enhance the depolymerization activity of glycoside hydrolases in nature as well
as in commercial enzyme mixtures used at industrial scale. Importantly, the discovery
of LPMOs has revealed that redox processes are important for polysaccharide conver-
sion in the biosphere, as suggested some 50 years ago (18), which provided new
insights and raised new questions regarding the interplay between the many compo-
nents of natural biomass-converting enzyme systems (19).
LPMO catalysis requires two reducing equivalents per catalytic cycle, which, depend-

ing on the catalytic mechanism being considered, are delivered to the copper site
(monooxygenase reaction) or used to convert O2 to H2O2 to enable a peroxygenase
reaction (20) (Fig. 1). It is currently being debated whether apparent monooxygenase
reactions, which typically entail incubating the LPMO with substrate and a reductant
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under aerobic conditions, are true monooxygenase reactions or
whether these are peroxygenase reactions that are limited by in
situ generation of H2O2. While the apparent monooxygenase
reaction entails stoichiometric consumption of reductant, it has
been shown that a once-reduced LPMO can catalyze multiple
peroxygenase reactions if it is supplied with H2O2. The average
number of peroxygenase reactions catalyzed by a reduced
LPMO has been reported to be on the order of 20 (13, 14).
H2O2-driven LPMO catalysis is a double-edged sword, because
too much H2O2 leads to inactivation of the LPMO through
non-productive turnover accompanied by oxidative damage to
the enzyme (9, 21), while too low access to H2O2 leads to low
enzyme activity.
Insect cuticles and plant cell walls, which are major compo-

nents of organic litter in nature (22), are complex and rigid
copolymeric structures, which next to chitin and cellulose,
respectively, contain light-sensitive aromatic compounds with
quinone/hydroquinone redox-active moieties. The impact of
LPMOs on polysaccharide conversion and the notion that these
enzymes act on redox-active copolymeric substrates, raise the
questions of whether and how light affects LPMO activity and
thus biomass turnover. Light is an abundant and cheap source
of energy that, in the presence of a photoredox catalyst and O2,
can fuel H2O2-dependent enzyme reactions (23–25). It has
been demonstrated that lignin, a major aromatic component of
plant cell walls, can act as a photocatalyst for solar-powered
H2O2-dependent enzyme reactions (26). Photobiocatalytic
LPMO reactions were first demonstrated in 2016 for a fungal
LPMO acting on amorphous phosphoric acid swollen cellulose
(PASC) by combining a photosynthetic pigment, chlorophyllin,
and a reductant, ascorbic acid (AscA) (27). Later the same year,
it was shown that vanadium-doped titanium dioxide (V-TiO2)
allowed light-driven activity of a bacterial LPMO from Strepto-
myces coelicolor (ScAA10C) on crystalline cellulose (Avicel) (28).
Both studies discussed the underlying mechanisms for photo-
biocatalytic LPMO activity but did not consider peroxygenase
activity. Later, it was shown that light-induced formation of
H2O2 from O2 was the main driver of these photobiocatalytic
LPMO reactions (24).
Shed chitin-rich exoskeletons resulting from insect moulting,

collectively referred to as pupal exuviae (PE), consist of a com-
plex matrix of chitin, proteins, and potentially photosensitive
phenolic compounds, in particular catecholamines (29). The
latter are incorporated during sclerotization to provide stiffness,

hardness, and resistance toward the environment and are
responsible for the dark color of the exuviae (30). Considering
their photosensitivity, we hypothesized that the catecholamines
present in PE may act as a photoredox catalyst for in situ gener-
ation of H2O2, which could be used to fuel LPMO-catalyzed
turnover of insect biomass in nature.

To test this hypothesis, we first carried out a detailed study of
the degradation of a model cellulose substrate by a well-studied
LPMO from the soil actinomycete S. coelicolor (ScAA10C), using
light-exposed PE for fueling the reaction. We showed that expo-
sure to light has a large effect on LPMO activity that correlates
with light-fueled generation of H2O2. Subsequent studies of the
depolymerization of chitin in the PE themselves with a chitin-
active LPMO (SmAA10A) showed that exposure to visible light
has a similar effect on this LPMO and promotes turnover of
insect biomass. Thus, our study provides a possible mechanistic
framework for the effect of light on biomass turnover in the
biosphere.

Results

Proof of Concept: Fueling LPMO Reactions with Insect Exoskeletons
(PE) as a Photocatalyst. To assess the ability of insect biomass to
fuel LPMO reactions, we used a well-studied C1-oxidizing
cellulose-active LPMO from S. coelicolor (ScAA10C; also known
as CelS2) and Avicel (i.e., crystalline cellulose). A reaction in the
dark with gallic acid, a commonly used reductant in standard
LPMO reactions, was included as a reference reaction. The PE
contain 20% (wt/wt) chitin and 12.6% (wt/wt) phenolic com-
pounds (31). Washing the PE removed soluble compounds
absorbing in the 240 nm to 800 nm range (SI Appendix, Fig.
S1) and reduced the total reducing capacity by 72% as measured
by the Folin-Ciocalteu assay (32) using gallic acid as a standard
(SI Appendix, Fig. S2).

Progress curves for Avicel conversion (Fig. 2) showed linear
product formation over 6 h for all reactions, except for the reac-
tions lacking PE or gallic acid, which did not show any LPMO
activity, and the light-exposed reaction with non-washed PE,
which showed a high initial LPMO rate that started decreasing
after ∼2 h. The reactions with washed or non-washed PE in the
dark produced identical very low product levels during the 6-h
incubation period, and apparent reaction rates were more than
one order of magnitude lower compared with the reactions
exposed to visible light (Fig. 2). Reactions in which the LPMO
was replaced by an equal concentration of CuSO4 did not show
formation of oxidized products (SI Appendix, Fig. S3).

Compared with the reference reaction with 1 mM gallic
acid, the reaction with light-exposed washed PE was about two
times faster and produced two times more product over 6 h,
despite the fact that the concentration of gallic acid equivalents
in the reaction with exuviae equaled only some 0.2 mM (SI
Appendix, Fig. S2). The large impact of light is further evi-
denced by the observation that the reactions with PE in the
dark were an order of magnitude slower than the reaction with
gallic acid for both the washed (0.2 mM gallic acid equivalents)
and the non-washed (0.6 mM gallic acid equivalents) materials
(Fig. 2).

While the redox state of the catecholamines that are incorpo-
rated into the cuticular matrix is not known (33), it is likely
that their quinone/hydroquinone moieties are photoredox
active in aqueous solutions, as exemplified by the role of plasto-
quinone in photosynthetic water splitting in photosystem II
(34). There are other examples: under aerobic conditions, ultra-
violet (UV) light will convert hydroquinone to benzoquinone,

R-H + O2 + 2e- + 2H+ R-OH + H2O

R-H + H2O2 R-OH + H2O
LPMO-Cu(I)

LPMO-Cu(II)

Fig. 1. Possible reaction schemes for LPMOs. In the upper monooxyge-
nase reaction, every catalytic cycle requires channeling of two electrons
and two protons to the catalytic center. In the lower peroxygenase reac-
tion, a once-reduced (primed) LPMO can catalyze multiple reactions using
H2O2 as cosubstrate without any further delivery of protons or electrons
(9, 12, 13). Occasionally, LPMOs may become oxidized through off-pathway
reactions (14, 21), and re-reduction is then required to regain catalytic
competence.
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hydroxybenzoquinone, and H2O2 (35), whereas irradiation
using 416 nm at pH 6.0 yields benzoquinone in a reactive trip-
let excited state, which leads to the production the semiquinone
radicals Q-• and QH• (36). Regardless of light intensity and
wavelength, the primary photochemical process for benzoqui-
none is reduction (37). Upon exposure to light, the catechol-
amines in insect cuticles may undergo reactions similar to those
known for other quinones and hydroquinones to generate both
the reducing conditions needed for the LPMO to become cata-
lytically active and the H2O2 needed to oxidize the polysaccha-
ride substrate. The results depicted in Fig. 2 show that indeed
this is the case.
It is worth noting that the reaction with unwashed exuviae

in the light shows a progress curve that is typical for LPMO
reactions that contain too much H2O2 (16, 24, 38): the (too)
high availability of the cosubstrate leads to a high catalytic rate
but also to rapid enzyme inactivation. This suggests that wash-
ing removes redox-active compounds that contribute to light-
induced production of H2O2. Indeed, during the course of this
work, we noted that chitin-free watery extracts of the PE
obtained by washing or during the demineralization and depro-
teination steps that are carried out when purifying chitin from
the exuviae (31) could drive LPMO reactions when irradiated
with light (SI Appendix, Fig. S4).
To verify whether the low activity in reactions with exuviae

in the dark was due to lack of H2O2 generation, a control
experiment was performed with 5 g/L washed PE in which
50 μM H2O2 was added after 0, 30, and 60 min, and the reac-
tion was sampled at 30, 60, and 90 min (before the addition of
H2O2). It is well known from earlier work with ScAA10C that
addition of this amount of H2O2 yields a fast reaction, pro-
vided that the reaction contains sufficient reducing power to
produce the LPMO in its catalytically competent reduced state
(9). SI Appendix, Fig. S5 shows that the dark reaction with exu-
viae was not boosted by the addition of H2O2, suggesting that
reduction of both LPMO and H2O2 availability were limiting
LPMO activity in the dark, which is not surprising considering
that the reduction potential of a catecholamine model com-
pound does not favor reduction of ScAA10C (39).

Characterization of the Photobiocatalytic System. Encouraged
by the successful proof-of-concept experiments, we investigated
the influence of the PE concentration, light intensity, and sub-
strate concentration on LPMO activity (Fig. 3). We also moni-
tored H2O2 accumulation to unravel possible correlations
between LPMO activity and H2O2 production.

Increasing the PE concentration from 1.25 to 20 g/L led to
a threefold increase in the apparent rate for the LPMO rea-
ction (Fig. 3 A and C), from 0.5 μM�min�1 at 1.25 g/L to
1.5 μM�min�1 at 20 g/L (Fig. 3C), as well as a near sixfold
increase in the apparent rate of H2O2 generation, from
0.12 μM�min�1 at 1.25 g/L to 0.75 μM�min�1 at 20 g/L (Fig.
3 B and C). Conducting reactions with increasing light intensi-
ties showed a clear dose-response effect and resulted in an
increase of two orders of magnitude in the apparent rate of
the LPMO reaction, from 0.02 μM�min�1 in the dark to
2.2 μM�min�1 for the highest light intensity applied (Fig. 3 D
and F). H2O2 production also increased at higher light intensi-
ties (Fig. 3E), and the apparent rate of H2O2 formation showed
a linear correlation with the light intensity (Fig. 3F). Cellulose
particles present in the reaction vessel reduce light transmit-
tance (38) and, indeed, higher Avicel concentrations led to
lower LPMO activity (Fig. 3G) and lower H2O2 production
(Fig. 3H). It is noteworthy that the reaction in the absence of
Avicel produced most H2O2. Taken together, these results
show that the combination of PE and light provides a tunable
system for driving LPMO reactions and that LPMO activity is
correlated with the ability of the system to produce H2O2.

The reactions with LPMO generally showed higher product
formation than what can be accounted for by H2O2 accumula-
tion in identical reactions in the absence of LPMO (Fig. 3).
The H2O2 concentration measured in the LPMO-free reactions
is the net result of formation and decomposition reactions that
will be affected by both redox-active components in PE and by
light. It has been shown that, in the presence of substrate,
reduced LPMOs have high affinity for H2O2 [Km values in the
low micromolar range (15, 16, 21)]. Thus, it is conceivable
that in the reaction with LPMO, H2O2 consumption in
productive reactions with the enzyme outcompetes abiotic
decomposition, which could help explain the product levels.
Furthermore, reduction of the LPMO by light-exposed PE may
speed up H2O2 production in two ways: (1) the resulting mod-
ification of the PE may yield compounds that more readily cat-
alyze abiotic H2O2 production, and (2) the reduced LPMO
may catalyze oxidase reactions yielding H2O2 (40).

Considering the observations indicating that access to H2O2

was limiting the reactions displayed in Fig. 3 and the possible
involvement of the LPMO itself in H2O2 production, we then
assessed whether the amount of LPMO could be limiting the
standard reaction with Avicel (10 g.L�1) and PE (5 g.L�1).
While the reaction with lowest LPMO concentration (100 nM)
showed diminished product formation and cessation of the
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Fig. 2. ScAA10C-catalyzed cellulose oxidation fueled by photocatalytic insect exoskeletons. The graphs show time courses for the formation of solubilized
oxidized products by ScAA10C (0.5 μM) in reactions with Avicel (10 g.L�1) in sodium phosphate buffer (50 mM, pH 6.0) at 40 °C under magnetic stirring
(A) with and (B) without irradiation by visible light (note the different scaling of the Y-axes). The reactions contained washed or non-washed PE (5 g.L�1) or
gallic acid (1 mM). Based on a determination of total reducing equivalents (SI Appendix, Fig. S2), 5 g.L�1 corresponds to ∼0.2 mM gallic acid equivalents for
the washed material and 0.6 mM gallic acid equivalents for the nonwashed material. Reactions were incubated with magnetic stirring in the dark or exposed
to white light (I = 10% Imax; ∼16.8 W.cm�2). Before the product was quantified, solubilized oxidized cello-oligosaccharides were converted to a mixture of cel-
lobionic acid and cellotrionic acid by incubation with TfCel6A at room temperature overnight. The data points represent the mean of three independent
experiments and error bars show ± SD. The high SDs in B are due to product levels being very low.
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reaction after about 1 h, product formation in the reactions
containing 250 to 2,500 nM LPMO was linear over the 3-h
incubation period and essentially independent of the LPMO
concentration (Fig. 4 A and B). Thus, the LPMO concentra-
tion does not seem to be a limiting factor in the standard reac-
tion conditions used in this study, further strengthening the
idea that the light-driven formation of H2O2 determines
LPMO activity.
To further demonstrate that it is the H2O2 generated from PE

irradiated by visible light that drives the LPMO reaction, experi-
ments were conducted with non-washed PE and increasing
amounts of horseradish peroxidase (HRP). Here, nonwashed PE
were used because the soluble phenolic compounds provide sub-
strates for the peroxidase. The addition of increasing amounts of
HRP resulted in increasing inhibition of the LPMO reaction
(Fig. 4C). Approximately 11.4 nM HRP was required to achieve
50% inhibition of LPMO activity, and plotting the LPMO cata-
lytic rates against the HRP concentration gave a reversed hyper-
bolic curve showing more than 95% inhibition of LPMO activity
with 720 nM HRP (Fig. 4D). These experiments confirm the
notion, derived from the above experiments, that H2O2 forma-
tion by irradiated PE is what drives the LPMO reaction.
Previous light-driven reactions with ScAA10C have been per-

formed using either chlorophyllin or V-TiO2 as photocatalysts (24).
In the case of reactions with chlorophyllin, O2

•- production

was demonstrated by showing that superoxide dismutase
(SOD), which converts O2

•- to H2O2, boosts LPMO activ-
ity (24). Later studies have since confirmed the production of
O2

•- by chlorophyllin (41). Conversely, such a boosting effect
of SOD was not observed for LPMO reactions with V-TiO2,
leading to the conclusion that O2

•- is likely not generated in
this latter reaction system (24). Addition of SOD to a standard
reaction with PE (5 g.L�1), Avicel (10 g.L�1) and ScAA10C
(0.5 μM) did not affect LPMO activity (Fig. 4E). A control
reaction with boiled SOD showed identical product levels com-
pared with the reactions with SOD, underpinning the notion
that SOD does not affect the reaction (Fig. 4E). Additional
experiments with increasing PE concentrations also did not
reveal any effect of SOD (Fig. 4F).

The results depicted in Fig. 4 E and F indicate that superox-
ide does not play a role in this photocatalytic system and thus
that H2O2 is produced directly by reduction of O2 to H2O2

(O2 + 2H+ + 2e� ! H2O2) or perhaps oxidation of H2O to
H2O2 (2H2O ! H2O2 + 2H+ + 2e�), as has recently been
shown for photoexcited lignin (26). Of note, for the chloro-
phyllin studies, superoxide was proposed to also act a reductant
for the LPMOs. In the photoredox system that we studied, the
LPMO is likely reduced by the photoredox-active compounds
present in the PE, primarily upon exposure to light and possi-
bly via formation of a semiquinone radical (36).
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Fig. 3. Influence of PE loading, light intensity, and cellulose concentration on LPMO activity and H2O2 production. The graphs show time courses for the
formation of solubilized oxidized products in LPMO (ScAA10C, 0.5 μM) reactions with Avicel and exposed to light at (A) varying PE concentrations (10 g.L�1
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derived from the three shown time points for all reactions except the LPMO reaction with the highest light intensity (i.e., I = 50% Imax), for which only the
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reaction shown in Fig. 2.
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Light-Driven Solubilization of α-Chitin from Hermetia illucens PE.
PE from black soldier flies contain ∼20% chitin (31). Since PE
exposed to visible light boosted the activity of ScAA10C
on cellulose, we investigated whether visible light could boost
the ability of a chitin-active LPMO from Serratia marcescens
(SmAA10A; also known as CBP21) to solubilize the chitin pre-
sent in the PE. For product quantification, soluble oxidized
chito-oligomers were converted to a mixture of chitobionic acid
and N-acetylglucosamine (GlcNAc) by treatment with a chito-
biase (42). The light-exposed reaction with SmAA10A led to
rapid formation of chitobionic acid (Fig. 5A) with correspond-
ing release of GlcNAc (Fig. 5B) during the first four h of the
reaction, and product formation stopped after six h. The appar-
ent minor increase in product levels between 6 h and 24 h is
most likely due to liquid evaporation from the reaction vials.
The reaction with SmAA10A in the dark showed much slower
but more linear formation of chitobionic acid (Fig. 5A) and
corresponding release of GlcNAc (Fig. 5B).
Soluble oxidized products released by SmAA10A are expected

to contain between 4 and 10 monosaccharides (4). The product
concentrations in Fig. 5 show that about five GlcNAc’s were
detected per chitobionic acid, indicating an average product
length of seven monosaccharides, well in accordance with previ-
ous observations. Assuming a chitin content of 2 g/L, the product
levels displayed in Fig. 5 indicate that ∼7% of the chitin had

been solubilized after 4 h in the light-exposed reaction. This frac-
tion, 7%, is compatible with data previously reported for the
action of SmAA10A on β-chitin and likely represents the maxi-
mum that can be achieved by an LPMO acting in the absence of
chitinases.

Discussion

It has been shown that irradiation of plant litter by sunlight,
especially blue-green light, improves the biotic degradation of
carbohydrates present in this material. This effect has been
ascribed to photodegradation of lignin in the secondary plant
cell walls, which would improve the accessibility of cell wall
polysaccharides for enzymatic degradation (43–46). Studying
chitin degradation, we show here that other mechanisms may
be involved, and we provide a possible molecular explanation
for the observation that light affects biomass turnover in nature.
Chitin is abundantly present in terrestrial ecosystems, being a
central structural component of many organisms, including
insects, nematodes, and fungi. To our knowledge, nothing is
known about the impact of light on chitin solubilization, and
here we show that such impact can be large. Our findings sug-
gest that light may not only contribute to the direct degrada-
tion of rigidifying structural components of plant cell walls and
insect cuticles, as shown for lignins (43), but that the presence
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PE, 10 g.L-1 Avicel, and 0 nM SOD) in E and F are derived from the reaction with PE (5 g.L�1) and Avicel (10 g.L�1) that is displayed in Fig. 3 A, D, and G.
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of these photoredox-active components also plays a role in pro-
viding electrons and H2O2 to oxidative enzymes required for
microbial biomass degradation.
It is known that aromatic compounds (e.g., derived from lignin)

can fuel LPMO reactions even without irradiation (47) (Fig. 5).
We show that the rate of such reactions is drastically enhanced
upon irradiation and demonstrate high light-driven LPMO reactiv-
ity (7% chitin solubilization within a few hours; Fig. 5), but further
studies are needed to unravel how critical LPMO action is for
light-promoted biomass conversion in true ecosystems. Of note,
natural biomass degrading aerobic enzyme systems tend to contain
not only LPMOs but also other H2O2-dependent degradative
enzymes, such as lignin peroxidases, which may benefit from light-
promoted H2O2 production. Possible competition for H2O2 also
needs to be considered; in this regard, it is worth noting that previ-
ous studies indicate that LPMOs have high affinity for H2O2

and catalytic efficiencies similar to those of common peroxidases
and peroxygenases (15, 48). One interesting question for further
research is whether the interplay among light, redox-active struc-
tural components, and enzymes such as LPMOs has affected the
evolution of the materials and/or the enzyme systems that degrade
them. Another interesting question is to what extent light provides
a competitive advantage to those microbes that use LPMOs and
other H2O2-dependent enzymes for biomass conversion.
Of note, sunlight is known to promote the degradation of

organic matter and the formation of reactive oxygen species in
aquatic ecosystems (49, 50). Thus, it is likely that the findings
described here also apply to such ecosystems. In this respect, it
is worth noting that a comparative study of bacterial genomes
has shown that LPMOs are as common in aquatic chitinolytic
bacteria as they are in terrestrial chitinolytic bacteria (51).
H2O2 is considered a green oxidant for agricultural, environ-

mental, and industrial applications (52). Lignosulfonates and
thin lignin films are known to act as homogeneous and heteroge-
neous photocatalysts, respectively, catalyzing the reduction of O2

to H2O2 when exposed to a violet light-emitting diode (LED)
source (λmax = 400 nm) at the cost of lignin photodegradation
(52). Similar to lignin, which for a long time was considered a
waste product from the pulp industry (53), PE are currently con-
sidered as part of a waste stream from insect breeding and farm-
ing (31). We show here that this material, with its quinone/
hydroquinone redox moieties (33), may be used for sustainable
photocatalytic production of H2O2. Photons have been touted
as a reagent for the twenty-first century (54), and using photons
to generate H2O2 is an appealing green technology.
This study adds to the current debate on whether LPMOs

are monooxygenases or peroxygenases by demonstrating

correlations between light-driven LPMO activity and light-
driven generation of H2O2 in the reaction system. Further-
more, we show that HRP inhibits light-driven LPMO catalysis,
again suggesting the LPMO reaction depends on H2O2. The
use of light and a photoredox catalyst may enable fine-tuning
of the in situ generation of H2O2 and, consequently, polysac-
charide oxidation by the LPMO. Such control is important
since reduced LPMOs are prone to autocatalytic inactivation
by surplus H2O2 (9, 55). Of note, the use of light to control
the LPMO reactions in commercial bioreactors operating with
substrates such as lignocellulose at high concentrations of dry
matter will not be straightforward because light will not pene-
trate the reaction slurry.

The type of photoredox catalysts used in this study are abun-
dantly present in the natural substrates of LPMOs and other
biomass-degrading redox enzymes such as (H2O2-dependent)
lignin peroxidases. Thus, our findings may have wide implica-
tions for biomass conversion in nature and should trigger fur-
ther research in the area. Interestingly, these findings may relate
to bulk biomass conversion and may also be relevant in other
important biological processes. For example, it was recently
shown that LPMO action promotes plant infection by the
potato pathogen Phytophthora infestans (56); with the current
results at hand, one may wonder whether the infection process
could be light sensitive. If one assumes that light-driven H2O2

production is a significant contributor to the H2O2 pool in bio-
mass degrading ecosystems, our current findings could even
affect agronomic practices such as plowing. Plowing biomass
into the soil will affect the activity of biomass-degrading peroxi-
dases and peroxygenases not only by reducing access to O2 but
also by reducing access to the light that contributes to the
reduction of O2 to H2O2. No matter what the potential wider
implications are, this study provides novel insights into the
impact of light on biomass conversion in nature and the fasci-
nating roles and catalytic abilities of LPMOs.

Materials and Methods

Materials. Unless otherwise stated, chemicals and enzymes were purchased from
Sigma-Aldrich. The crystalline cellulose used was Avicel PH-101 (50-μm particles).
PE from H. illucens were milled using a Retsch PM100 planetary ball mill with zir-
conium oxide vessels (500 mL) containing zirconium oxide balls (10 × 10 mm).
Milled PE were sieved through a 0.85-mm stainless steel sieve (Retsch) and stored
at 4 °C. A PE stock suspension of 50 g/L was prepared fresh each day, was washed
four times by cycles of centrifugation (2 min, 15,000 × g), and was resuspended
in sodium phosphate buffer (25 mM, pH 6.0) to remove soluble components,
unless otherwise specified. The UV-visible light (UV-Vis) absorption spectrum for
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the supernatant from each washing step was measured to monitor the removal of
soluble components absorbing between 240 and 800 nm (SI Appendix, Fig. S1)
using a UV-transparent 96-well microtiter plate in a Varioskan Lux plate reader
(Thermo Fisher Scientific). Stock solutions of AmplexRed (Thermo Fisher Scientific)
and gallic acid were prepared in dimethyl sulfoxide (DMSO) (10 and 100 mM,
respectively), aliquoted, and stored at –20 °C in the dark. Gallic acid and
AmplexRed aliquots were thawed in the dark for 10 min before use and were
used only once.

Enzymes. Recombinant ScAA10C (UniProt Q9RJY2) from S. coelicolor was pro-
duced and purified as previously described (7). ScAA10C was copper saturated
according to Loose et al (42), carefully desalted using a PD MidiTrap column [G-25,
GE Healthcare (57)], and stored in sodium phosphate (25 mM, pH 6.0). The LPMO
from S. marcescens (SmAA10A; UniProt O83009) was produced and purified as pre-
viously described (58), copper-saturated in the same way as ScAA10C, and stored in
the same buffer. Manganese-dependent SOD (MnSOD) from Escherichia coli
(Sigma-Aldrich, S5639) was solubilized in Tris�HCl (10 mM, pH 8.0) and desalted
(PD MidiTrap G-25, GE Healthcare) in the same buffer before use. HRP (type II)
(Sigma-Aldrich, P8250) was solubilized in Milli-Q water and filtered (Filtropur S,
0.2 μm polyethersulfone (PES), Sarstedt). All enzymes were stored at 4 °C.

Standard Photobiocatalytic LPMO Reactions. Standard photobiocatalytic
reactions were carried out in a cylindrical glass vial (1.1 mL) with a conical bot-
tom (Thermo Fisher Scientific) with 500-μL reaction volume unless otherwise
specified. The light source (Lightningcure L9588, Hamamatsu) was equipped
with a filter with a spectral distribution of 400 to 700 nm (L9588-03, Hamama-
tsu) and placed ∼1 cm above the liquid surface. Typical reactions contained
ScAA10C (0.5 μM), Avicel (10 g.L�1), and PE (5 g.L�1) in sodium phosphate
buffer (50 mM, pH 6.0). Reactions were incubated in the dark for 15 min at
40 °C under magnetic stirring before turning on the light (I = 10% Imax, equiva-
lent to 16.8 W.cm�2) or adding reductant (gallic acid), unless stated otherwise.
To stop the LPMO reactions, 60-μL samples were taken from the reaction mixture
at regular intervals and filtered using a 96-well filter plate (Millipore) and a vac-
uum manifold. Filtered samples (35 μL) were stored at –20 °C. Before quantify-
ing the product by high-performance anion-exchange chromatography/pulsed
amperometric detection (HPAEC-PAD) analysis, as described in the section Prod-
uct Analysis, the filtrate was mixed with 35 μL of a 2-μM solution of purified
Cel6A from Themobifida fusca (TfCel6A) (59), prepared in sodium phosphate
buffer (50 mM, pH 6.0), and incubated at 40 °C overnight to convert solubilized
oxidized cello-oligosaccharides to a mixture of C1-oxidized products with degrees
of polymerization of 2 (GlcGlc1A) and 3 (Glc2Glc1A). Reactions involving HRP
were performed with nonwashed PE since nonwashed PE contains HRP sub-
strates, which alleviates the need for adding the standard AmplexRed substrate.
Reactions with SOD were performed using a 400-μL reaction volume instead of
500 μL.

Chitin Depolymerization Experiments. Chitin depolymerization reactions
were performed with SmAA10A (0.5 μM) in sodium phosphate buffer (50 mM,
pH 6.0) with washed PE (10 g.L�1). Reactions were stopped by filtration to sepa-
rate soluble from insoluble products using a 96-well filter plate operated with a
vacuum manifold (Merck Millipore). Before analysis using a Rezex column, 20
μL of sample was mixed with 20 μL of a 1-μM solution of purified chitobiase
(SmCHB) (42) and incubated overnight at room temperature to convert oxidized
chito-oligosaccharides to GlcNAc and chitobionic acid, which were analyzed as
described in the section Product Analysis.

Product Analysis. Oxidized cello-oligosaccharides were analyzed by HPAEC-PAD
performed with a Dionex ICS5000 system (Dionex, Sunnyvale, CA) equipped with a
CarboPac PA200 analytical column (3 × 250 mm) as previously described (60).
Chromatograms were recorded and analyzed using Chromeleon 7.0 software. Quan-
titative analysis of C1-oxidizing LPMO activity was based on quantification of cello-
bionic acid (GlcGlc1A) and cellotrionic acid (Glc2Glc1A), which were obtained after
treating reaction filtrates with TfCel6A, as described in the section Standard Photobio-
catalytic LPMO Reactions. Standards of GlcGlc1A and Glc2Glc1A were prepared by
treating cellobiose and cellotriose with cellobiose dehydrogenase (61).

Native and oxidized chito-oligosaccharides were analyzed by using a Dionex
Ultimate 3000 High Performance Liquid Chromatography system (Dionex, Sun-
nyvale, CA), equipped with a Rezex RFQ-Fast Acid H+ (8%) 7.8 × 100 mm

column (Phenomenex, Torrance, CA) preheated to 85 °C using 5 mM H2SO4 as
mobile phase at a flow rate of 1 mL/min (62). The solutes were separated iso-
cratically and were detected by using UV absorption at 194 nm. Solubilized
GlcNAc and chitobionic acid were quantified based on standard curves for GlcNAc
and chitobionic acid.

Total Reducing Capacity. The total reducing capacity of PE before and after
washing was determined according to a published protocol that used gallic acid
as a standard (32). This method is based on electron transfer from phenolic com-
pounds to phosphomolybdic-phosphotungstic acid complexes in alkaline
medium which can be spectrophotometrically measured. Non-washed and
washed PE were suspended directly or after the last centrifugation step, respec-
tively, in 95% (vol/vol) MeOH in concentrations ranging from 1.25 to 20 g.L�1

in triplicates. Then 100-μL portions of the PE suspensions were transferred to
1.5-mL Eppendorf tubes to which 200 μL of a 10% (vol/vol) Folin-Ciocalteu
reagent was added, followed by thorough mixing, addition of 800 μL Na2CO3
(0.7 M), thorough mixing, and a 2-h incubation at room temperature. The tubes
were spun down for 1 min at 15,000 × g to remove any particles, and 200 μL
of the resulting supernatant was transferred to 96-well microtiter plate also con-
taining identically treated gallic acid samples to provide the standard curve (0 to
2,500 μM). The solutions were shaken for 10 s before recording the absorbance
at 765 nm using a Varioskan Lux plate reader (Thermo Fisher Scientific).

H2O2 Accumulation. This method was adapted from previously published pro-
tocols (24, 40, 57). Reactions were performed in sodium phosphate buffer
(50 mM; pH 6.0) with a total volume of 500 μL. Samples (75 μL) were taken
after various time intervals and filtered as described in the section Standard Pho-
tobiocatalytic LPMO Reactions. To quantify the amount of accumulated H2O2,
50 μL of the filtered and, if needed, diluted sample was mixed with 25 μL H2O
and 25 μL of a premix composed of HRP (0.4 μM) and AmplexRed (0.4 mM) in
sodium phosphate buffer (0.4 M, pH 6.0). The H2O2 standard curve (0, 10, 20,
30, 40 μM [final concentrations]) was prepared by mixing 25 μL of the same
AmplexRed/HRP premix with 50 μL of the supernatant from a PE suspension
with the same initial PE concentration as the reactions being measured
(or appropriate dilutions thereof) to achieve approximately the same concentra-
tion of PE-derived components in the standard curve as in the reactions being
measured, and lastly with 25 μL H2O2 solution (0, 40, 80, 120, 160 μM) in
a 96-well microtiter plate. The reaction mixtures were shaken and incubated for
60 s at 30 °C before recording absorbance at 563 nm using a Varioskan Lux
plate reader (Thermo Fisher Scientific).

Verification of SOD activity. SOD activity was assessed by using a published
assay protocol (24, 63). In alkaline conditions, autooxidation of pyrogallol results
in formation of a semiquinone and O2

•-, and the semiquinones further react to
form purpurogallin, which absorbs strongly at 325 nm (63). Briefly, a stock solu-
tion of pyrogallol (2 mM) was prepared in 10 mM HCl, and stock solutions of
SOD (0, 56.5, 113, 282.5, 565, 1,130, 2,825, and 5,650 nM) were prepared in
Tris�HCl (10 mM, pH 8.0). Then 80 μL Tris�HCl (50 mM final reaction concentra-
tion, pH 8.0) was mixed with 10 μL SOD and 10 μL pyrogallol (0.2 mM final
concentration) in a 96-well plate. The 96-well plate was shaken at 600 rpm
for 5 s before recording absorbance at 325 nm every 8 s for 10 min using a
Varioskan Lux plate reader (Thermo Fisher Scientific). The inhibitory effect of SOD
on purpurogallin formation is shown in SI Appendix, Fig. S6.

Data, Materials, and Software Availability. All study data are included in
the article and/or SI Appendix.
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