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ABSTRACT End-binding proteins (EBs) comprise a conserved family of microtubule plus end–
tracking proteins. The concerted action of calponin homology (CH), linker, and C-terminal 
domains of EBs is important for their autonomous microtubule tip tracking, regulation of 
microtubule dynamics, and recruitment of numerous partners to microtubule ends. Here we 
report the detailed structural and biochemical analysis of mammalian EBs. Small-angle X-ray 
scattering, electron microscopy, and chemical cross-linking in combination with mass spec-
trometry indicate that EBs are elongated molecules with two interacting CH domains, an ar-
rangement reminiscent of that seen in other microtubule- and actin-binding proteins. Re-
moval of the negatively charged C-terminal tail did not affect the overall conformation of 
EBs; however, it increased the dwell times of EBs on the microtubule lattice in microtubule 
tip–tracking reconstitution experiments. An even more stable association with the microtu-
bule lattice was observed when the entire negatively charged C-terminal domain of EBs was 
replaced by a neutral coiled-coil motif. In contrast, the interaction of EBs with growing micro-
tubule tips was not significantly affected by these C-terminal domain mutations. Our data 
indicate that long-range electrostatic repulsive interactions between the C-terminus and the 
microtubule lattice drive the specificity of EBs for growing microtubule ends.
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INTRODUCTION
Microtubules are highly dynamic protein filaments that play an im-
portant role in many diverse cellular processes, including cell divi-
sion, architecture, migration, and intracellular transport. They are 
assembled from α/β-tubulin heterodimers, which align in a head-to-
tail manner. Because of their intrinsic polarity, microtubules contain 
two structurally distinct ends: a slow-growing minus end and a fast-
growing plus end (reviewed in Howard and Hyman, 2003). In cells, 
microtubule minus ends are often stabilized, whereas the plus ends 
are highly dynamic and stochastically switch between periods of 
growing and shortening. The intrinsically dynamic nature of microtu-
bules is fundamental to their function, and, not surprisingly, it is 
strongly regulated by microtubule-associated proteins (MAPs) dur-
ing cell cycle progression and cell differentiation.

Microtubule plus end–tracking proteins (+TIPs) are a specific 
group of MAPs that preferentially localize to the growing microtu-
bule plus ends (Schuyler and Pellman, 2001). The end of a growing 
microtubule is a privileged site for +TIPs to control microtubule be-
havior and architecture and to link microtubules to diverse cellular 
structures, including kinetochores, the cell cortex, and the actin cy-
toskeleton (Akhmanova and Steinmetz, 2008). End-binding proteins 
(EBs) are evolutionarily conserved core components of +TIP interac-
tion networks (Slep, 2010). EBs control microtubule dynamics and 
play a master role in targeting an array of diverse proteins to grow-
ing microtubule plus ends (Galjart, 2010). As a consequence, EBs 
are implicated in numerous microtubule-based cellular processes. In 
mammalian cells, three different members of the EB family have 
been described, denoted EB1, EB2 (RP1), and EB3 (EBF3) (Su and 
Qi, 2001).

EBs are dimeric proteins composed of two highly conserved 
functional modules separated by a more variable 60- to 80-residue 
linker region: an N-terminal calponin homology (CH) domain and a 
C-terminal dimerization domain (Akhmanova and Steinmetz, 2008). 
The CH domain mediates the interaction with microtubules (Hayashi 
and Ikura, 2003) and is responsible for the autonomous microtubule 
tip–tracking activity of EBs (Bieling et al., 2007, 2008). Of interest, 
EBs exchange rapidly on microtubules: on the transient structure of 
the growing microtubule tip, which typically exists for several sec-
onds, the residence time of EBs is less than 1 s (Bieling et al., 2007, 
2008; Dragestein et al., 2008; Montenegro et al., 2010). It is un-
known which features of the growing microtubule plus end are spe-
cifically recognized by the CH domains of EBs. Three hypotheses 
have been proposed. First, EBs may recognize the open and ex-
tended tubulin sheet structure at microtubule tips (Vitre et al., 2008). 
Second, EBs might preferentially bind to or impose a structural dis-
continuity—for example, A versus B lattice—at the plus end of a 
growing microtubule (Sandblad et al., 2006; des Georges et al., 
2008). Finally, a third model suggests that EBs sense the guanine 
nucleotide state of β-tubulin to discriminate between GTP-tubulin at 
the growing tip and GDP-tubulin in the lattice (Zanic et al., 2009; 
Maurer et al., 2011).

The C-terminal domain of the EBs comprises a coiled coil, the 
unique EB-homology (EBH) domain, and a disordered 20- to 30-res-
idue tail (Honnappa et al., 2005; Slep et al., 2005). The EBH domain 
and the tail region are responsible for parallel homodimerization 
and heterodimerization of EB subunits and for partner binding 
(Honnappa et al., 2009; De Groot et al., 2010). Dimer formation 
enhances the affinity of some EB family members for microtubules, 
and in some cases is even essential for microtubule tip binding (Slep 
and Vale, 2007; Komarova et al., 2009; Zimniak et al., 2009). The CH 
domain and the linker region comprise positively charged sequence 
regions, which contribute to the binding to the negatively charged 

microtubule lattice (Hayashi and Ikura, 2003; Slep and Vale, 2007; 
des Georges et al., 2008). In contrast, the C-terminal part of EBs 
is negatively charged due to acidic residues present on the surface 
of the EBH domain and in the disordered C-terminal tail region 
(Honnappa et al., 2005; Slep et al., 2005).

How the CH and C-terminal domains are organized in the con-
text of the full-length EB molecule, how they control its partner-
binding activity, and how they enable EBs to specifically recognize 
the plus end of a growing microtubule is only poorly understood. 
On the basis of the crystal structures of isolated CH and C-terminal 
domains of EB1 and the lack of regular secondary structure pre-
dicted for the linker region, one could expect that the two CH do-
mains of EB1 are independent and freely diffusible (Honnappa et al., 
2005). Biochemical studies have suggested that the C-terminal 
acidic tail of EB1 regulates its microtubule-binding and tubulin po-
lymerization activity (Hayashi et al., 2005; Manna et al., 2008; Zhu 
et al., 2009). To explain this observation, it has been proposed that 
EB1 exists in a “closed,” autoinhibited conformation formed by a 
head-to-tail interaction between the acidic tail and the basic CH do-
main (Hayashi et al., 2005). In this model, removal of the acidic tail or 
binding of partners to the C-terminal domain relieves this autoinhib-
ited state by opening up the molecule into an activated conforma-
tion, which enables tighter binding of EB1 to microtubules and, as a 
consequence, enhances tubulin polymerization (Hayashi et al., 
2005). In contrast to these in vitro observations, studies in cells 
showed that although the removal of the acidic tail of EBs blocked 
partner binding (Komarova et al., 2005), it had little effect on their 
microtubule tip accumulation and their capacity to suppress catas-
trophes (Komarova et al., 2009).

We used a combination of structural, biophysical, and biochemi-
cal methods to analyze the conformation of full-length human EBs 
and to assess how the C-terminal domain of EBs controls their mi-
crotubule-binding activity. We show that EB1, EB2, and EB3 display 
a similar conformation in solution, characterized by an elongated 
shape, and provide data supporting a model in which the two CH 
domains within EB dimers can interact with each other. Removal of 
the C-terminal tail of EB1 did not affect the global conformation of 
the protein, a result that does not support the aforementioned 
closed-to-open activation model. However, in vitro microtubule tip–
tracking experiments suggest that the negatively charged nature of 
the entire C-terminal domain of EB promotes the specificity of the 
molecule for the growing microtubule plus ends as opposed to the 
microtubule lattice. In combination, our data provide new insights 
into the structure of the EBs and the mechanism of their specific lo-
calization at the microtubule tip.

RESULTS
Solution small-angle x-ray scattering analysis of human EBs
To gain insight into the structures of EBs, we performed small-angle 
x-ray scattering (SAXS) experiments with human EB1, EB2, and EB3 
homodimers. Figure 1A shows the SAXS profiles of the three pro-
teins, which are all very similar (see Supplemental Figure S1 for raw 
data). Accordingly, the calculated radius of gyration, Rg, and maxi-
mum particle distance, Dmax, were found to be alike, amounting to 
46.8 and 140 Å, 47.1 and 141 Å, and 45.2 and 136 Å for EB1, EB2, 
and EB3, respectively (Figure 1B).

The similar pair distribution functions (PDFs), which represent his-
tograms of interatomic distances of EB1 and EB3, are characterized 
by the presence of two main peaks centered at around 24 and 46 Å 
(Figure 1C). Comparison of these peaks with the single one ob-
tained for the isolated CH domain of EB1 suggests that the first 
peak mainly represents interatomic distances within this module, 
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whereas the second peak corresponds to longer distances between 
the CH and C-terminal domains (Figure 1C). Notably, for EB2 the 
first peak is displaced by ∼8 Å to longer distances. EB2 contains a 
43-residue-long N-terminal extension not present in EB1 and EB3, 
which is predicted to fold into two short β-strands (Supplemental 
Figure S2). Deletion of this N-terminal extension in EB2 (EB2ΔN) 
resulted in a SAXS profile and PDF that are similar to the ones ob-
tained for EB1 and EB3 (Figure 1, A and C). Therefore, the displace-
ment observed for the first peak can be attributed to the N-terminal 
extension of EB2, which increases the size of its N-terminal domain. 
The fact that EB2 has a slightly smaller Rg than EB2ΔN (Figure 1B) 
indicates that the N-terminal extension restricts the conformational 
space of the full-length protein in solution. The functional relevance 
of the N-terminal EB2 extension is not clear; experiments in cells 
indicated that it does not influence the ability of EBs to accumulate 
at microtubule tips and suppress catastrophes (Komarova et al., 
2009).

Together, these data demonstrate that the overall dimensions 
and spatial arrangement of the CH, linker, and C-terminal domains 
are similar for the three human EBs, consistent with their overall high 
sequence identity (Su and Qi, 2001).

Structural model of EBs
To obtain the low-resolution structure of an EB protein, we per-
formed ab initio modeling using the SAXS data just described. 
Two different modeling methods based on genetic and simulated 
annealing algorithms were used (see Materials and Methods). 
Both approaches generated models that are very similar in their 
overall conformation and were consistent within the resolution 
limits of SAXS (Supplemental Figures S3 and S4 and Supplemental 
Tables S1–S3). The consensus model depicts EB as an elongated 
and globally asymmetric molecule, which recalls a golf club 
(Figure 2A). The calculated sedimentation coefficient for the 
model is 3.22 S, in good agreement with the experimental value 
of 3.15 S derived by analytical ultracentrifugation (Honnappa 
et al., 2005), supporting the reliability of our model.

The low-resolution SAXS envelope reveals two main structural 
features: a rod-like structure ∼9 nm in length and two globular do-
mains that interact with each other, forming a ∼8-nm, dumbbell-
shaped structure. The dimensions and shapes of these structural 
features can be assigned to the C-terminal and CH domains of EB, 
respectively, whose x-ray structures were manually docked into the 
molecular envelope (Figure 2A). However, we note that this docking 
is not unambiguous but is one reasonable possibility to interpret the 
low-resolution SAXS envelope. Despite EBs being homodimers, we 
did not find any evidence for a global symmetry in the SAXS data 
(see Materials and Methods). The close proximity of the CH and C-
terminal domains in the SAXS envelope suggests that parts of the 
60-residue-long linker regions are folded to some extent and could 
be involved in organizing an interacting pair of CH domains in a way 
that does not maintain the overall twofold symmetry of the coiled 
coil. An asymmetric arrangement of interacting homotypic domains 
has been observed in, for example, activated epidermal growth fac-
tor (EGF) receptor (EGFR). Similar to the CH domains of EBs, the 
asymmetrically interacting kinase domains of the EGFR homodimer 
are separated by a polypeptide linker from their transmembrane 
domain, which displays a twofold symmetry (Jura et al., 2009).

Next we used electron microscopy to directly visualize the con-
formation of EBs. Because of the similar overall size of the CH and 
C-terminal domains, it was not possible to unambiguously distin-
guish them previously in rotary metal-shadowed EB1 specimens 
(Honnappa et al., 2005). To overcome this problem, we fused the 
CH-linker moiety of EB1 in tandem to the parallel two-stranded 
coiled coils of GCN4 and cortexillin-1 (EB1-NL-LZ-Cort). We previ-
ously showed that the EB3-NL-LZ chimera (CH-linker of EB3 fused 
to GCN4) was functional and able to track microtubule ends 
(Komarova et al., 2009), validating the approach. Electron micro-
graphs of rotary metal-shadowed EB1-NL-LZ-Cort revealed rod-like 
specimens that displayed a single head-like moiety at one extremity 
(Figure 2B). The 24- to 26-nm size of the rod agrees well with the 
predicted length of the GCN4–cortexillin coiled-coil fusion (24 nm). 
Accordingly, the head moiety corresponds to the CH domains; its 
size (8–13 nm) fits the size of the pair of interacting CH domains in 
our SAXS-based EB model (Figure 2A). We note that the appear-
ance of the head moiety is heterogeneous, which is most likely due 
to the different views of the specimens on the electron microscopy 
grid and to some flexibility at the interface junction of the head and 
coiled-coil domain. To obtain a better signal-to-noise ratio, we per-
formed image analysis and classification. As shown in Figure 2C, 
averaged images of the head domain of EB1-NL-LZ-Cort revealed 

FIGuRE 1: SAXS analysis of EBs. (A) Experimental SAXS scattering 
profiles of EB1 (black), EB2 (blue), EB2ΔN (green), and EB3 (red). (B) Rg 
(calculated from Guinier plot and PDFs) and Dmax values of EB1, EB2, 
and EB3. (C) PDFs calculated with AutoGNOM of EB1, EB2, EB2ΔN, 
EB3, and EB1-CH. Colors are the same as in A; EB1-CH is in pink.
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two connected globular particles corresponding to the CH domains. 
A part of the coiled-coil rod domain is visible in some cases 
(Figure 2C, left and middle) but is occasionally smeared out, prob-
ably due to some intrinsic flexibility (Figure 2C, right). The averaged 
images are strikingly similar to the molecular envelope obtained 
with EB1 by SAXS in solution (Figure 2A).

To obtain conformational restraints on intradimer protein con-
tacts at the single-residue level, we carried out chemical cross-link-
ing experiments with the EB1 and EB3 homodimers and with the 
EB1–EB3 heterodimer (Supplemental Figure S5A; De Groot et al., 
2010) and identified cross-linked tryptic peptides by mass spec-
trometry (MS). Disuccinimidyl suberate (DSS) was used as cross-
linker. DSS mainly reacts with primary amines and connects lysine 
side chains of proteins that are within a maximum distance of 
25 Å (measured from Cα backbone atoms) (Seebacher et al., 2006; 
Leitner et al., 2010). The mass spectral analysis and subsequent 
identification of cross-linked residues revealed a total of 123 unique 
and unambiguously assignable cross-linked peptides (Supple-
mental Figure S5B and Supplemental Table S4). From those, 
47 cross-linked residues were identified unambiguously as intermo-
lecular cross-links (i.e., CH–CH, CH–linker, linker–linker, linker–C-
terminal domain; Figure 3A). The high number and the characteris-

tic arrangement of these cross-links are 
indicative of a large dimer interface and 
suggest that the linker region can reach 
both the CH and C-terminal domains.

Three interprotein cross-links that in-
volved residues between the CH domains 
were identified (Supplemental Figure S6): 
EB1-K113:EB1-K113, EB1-K113:EB1-K122, 
and EB1-K95:EB3-K122. These were used 
as distance constraints to orient the two CH 
domains seen in our SAXS and electron mi-
croscopy data with respect to each other. 
Although the modeling is not unambiguous 
concerning the details, we were able to 
manually generate a plausible model in 
which the residues known to be important 
for microtubule binding (Slep and Vale, 
2007) cluster into two distinct patches on 
the dimeric CH–CH surface (Figure 3B). No-
tably, the spatial arrangement of these two 
patches would be accessible for microtubule 
binding in a manner compatible with the 
previously proposed interprotofilament in-
teraction model (Sandblad et al., 2006; des 
Georges et al., 2008).

These data suggest that EBs are elon-
gated dimeric molecules. Collectively, they 
further consistently support the model that 
the two CH domains within the EB dimer in-
teract and can potentially form a compos-
ite microtubule-binding interface.

The C-terminal tail does not affect the 
global conformation of EBs
It has been proposed previously that EB1 
exists in an autoinhibited conformation, 
which is formed by a head-to-tail interaction 
between the CH domain and the 20-resi-
due-long C-terminal acidic tail (Hayashi 
et al., 2005). The model predicts that on re-

moval of the acidic tail or binding of partners to the C-terminal do-
main, EB1 is activated by undergoing a large change from a “closed” 
to an “open” conformation. To test this model, we analyzed by 
SAXS an EB1 mutant in which the tail region was deleted (EB1ΔTail). 
The shape of the scattering profile and accordingly the calculated 
Rg and Dmax values for EB1ΔTail were found to be very similar to 
those of the full-length protein (Figures 1B and 4, A and B, and 
Supplemental Figures S1B and S3B). A similar result was obtained 
for EB3 and EB3ΔTail (Supplemental Figures S1C and S3C). These 
findings demonstrate that the presence of the acidic tail has no 
strong effect on the global conformation of EBs.

The C-terminal domain promotes dissociation of EBs from 
the microtubule lattice
If the acidic tail does not activate the EBs by controlling their over-
all conformation (see earlier discussion), what is its role for the 
microtubule-directed activities of EBs? To address this question, 
we used an in vitro microtubule plus end–tracking assay 
(Bieling et al., 2007), which allows examination of the intrinsic abil-
ity of EB proteins to interact with dynamic microtubule tips and 
with the microtubule lattice. For these experiments, we used EB3 
because, in contrast to EB1, the plus end–tracking behavior of 

FIGuRE 2: EB model. (A) Calculated SAXS envelope (blue mesh) of EB1. The crystal structures 
of the CH (red ribbon; PDB ID 1PA7) and C-terminal domains (blue ribbon; PDB ID 1WU9) of 
EB1 are manually docked into the map. (B) Electron micrographs of rotary metal-shadowed 
EB1-NL-LZ-Cort specimens. The head moiety corresponding to the CH domains is highlighted 
by an arrowhead. Scale bar, 50 nm. (C) Averaged images of the head domain of EB1-NL-LZ-Cort 
specimens shown in B. Arrow and arrowhead (middle) highlight the CH and coiled-coil domains, 
respectively. Scale bar, 10 nm.
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EB3 tolerates the addition of an N-terminal green fluorescent pro-
tein (GFP) tag (Komarova et al., 2009; Montenegro et al., 2010; 
Skube et al., 2010). This property is a prerequisite for experiments 
aimed at investigating the function of the C-terminal tail of EB. In 
addition to EB3 and EB3ΔTail, we also included in our experiments 
an EB3 variant in which the entire C-terminal domain was replaced 
by the parallel, two-stranded coiled-coil domain of GCN4 (EB3-
NL-LZ) (Figure 5A). In contrast to the overall acidic C-terminal 
domain (Honnappa et al., 2009), the GCN4 coiled coil is neutral 
(O’Shea et al., 1991). As a consequence, the EB3-NL-LZ chimera is 
much more positively charged than wild-type EB3 (Figure 5A). 
Note that we previously showed in cells that EB3-NL-LZ accumu-
lates at growing microtubule tips and can substitute for endoge-
nous EB1 and EB3 in suppressing microtubule catastrophes 
(Komarova et al., 2009).

At 10 nM concentration, all three proteins preferentially deco-
rated growing microtubule tips and only weakly bound along the 
microtubule lattice (Figure 5, B and C, and Supplemental Figure S7A). 
Quantification of the fluorescence intensities showed that the accu-
mulation of the three proteins at growing microtubule plus ends was 
similar (Table 1). However, EB3ΔTail showed enhanced lattice bind-
ing and therefore a lower tip-to-lattice intensity ratio (Figure 5D). 
This effect was even more pronounced for EB3-NL-LZ (Figure 5D), 
which also consistently displayed a weak but clearly detectable ac-
cumulation at depolymerizing microtubule ends (Figure 5C, arrows). 
Such an accumulation was never observed for the full-length EB3 
but was occasionally seen with EB3ΔTail (Figure 5C, arrows). On the 
basis of these findings, we hypothesize that the microtubule lattice 
interaction of EB3 is suppressed by long-range nonspecific electro-
static repulsion between the negatively charged outer surface of 

FIGuRE 3: Chemical cross-linking of EBs. (A) Intermolecular map of identified cross-links between lysine residues of 
EB1–EB1, EB1–EB3, and EB3–EB3 dimers. The proteins are depicted as bars, and cross-linked lysines (green vertical 
lines) are indicated by gray lines. Monolinks (blue vertical lines) and tryptic cleavage sites (arginine; red vertical lines) are 
marked. (B) Model of the CH domain pair. Red and blue residues were found to be cross-linked by DSS and to interact 
with microtubules (Slep and Vale, 2007), respectively.

FIGuRE 4: Role of the acidic tail for EB structure. (A) SAXS profiles and (B) PDFs of EB1 (black) and EB1ΔTail (blue). 
Inset in A, Guinier plots.
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the microtubule lattice (Baker et al., 2001) and the negatively 
charged C-terminal portion of the protein. This repulsion seems to 
counteract the electrostatic attractive interaction between the neg-
atively charged microtubule lattice and the positively charged CH-
linker domain of EB3 (des Georges et al., 2008; Komarova et al., 
2009).

To test whether the binding of EB3 to the microtubule lattice is 
driven by electrostatic interactions, we increased the concentra-
tion of KCl added to the buffer from 50 to 65 mM. Addition of 
higher amounts of salt was not possible due to a dramatic in-

crease in microtubule catastrophe frequency and the ensuing in-
hibition of microtubule growth. Consistent with previous findings 
(Zanic et al., 2009), we found that although the 30% increase in 
the concentration of the added salt had little effect on the accu-
mulation of the three EB3 variants (10 nM) at microtubule tips, it 
reduced their accumulation on the microtubule lattice and, as a 
consequence, caused an increase in the tip-to-lattice intensity ra-
tio (Figure 5D and Table 1). The reduction in microtubule lattice 
binding at increased salt concentration was most pronounced for 
EB3-NL-LZ.

FIGuRE 5: Role of the C-terminal domain in the specific enrichment of EBs at growing microtubule ends. (A) GFP-EB3 
variants used in the in vitro plus end–tracking assay. The positively and negatively charged nature of the CH and 
C-terminal domains is indicated by blue and red, respectively. The net charge of the different GFP-tagged EB3 variants 
at pH 7 (based on the theoretical pI of the sequence) is indicated on the right. (B) TIRFM images and (C) kymographs of 
dynamic microtubules grown in the presence of the indicated concentrations of GFP-tagged EB3 protein variants. The 
concentration of KCl added to the buffer is also stated. Accumulation of GFP-tagged EB3-NL-LZ at the depolymerizing 
microtubule ends is marked by arrows. (D) Plots indicating fluorescence intensity ratios of growing microtubule ends vs. 
microtubule lattice for GFP-tagged EB3, EB3Δtail, and EB3-NL-LZ at different protein and salt concentrations (indicated 
below the plots). All measurements were performed with the same laser intensity, with the exception of 75 nM 
EB3-NL-LZ, for which the laser power was reduced to avoid signal saturation. (E) In vitro residence time of EB3 and its 
mutants on microtubule tips and lattice, measured by FRAP. All measurements were performed at 75 nM protein, with 
the exception of the residence time of full-length EB3 on the lattice (*), which was measured at 300 nM EB3 to obtain a 
sufficiently high signal to perform meaningful measurements.
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Next we performed similar experiments using 75 nM EB3 pro-
teins. The 7.5-fold increase in protein concentration compared 
with the previous experiments had little effect on the intensity of 
GFP signal of EB3 and EB3ΔTail at microtubule tips (Supplemental 
Figure S7A and Table 1), indicating that the binding sites at microtu-
bule tips are already saturated at 10 nM EB3 or EB3ΔTail. However, 
the microtubule lattice signal was strongly increased for EB3 and 
EB3ΔTail, resulting in a significant reduction of the tip-to-lattice ra-
tio. This result is in agreement with observations in cells, where EBs 
preferentially associate with microtubule tips at endogenous protein 
levels but decorate the whole microtubule cytoskeleton when over-
expressed (Ligon et al., 2003).

For EB3-NL-LZ the enhancement of lattice binding at 75 nM pro-
tein concentration was so pronounced that in ∼80–90% of all cases 
growing tips could not even be distinguished from the rest of the mi-
crotubule bodies (Figure 5, C and D, and Supplemental Figure S7B). 
Still, on some microtubules, EB3-NL-LZ was brighter at the tip than 
at the adjacent lattice (Figure 5C and Supplemental Figure S7B). 
Such irregularities in microtubule lattice decoration by EB3-NL-LZ 
might point to its ability to locally change microtubule lattice prop-
erties—for example, promote the formation of A lattice as described 
for Mal3 (des Georges et al., 2008). Local microtubule lattice devia-
tions or defects might also account for the presence of sites with an 
enhanced and stable EB3 association, which appeared as vertical 
lines in kymographs and were more prominent for EB3ΔTail than for 
full-length EB3 (Figure 5C).

The increased accumulation of EB3 mutants lacking the tail or 
the whole C-terminal domain might be due to their reduced disso-
ciation from the microtubule lattice. To test this idea, we measured 
the turnover of EB3 and its mutants on microtubule tips and lattices 
by fluorescence recovery after photobleaching (FRAP) analyses. For 
the full-length EB3, the residence time on the tip was longer than 
that on the lattice, in agreement with our previous observations 
based on single-molecule imaging (Figure 5E; Montenegro et al., 
2010). We note that the residence-time values obtained by FRAP 
were higher than those obtained by observing single GFP-EB3 mol-
ecules. This was possibly due to the different analytical procedures 
used in the two types of experiments or because our FRAP experi-
ments were performed at ∼200–1000 times higher concentration of 
GFP-EB3, which might behave differently in these conditions. Of 
interest, the residence time of both C-terminal mutants, EB3ΔTail 
and EB3-NL-LZ, on the microtubule lattice was significantly longer 
than that of native EB3, in line with the view that the negatively 
charged C-terminal domain promotes EB dissociation from the mi-

crotubule lattice. This effect was less pronounced at the growing 
microtubule tip, supporting the idea that the EB-binding sites at the 
microtubule tip and lattice exhibit distinct properties.

Effects of the C-terminal domain of EBs on microtubule 
dynamics and assembly
The differences among the three EB3 proteins in their microtubule 
interaction properties are also reflected in their effects on microtu-
bule dynamics in vitro. We previously showed that full-length EB3 
causes an increase in microtubule growth rate but also promotes 
catastrophes (Komarova et al., 2009). Of interest, the catastrophe-
promoting activity of EB3ΔTail at 75 nM concentration was lower 
than that of the full-length protein (Montenegro et al., 2010). In the 
presence of 75 nM EB3-NL-LZ, no catastrophes were observed, 
making it impossible to measure microtubule depolymerization 
rates and transition frequencies in these conditions. Therefore, the 
enhanced capacity of the C-terminal mutants of EB3 to decorate the 
microtubule lattice correlates with a reduced catastrophe-promot-
ing activity. In the presence of 10 nM EB3 or its mutants, when only 
microtubule tips but not the lattices were strongly decorated, the 
parameters of microtubule dynamics were very similar for all three 
proteins tested (Supplemental Table S5). However, an enhanced 
tendency for promoting rescues was observed for EB3-NL-LZ, in 
agreement with its higher accumulation on the microtubule lattice 
(Supplemental Table S5 and Figure 5, C and D).

To further investigate the role of the C-terminal domain for EB 
activity, we analyzed its effect on microtubule assembly in vitro in a 
bulk assay at high EB concentration. For these experiments, which 
do not require the use of fluorescent fusions, we used EB1 to enable 
direct comparison with previously published data. We first com-
pared the kinetics of tubulin polymerization in the presence of EB1 
or EB1ΔTail using an assay based on measurement of 4′,6-diamid-
ino-2-phenylindol (DAPI) fluorescence (Bonne et al., 1985). Under 
these experimental conditions, we could detect very little polymer-
ization of 25 μM tubulin within the 70-min time frame of the experi-
ment, and the addition of 12.5 μM EB1 had no effect on tubulin 
polymerization (Figure 6). In contrast, in the presence of EB1ΔTail, 
microtubules started to assemble after a lag phase, in agreement 
with previous observations showing that the acidic tail negatively 
regulates binding to microtubules and, as a consequence, the tubu-
lin polymerization activity of EB1 (Hayashi et al., 2005; Manna et al., 
2008; Zhu et al., 2009). Notably, the increased capacity of EB1ΔTail 
to promote tubulin polymerization correlated with the concentra-
tion dependence of enhanced microtubule lattice binding observed 

10 nM protein 75 nM protein

+ 50 mM KCl + 65 mM KCl + 50 mM KCl + 65 mM KCl

Tip/  
lattice

Intensity, 
Au ×103

 
N

Tip/  
lattice

Intensity, 
Au ×103

 
N

Tip/  
lattice

Intensity, 
Au ×103

 
N

Tip/  
lattice

Intensity, 
Au ×103

 
N

EB3 38.9 ± 17.8 42.4 ± 6.8 105 45.9 ± 23.5 40.2 ± 5.2 126 6.2 ± 2.9 42.8 ± 11.1 143 7.5 ± 3.2 52.7 ± 5.6 115

EB3 ΔTail 24.9 ± 15.5 34.3 ± 10.1 147 42.7 ± 21.1 45.6 ± 8.1 71 3.7 ± 1.4 42.4 ± 7.2 121 5.6 ± 2.6 49.6 ± 10.2 102

EB3-NL-LZ 11.0 ± 4.6 47.6 ± 4.0 101 22.7 ± 12.4 38.3 ± 5.6 111 2.3 ± 0.8 45.5 ± 5.7a 26 2.4 ± 5.2 37.2 ± 6.1a 28

Microtubule plus end–tracking in vitro experiments were performed for EB3, EB3Δtail, and EB3-NL-LZ at different protein and salt concentrations, as indicated. 
Documented are the average tip-to-lattice fluorescence intensity ratio (± SD), average fluorescence intensity (AU, arbitrary units) at microtubule growing ends (± SD), 
and number of measured microtubule tips (N) for each condition. Measurements were performed using kymographs as described in Materials and Methods.
aThe intensity values for 75 nM EB3-NL-LZ cannot be compared with the other intensity values because the laser power was reduced to avoid signal saturation. The 
tip-to-lattice ratios were always measured within the same image and thus can be compared between all experiments.

TABLE 1: Fluorescence intensities at microtubule ends and fluorescence intensity ratios between growing microtubule ends and microtubule 
lattice in different conditions.
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for the ΔTail mutant of EB3 (Figure 5, C and D). A superior microtu-
bule lattice binding and the subsequent increase in tubulin polymer 
mass was qualitatively confirmed by label-free microtubule pellet-
ing experiments in the presence of EB1 or EB1ΔTail (Supplemental 
Figure S8).

Because EB3-NL-LZ bound very strongly along microtubules at 
high concentration (Figure 5, C and D; see also Supplemental 
Figure S8 for comparison of EB1 vs. EB1-NL-LZ), we expected that a 
similar EB1 variant would exhibit a very pronounced effect on pro-
moting tubulin polymerization, and we found that this was indeed 
the case (Figure 6 and Supplemental Figure S8). A similar effect was 
observed using an EB1 mutant in which the eight acidic residues of 
the C-terminal tail were simultaneously replaced by basic lysines 
(EB1posTail). In contrast, a shorter version of EB1-NL-LZ in which the 
linker region between the CH and EBH domains was shortened to 
six residues (EB1-N-LZ) was not able to efficiently induce tubulin 
polymerization; its activity was comparable to a monomeric EB1 
fragment encompassing only the CH domain plus linker region 
(EB1-NL; Figure 6 and Supplemental Figure S8).

In combination, our microtubule tip tracking and tubulin poly-
merization data suggest that the global negatively charged nature 
of the C-terminal domain suppresses the electrostatic interaction of 
the EBs with the negatively charged outer surface of the microtu-
bule lattice, therefore promoting specificity for the growing microtu-
bule plus end. They further indicate that a dimeric arrangement in-

cluding a complete linker is necessary for creating a fully active EB 
molecule.

DISCUSSION
In this study we sought to investigate the structure and mecha-
nism of microtubule tip binding of mammalian EBs. Our SAXS, 
electron microscopy, and chemical cross-linking data suggest a 
coherent structural model of EB in which the protein adopts an 
elongated conformation with two interacting CH domains. The 
linker region appears folded to some extent and interacts with 
both the CH and C-terminal domains to form a complex interac-
tion interface. The C-terminal dimerization domain is necessary to 
stabilize this arrangement, since no dimers are observed for the 
isolated CH-linker fragments (Sandblad et al., 2006; des Georges 
et al., 2008; Komarova et al., 2009; unpublished data).

We recently reported that a construct encompassing the 
CH-linker region of EB3 is sufficient for microtubule tip tracking 
(Komarova et al., 2009). However, compared with dimeric full-length 
EB3, this monomeric construct displayed strongly reduced microtu-
bule tip localization and was unable to promote processive microtu-
bule growth in cells. Consistent with an important role of dimeriza-
tion, the analogous CH-linker constructs of Drosophila melanogaster 
EB1 and the one of the yeast EB orthologue Bim1p failed to show 
any microtubule tip–tracking activity (Slep and Vale, 2007; Zimniak 
et al., 2009). In this context, a microtubule-binding interface com-
posed of a pair of interacting CH domains offers an attractive model 
for explaining why an intact EB molecule is needed for robust track-
ing of growing microtubule plus ends and for controlling processive 
microtubule growth in cells. Moreover, our tubulin polymerization 
data further support the notion that the linker region contributes to 
microtubule affinity of the EBs (des Georges et al., 2008; Komarova 
et al., 2009).

F-Actin–binding CH domains frequently occur as interacting 
pairs (Gimona et al., 2002). Of interest, a pair of interacting CH 
domains that form a composite microtubule-binding interface was 
recently reported for the kinetochore Ndc80/Nuf2 complex 
(Ciferri et al., 2008), whose overall shape strikingly recalls that of 
our low-resolution EB model (Supplemental Figure S9, A and B). 
Similar to EBs, the two microtubule-binding, N-terminal CH do-
mains of the Ndc80/Nuf2 complex are followed by a linker region 
and a coiled-coil dimerization domain (Supplemental Figure S9C). 
Furthermore, the same sequential arrangement of CH–linker–
coiled coil is also found for the microtubule-binding protein Spef1/
CLAMP (Supplemental Figure S9C; Dougherty et al., 2005). On 
the basis of these considerations, we hypothesize that interacting 
pairs of CH domains may represent a general property of microtu-
bule-binding CH domains. Because of the very low degree of se-
quence conservation between the CH domains and linker regions 
of EBs, Ndc80, Nuf2, and Spef1/CLAMP (<15% sequence iden-
tity), we expect that the orientation of the interacting CH domains 
with respect to each other are very likely different between these 
proteins. Consistent with this conclusion is the observation that in 
contrast to the EBs, both the Ndc80/Nuf2 complex and Spef1/
CLAMP do not track growing microtubule plus ends. It is impor-
tant to stress that although our hypothesis of interacting pairs of 
CH domains in microtubule-binding proteins seems plausible and 
attractive, our data could also be interpreted in the context of al-
ternative models due to current experimental limitations. In par-
ticular, we do not know whether the two CH domains remain 
bound to each other once the EB molecule interacts with a grow-
ing microtubule tip. More work is required to investigate this im-
portant question further.

FIGuRE 6: Role of the C-terminal domain of EB1 on tubulin 
polymerization. (A) EB1 constructs used for the tubulin polymerization 
experiments. The positively and negatively charged nature of the CH 
and C-terminal domains is indicated by blue and red, respectively. The 
net charge of the different EB1 variants at pH 7 (based on the 
theoretical pI of the sequence) is indicated on the right. (B) Tubulin 
polymerization followed by DAPI fluorescence in the absence (black) 
and presence of EB1 (light green), EB1-NL (dark green), EB1-N-LZ 
(gray), EB1ΔTail (pink), EB1posTail (blue), and EB1-NL-LZ (red).
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Our SAXS data on EBs and EBΔTail demonstrate that removal of 
the C-terminal acidic tail does not significantly affect the global EB 
structure. This result does not provide support to the EB activation 
model suggesting a large change from a “closed” to an “open” 
conformation, which is supposed to be controlled by the tail region 
(Hayashi et al., 2005). However, our biochemical and microscopy 
data suggest that the primary role of the acidic tail, and in fact of the 
entire acidic C-terminal EB domain, is to suppress binding of EBs to 
the microtubule lattice but not to the growing microtubule tip, most 
probably by long-range nonspecific electrostatic repulsion (see also 
later discussion). Our data therefore provide an alternative and plau-
sible explanation for the effect of the acidic tail on the EB1-induced 
tubulin assembly observed in vitro.

The monomeric EB3-NL fragment has a much lower affinity for 
microtubule tips compared to dimeric EB3 versions (Komarova 
et al. 2009). In line with this observation, we found that EB1-NL did 
not significantly promote microtubule polymerization even when 
added at a very high concentration. In cells, EB3-NL weakly deco-
rates microtubule tips in the absence of endogenous EB1 and EB3 
but shows no significant decoration of the microtubule lattice, 
which is in contrast to, for example, the artificial EB3-NL-LZ dimer 
(Komarova et al. 2009; unpublished data). Dimerization of the CH 
domains with the adjacent linker regions thus makes the interac-
tion with microtubules more robust. This stabilizing effect, how-
ever, goes at the expense of specificity: at elevated concentra-
tions, EB3-NL-LZ dimers bind not only to microtubule ends, but 
also along the microtubule lattice. Electrostatic repulsion between 
the negatively charged C-terminal domain of EBs and the microtu-
bule lattice is thus used to overcome this loss in specificity in di-
meric native EB proteins.

The yeast EB homologue Mal3 was shown to have a 10-times-
higher affinity for the growing tip than for the stable lattice (Maurer 
et al., 2011), suggesting that the interaction mechanism for the mi-
crotubule lattice versus the tip is different. Our microtubule tip–
tracking, tubulin polymerization, and microtubule-binding data 
support this view. First, we also find that the affinity for the microtu-
bule tip is much greater than that for the lattice. This is demon-
strated by the fact that already at 10 nM protein concentration, EB3 
saturates the binding sites on growing microtubule plus ends but 
not on the lattice. Second, our previous single-molecule experi-
ments showed that the association rates and dwell times of EB3 are 
significantly different when measured on the microtubule lattice 
and on the growing tips (Montenegro et al., 2010), a conclusion 
that is supported by our FRAP data. Furthermore, we observed pro-
nounced one-dimensional lattice diffusion for EB3 (Montenegro 
et al., 2010), consistent with a transient and nonspecific electro-
static interaction mechanism. Third, in contrast to microtubule tip 
binding, we found that lattice binding is more sensitive to the ionic 
strength of the assay buffer used. This observation is in agreement 
with previous results showing that EB1 binds to the microtubule 
lattice through an electrostatic interaction between the positively 
charged CH domains and the negatively charged E-hooks of tubu-
lin (Hayashi and Ikura, 2003; Zanic et al., 2009; Maurer et al., 2011). 
Fourth, the negatively charged nature of the C-terminal domain of 
EBs primarily suppresses microtubule lattice but not microtubule 
tip interaction.

It is believed that EBs might recognize a specific structural and/
or chemical feature at the end of a growing microtubule (Sandblad 
et al., 2006; des Georges et al., 2008; Vitre et al., 2008; Zanic et al., 
2009; Akhmanova and Steinmetz, 2011; Maurer et al., 2011). Deter-
mining the microtubule end–bound structure of EBs and the nature 
of the EB-binding sites at growing microtubule tips is of utmost in-

terest for the +TIP field. An immediate possible implication of the 
foregoing considerations is that the structural arrangement and 
binding mode of EB must be significantly different between the mi-
crotubule tip and lattice. In the latter case, our data suggest that 
several of the acidic residues of the C-terminal domain will be within 
a short distance from the negatively charged microtubule surface 
(Baker et al., 2001). Only in this way can a meaningful long-range 
electrostatic repulsion that drives microtubule tip–binding specific-
ity under physiological ionic strength conditions be achieved. In this 
model, the C-terminal domain is expected to be oriented alongside 
the microtubule lattice. In contrast, the interaction between EBs and 
microtubule tips seems not to be dominated by a long-range un-
specific electrostatic component, since changes in solvent ionic 
strength and/or in the overall charge of the C-terminal domain do 
not significantly affect microtubule tip binding. In this case, the C-
terminal domain is expected to be oriented away from the microtu-
bule surface in such a manner as to avoid electrostatic repulsion. 
Alternatively, the electrostatic environment of the EB-binding sites 
at the microtubule tip is different from the lattice and thus allows for 
a favorable accommodation of the negatively charged C-terminal 
domain.

In conclusion, our data provide insights into the structural ar-
rangement of EBs and some of the properties that EB-binding sites 
at microtubule tips must most likely encompass. The structural 
details and exact nature of the EB–microtubule tip interaction re-
main to be determined.

MATERIALS AND METHODS
Cloning and protein preparation
Human EB1, EB2, EB3, EB1ΔTail (residues 1–248), EB3ΔTail (resi-
dues 1–262), EB2ΔN (residues 44–328), EB1-NL (residues 1–189), 
EB1-NL-LZ, EB1-N-LZ (residues 1–136), and EB1-NL-LZ-Cort were 
cloned in pET3d (Novagen, EMD Biosciences, San Diego, CA) and 
expressed in BL21(DE3) (Invitrogen, Carlsbad, CA). EB1-NL-LZ, 
EB1-N-LZ, and EB1-NL-LZ-Cort were constructed by sequentially 
inserting into the pET3d-EB1 vector the leucine zipper (LZ) coiled-
coil sequences of GCN4 (O’Shea et al., 1991), the coiled-coil 
domain of cortexillin-1 (Steinmetz et al., 1998), and a C-terminal 
6xHis-tag using the CloneEZ PCR Cloning Kit (GenScript, Piscat-
away, NJ). GFP-EB3 and GFP-EB3ΔTail were described by Monte-
negro et al. (2010). EB3-NL-LZ-GFP was constructed by PCR sub-
stituting the native coiled coil and tail of the EB3 construct by the 
GCN4 leucine zipper (Komarova et al., 2009).

Overexpressed proteins were purified by standard ion exchange 
(proteins without His-tag) or by immobilized metal affinity chroma-
tography (proteins with His-tag) following standard chromatographic 
procedures. Proteins were further processed by size exclusion chro-
matography (SEC) in 20 mM Tris-HCl, 300 mM NaCl, pH 7.5, ali-
quoted, flash frozen in liquid nitrogen, and stored at −80°C until 
use. Shortly before the SAXS measurements, all proteins were pro-
cessed by an additional SEC step, concentrated, and ultracentri-
fuged. The purity of the proteins, determined by densitometry on 
Coomassie-stained SDS–PAGE gels and mass spectrometry, was 
higher than 95% for all proteins.

Small-angle x-ray solution scattering
SAXS measurements were performed at the cSAXS beamline of 
the Swiss Light Source at the Paul Scherrer Institut, Villigen PSI, 
Switzerland. Buffer (20 mM Tris-HCl, 300 mM NaCl, 2 mM dithio-
threitol, pH 7.5) and proteins (1–15 mg/ml) were measured at 10°C. 
Sixty frames were collected at 10 different capillary (1 mm diameter) 
positions with an exposure time of 0.25 s per frame.
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non–cross-linked EB1–EB3 heterodimer sample was used and 
processed as for the cross-linked proteins.

The protein samples were reduced with 1 mM Tris (2-carboxy-
ethyl) phosphine hydrochloride (Pierce) at 37°C for 30 min and sub-
sequently alkylated with 2 mM iodoacetamide (Sigma-Aldrich, St. 
Louis, MO) for 10 min at room temperature in the dark. For diges-
tion 10% acetonitrile, urea (1 M final concentration), and 2% wt/wt 
trypsin (Promega, Madison, WI) were added. Digestion was carried 
out at 37°C overnight and stopped by acidification to 1% (wt/vol) 
trifluoroacetic acid. Peptides were purified with C18 MicroSpin col-
umns (The Nest Group, Southborough, MA) and redissolved in 0.1% 
formic acid. Processing and liquid chromatography–MS/MS analysis 
was carried out on an LTQ Orbitrap XL mass spectrometer (Thermo 
Scientific) as described previously (Rinner et al., 2008).

For data analysis we used xQuest, a software that was specifically 
developed to identify cross-linked peptides from MS/MS spectra 
(Rinner et al., 2008). The MS/MS spectra were searched using 
xQuest’s enumeration mode against a database containing the pro-
tein sequences of human EB1 and EB3. A precursor mass tolerance 
of 10 ppm was used. For matching of fragment ions, tolerances of 
0.2 Da for common ions and 0.3 Da for cross-link ions were used. 
For monolinks a mass modification of 259.14197 Da for DSS-Tris 
(-1H) was included. All cross-linked peptides identified with a linear 
discriminant of >28.5 were considered for manual validation, where 
the identified MS/MS spectra were reviewed for matching ion series 
on both cross-linked peptide chains and for matching of the most 
abundant peaks. Experiments with standard proteins (Leitner et al., 
2010) showed that above this threshold the false-positive rate is 
<5%. The highest cross-link in the negative control sample reached 
a score of 14.5.

It should be noted that unambiguous identification of intersub-
unit cross-links within homodimers is usually not possible because 
they cannot be distinguished from intrasubunit ones. However, 
there is an exception in which both peptides of the cross-link share 
an identical and proteotypical sequence (i.e., a unique peptide for 
one protein that occurs only once in the sequence). Such a cross-link 
can only form between subunits within a homodimer.

Rotary metal shadowing and electron microscopy
Sample preparation and electron microscopy were according to 
Honnappa et al. (2005). Briefly, electron micrographs were taken in 
a Philips Morgagni TEM operated at 80 kV and equipped with a 
Megaview III charge-coupled device (CCD) camera. Protein samples 
(serial dilutions starting from 1 mg/ml) in buffer 20 mM Tris-HCl, 
300 mM NaCl, pH 7.5, were supplemented with glycerol to a final 
concentration of 30%. The samples were subsequently sprayed 
onto freshly cleaved mica and rotary shadowed in a BA 511 M 
freeze-etch apparatus (Balzers, Lichtenstein) with platinum/carbon 
at an elevation angle of 3–5°.

For image analysis, we followed the procedure used to average 
the head domain of the Ndc80 complex (Wang et al., 2008). Two 
hundred forty-nine electron micrographs of individual EB1-NL-LZ-
Cort dimers, including heads and parts of the coiled-coil rod do-
main, were extracted by X3dpreprocess (Conway and Steven, 1999). 
Extracted images were subsequently classified by the K-means clus-
tering algorithm into 20 subclasses, and subaverages were calcu-
lated using SPIDER (Frank et al., 1996).

In vitro microtubule tip–tracking assay and analysis 
of fluorescence intensities on microtubule tips and lattices
Reconstitution of plus end tracking in vitro was performed as de-
scribed by Montenegro et al. (2010). Briefly, microtubules were 

SAXS data were processed using MATLAB (MathWorks, Natick, 
MA) scripts. Briefly, a mask was applied on each raw image to re-
move outliers (beam stop pixels, detector hot/cold pixels, etc.); the 
remaining pixels were radially averaged. In our setup the scattering 
vector ranged from ∼0.01 to 0.6 Å−1; however, only data out to 
0.38 Å−1 were used for further processing. All data frames were aver-
aged after checking each measurement for radiation damage. Buf-
fer scattering was subtracted, and the resulting spectra were nor-
malized by its protein concentration and extrapolated to zero 
concentration. The radius of gyration was calculated by the Guinier 
approximation and from the pair-distribution function (PDF), as im-
plemented in GNOM and AutoGNOM (Svergun, 1992). The maxi-
mum interatomic distance (Dmax) was estimated from the PDF.

The low-resolution envelopes of the proteins were modeled ab 
initio (Supplemental Figures S3 and S4) using both a simulated an-
nealing algorithm, implemented in the program DAMMIN (Svergun, 
1999), and a genetic algorithm implemented in the program 
DALAI_GA (Chacón et al., 2000). The independent results from the 
different programs agreed very well within the resolution limits 
of SAXS (20–30 Å; Supplemental Table S2). For each data set, at 
least 10 independent models were generated using DAMMIN or 
DALAI_GA. Models were superimposed and aligned in pairs with 
SUPCOMB (Kozin and Svergun, 2001). The most divergent ones 
were discarded, and the most probable structure was determined 
from the remaining models. The models with the lowest average 
spatial discrepancy were considered to be the most probable, 
whereas those with the highest ones were considered as outliers, 
according to previously established procedures (Volkov and Sver-
gun, 2003). Next, the selected and aligned structures were aver-
aged and filtered using DAMAVER and DAMFILT (Volkov and Sver-
gun, 2003), respectively. The average excluded volume of DAMAVER 
was used as cut-off for DAMFILT. Atomic structures (Protein Data 
Bank [PDB] entries 1PA7 and 1WU9 for the CH and C-terminal do-
mains of EB1, respectively) were manually docked into the SAXS-
derived low-resolution maps using PYMOL (DeLano, 2002).

It should be noted that we did not find any evidence for a global 
symmetry in the SAXS data of all EB measurements. When we 
imposed P2 symmetry in DAMMIN, the twofold axis never coincided 
with the long axis of the two-stranded, parallel coiled coil, as it 
should be, but emerged at places without any physical meaning. 
However, the DAMMIN models without imposing symmetry per-
fectly fitted the DALAI_GA ones, further supporting the reliability of 
the asymmetric models (note that the program DALAI_GA does not 
allow one to impose symmetry).

The SAXS profiles of the isolated CH domain of EB1 was mea-
sured and analyzed as described. The experimental SAXS data are 
compatible with the theoretical profile calculated from the crystal 
structure (PDB entry 1PA7) of the EB1 CH domain (Supplemental 
Figure S1D) using the program CRYSOL (Svergun et al., 1995).

Theoretical sedimentation coefficients of the SAXS-derived 
models were estimated using the software HYDRO++ (de la Torre 
et al., 2007).

Chemical cross-linking and mass spectrometry
One hundred microliters of EB1 homodimer, EB3 homodimer, and 
EB1–EB3 heterodimer (1 mg/ml each) was cross-linked separately 
with 1 mM DSS (spacer length, 11.4 Å; Pierce, Thermo Fisher 
Scientific, Rockford, IL) in 20 mM sodium phosphate, 300 mM 
NaCl, pH 7.5, at 35°C for 30 min. The reaction was quenched by 
adding 50 mM Tris-HCl for 10 min at 35°C. Ten microliters of the 
resulting samples was analyzed by a 12% SDS–PAGE and found to 
be cross-linked (Supplemental Figure S6). As a negative control, a 
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as y0(t) = A exp[−a(t − t0)] + B, where the parameters A, B, and a 
were estimated using the least squares fitting and 5–10 measure-
ments from the curve yFRAP(t) just before the bleaching (time t0), 
{ ,..., },y yt 5 t0 0−  and 10–20 intensity measurements from the end of 
the curve yFRAP(t), {yT–20,…,yT}. Having such an estimate of the non-
bleached comet intensity, we applied log transform to yFRAP(t) and 
obtained the equation −b(t − t0) = log 1 − yFRAP(t)/y0(t) . By plotting 
the right-hand side of this equation [where y t = yFRAP FRAP

*( )  and t = 
{t0,…,tT}] and using the linear regression, we estimated the slope of 
the resulting curve, which corresponded to b. Residence time was 
calculated as −1/b. The same algorithm was applied to the microtu-
bule lattice, to make the measurements directly comparable. Fluo-
rescence recovery on the lattice was measured in the middle of the 
photobleached region.

Microtubule polymerization and pelleting assays
The kinetics of tubulin (25 μM) assembly at 37°C in the presence of 
different EB proteins (12.5 μM monomer equivalents) was monitored 
by DAPI fluorescence emission at 450 nm in 80 mM PIPES-
KOH, 4 mM MgCl2, 1 mM EGTA, 1 mM GTP, pH 6.8, as previously 
described (Bonne et al., 1985) using a Tecan (Männedorf, Switzerland) 
Ultra Evolution fluorescence plate reader.

The amounts of polymers induced by different EB1 proteins and 
the amounts of EB1 proteins bound to the microtubule lattice were 
confirmed and assessed, respectively, by microtubule pelleting ex-
periments (Supplemental Figure S8). For monitoring formation of 
microtubules in the presence of EB1 proteins, 25 μM tubulin was 
polymerized in the presence of 12.5 μM EB protein variants in buffer 
80 mM PIPES-KOH, 4 mM MgCl2, 1 mM EGTA, 1 mM GTP, pH 6.8. 
Samples were incubated at 37°C for 45 min and centrifuged at 37°C 
at 100,000 × g for 10 min. Supernatants and pellets were subse-
quently analyzed by Coomassie-stained SDS–PAGE. To determine 
the amount of EB1 proteins bound to the microtubule lattice, 15 μM 
tubulin was polymerized in the presence of equimolecular amounts 
of Taxol and the EB1 protein variants in buffer 30% (vol/vol) glycerol, 
80 mM PIPES, 1 mM EGTA, 4 mM MgCl2, 1 mM GTP, pH 6.8, at 
30ºC for 20 min. Samples were centrifuged at 30ºC for 30 min at 
21,000 × g. Pellets and supernatants were analyzed by SDS–PAGE. 
Band intensities were quantified with ImageJ (National Institutes of 
Health, Bethesda, MD) by drawing rectangular regions of equal size 
around each band.

grown at 30ºC in the presence of 15 μM tubulin and different puri-
fied GFP-EB3 fusions from GMPCPP-stabilized, rhodamine-labeled 
microtubule seeds that were immobilized on coverslips using bio-
tin–streptavidin links. The assay buffer contained 80 mM 1,4-pipera-
zinediethanesulfonic acid (PIPES), 4 mM MgCl2, 1 mM ethylene gly-
col tetraacetic acid (EGTA), pH adjusted to 6.8 with KOH, and was 
supplemented with 15 μM bovine brain tubulin (Cytoskeleton, Den-
ver, CO), 50 or 65 mM KCl, 1 mM GTP, 0.2 mg/ml κ-casein, and 
0.1% methylcellulose. Images were collected using total internal re-
flection fluorescence microscopy (TIRFM), which was performed on 
an inverted research microscope, Nikon Eclipse Ti-E (Nikon, Mel-
ville, NY), equipped with a Perfect Focus System (Nikon), a TIRF-E 
motorized TIRF illuminator, modified by Roper Scientific (La Petite 
Montagne Sud, France) and the Cell and Tissue Imaging Facility, 
Curie Institute (PICT-IBiSA; Paris, France) for the attachment of the 
FRAP system, with a CFI Apo TIRF 100× 1.49–numerical aperture oil 
objective (Nikon), with a QuantEM 512SC electron-multiplying CCD 
camera (Roper Scientific), and controlled by MetaMorph 7.5 soft-
ware (Molecular Devices, Sunnyvale, CA). For excitation we used a 
50-mW, 491-nm Calypso diode-pumped solid-state laser (Cobolt, 
Solna, Sweden) and a 50-mW, 561-nm Jive diode-pumped solid-
state laser (Cobolt) in combination with a Chroma Technology (Bel-
lows Falls, VT) ET-GFP/mCherry filter cube. The 16-bit images were 
projected onto the CCD chip with 2.5× intermediate lens (Nikon C 
mount adapter 2.5×) at a magnification of 0.065 μm/pixel. The I-
Las/I-Launch FRAP scanning system (Roper Scientific/PICT-IBiSA) 
was used for carrying out the FRAP assay.

Measurement of fluorescence intensities of microtubule tips and 
tip-to-lattice ratios was performed using kymographs with back-
ground subtraction. The average intensity of GFP-EB3 and mutants 
for individual growth events was measured in the green channel 
using a 10–pixel-wide line. The same regions were then transferred 
to the corresponding region of fresh microtubule lattice, where the 
tip-to-lattice ratio was expressed as the tip intensity divided by the 
lattice intensity. Microtubule dynamics parameters were deter-
mined using kymographs as described by Montenegro et al. 
(2010).

FRAP analysis of protein turnover on microtubules in vitro
FRAP was performed on an inverted research microscope, Nikon 
Eclipse Ti-E (Nikon), described earlier. For studying the fluores-
cence recovery of EB3-GFP and its mutants at the microtubule 
ends we performed imaging of full 512 × 512 pixel frames at 5 or 
33 frames/s for 15–30 s. During the imaging we bleached EB3 
comets or lattice regions using the FRAP-on-fly option (Roper 
Scientific/PICT-IBiSA). The FRAP-on-fly option allows bleaching 
of a circular image region 0.5 μm in diameter selected by the 
position of a mouse cursor. We used 100% of the laser power for 
photobleaching.

For analysis, we chose the comets or lattice regions that were 
effectively bleached and plotted a kymograph along these microtu-
bules. Fluorescence recovery in the comets was analyzed in the re-
gion that had the highest fluorescence intensity at the last time point 
before photobleaching. The measured image intensities over time 
from the bleached (at time t0) region were given by a set of T mea-
surements y = y y yFRAP

*
1 t T0{ ,..., ,..., }. The recovery of fluorescence 

was modeled as yFRAP(t) = {1 − exp[−b(t − t0)]}y0(t) for t > t0, where 
y0(t) describes the corresponding intensity distribution for the same 
(but nonbleached) region of microtubule. However, in practice, it 
was not possible to measure y0(t) for the same microtubule. To esti-
mate −b (which represents koff in the current model), we used an 
approximation of the nonbleached comet intensity distribution y0(t) 
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