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Reductions in ATPase activity, actin sliding 
velocity, and myofibril stability yield muscle 
dysfunction in Drosophila models of 
myosin-based Freeman–Sheldon syndrome

ABSTRACT Using Drosophila melanogaster, we created the first animal models for myosin-
based Freeman–Sheldon syndrome (FSS), a dominant form of distal arthrogryposis defined 
by congenital facial and distal skeletal muscle contractures. Electron microscopy of homozy-
gous mutant indirect flight muscles showed normal (Y583S) or altered (T178I, R672C) myofi-
bril assembly followed by progressive disruption of the myofilament lattice. In contrast, all 
alleles permitted normal myofibril assembly in the heterozygous state but caused myofibrillar 
disruption during aging. The severity of myofibril defects in heterozygotes correlated with 
the level of flight impairment. Thus our Drosophila models mimic the human condition in that 
FSS mutations are dominant and display varied degrees of phenotypic severity. Molecular 
modeling indicates that the mutations disrupt communication between the nucleotide-bind-
ing site of myosin and its lever arm that drives force production. Each mutant myosin showed 
reduced in vitro actin sliding velocity, with the two more severe alleles significantly decreas-
ing the catalytic efficiency of actin-activated ATP hydrolysis. The observed reductions in actin 
motility and catalytic efficiency may serve as the mechanistic basis of the progressive 
myofibrillar disarray observed in the Drosophila models as well as the prolonged contractile 
activity responsible for skeletal muscle contractures in FSS patients.

INTRODUCTION
Patients with distal arthrogryposis (DA) display congenital contrac-
tures of two or more body parts (mainly feet and hands) without a 
primary neurological or muscle disease (Bamshad et al., 2009). At 
least 10 forms of DA have been characterized, many of which are 
triggered by mutations in contractile proteins (Bamshad et al., 2009; 

Kowalczyk and Felus, 2016). Mutations in myosin heavy chain (MYH) 
isoforms are major causes of DA1 (MYH3), DA2 (MYH3), DA5 
(MYH2, MYH13), and DA7 (MYH8) (reviewed by Bamshad et al. 
[2009] and Tajsharghi and Oldfors [2013]). While muscle contrac-
tures might be expected to arise from defects in the myosin mole-
cular motor that powers muscle contraction, it is not clear how these 
mutations lead to the diverse phenotypes of DA, which can include 
skeletal and cognitive disorders (Kowalczyk and Felus, 2016).

Dominant mutations in the embryonic form of myosin heavy 
chain, MYH3, appear to be the most common cause of DA2, in 
which patients present with contractures in hands and feet (Bamshad 
et al., 2009). DA2 is subdivided into more severe DA2A (Freeman–
Sheldon syndrome, FSS) and less severe DA2B (Sheldon–Hall 
syndrome, SHS). FSS patients display facial abnormalities absent in 
SHS, such as H-shaped dimpling of the chin, puckered lips, as well 
as a small jaw, tongue, and mouth (Freeman and Sheldon, 1938). 
Affected individuals can have deeply set eyes, scoliosis, and other 
abnormalities (Wettstein et al., 1980).
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FIGURE 1: Location of T178, Y583, and R672 on the myosin molecule and interactions 
disrupted by the FSS mutations. (A) Human myosin FSS residues Y583 (blue), R672 (magenta), 
and T178 (cyan) in the Drosophila IFM myosin sequence are modeled on to the Dictyostelium 
discoideum myosin II motor domain structure in the presence of the Mg.ATP complex (PDB 
#1FMW). Functional domains of interest are illustrated: P-loop (red), SH1–SH2 helix (green), and 
Mg.ATP complex (black). T178 is located at the N-terminal end of the P-loop. Y583 and R672 are 
located near the SH1–SH2 helix. (B) Potential hydrogen bonding interaction between Y583–OH 
and G699–NH, with a contact distance of 4.0 Å. (C) Disruption of potential hydrogen bonding 
interaction with G699 by the FSS mutation Y583S yielding a new contact distance of 7.6 Å. 
(D) Potential hydrogen bonding interaction between R672–NH and T178–OH with a contact 
distance of 3.0 Å. (E) Disruption of potential hydrogen bonding interaction with T178 by the FSS 
mutation R672C. (F) Potential hydrogen bonding interaction between T178–OH and R672–NH 
with a contact distance of 3.0 Å. (G) Disruption of potential hydrogen bonding interaction with 
R672 by the FSS mutation T178I yielding a new contact distance of 5.2 Å. For B–G, carbon, 
oxygen, and nitrogen atoms are shown in green, salmon, and blue, respectively.

Most FSS myosin mutations (R672H, R672C, E498G, Y583S, and 
T178I) lie in the motor domain of myosin. These alleles are pre-
dicted to affect either ATP binding or hydrolysis, thereby disrupting 
the ATP-dependent myosin cross-bridge cycle that is requisite for 

power generation (Toydemir et al., 2006; 
Tajsharghi et al., 2008). Prolonged binding 
of the myosin cross-bridge to actin could 
cause contractures that are observed in 
patients. Typically, excessive cross-bridge 
binding would be expected to arise from 
enhanced ADP affinity of the mutant myo-
sin, since ATP that is required for cross-
bridge release would be unable to readily 
enter the nucleotide-binding pocket. How-
ever, transient kinetic analysis of three FSS 
myosins (R672H, R672C, and T178I) showed 
that only R672H enhances ADP affinity 
(Walklate et al., 2016). Importantly, however, 
each of these proteins showed increased 
actin binding under saturating ADP condi-
tions, suggesting that cross-bridge stability 
might be enhanced (Walklate et al., 2016).

Progress in understanding the ultrastruc-
tural and physiological defects associated 
with FSS is hampered by disease origination 
in utero and the paucity of human biopsies. 
Further, the defects directly engendered by 
the mutations can be masked or enhanced 
by compensatory adjustments that might be 
made by human muscle in down-regulating 
MYH3 and/or up-regulating other MYH 
genes. One study of a 15-mo-old FSS 
patient showed tibialis anterior muscle with 
minor structural and protein expression ab-
normalities, with numerous small type 1 fi-
bers expressing perinatal MYH8 (Tajsharghi 
et al., 2008). MYH3 did not accumulate in 
mutant or control tissue at this age. Me-
chanical studies on isolated fibers of two 
adult R672C patients showed a prolonged 
time to relaxation as well as incomplete re-
laxation, that is, impaired cross-bridge de-
tachment (Racca et al., 2015). Surprisingly, 
despite relatively normal muscle structure, 
this study found that adult muscle contains 
MYH3, suggesting that FSS myosin alleles 
can continue to influence muscle contrac-
tion into adulthood (Racca et al., 2015).

Here we focus on modeling three FSS 
myosin mutations in the Drosophila system 
to unravel the molecular, cell biological, and 
functional defects engendered by the mu-
tant molecules, so that the mechanistic ba-
sis of the disease can be examined. Two of 
the residues assessed (R672 and T178) rep-
resent the most common mutated sites in 
FSS (Toydemir et al., 2006) and the third 
(Y583) is found in the same general area of 
the myosin motor domain (Figure 1A). The 
modeled Drosophila motor domain (Figure 
1A) shows strong structural homology to the 
only solved human muscle myosin structure 

(MYH7: PDB 4DB1) and the FSS residues are embedded in se-
quences that are well conserved with human MYH3 (85% [R672], 
84% [T178], and 61% [Y583] conservation for each residue along 
with its 10 N- and C-terminal residues). An advantage of the 
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Line name
Chromosome 

location
Protein  accumulation 

± SEM

PwMhc2 X 1.00 ± 0.04

PwMhcY583S-5M 3 0.98 ± 0.03

PwMhcY583S-9M 3 1.07 ± 0.08

PwMhcY583S-11F X 0.95 ± 0.03

PwMhcR672C-17 3 0.92 ± 0.06

PwMhcR672C-19 3 0.94 ± 0.04

PwMhcR672C-20 3 0.93 ± 0.06

PwMhcT178I-3 3 0.93 ± 0.01

PwMhcT178I-27 3 0.94 ± 0.01

Insertion sites and myosin expression levels for homozygous transgenic lines of 
T178I, Y583S, and R672C constructs in the Mhc10 (IFM myosin null) background. 
Protein was isolated from 2-d-old females. Myosin protein accumulation 
was determined relative to actin for each transgene by SDS–PAGE and 
densitometry. Two-three independent lines from for each FSS transgene are 
shown. Values are compared with PwMhc2 (wild type) control. Protein amounts 
are means ± SEM.

TABLE 1: Transgenic lines and relative FSS myosin expression levels.

Drosophila model is that a single muscle myosin II heavy chain 
gene, Mhc, gives rise to all isoforms by alternative RNA splicing 
(George et al., 1989). Further, expression of the endogenous gene 
can be selectively eliminated in the indirect flight muscles (IFMs) by 
the Mhc10 allele (Collier et al., 1990). Hence the in vivo defects 
engendered by a mutant myosin allele can be studied without inter-
ference from other isoforms of the protein. This is particularly ben-
eficial for teasing out the myofibrillar abnormalities arising from the 
FSS mutant alleles, for which human embryonic biopsies expressing 
mostly MYH3 have not been accessible.

RESULTS
Molecular modeling of FSS mutations T178I, Y583S, and 
R672C maps these residues within the myosin motor 
domain and predicts disruptions in ionic interactions
To analyze the potential interactions of FSS T178, Y583, and R672 
residues with nearby amino acids, we modeled the Drosophila IFM 
myosin isoform (IFI) onto a Dictyostelium discoideum myosin II mo-
tor domain crystal structure (PDB #1FMW). Since the Dictyostelium 
structure was solved in the presence of the Mg-ATP complex (prehy-
drolysis state), our analysis permits examination of FSS residue 
locations relative to the nucleotide. In addition to inspecting wild-
type residues, we modeled the effects of FSS residue alterations to 
predict disrupted or aberrant interactions arising from the disease 
mutations.

Human residues Y583 (Y582 in Drosophila) and R672 flank the 
SH1–SH2 helix (colored green in Figure 1A). This helix plays a promi-
nent role in converting nucleotide-induced conformational changes 
of the myosin head into myosin lever arm movement, which results 
in force generation when myosin is bound to actin. The SH1–SH2 
helix helps define the orientation of the relay helix, which interacts 
with the converter to swing the lever arm (Fischer et al., 2005). The 
nonhelical region that separates the SH1 and SH2 helical domains 
contains residue G699, which acts as the pivot point for lever arm 
rotation (Kinose et al., 1996). The SH1–SH2 helix unwinds following 
the power stroke (Houdusse et al., 1999), and reformation of the 
helix may be important to recocking the lever arm so that it can 
again generate force. Interestingly, FSS residue Y583 interacts 
directly with G699 at the lever arm pivot point (Figure 1B). The 
hydroxyl group in the aromatic ring of Y583 forms a 4-Å hydrogen 
bond with the backbone –NH of G699. The R672 FSS residue can 
also interact with the SH1–SH2 helix, forming a hydrogen bond with 
N697 (Walklate et al., 2016). Interestingly, the terminal amino group 
of R672 interacts with the side-chain oxygen moiety of FSS residue 
T178, forming a 3-Å hydrogen bond (Figure 1D) (Walklate et al., 
2016). FSS residue T178 is located near the N-terminus of the P-
loop of myosin (red in Figure 1A), a highly conserved loop that binds 
the gamma-phosphate of ATP (black in Figure 1A). The P-loop forms 
part of the transducer region that controls the release of products 
from the nucleotide pocket during force generation (Coureux et al., 
2004).

Molecular modeling predicts that important interactions of myo-
sin residues identified above are eliminated by FSS mutations. The 
Y583S mutation abolishes the interaction of residue 583 with G699 
(Figure 1C). The R672C mutation disrupts the hydrogen bond with 
T178 (Figure 1E) and also eliminates interaction with the SH1–SH2 
helix in the post rigor state (Walklate et al., 2016). The T178I muta-
tion eliminates interaction with R672 (Figure 1G). Overall, our model-
ing shows that the close proximity of the FSS mutations to the SH1–
SH2 helix and/or the P-loop is likely to disrupt nucleotide hydrolysis 
and/or communication of the nucleotide state through the SH1–SH2 
helix that results in lever arm rotation and force generation.

Production and verification of T178I, Y583S, and R672C 
transgenic lines
To create disease models with FSS myosin mutations T178I, Y583S, 
and R672C, we altered the wild-type Mhc gene of Drosophila using 
site-directed mutagenesis and produced transgenic lines by P 
element–mediated transformation. Viable transgenic lines were 
crossed into an Mhc10 IFM myosin-null background and lines for 
each transgene were assayed for myosin accumulation (Table 1). 
Lines expressing approximately wild-type myosin protein levels 
were verified to contain the expected myosin mutations through 
sequencing of reverse transcribed and PCR-amplified RNA (three 
independent lines each for Y583S and R672C and two independent 
lines for T178I). We also confirmed that the alternative exons 
flanking the region of each mutation were correctly spliced (for 
Y583S and R672C, exons 9a and 11e; for T178I, exons 3b and 7d). 
Notably, all R672C and T178I homozygous lines displayed poor 
viability and were sterile, thereby necessitating their propogation as 
heterozygotes over a balancer chromosome. The similar recessive 
phenotypes seen in R672C and T178I homozygotes correlate with 
the observation that each mutation disrupts interaction with the 
other residue.

FSS mutations eliminate flight in homozygotes but 
differentially affect flight ability in heterozygotes
Flight ability was determined for each homozygous FSS transgenic 
line in the Mhc10 null background by scoring the ability of individual 
adults to fly upward toward a light source (flight index = 6), horizon-
tally (4), downward (2), or not at all (0). PwMhc2 control flies that 
express the wild-type Mhc transgene had an average flight index of 
4.60 ± 0.02 at 2 d posteclosion (Table 2). In contrast, homozygous 
T178I, Y583S, and R672C flies were completely flightless (flight 
index = 0) and typically displayed a wings-up phenotype. As men-
tioned previously, T178I and R672C homozygotes showed poor 
viability, which accounts for the low number of individuals tested 
(Table 2).

T178I, Y583S, and R672C FSS myosin mutations are autosomal 
dominant in patients, so determining the effects of the mutations 
in the heterozygous state is critical to testing the validity of the 
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Drosophila models. We thus generated heterozygotes by crossing 
mutant lines to wild-type yw flies and then tested offspring flight 
ability (Table 2). All lines of R672C mutants were completely flight-
less as heterozygotes at 2 d of age. Flight ability of T178I hetero-
zygotes was significantly reduced at 2 d of age (1.71 ± 0.01, aver-
age of two lines) compared with 2-d-old PwMhc2/+ wild-type 
heterozygote controls (5.6 ± 0.02; p < 0.001). We examined 
whether an age-dependent worsening of flight muscle function 
occurred in T178I heterozygotes by testing flight ability at 7 d of 
age. This yielded a further significant reduction in flight index (0.30 
± 0.01, average of two lines; p < 0.001), with controls retaining 
their flight ability at 5.3 ± 0.01. Flight ability of Y583S heterozy-
gotes was significantly reduced at 2 d of age (3.31 ± 0.01, average 
of two lines) compared with 2-d-old controls (5.6 ± 0.02; p < 0.001). 
A small, but significant, age-dependent worsening of flight muscle 
function was observed in Y583S heterozygotes at 7 d of age (2.86 
± 0.02, average of two lines; p < 0.001). We conclude that each 
FSS allele yields a dominant defective flight phenotype, with 
R672C most severe and Y583S least severe. The greater severity of 
T178I and R672C heterozygote flight phenotypes correlates with 
the lack of vigor and sterility found in homozygotes. It is also no-
table that T178I and Y583S heterozygotes, which demonstrate 
some flight ability as young adults, show further reductions in flight 
ability on aging.

FSS mutations cause severe ultrastructural defects in IFMs 
of transgenic flies
To determine whether FSS mutations disrupt the ultrastructure of 
IFMs, we examined a transgenic line for each mutant using transmis-
sion electron microscopy near the end point of myofibril assembly 
(late pupal stage) and during adulthood. We analyzed transverse and 
longitudinal sections of homozygous and heterozygous transgenic 
flies along with appropriate age-matched controls (Figures 2 and 3). 
One myofibril is shown for each panel, and it is representative of the 
myofibril population at that given stage of development.

Sections of the PwMhc2 transgenic control homozygotes at the 
late pupal stage revealed regularly packed myofibrils, with six thin 
filaments around each thick filament and well-formed sarcomeres 
(Figure 2A). These structures remained intact in 2-h-old, 2-d-old, 
and 7-d-old adults (Figure 2, B–D). The ultrastructure of homozy-
gous Y583S late-stage pupae and 2-h-old adults (Figure 2, E and F) 
resembles that of PwMhc2 controls during the same developmental 
stages (Figure 2, A and B). Homozygous Y583S 2-d-old adults show 
some disruption in myofibril morphology with thick and thin fila-
ments dispersing into neighboring myofibrils (Figure 2G). Y583S 
7-d-old homozygotes show continued filament dispersion, with 
some fusion of neighboring myofibrils (Figure 2H). For T178I, 
homozygous pupae display assembly defects with disrupted 
myofibril morphology. There are myofilament subdomains within 

Line name Age (d) Number tested Up (%) Horizontal (%) Down (%) Not at all (%) Flight index ± SEM

Homozygotes

PwMhc2 2 148 50.1 24.3 17.6 4.0 4.6 ± 0.02

PwMhcY583S-9M 2 117 0 0 0 100 0

PwMhcY583S-11F 2 120 0 0 0 100 0

PwMhcR672C-17 2 13 0 0 0 100 0

PwMhcR672C-20 2 15 0 0 0 100 0

PwMhcT178I-3 2 11 0 0 0 100 0

PwMhcT178I-27 2 23 0 0 0 100 0

Heterozygotes

PwMhc2/+ 2 136 79.4 14.0 6.6 0 5.4 ± 0.02

PwMhcY583S-9M/+ 2 134 27.6 29.1 23.1 20.2 3.28 ± 0.01

PwMhcY583S-11F/+ 2 129 25.6 31.8 26.3 16.3 3.34 ± 0.01

PwMhcR672C-17/+ 2 113 0 0 0 100 0

PwMhcR672C-20/+ 2 125 0 0 0 100 0

PwMhcT178I-3/+ 2 129 0 15.5 55.8 28.7 1.73 ± 0.01

PwMhcT178I-27/+ 2 131 0 12.9 58.9 28.2 1.69 ± 0.01

PwMhc2/+ 7 107 72 23 5 0 5.3 ± 0.01

PwMhcY583S-9M/+ 7 144 19.4 26.4 29.2 25 2.81 ± 0.01

PwMhcY583S-11F/+ 7 134 19.4 29.9 27.6 23.1 2.90 ± 0.02

PwMhcT178I-3/+ 7 136 0 0 16.2 83.8 0.32 ± 0.01

PwMhcT178I-27/+ 7 137 0 0 13.9 86.1 0.27 ± 0.01

Control (PwMhc2, PwMhc2/+) and FSS homozygotes and heterozygotes were assayed for the ability to fly up (U), horizontal (H), down (D), or not at all (N). Flight 
abilities are expressed as percentages of total number of flies tested. Two lines for each transgene are shown. Flight index was determined as 6U/T + 4H/T + 2D/T + 
0N/T; T is the total number of flies tested in each cohort of 8–14 flies. Flight index mean and SEM were determined for the cohorts from each genotype. All mutant 
flight abilities are significantly different from the appropriate control and between 2 and 7 d of age, as determined by one-way ANOVA with Tukey’s post-hoc test 
(p < 0.001).

TABLE 2: Flight ability of homozygous and heterozygous FSS mutants.
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FIGURE 2: Homozygous FSS mutations Y583S, T1781, and R672C disrupt myofibril assembly and/or stability. Each panel 
contains transverse (top) and longitudinal (bottom) sections of a myofibril from homozygous transgenic lines. (A) Wild-type 
control (PwMhc2) late-stage pupa. Normal double-hexagonal packing of thick and thin filaments with oval shaped myofibril 
(top) as well as regular sarcomere structure (bottom) are observed. (B) Wild-type control (PwMhc2) 2-h-old adults. Normal 
structure is retained. (C) Wild-type control (PwMhc2) 2-d-old adult. Normal structure is retained. (D) Wild-type control 
(PwMhc2) 7-d-old adult. Normal structure is retained. (E) Y583S late-stage pupa resembles wild-type pupa, with normal 
double-hexagonal packing of thick and thin filaments and oval shaped myofibril (top) as well as regular sarcomere structure 
(bottom). (F) Y583S 2-h-old adult resembles wild-type 2-h-old adult, with normal double-hexagonal packing of thick and 
thin filaments and oval shaped myofibril (top) as well as regular sarcomere structure (bottom). (G) Y583S 2-d-old adult 
shows disrupted myofibril morphology with thick and thin filaments dispersing into neighboring myofibrils and gaps in the 
myofibrillar lattice. (H) Y583S 7-d-old adult shows continued disruption, with merging myofibrils. (I) T178I late-stage pupa 
shows poor myofibril morphology and disrupted hexagonal packing of myofilaments. Sarcomeres display gaps and fraying. 
(J) T178I 2-h-old adult shows further disruption of myofibril morphology, with myofilaments dispersed throughout the cell. 
(K) T178I 2-d-old adult shows disrupted morphology with Z-band material scattered within the myofibril. Sarcomeres lack 
defined M-lines and Z-bands. (L) R672C late-stage pupa shows irregularly shaped myofibrils, with some irregularities in 
sarcomere structure. (M) R672C 2-h-old adult shows variable sized myofibrils. Sarcomeres are poorly organized, with gaps 
and irregular borders. m, M-line; z, Z-band. Scale bars, 0.5 µm.
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FIGURE 3: FSS mutations Y583S, T1781, and R672C show dominant disruption of myofibril stability. Each panel contains 
transverse (top) and longitudinal (bottom) sections of a myofibril from heterozygous transgenic lines. (A) Wild-type 
control (PwMhc2/+) late-stage pupa. Normal double-hexagonal packing of thick and thin filaments with oval-shaped 
myofibril (top) as well as regular sarcomere structure (bottom) are observed. (B) Wild-type control (PwMhc2/+) 2-h-old 
adult. Normal structure is retained. (C) Wild-type control (PwMhc2/+) 2-d-old adult. Normal structure is retained. 
(D) Wild-type control (PwMhc2/+) 7-d-old adult. Normal structure is retained. (E) Y583S/+ late-stage pupa resembles 
control pupa, with normal double-hexagonal packing of thick and thin filaments and oval-shaped myofibril (top) as well as 
regular sarcomere structure (bottom). (F) Y583S/+ 2-h-old adult resembles control 2-h-old adult, with normal double-
hexagonal packing of thick and thin filaments and oval-shaped myofibril (top) as well as regular sarcomere structure 
(bottom). (G) Y583S/+ 2-d-old adult shows fragmented myofibril morphology. (H) Y583S/+ 7-d-old adult shows continued 
disruption, with merging myofibrils as seen in homozygous Y583S 7-d-old adults (Figure 2H). (I) T178I/+ late-stage pupa 
resembles control pupa, with normal double-hexagonal packing of thick and thin filaments and oval-shaped myofibril 
(top) as well as regular sarcomere structure (bottom). (J) T178I/+ 2-h-old adult resembles control 2-h-old adult, with 
normal double-hexagonal packing of thick and thin filaments and oval-shaped myofibril (top) as well as regular sarcomere 
structure (bottom). (K) T178I/+ 2-d-old adult shows disrupted morphology with abnormal hexagonal packing of 
myofilaments within the myofibril. Sarcomeres are poorly organized. (L) R672C/+ late-stage pupa resembles control pupa, 
with normal double-hexagonal packing of thick and thin filaments and oval-shaped myofibril (top) as well as regular 
sarcomere structure (bottom). (M) R672C/+ 2-h-old adult shows myofibrillar degeneration with some loss of myofilament 
packing regularity. Sarcomeres are poorly organized. (N) R672C/+ 2-d-old adult. Disruption in myofibril morphology is 
more intense, with scattered Z-band material present. Sarcomeres show branching and fusing phenotypes with irregular 
M-lines/Z-bands. m, M-line; z, Z-band. Scale bars, 0.5 µm.
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myofibrils that are poorly aligned with each other and fraying of fila-
ments occurs in peripheral regions (Figure 2I). Two-hour-old T178I 
homozygous adults show extreme disruption in morphology with 
thick filaments dispersed in myofibril remnants and reduction in 
regular sarcomere patterns (Figure 2J). Homozygous T178I 2-d-old 
adults show continued disruption in myofibril morphology with 
essentially no regular sarcomeric structures and Z-band material 
scattered throughout the myofibril remnants (Figure 2K). For R672C, 
homozygous pupae display severe assembly defects with abnor-
mally shaped and sized myofibrils. Z-band material is aberrantly 
localized, with poor myofilament organization (Figure 2L). Homozy-
gous R672C 2-h-old adults show even more heterogeneity in 
myofibril size, with poor sarcomere morphology (Figure 2M). Note 
that IFMs in 2- and 7-d-old R672C homozygotes, as well as 7-d-old 
T178I homozygotes, were so severely disrupted and atrophied that 
preparation of electron micrographs of adequate resolution was not 
feasible. Overall, the structural abnormalities of myofibrils observed 
in 2-d-old IFMs (Figure 2) should account for the absence of flight 
ability (Table 2).

We next examined IFMs from control and FSS mutant heterozy-
gotes to determine whether the functional defects observed in 
heterozygotes correlate with ultrastructural abnormalities. Control 
heterozygotes (PwMhc2/+) display wild-type filament packing and 
sarcomere structures at the late pupal stage and in 2-h-old, 2-d-old, 
and 7-d-old adults (Figure 3, A–D). Heterozygous Y583S late-stage 
pupae and 2-h-old adults show normal hexagonal packing of thick 
and thin filaments and sarcomere structures (Figure 3, E and F) that 
resemble controls (Figure 3, A and B). Heterozygous Y583S 2-d-old 
adults have disrupted myofibril morphology with thick and thin 
filaments beginning to disperse from myofibrils and possibly fuse 
with neighboring myofibrils (Figure 3G). Heterozygous Y583S 7-d-
old adults display thick and thin filaments merging into neighboring 
myofibrils (Figure 3H). Heterozygous T178I late-stage pupae and 
2-h-old adults display normal hexagonal packing of thick and thin 
filaments (Figure 3, I and J) that resembles control ultrastructure 
(Figure 3, A and B). Heterozygous T178I 2-d-old adults show disrup-
tion in hexagonal packing of thick and thin filaments, with filaments 
missing from the lattice and sarcomere structural elements that are 
disrupted (Figure 3K). Heterozygous T178I 7-d-old adults were not 
examined due to severe muscle degeneration. Heterozygous R672C 
late-stage pupae display normal hexagonal packing of thick and 
thin filaments (Figure 3L) that resemble control pupae (Figure 3A). 
Heterozygous R672C 2-h-old adults show myofibrils with disrupted 
myofilament arrays and branching sarcomeres with wavy Z- and 
M-line material (Figure 3M). Heterozygous R672C 2-d-old adults 
show disrupted myofibril morphology with scattered Z-band 

material; sarcomeres are further disordered as well (Figure 3N). 
Heterozygous R672C 7-d-old adults were not examined due to 
severe muscle degeneration. The ultrastructural disruption in FSS 
heterozygotes (Figure 3) correlates well with the flight defects ob-
served in young and older adults (Table 2). Y583S heterozygotes 
retain the most normal structure and preserve the ability to fly to 
some extent, with some flies showing upward flight at 7 d of age. In 
contrast, R672C mutants show no flight ability as heterozygotes and 
display substantial ultrastructural defects as early as two h into adult-
hood. T178I shows both intermediate flight ability and ultrastruc-
tural integrity. In sum, the FSS models show dominant defects in 
both muscle function and myofibril morphology.

FSS mutations affect the biochemical and biophysical 
properties of myosin
We next assessed the steady-state ATPase parameters of the FSS 
myosins obtained from dissected IFMs of homozygotes (Table 3). All 
three mutant myosins showed statistically significant decreases in 
Ca-ATPase activity, with Y583S and R672C decreased by 30% and 
T178I decreased by 78%. In contrast, the more physiologically 
relevant basal Mg-ATPase showed no significant difference for 
Y583S. Interestingly, this rate was halved for R672C and doubled for 
T178I. However, while the latter rate increased, there was virtually 
no actin stimulation of Mg-ATPase activity for T178I, resulting in a 
Vmax that was only ∼1/3 of the control. Y583S actin-stimulated Vmax 
was also reduced, to approximately two-thirds of the control, 
whereas R672C Vmax was unaffected. The affinity constant (Km) for 
actin relative to actin-stimulated Mg-ATPase activity was signifi-
cantly reduced for Y583S myosin (lower actin concentration needed 
for half-maximal ATPase activity) and significantly enhanced for 
R672C, with no change for T178I. As an overall assessment tool, the 
catalytic efficiency quantifies the ability of each myosin to hydrolyze 
ATP relative to its affinity for actin (Vmax/Km). The catalytic efficiency 
for Y583S myosin (3.44 ± 0.33 s-1/µM) is unchanged relative to con-
trol (3.48 ± 0.19 s-1/µM), whereas both R672C (2.16 ± 0.25 s-1/µM) 
and T178I (1.46 ± 0.32 s-1/µM) catalytic efficiencies are significantly 
reduced relative to control. This parameter agrees with the mole-
cular modeling outcomes, which predict that both R672C and T178I 
disrupt the R672-T178 interaction and might therefore lead to simi-
lar phenotypes. It also correlates well with the flight-testing data and 
ultrastructural results showing that R672C and T178I mutations are 
more severe than Y583S.

Finally, we used the in vitro motility assay to assess the ability of 
myosin molecules bound to a coverslip to move fluorescently la-
beled actin filaments in the presence of ATP. All three FSS mutations 
reduced actin velocity significantly, with Y583S decreasing it by 36% 

Myosin isoform 
(n for ATPase/ 
motility) Ca-ATPase (s-1)

Basal 
Mg-ATPase 

(s-1)
Actin-stimulated 

Vmax (s-1)
Actin-stimulated 

Km (µM)

Catalytic 
 efficiency 
(s-1/µM) Motility (µm/s)

PwMhc2 (n = 14/14) 14.57 ± 2.46 0.24 ± 0.09 1.74 ± 0.37 0.54 ± 0.16 3.48 ± 0.19 5.08 ± 0.73

Y583S (n = 6/5) 10.16 ± 2.09** 0.32 ± 0.10 1.14 ± 0.26** 0.35 ± 0.14* 3.44 ± 0.33 3.25 ± 0.41***

T178I (n = 7/4) 3.15 ± 0.99*** 0.54 ± 0.14*** 0.63 ± 0.17*** 0.53 ± 0.24 1.46 ± 0.32*** 2.53 ± 0.22***

R672C (n = 5/5) 9.94 ± 3.18* 0.13 ± 0.04** 2.22 ± 0.61 1.07 ± 0.33* 2.16 ± 0.25** 2.67 ± 0.16***

Biological replicates (n values) are composed of two technical replicates for ATPase or at least 30 motile filaments for in vitro motility. Data are shown as mean ± 
SD. Statistical significance was determined using an unpaired t test with Welch’s correction. Significant differences were assumed for p < 0.05 (*p < 0.05, **p < 0.01, 
***p < 0.001).

TABLE 3: ATPase and in vitro motility values for wild-type control (PwMhc2) and FSS mutant myosins.
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and both T178I and R672C reducing it by ∼50%. While the in vitro 
motility analysis suggests that Y583S is the least severe of the three 
alleles, in agreement with our assessments of flight ability, ultrastruc-
tural integrity and ATPase catalytic efficiency, the differences among 
the three alleles for actin filament velocity were not statistically sig-
nificant. However, the significant reduction in unloaded velocity of 
actin filaments for all three FSS mutant myosins indicates that the 
percentage of time myosin remains bound to actin during the mech-
anochemical cycle (duty ratio) could be increased, as the drag 
induced in this ensemble system would reduce filament velocity 
(Harris and Warshaw, 1993). This excessive cross-bridge binding 
could be an important contributor to the contractures observed in 
patients.

DISCUSSION
We succeeded in creating three disease models for myosin-based 
FSS in an effort to probe the mechanistic basis of the disease. The 
Drosophila system has the advantages of producing adequate 
quantities of pure protein, which allows assessment of the biochemi-
cal and biophysical properties of the FSS myosins. Further, it permits 
evaluation of both recessive and dominant phenotypes in vivo. Such 
studies can define the root causes of FSS and their immediate 
consequences but not necessarily all the sequelae that arise in 
mammals, such as compensation through expression of other MYH 
isoforms, excessive development of other fiber types, or skeletal 
abnormalities arising from the primary muscle defects.

Our locomotory assays revealed the effect of the mutant myosin 
on the function of IFMs and thereby defined the severity and domi-
nance of the disease alleles (Table 2). All three mutations result in 
the absence of flight in the homozygous state and two alleles (T178I 
and R672C) induce sterility and dramatically reduce viability. The 
latter is noteworthy in that the two mutant alleles are expressed in 
the presence of two wild-type myosin alleles in all muscles (except 
IFM and jump muscle) in the Mhc10 background (Collier et al., 1990). 
Hence the mutations are extremely deleterious and would be un-
likely to allow survival in the absence of wild-type myosin in flies or 
humans. The flight tests of FSS heterozygotes indicate that the flight 
abilities of the transgenic lines can be partially rescued by the pres-
ence of a wild-type copy of the gene, depending on the severity of 
the FSS allele. Two-d old Y583S heterozygotes showed some flight 
ability, which was retained to some extent at day 7. In contrast, 
T178I showed severe flight defects at the younger age and essen-
tially no flight at 7 d, whereas R672C heterozygotes lacked flight 
ability at 2 d (Table 2). These results illustrate the dominant nature of 
the mutations and the fact that different mutations show different 
degrees of severity, as is the case in patients. In contrast to our ob-
servations, studies in human heterozygotes suggest that the R672C 
phenotype is markedly less severe than that of T178I (Beck et al., 
2014), although a great degree of phenotypic variability due to 
environmental or genetic factors has also been reported (Toydemir 
et al., 2006). In this regard the T178I mutation was originally classi-
fied as a mutation shared by FSS and SHS (Toydemir et al., 2006) but 
was subsequently reclassified as FSS (Beck et al., 2014). The stan-
dardization of growth conditions and genetic background with the 
Drosophila model obviates concerns with environmental and 
genetic influences that can confound human studies.

We tested the hypotheses that FSS mutant myosin affects myofi-
bril assembly and stability. While myofibril assembly proved defec-
tive in homozygotes for the two severe alleles (T178I and R672C), 
this process proceeded normally for Y583S homozygotes (Figure 2) 
and for heterozygotes carrying any of the three alleles (Figure 3). 
This corresponds well with the normal myosin localization and 

myofibrillar architecture reported for myotubes derived from cul-
tured myoblasts of a T178I/+ patient (Pokrzywa et al., 2015). Delays 
in cultured T178I/+ human myoblast development were noted, but 
these may have arisen from reduced expression levels of MYH3 
(Pokrzywa et al., 2015). For Drosophila heterozygotes, all alleles 
eventually led to myofibrillar breakdown, with the degree of disarray 
correlating with level of flight ability (Figure 3 and Table 2). Analyses 
of biopsied embryonic tissue from FSS patients have not been re-
ported to our knowledge, so it unclear whether myofibrillar degen-
eration occurs in utero. Racca et al. found relatively normal muscle 
architecture at the light microscope level for adult heterozygotes 
(Racca et al., 2015). While adults express MYH3 (Racca et al., 2015), 
it is not to the degree found in fetal skeletal muscle, where it repre-
sents 81% of all MYH transcripts (Racca et al., 2013). Hence effects 
of FSS mutations on myofibrillar structure may not be evident in 
human adults due to the presence of additional MYH isoforms.

The observation of normal myofibril assembly followed by de-
generation in Drosophila FSS heterozygotes is reminiscent of the 
hypercontraction phenotype found previously in several contractile 
protein mutants, where muscle destruction occurs as a result of ex-
cessive cross-bridge activity (Beall and Fyrberg, 1991; Kronert et al., 
1995; Naimi et al., 2001; Montana and Littleton, 2004; Barton et al., 
2007; Cammarato et al., 2008; Viswanathan et al., 2015). This physi-
ological phenotype correlates well with the mechanical studies of 
Racca et al. on fibers from two unrelated R672C/+ adults (Racca 
et al., 2015). These investigators observed reduced muscle relax-
ation and elevated tension that they attributed to a subpopulation 
of myosin cross-bridges displaying reduced kinetics of detachment. 
Studies of IFM and/or jump muscle mechanics (Swank, 2012) in 
Drosophila FSS heterozygotes should prove fruitful in determining 
whether similar phenotypes are found in our model system.

Our in vitro motility studies are the first reported for FSS myosins 
and these showed severely reduced actin gliding velocity. This has 
typically been interpreted to arise from an increased interaction 
time for the myosin cross-bridge (possibly limited by detachment 
kinetics, i.e., the rate of ADP release) (Uyeda et al., 1990; Harris and 
Warshaw, 1993). Given our in vitro motility observations, in conjunc-
tion with mechanical studies of fibers from adult patients (Racca 
et al., 2015), it seems plausible to postulate that excessive cross-
bridge interactions are the basis of the disease phenotype. In con-
trast, however, transient kinetic studies on in vitro expressed FSS 
MYH3 human myosins with mouse light chains showed slowing of 
the ATP hydrolysis step and a longer detached state of cross-bridges 
as a common feature (Walklate et al., 2016). Enhanced ADP binding 
was found only for one of the three FSS myosins studied. However, 
increased affinity for actin in the presence of ADP was demonstrated 
in all cases, which could enhance cross-bridge stability (Walklate 
et al., 2016). In agreement with our ATPase results, Walklate et al. 
(2016) observed reductions in Vmax for FSS myosins. This was 
particularly consistent for T178I, which showed the poorest actin 
stimulation in both studies (Table 3). In contrast, we did not see a 
reduction in Vmax for R672C. However, it is important to note that in 
addition to differences in myosin species between the two studies, 
Walklate et al. (2016) analyzed S1 myosin head fragments, whereas 
we studied full-length dimeric myosins that are capable of forming 
head–head and head–rod interactions. We found that a significant 
biochemical predictor of severe phenotypic dysfunction is catalytic 
efficiency, which encapsulates both Vmax and Km values. The two 
severe mutant myosins (T178I and R672C) showed significantly re-
duced catalytic efficiencies, while Y583S myosin from organisms 
with the mildest phenotype showed no significant difference com-
pared with wild type.
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Homology modeling revealed significant interactions of the FSS 
residues with surrounding amino acids that are likely to impact myo-
sin function on mutation. The Y583 residue is present in the loop 
connecting two β strands and interacts with G699 at the bend be-
tween the SH1 and SH2 helices (Figure 1B). Disruption of this inter-
action in the Y583S mutant (Figure 1C) is likely to adversely affect 
myosin function, as G699 plays an important role in motor activity 
and serves as the pivot point for the lever arm during the contractile 
cycle (Kinose et al., 1996). The G699A mutation in skeletal muscle 
myosin reduced actin-activated ATPase and in vitro motility activi-
ties by 5- and 100-fold, respectively (Kinose et al., 1996). This sug-
gests a longer time spent in the actomyosin complex (Kinose et al., 
1996). Likewise, a valine substitution in Dictyostelium myosin II 
yielded a 10-fold reduction in in vitro motility and a higher affinity of 
myosin for actin during the ADP-bound state (Patterson et al., 1997). 
Another study on Dictyostelium myosin containing an alanine sub-
stitution at the pivot point residue showed a 30-fold reduction in 
ATP binding to myosin, 11-fold higher affinity of ADP toward 
myosin, and a 180-fold higher affinity of ADP to the actomyosin 
complex (Batra et al., 1999). Since G699 mutant defects mirror those 
we observed in Y583S (reduced in vitro motility and actin-activated 
ATPase), it is reasonable to postulate that disrupted communication 
between the nucleotide-binding site and the lever arm pivot point 
within the SH1–SH2 helix domain is the major effect of the Y583S 
mutation. As the SH1–SH2 helix is hypothesized to act as a pathway 
that connects the nucleotide-binding pocket to the relay helix and 
the converter domain (Zheng and Brooks, 2005), it seems reason-
able that the Y583S mutation yields defects in both ATPase activity 
and in vitro motility.

The R672 myosin residue is on a β-strand of myosin near to the 
SH1–SH2 helix, where it forms a 3-Å hydrogen bond with T178 
located just before the N-terminus of the P-loop (Figure 1D). Muta-
tion of either residue (R672C or T178I) disrupts this bond and 
thereby weakens the communication between the ATP terminal 
phosphate binding domain and the adjacent β-strand (Figure 1, E 
and G). Hence it might be expected that R672C and T178I would 
yield similar phenotypes, which is generally the case in our analysis 
(dominant flight dysfunction and myofibril disarray, similar reduc-
tions in catalytic efficiency and in vitro motility). However, we did 
find opposite effects on basal Mg-ATPase activity, and only T178I 
showed a decrease in Vmax (Table 3). The location of T178I adjacent 
to the P-loop might independently enhance nucleotide affinity, 
accounting for the stimulatory effect on basal Mg-ATPase. Point 
mutations in the P-loop region are known to disrupt ATPase activity 
and movement of actin filaments in vitro, possibly as a result of en-
hanced ADP retention (reviewed by Ruppel and Spudich [1996]). In 
addition to affecting the T178-R672 interaction, the R672C muta-
tion is predicted to disrupt a π-cation interaction with relay helix 
residue F490 as well as disrupt or enhance interaction with the 
SH1–SH2 helix at residue N697 (Walklate et al., 2016). Overall, as 
was the case for the Y583S, the R672C and T178I mutations appear 
to disrupt a pathway that connects the nucleotide-binding pocket 
through the SH1–SH2 helix to the relay helix and converter 
domain.

In conclusion, our development of Drosophila models for FSS 
provided insights into understanding the basis of the human condi-
tion. As in humans, the models display dominant defects in muscle 
function, with varying severity depending on the allele expressed. 
Further, we found that myofibrillar stability is perturbed in the het-
erozygotes, which provides insights into how the phenotype might 
progress during human embryogenesis. The ability to isolate pure 
populations of mutant FSS myosins allowed us to detect abnormal 

ATPase activity. Further, we found that all the mutations significantly 
reduced in vitro motility, supporting the idea that increased cross-
bridge binding is the basis of the disease. Finally, molecular model-
ing yielded insights into each of the mutations, with the general 
theme that they affect a pathway between the nucleotide-binding 
site and the relay helix and converter region, which is ultimately re-
sponsible for movement of the lever arm to generate force during 
the mechanochemical cycle. Testing the effects of the mutations on 
fiber mechanical parameters should yield insights into the basis of 
the observed functional defects. This can lead to rationally designed 
attempts to improve defective muscle function using pharmaceuti-
cal and/or genetic approaches.

MATERIALS AND METHODS
Protein structure analysis
The Drosophila IFM myosin isoform was modeled onto a Dictyoste-
lium discoideum myosin II structure in the presence of the Mg.ATP 
complex (PDB #1FMW) using the SWISS-MODEL program tool 
(https://swissmodel.expasy.org) in the automated mode. We exam-
ined interactions of FSS myosin residues T178, Y582, and R672 (ho-
mologues of human T178, Y583, and R672, respectively) using the 
PyMOL program (PyMOL Molecular Graphics System, Version 
1.5.0.4, Schrödinger, LLC; www.pymol.org). IFM myosin sequences 
containing each mutant version of the FSS residues were also mod-
eled and analyzed using this approach.

Molecular cloning
Construction of the mutant myosin genes was initiated by digesting 
the full-length myosin transgene (Swank et al., 2000) with EagI, 
which cuts at base 11,344 of the 5′ end, where base 1 is the start 
point of the cloned 5′ end fragment (XbaI site). This yields an 11.3 
kb Mhc 5’ end fragment in the pCasper vector (Thummel and Pir-
rotta, 1992). For Y583S and R672C this 5’ Mhc fragment was cut 
with PstI and EagI at 8944 and 11,344, respectively, to subclone a 
2.5-kb fragment in the pKS vector. This subclone was digested with 
NcoI and SacI at 10,535 and 11,344, respectively, to obtain an 809-
bp fragment in the pLitmus vector. For T178I this 5′Mhc was cut with 
PstI and AvrII at 2570 and 6888, respectively, to obtain a 4.3-kb 
fragment in the pLitmus 28i vector. This subclone, pPA4.3, was 
digested with PstI and BamHI at 2570 and 4695, respectively, to 
obtain a 2.1-kb fragment in the pLitmus 28i vector. Site-directed 
mutagenesis using the QuickChange II kit (Agilent, Santa Clara, CA) 
was performed using sequence specific forward and reverse prim-
ers. For T178I, the exon-specific primer 5′-TCTATGTTGATCATCG-
GTGAGTCTGGT-3′ (nucleotide change shown as bold) was used in 
site-directed mutagenesis. For Y583S, the exon-specific primer 
5′-GCCATTGCCCATTCGGCTGGTTGTGTG-3′ (nucleotide change 
shown as bold) was used in site-directed mutagenesis. For R672C, 
the exon specific primer used in site-directed mutagenesis was 
5′-CCTCACTTCGTCTGTTGCATCATTCCC-3′ (nucleotide change 
shown as bold).

Site-directed mutagenesis products were sequenced (Eton Bio-
science, San Diego, CA) to confirm each mutation, and each sub-
fragment was cloned back into the larger fragments to obtain the 
full 5′Mhc fragment. Subsequently, the 19.1-kb 5′Mhc fragment with 
each mutation was digested with EagI. A 12.6-kb 3′Mhc fragment 
digested with EagI was gel isolated and then ligated to the 19.1 kb 
5′Mhc fragment to generate the final genomic mutant construct in P 
element vector pCaSpeR 4 (Thummel and Pirrotta, 1992). This vec-
tor contains a β-lactamase gene allowing for selection of the final 
clones on ampicillin media and a Drosophila miniwhite gene (w+) as 
a selectable eye-color marker. The mutant constructs were purified 
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using the QIAfilter Plasmid Maxi Kit (Qiagen Sciences, German-
town, MD). All ligation sites, splice junctions, and exons were veri-
fied by DNA sequencing to ensure that no cloning artifacts were 
introduced.

P element–mediated transformation of Mhc genes
Drosophila germline transformation was performed by BestGene 
Inc. (Chino Hills, CA) by injecting the transgene and a helper plas-
mid expressing transposase into Drosophila embryos of the yw 
strain (Rubin and Spradling, 1982). Around 1000 embryos were 
injected for each construct. Surviving adults (G0 generation) were 
individually crossed with the yw strain, and progeny were screened 
for orange eye color, indicating the presence of the miniwhite (w+) 
marker and the Mhc transgene. Orange-eyed flies from individual 
crosses were back crossed with the yw strain, and the offspring were 
screened for the presence of eye color and crossed to establish in-
dependent lines.

Transgenic lines were crossed with w1118; CyO/Bl1; TM2/TM6B 
balancer flies to map the chromosomal location of each transgene. 
For the 11 Y583S lines, three inserts mapped to the X chromo-
some, two to the second chromosome, and six to the third chro-
mosome. Of the 26 R672C lines, two inserts mapped to the X 
chromosome, 12 to the second chromosome, and 12 to the third 
chromosome. Of the 27 T178I lines, four inserts mapped to the X 
chromosome, 20 to the second chromosome, and three to the 
third chromosome. Each of the X-linked and third chromosome 
lines was crossed into the Mhc10 background, which contains a 
second chromosome null allele for the indirect flight and jump 
muscle myosin isoforms (Collier et al., 1990). For the R672C and 
T178I constructs, all of the transgenic lines proved to be recessive 
sterile, and the mutant alleles were carried over balancer 
chromosomes.

Myosin expression levels
Protein expression levels from transgenes were determined by 
SDS–PAGE (Laemmli, 1970). Six upper thoraces from 2-d-old fe-
male flies from each transgenic line were homogenized in 180 µl of 
Laemmli sample buffer. yw flies were used as a control. Samples 
were boiled for 5 min and centrifuged for 2 min. Samples were 
loaded on precast 10% polyacrylamide Tris–glycine gels (Bio-Rad, 
Hercules, CA) at increasing concentration of the experimental 
samples and controls. Each transgenic line was examined at least 
five times, each time with a newly prepared sample. After running 
the gels at 110 V for 100 min in 1X SDS buffer, they were stained 
with Coomassie blue for 20–30 min and destained for 45 min. Gels 
were scanned and analyzed using ImageJ software (National Insti-
tutes of Health, Bethesda, MD). The myosin-to-actin ratio for each 
sample was determined in its linear range and relative expression 
was compared with control yw samples.

Reverse transcription and PCR
Reverse transcription and PCR (RT-PCR) were employed to confirm 
that each transgenic line expressed the appropriate site-directed 
nucleotide changes and to ensure that alternative splicing of Mhc 
RNA was not disrupted by the mutations. For RNA isolation 
(Becker et al., 1992), upper thoraces from 2-d-old adult female 
flies from each transgenic line were dissected and homogenized in 
300 µl of 6 M urea and 3 M LiCl. After storage in a cold room over-
night, samples were centrifuged for 10 min at 4°C. Each pellet was 
resuspended in 150 µl of 10 mM Tris–HCl, pH 7.5, 10 mM EDTA, 
and 1% SDS. This was followed by phenol:chloroform (1:1) extrac-
tion and ethanol precipitation of RNA. The RNA pellet was dried in 

a vacuum evaporator and resuspended in sterile RNase free 
water.

To generate cDNAs for each transgenic line, we employed a Pro-
toscript cDNA synthesis RT-PCR kit (New England Biolabs, Ipswich, 
MA). Briefly, 0.5 µg of total RNA from each transgenic line was 
mixed with 3 µmol of reverse specific primer, and cDNA was synthe-
sized according to the manufacturer’s instructions. PCR was per-
formed using 1 µl of cDNA and 3 µmol of each specific primer pair 
(as noted below) using the following conditions: 60 s at 94°C, then 
30 cycles of 30 s at 94°C, 30 s at 55°C and 2 min at 68°C.

In addition to confirming the FSS mutations, appropriate splicing 
of alternative exons flanking the mutational sites was confirmed. For 
T178I, alternative exons 3 and 7 were examined. A reverse primer 
specific to exon 8 (5′-GTTCGTCACCCAGGGCCGTA-3′) and a 
forward specific primer to exon 2 (5′-TGGATCCCCGACGAGA-
AGGA-3′) were used to generate cDNA. For Y583S and R672C, 
alternative exons 9 and 11 were examined. A reverse primer specific 
to exon 12 (5′-GAGCTTCTTGAAGCCCTTACGG-3′) and a forward 
specific primer to exon 8 (5′-TCTGGATACCCAGCAGAAGCGT-3′) 
were used to generate cDNA. RT-PCR products were sequenced by 
Eton Bioscience.

Flight ability
Flight testing was performed on transgenic homozygous and het-
erozygous lines in a Mhc10 background along with age-matched 
transgenic controls (PwMhc2 or PwMhc2/+). Flight tests were exe-
cuted at room temperature in a Plexiglas box (43 cm high × 27.5 cm 
wide × 43 cm long) with a light source at the top (Drummond et al., 
1991). Ten cohorts of 8–14 female flies were collected on the day of 
eclosion and aged at room temperature for 2 d for homozygotes or 
2 and 7 d for heterozygotes. Each fly was released individually in the 
center of the chamber and its ability to fly upward (U), horizontal (H), 
downward (D), or not at all (N) was scored. Each fly was assigned a 
flight index of 6 for upward flight, 4 for horizontal, 2 for downward, 
or 0 for no flight. Flight index was calculated using the formula 
6*U/T+4*H/T+2*D/T+0*N/T, with T as the total number of flies 
tested for each cohort (Tohtong et al., 1995). Data are reported 
as mean ± SEM. Statistical comparisons were made by one-way 
analysis of variance (ANOVA) with Tukey’s post-hoc test, with signifi-
cance designated as p < 0.05.

Electron microscopy
Late-stage pupae as well as 2-h-old, 2-d-old, and 7-d-old adults were 
fixed and stained for ultrastructural analysis by electron microscopy 
according to an established protocol (O’Donnell and Bernstein, 
1988). In brief, the head and abdomen were removed, and then tho-
racic regions not containing IFM were dissected away. Remaining 
tissue was placed in fixative containing 3% paraformaldehyde, 2% 
glutaraldehyde, 100 mM sucrose, 100 mM sodium phosphate, pH 
7.2, and 2 mM ethylene glycol-bis(β-aminoethyl ether)-N,N,N′,N′-
tetraacetic acid (EGTA). Samples were treated overnight at 4°C and 
then washed twice for 5 min each in 100 mM sodium phosphate, pH 
7.2. This was followed by postfixative treatment (1.0% osmium, 
100 mM sodium phosphate, pH 7.2) for 2 h at 4°C. Samples were 
then washed twice in distilled water for 5 min each at 4°C and dehy-
drated in acetone at room temperature. Samples were embedded in 
Spurr’s medium. Sections were cut with a diamond knife and stained 
for 20 min in 2% aqueous uranyl acetate, pH 4.5, followed by lead 
citrate for 4 min. Sections were analyzed under a Tecnai 12 transmis-
sion electron microscope (FEI, Hillsboro, OR). At least three different 
organisms at each development stage were examined from the 
highest-expressing transgenic line of each mutant.
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Myosin and actin isolation
Myosin was isolated as previously described (Swank et al., 2001; 
Kronert et al., 2008) with minor changes. Dorsolongitudinal IFMs 
were dissected from 120 to 180 split thoraces of young transgenic 
flies in York modified glycerol (20 mM potassium phosphate, pH 7.0, 
2 mM MgCl2, 1 mM EGTA, 20 mM dithiothreitol (DTT), and a prote-
ase inhibitor mixture). Dissected muscles were placed in a microcen-
trifuge tube containing 1 ml of York-modified glycerol and centri-
fuged at 8500 × g in a Sorvall Microspin 24S centrifuge for 5 min at 
4°C. Pellets were gently homogenized in 1 ml of York-modified glyc-
erol containing 2% (vol/vol) reduced Triton X-100 and incubated for 
30 min on ice. The permeabilized fibers were then centrifuged for 
5 min as previously stated, and the pellet was washed and resus-
pended in 1 ml of York-modified glycerol lacking glycerol, followed 
by centrifugation. The fiber pellets were resuspended in 82 µl of 
high-salt myosin extraction buffer (1 M KCl, 50 mM potassium phos-
phate, pH 6.8, 5 mM MgCl2, 0.5 mM EGTA, 10 mM sodium 
pyrophosphate, 20 mM DTT, and a protease inhibitor mixture) and 
incubated on ice for 15 min. Insoluble material was removed by 
centrifugation, and the high-salt extract was then diluted 25-fold 
with nano-H2O containing 10 mM DTT. The sample was left on ice 
for myosin to precipitate overnight at 4°C. The precipitant was cen-
trifuged at 100,000 × g for 20 min using a Beckman TLA 100.3 rotor. 
The pellet was resuspended in 13.5 µl of wash buffer (2.4 m KCl, 
100 mM histidine, pH 6.8, 0.5 mM EGTA, and 20 mM DTT) and 
placed on ice for 30 min. The solution was slowly diluted eightfold 
with nano-H2O containing 10 mM DTT to a final salt concentration 
of 0.3 M KCl to precipitate residual actomyosin. The diluted solution 
was centrifuged at 60,000 × g for 25 min, and the supernatant was 
diluted 10-fold with nano-H2O containing 10 mm DTT. The solution 
was kept on ice for 1 h to precipitate myosin. The precipitant was 
centrifuged at 100,000 × g for 25 min, and the purified myosin pellet 
was dissolved in myosin storage buffer (0.5 M KCl, 20 mM MOPS, 
pH 7.0, 2 mM MgCl2, and 20 mM DTT). The myosin concentration 
was calculated by measuring the absorption at 280 and 310 nm 
and applying the following formula: 1 OD280-310/0.53 = 1 mg/ml 
(Margossian and Lowey, 1982). Purified myosin was used immedi-
ately for ATPase and in vitro motility assays.

G-actin was obtained by extraction of acetone powder of chicken 
breast muscle as described previously (Pardee and Spudich, 1982; 
Kronert et al., 2008). Soluble G-actin was recovered after dialysis 
against 2 mM Tris–HCl, pH 8.0, 0.2 mM ATP, 2 mM CaCl2, and 1 mM 
DTT. G-actin concentration was calculated by measuring the 
absorption at 290 and 310 nm and applying the following formula: 
1 OD310-290/0.62 = 1 mg/ml. To prepare F-actin, one volume of 10 × 
polymerization buffer (50 mM Tris–HCl, pH 8.0, 0.5 M KCl, 20 mM 
MgCl2 and 10 mM ATP) was added to nine volumes of G-actin. The 
working F-actin solution was at a concentration of 30 µM in 1 × 
polymerization buffer. G-actin was polymerized and labeled with 
rhodamine-phalloidin for in vitro motility assays.

Steady-state ATPase activity and in vitro motility assays
ATPase activities for full-length myosin were determined using 2 µg 
of myosin and [γ-32P]-ATP as described previously (Swank et al., 2001; 
Kronert et al., 2008). Ca-ATPase activities was assessed in 10 mM 
imidazole, pH 6.0, 100 mM KCl, 10 mM CaCl2, 1 mM [γ-32P]-ATP at 
room temperature with 15 min incubation. The reaction was 
quenched using 1.8 N HClO4. For Mg2+ basal and actin-stimulated 
Mg-ATPase activities, myosin was added to Mg-ATPase solution 
(10 mM imidazole, pH 6.0, 20 mM KCl, 0.01 mM CaCl2, 1 mM MgCl2, 
1 mM [γ-32P]-ATP) with increasing concentrations of F-actin (0.1–2 µM). 
The reaction was quenched using 1.8 N HClO4 after 25 min at room 

temperature prior to extraction and scintillation counting. Basal Mg2+ 
ATPase activities were subtracted from all data points in the actin-
activated assay. Vmax and Km values were obtained by fitting data 
with the Michaelis–Menten equation using Prism (Graph Pad) soft-
ware. Two technical samples were run for each biological replicate. 
ATPase values are presented as mean ± SD. Catalytic efficiency was 
determined by separately defining Vmax and Km values for each bio-
logical replicate and calculating the mean ± SD for their ratio 
(Vmax/Km). Values were assessed using unpaired t tests and Welch’s 
correction, with significant differences assumed at p < 0.05.

In vitro motility assays were performed by adding ATP and fluo-
rescently labeled F-actin to coverslips coated with purified myosin 
as previously described (Swank et al., 2001; Kronert et al., 2008). 
Video sequences were captured under fluorescence optics and 
were analyzed computationally to determine actin sliding velocity. 
At least 30 smoothly moving filaments were analyzed per biological 
replicate. In vitro motility values are presented as mean ± SD and 
were assessed using an unpaired t test and Welch’s correction, with 
significant differences assumed at p < 0.05.
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