
REVIEW

Operons

Anne E. Osbourn Æ Ben Field

Received: 2 June 2009 / Revised: 9 July 2009 / Accepted: 16 July 2009 / Published online: 7 August 2009
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Abstract Operons (clusters of co-regulated genes with

related functions) are common features of bacterial gen-

omes. More recently, functional gene clustering has been

reported in eukaryotes, from yeasts to filamentous fungi,

plants, and animals. Gene clusters can consist of para-

logous genes that have most likely arisen by gene

duplication. However, there are now many examples of

eukaryotic gene clusters that contain functionally related

but non-homologous genes and that represent functional

gene organizations with operon-like features (physical

clustering and co-regulation). These include gene clusters

for use of different carbon and nitrogen sources in yeasts,

for production of antibiotics, toxins, and virulence deter-

minants in filamentous fungi, for production of defense

compounds in plants, and for innate and adaptive immunity

in animals (the major histocompatibility locus). The aim of

this article is to review features of functional gene clusters

in prokaryotes and eukaryotes and the significance of

clustering for effective function.
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Introduction

Operons (clusters of co-regulated genes with related

functions) are a well-known feature of prokaryotic gen-

omes. Archeal and bacterial genomes generally contain a

small number of highly conserved operons and a much

larger number of unique or rare ones [1]. Functional gene

clustering also occurs in eukaryotes, from yeasts to fila-

mentous fungi, mammals, nematodes, and plants [2]. The

members of these eukaryotic gene clusters contribute to a

common function but do not usually share sequence simi-

larity. These gene clusters therefore represent functional

gene organizations with operon-like features (physical

clustering and co-regulation), although the genes are not

usually transcribed as a single mRNA as is the case in

prokaryotes. This article reviews facets of genome orga-

nization in prokaryotes and eukaryotes that are of relevance

for understanding the significance of the establishment,

maintenance, and dissipation of functional gene clusters

and the evolutionary forces that shape genome architecture.

Classical operons

The term ‘‘operon’’ was coined by Jacob and Monod [3–5],

who characterized the first defined classical operon, the lac

operon, in Escherichia coli. The lac operon consists of

three structural genes that are required for lactose utilisa-

tion, lacZ, lacY, and lacA (Fig. 1). These genes encode a

b-galactosidase, a lac permease, and a transacetylase,

respectively. The first step in lactose metabolism is cata-

lyzed by b-galactosidase, which cleaves lactose into

galactose and glucose. Lactose is then taken up by the

transmembrane protein, lac permease. The transacetylase

transfers an acetyl group from coenzyme A (CoA) to the

A. E. Osbourn (&) � B. Field

Department of Metabolic Biology, John Innes Centre,

Colney Lane, Norwich NR4 7UH, UK

e-mail: anne.osbourn@bbsrc.ac.uk

Present Address:
B. Field

UMR 6191, Laboratoire de Génétique et Biophysique des

Plantes, iBEB, UMR 6191 CNRS/CEA/Université
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hydroxyl group of the galactosides. The regulatory gene

lacI encodes the lac repressor, which in its active form

inhibits the transcription of the structural genes by binding

an operator. The lacZYA genes are co-ordinately regulated,

and expression is induced by lactose under conditions of

carbon starvation. Regulation is mediated by co-transcrip-

tion, the lacZYA genes being transcribed in a single mRNA.

Numerous examples of bacterial operons have since been

described [6–8]. Operons usually code for genes in the

same functional pathway. However, there are also exam-

ples of operons that contain genes with no obvious

functional relationship. Genes within operons of this kind

may be required under the same environmental conditions

despite being involved in different pathways [9].

Although the lacI repressor gene is able to regulate

expression of the lacZYA genes when placed anywhere in

the chromosome, this gene is normally positioned imme-

diately upstream of lacZYA. Co-localization of the

regulatory gene with the genes that it regulates has been

suggested to be a ‘‘selfish’’ property of the lac gene cluster,

since such organization may increase the fitness of this

group of genes by allowing horizontal as well as vertical

inheritance [10, 11]. Operons are certainly known to

undergo horizontal gene transfer (HGT) [10, 12, 13].

However, essential genes are commonly found in operons,

as are other genes that are not known to be transmitted by

HGT, providing evidence against the selfish operon theory

[14, 15]. The selfish cluster theory also does not explain the

many operons that contain functionally unrelated genes [9].

The emergence of new operons will require not only the

coming together of genes but also the establishment and

maintenance of co-ordinate regulation of these genes. A

more likely explanation for the existence of operons is

concerned with regulation.

The regulatory model provides several potential expla-

nations for the existence of operons [15]. It has been argued

that co-regulation could be evolved more easily by modi-

fying two independent promoters than by placing two

genes in proximity [10]. A counter-argument to this is that,

for complex regulation, an operon with one complex pro-

moter might be expected to arise more readily than would

two independent complex promoters [12]. The dependence

of several genes on a single regulatory sequence is

expected to put this sequence under stronger selection, so

allowing for the emergence of more complex regulatory

strategies [15]. The observation that operons do tend to

have more complex conserved regulatory sequences than

individually transcribed genes is consistent with this

hypothesis [9, 12, 16]. Genes within new operons are

significantly less likely to be optimally spaced when

compared to old operons, which is consistent with the idea

that canonical spacings form by deletion after the operon

has already formed [9]. In laboratory experiments, the

expression level of the lac operon evolves to optimality in a

few hundred generations [17]. Thus, changes in operon

spacing could reflect fine tuning of expression levels.

Transcription of genes in a single transcript is expected

to diminish gene expression noise and ensure more precise

stoichiometry [15]. The most highly conserved operons do

tend to code for components of protein complexes [9, 14,

18, 19]. However, there are many examples of operons that

do not code for protein complexes [9]. In addition, only a

few percent of known protein–protein interactions involve

genes encoded by the same operon [20]. Furthermore, the

optimal expression level of each gene is not the same for

all genes in an operon [15].

Rapid and reliable gene regulation may require the

transcription factor gene to be in close proximity to the

sites within the genome to which it binds (the rapid search

hypothesis [2–24]). In prokaryotes, transcription and

translation are coupled spatially and temporally. Such

organization would therefore provide for synthesis of

transcription factors near the genes that they regulate,

enabling rapid binding of co-localized sites and tight co-

ordinate regulation. Computer simulations have been used

to address the relationship between genome organization

and biophysical constraints and have provided evidence to

support the rapid search hypothesis [21]. Transcription–

translational coupling may also facilitate co-ordinate

downstream processes such as assembly of protein com-

plexes through co-translational folding [25], and cell

compartmentalization [26].

The birth and death of operons is a dynamic process.

The complete genome sequences of over 1,000 prokaryotes

have now been determined. This wealth of sequence

information has enabled genome-wide studies of bacterial

genomes to be carried out, and the evolutionary life-cycle

of operons to be inferred by comparison of related bacterial

species [9]. HGT represents one source of operons, and is

the primary origin of these functional gene clusters as

predicted by the selfish operon model [15]. In this case, the

genes within the operon have homology with genes from

other sequenced organisms and can readily be identified

as the products of a HGT event. In addition, new operons

are highly enriched for ‘‘ORFan’’ genes—genes that lack

lacZYA operon

lacI lacZ lacY lacAlacI lacZ lacY lacA

Fig. 1 The Escherichia coli lac regulon. lacI encodes the lac
repressor, which in its active form inhibits the transcription of the

structural genes by binding an operator. The genes within the lac
operon (lacZYA) are transcribed as a single mRNA. Expression is

induced by lactose under conditions of carbon starvation. Expression

of lacZYA is positively regulated by an activator whose production is

controlled by the concentration of extracellular glucose

3756 A. E. Osbourn, B. Field



identifiable homologues outside a group of related bacteria.

Most ORFans are functional protein-encoding genes that

contribute to the fitness of the organism (i.e., are under

purifying selection) and were probably acquired from

bacteriophage [27]. Such ORFan genes tend to be located

30 of native genes in operons (Fig. 2). This arrangement

may be selected for because the ORFan gene is transcribed

from a native promoter without perturbing the expression

of the native gene. The grouping of more than one ORFan

gene in an operon may indicate that the ORFan genes have

been introduced by HGT from a source that has not yet

been sequenced. Finally, operons consisting of native genes

can form without HGT. These new operons can arise as a

consequence of rearrangements that bring more distant

genes into proximity, or by deletion of intervening genes

(Fig. 2).

Because few operons are conserved across all or even

most bacteria, it is clear that after operons form many of

them ‘‘die’’. Operons could be lost by the deletion of one/

more genes or alternatively by splitting the operon apart.

Since operon formation often brings functionally related

genes together, it seems unlikely to be a neutral process. If

operon formation is driven by gene expression, then it

should be associated with changes in the expression pat-

terns of the constituent genes. Studies of the expression

patterns of genes in E. coli operons and of orthologous

genes in ‘‘not-yet’’ operons in the related bacterium

Shewanella oneidensis MR-1 have provided compelling

evidence that operon formation has a major effect on gene

expression patterns [9]. Similarly, ‘‘dead’’ operons are

significantly less co-expressed than live operons but sig-

nificantly more co-expressed than random pairs of genes.

Thus, operon destruction also has a major effect on gene

expression patterns, but it does not entirely eliminate the

similarity of expression. The turnover of operon structure

may accompany switching between constitutive and

inducible expression. Although constitutive expression

may seem wasteful and hence deleterious, favorable gene

combinations cannot be selected for unless the genes are

expressed. Constitutive gene expression, even at very low

levels, would logically be expected to be necessary to

enable the selection-mediated garnering of beneficial

combination of genes into operons with subsequent fine

tuning of expression. While genes within the same operon

are under much stronger selection to remain together than

genes that are in different operons [28, 29], there is also

evidence of weaker selection for high level interactions

between operons, some of which are so widely conserved

that they are known as super- or uberoperons [21, 30].

Secondary metabolism in filamentous fungi

Filamentous fungi produce a huge array of secondary

metabolites (sometimes also referred to as natural prod-

ucts). These compounds are commonly synthesized by

groups of genes that form metabolic gene clusters [32–34].

The genes within these clusters are physically linked and

co-regulated, but unlike bacterial operons they are not

transcribed as a single mRNA. Nevertheless, these fungal

gene clusters represent functional gene organizations with

operon-like features (physical clustering and co-regula-

tion). Examples include gene clusters for important

pharmaceuticals (such as the b-lactam antibiotics, penicil-

lin, and cephalosporin), the anti-hypercholesterolaemic

agent lovastatin, ergopeptines, and carcinogenic toxins

(aflatoxin and sterigmatocystin). Secondary metabolites are

also important in mediating interactions between fungal

pathogens and their hosts. For example, an unknown

metabolite synthesized by the ACE1 gene cluster in the rice

blast fungus Magnaporthe grisea is involved in recognition

of particular rice cultivars [35, 36], and the host selective

HC-toxin produced by the corn pathogen Cochliobolus

carbonum is critical for ability to cause disease on cultivars

that have the Hm resistance gene [37–39]. Such gene

clusters generally involve ‘‘signature’’ secondary metabolic

genes such as non-ribosomal peptide synthases (NRPS),

type I polyketide synthases (PKS), terpene cyclases (TS),

A ORFan A ORFan

A B A B

(a)  Insertion of foreign (ORFan) gene

(b)  Deletion of intervening genes

(c)  Genome rearrangement

A BBA

+

+

AA ORFanORFan A ORFanORFan

AA BB AA BB

AA BBBAA

+

+

Fig. 2 Mechanisms of operon

formation in bacteria (adapted

from Ref. [9]). ORFans are

genes that lack identifiable

homologues outside a group of

closely related bacteria. Most

ORFans are functional protein-

encoding genes that are under

purifying selection and so are

likely to contribute to the fitness

of the organism. They were

probably acquired from

bacteriophage
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and dimethylallyl tryptophan synthetases (DMATS) genes,

for the synthesis of non-ribosomal peptides, polyketides,

terpenes, and indole alkaloids, respectively [32]. These

signature genes are clustered along with various combi-

nations of genes for further metabolite elaboration (e.g.,

oxidoreductases, methylases, acetylases, esterases), trans-

porters, and sometimes (but not always) regulators [32, 33,

40]. While the first fungal gene clusters were identified

using a combination of genetic, molecular genetic and

biochemical approaches, the advent of fungal genome

sequencing has enabled facile discovery of new candidate

secondary metabolic gene clusters based on genome

browsing and co-expression analysis [32–34, 40].

Many fungal secondary metabolites have important

biological properties such as antibacterial, antifungal, or

antitumor activity [41]. The exploitation of fungal metab-

olites for pharmaceutical purposes was pioneered by the

discovery of penicillin in 1929 and its subsequent devel-

opment for large-scale use as an antibiotic during the

Second World War. The fungal natural product repertoire

has since been the subject of extensive screening pro-

grammes for drug discovery [32]. Although some

secondary metabolites have been shown to be important in

mediating interactions between fungal pathogens and their

hosts [33, 36, 37, 42, 43], in many cases the biological

significance of these compounds for the producing fungus

is unknown. The production of different types of com-

pound is often restricted to particular fungal lineages, and

the most likely function of these compounds is in niche

adaptation and survival. Many filamentous fungi live sap-

rophytically in the soil where they are exposed to a diverse

range of organisms. Secondary metabolites may therefore

act as mediators of interactions within soil communities.

Secondary metabolite production has recently been shown

to protect Aspergillus nidulans from predation by an

arthropod [44]. In a more complex three-way interaction,

colonization of perennial ryegrass by secondary metabo-

lite-producing fungal endophytes has been shown to confer

protection against insect herbivory [45].

Secondary metabolite gene clusters in filamentous fungi

commonly contain a gene for a pathway-specific tran-

scription factor that positively regulates expression of the

associated biosynthetic genes, each of which has its own

promoter. These transcription factors are often Zn(II)2Cys6

zinc binuclear cluster proteins, a class of protein so far

found only in fungi [32]. One such example is AflR, which

is required for aflatoxin and sterigmatocystin biosynthesis

in Aspergilli [46, 47]. Other transcription factors that are

encoded in biosynthetic gene clusters include Cys2 His2

zinc-finger proteins (Tri6 and MRT16 for trichothecene

production) [48] and an ankyrin repeat protein (ToxE for

HC-toxin production) [38]. Transcription factor genes for

synthesis of ergovaline and lolitrem in the endophytic fungi

Neotyphodium lolii and Epichloe festuca do not reside

within the cognate biosynthetic gene clusters and are as yet

unidentified [49–52]. In these latter cases, identification of

pathway regulators will necessarily rely on forward screens

for mutants with altered regulation of expression of the

pathway, on reverse approaches that involve searching for

regulatory proteins that bind to promoters of characterized

biosynthetic genes, and/or on genome-wide co-expression

analysis.

The Aspergillus laeA gene encodes a nuclear protein

with homology to arginine and histone methyltransferases

[32, 53–57]. LaeA was identified in a screen for mutants of

A. nidulans that were affected in their ability to synthesize

sterigmatocystin [53]. Deletion of laeA results in loss of

aflR gene expression and sterigmatocystin and aflatoxin

synthesis in A. nidulans and A. flavus. It transpires that laeE

deletion and overexpression strains are also affected in the

synthesis of several other characterized and novel Asper-

gillus secondary metabolites, indicating a role for LaeA as

a global regulator of secondary metabolism [53, 57, 58].

Comparison of global gene expression in A. flavus wild-

type, laeA mutant, and complemented strains has revealed

that LaeA controls transcription of around 10% of the

genes in the A. fumigatus genome. Many of these genes are

in 13 of the 22 secondary metabolite clusters. Seven of the

LaeA-regulated clusters are in subtelomeric regions of

chromosomes with a high degree of heterochromatin [58].

Collectively, these data suggest that LaeA acts as a master

regulator of secondary metabolism in Aspergillus through

chromatin remodeling [53, 54]. This hypothesis is sup-

ported by chromatin immunoprecipitation (ChIP) studies.

Heterochromatin mutants with enhanced sterigmatocystin

biosynthesis show decreased trimethylation of lysine resi-

due K9 of histone H3, whilst laeA mutants show increased

trimethylation of this lysine residue and a concomitant

decrease in sterigmatocystin production [33]. Deletion of

the histone deacetylase (HdaA) gene results in early and

increased expression of biosynthetic genes not only for

sterigmatocystin but also for another secondary metabolic

gene cluster for penicillin synthesis [59]. Treatment of

Aspergillus species and other fungi with selective drugs

that inhibit histone deacetylase or DNA methyltransferase

gives altered secondary metabolite profiles compared to

control treatments [59–61]. It thus appears that epigenetic

processes have important functions in the regulation of

secondary metabolic gene clusters. Chemical genetic

techniques are now being exploited along with genetic and

genomics-based approaches to identify new cryptic path-

ways and metabolites in diverse filamentous fungi [55, 58,

60, 61]. Overexpression of transcription factors implicated

in regulation of secondary metabolic pathways offers a

further route to identification of new pathways and their

end-products [55, 62]. Synthesis of secondary metabolites
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by filamentous fungi is also under environmental and

developmental control. The signaling cascades associated

with these tiers of regulation are integrated into the hier-

archical regulation of expression of the gene clusters [32,

33, 63] (Fig. 3). LaeA has also recently been shown to

control penicillin biosynthesis, pigmentation, and sporula-

tion in Penicillium chrysogenum [64].

There is evidence to suggest HGT of the penicillin gene

cluster from bacteria to fungi [65–67]. HGT of clusters

between fungi may in part explain the discontinuous dis-

tribution of gene clusters for synthesis of secondary

metabolites within the Ascomycetes [68, 69]. The selfish

cluster hypothesis has been put forward to explain clus-

tering of functionally related genes in fungi [66]. However,

fungal genomes are very plastic, and it is likely that the

formation and maintenance of metabolic gene clusters in

fungal genomes is driven by selection for optimized pro-

duction of metabolites that fulfil an adaptive function.

Many fungal metabolic gene clusters are located close to

telomeres, a chromosomal location that would be expected

to facilitate recombination, DNA inversions, partial dele-

tions, translocations, and other genomic rearrangements

[70–73]. Intragenic reorganization followed by vertical

descent is therefore a more satisfactory explanation.

Clustering may facilitate co-regulation of gene expression,

although it is clearly not a prerequisite for this since

expression of unlinked genes for other metabolic pathways

can be readily co-regulated. As the number of complete

genome sequences of filamentous fungi increases, it should

become possible to elucidate and perhaps model the

mechanisms that drive cluster formation and maintenance,

following approaches similar to those used to study the life

and death of bacterial operons. While this section has

focused on gene clusters for the synthesis of secondary

metabolites in filamentous fungi, it is noteworthy that

clusters of diverse virulence genes with no obvious func-

tion in metabolism have recently been identified in the corn

smut fungus Ustilago maydis following completion of the

full genome sequence of this organism [74].

Metabolic gene clusters in yeast

Baker’s yeast Saccharomyces cerevisiae, unlike filamen-

tous fungi, does not produce arrays of diverse secondary

metabolites. Clusters of genes of related function are

relatively unusual in S. cerevisiae by comparison with

filamentous fungi, presumably for this reason. However,

the S. cerevisiae genome does contain several functional

gene clusters that are required for growth under certain

conditions. These include gene clusters for utilization of

specific carbon sources [e.g., the galactose (GAL) gene

cluster], the DAL gene cluster for use of allantoin as a

nitrogen source, and gene clusters for biotin synthesis,

vitamin B1/B6 metabolism, and for arsenic resistance

[75–77]. Studies of the distribution, origin, and fate of

these gene clusters have provided important insights into

the mechanisms underpinning adaptation of yeasts to new

ecological niches.

The DAL gene cluster of S. cerevisiae consists of six

contiguous genes located close to a telomere [76, 78].

These genes enable yeast to use allantoin (a purine deg-

radation product) as a nitrogen source (Fig. 4). The DAL

gene cluster is completely conserved in the four closest

relatives of S. cerevisiae. In less closely related species, the

six genes are also clustered, but there are differences in the

internal arrangement of gene order and the cluster is

located in a different part of the genome (although proba-

bly still subtelomeric). The DAL cluster is not present in

the genomes of more distantly related hemiascomycetes.

However, homologues of the six DAL genes are found

scattered around the genomes of these species. The species

that possess a DAL cluster form a monophyletic group.

LaeA
Master regulator of 

secondary metabolism

AflR
Transcription factor HdaA

Histone deacetylase

Dark VelA, 
VelB

Light

Other genes

Aflatoxin gene cluster

, 

Fig. 3 Different levels of regulation of the aflatoxin gene cluster in

the fungus, Aspergillus nidulans. The genes for aflatoxin biosynthesis

are clustered in a 70-kb region and encode at least 23 co-regulated

transcripts (not all cluster genes are shown in this diagram). The

positive regulatory gene aflR lies within the gene cluster and is

required for the transcriptional activation of most, if not all, pathway

genes. aflR also regulates three genes outside the aflatoxin gene

cluster. LaeA is a master regulator of secondary metabolism in the

Aspergilli and is required for AlfR-mediated expression of the

aflatoxin biosynthetic cluster. LaeA also controls transcription of gene

clusters for other secondary metabolites and is believed to act via

chromatin remodeling. Histone deacetylase (HdaA) performs an

opposing role to LaeA and functions to repress gene expression in this

region. Synthesis of secondary metabolites in the Aspergilli is linked

to environmental stimuli and development. In the light asexual

development (sporulation) is induced and genes involved in aflatoxin

are not expressed. Darkness induces sexual development with

associated induction of metabolite production, mediated by the

proteins VelB and VeA. Adapted from [33]
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Comparative analysis of the DAL genes and clusters in the

genomes of different yeast species in combination with

phylogenetic information has provided compelling evi-

dence to suggest that the DAL cluster was assembled quite

recently in evolutionary terms, after the split of the sensu

stricto group of yeasts from other yeasts and hemiasco-

mycetes [76]. Six of the eight genes involved in allantoin

degradation, which were previously scattered around the

genome, became relocated to a single subtelomeric site in

an ancestor of S. cerevisiae and S. castelli. Four of these

genes (DAL1, DAL2, DAL3, and DCG1) are single-copy

genes in S. cerevisiae and seem to have transposed to their

new locations in the cluster. This could have occurred by

gene duplication followed by loss of the gene at the ori-

ginal locus. The other two genes, DAL4 and DAL7, were

generated by duplication of progenitor genes that remain at

their original sites in the S. cerevisiae genome (Fig. 5).

These genomic rearrangements coincided with a bio-

chemical reorganization of the purine degradation pathway,

which switched to importing allantoin instead of urate. This

change circumvented the need for urate oxidase, one of

several oxygen-consuming enzymes lost by yeasts that can

grow vigorously in anaerobic conditions (Fig. 4). It has

therefore been proposed that selection for reduced depen-

dence on oxygen led to a switch from urate to allantoin

utilization in an ancestor of the sensu stricto group of

yeasts [76]. Natural sources of allantoin for yeasts are

plants [79] and insect excretion [80].

The selection for formation of new metabolic gene

clusters such as the DAL gene cluster is likely to be intense,

driven by the need to adapt to growth under different

environmental conditions. Gene clusters that have been

formed by epistatic selection are expected to be recombi-

nation cold spots and so to be in linkage disequilibrium

DAL4

DCG1

DAL1

DAL2

DAL3

DAL7

(S)-Allantoin

(S)-Allantoin

(R)-Allantoin

(R)-Allantoin

UAP

Urate

Urate
UOX

XDH

Xanthine

O2

O2

AllantoateDAL5

Ureidoglycolate

Glyoxylate

Malate

Urea

NH3 and CO2

DUR1,2

Allantoate

Acetyl-CoA

DAL4 UAP

Urate

O2

O2

AllantoateDAL5

Glyoxylate

Malate

Urea

NH3 and CO2

Allantoate

Acetyl-CoA

Fig. 4 The allantoin degradation pathway—an adaptation to growth

under oxygen-limiting conditions in Saccharomyces cerevisiae. In the

classical purine degradation pathway, xanthine is converted to urate

and then to allantoin, in two successive oxidation steps catalyzed by

the peroxisomal enzymes xanthine dehydrogenase (XDH) and urate

oxidase (UOX). XDH genes are present in filamentous fungi but not in

yeasts. To use purine derivatives as a nitrogen source yeasts must

therefore import urate, allantoin or allantoate from outside the cell.

Yeasts that lack the DAL cluster (e.g., Kluyveromyces lactis,

Saccharomyces kluyveri, and Zygosaccharomyces rouxii) are all able

to grow on urate as a sole nitrogen source, presumably using urate

permease (UAP) to import it, UOX to oxidize it and the DAL pathway

enzymes to break it down to urea. In contrast, S. cerevisiae and

Saccharomyces castelli have lost the ability to use urate, have no

UOX or UAP genes, and instead import allantoin. The allantoin

permease gene DAL4 is a duplicate of the uracil permease gene

FUR4. The Dal4 and Fur4 proteins are members of a purine-related

transporter family. The subsequent degradation steps involve the

same DAL pathway genes in all yeasts, but in S. cerevisiae and

S. castelli the genes have been organized into a cluster and the malate

synthase gene MLS1 has been duplicated to produce DAL7. MLS1 and

DAL7 both encode malate synthase but they are regulated differently.

The glyoxylate cycle gene MLS1 is glucose repressed, whereas DAL7
is nitrogen-repressed. The reaction catalyzed by UOX requires

molecular oxygen as a substrate and takes place in the peroxisome.

Biochemical reorganization of the purine degradation pathway to

enable import of allantoin instead of urate eliminates the oxygen-

requiring step mediated by UOX and coincided with the formation of

the DAL gene cluster. This biochemical reorganization may have been

driven by selection for ability to grow under conditions of oxygen

limitation. Reproduced from [76]
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[81], and this is indeed the case for the DAL gene cluster

[76]. Epistatic selection for linkage may in addition be

driven by the need to select for combinations of alleles that

interact well in order to avoid the accumulation of toxic

pathway intermediates within cells. For example, glyoxy-

late, which is an intermediate in the DAL pathway (Fig. 4),

is toxic to yeast [78]. Glyoxylate is produced by the Dal3

reaction and removed by the Dal7 reaction. There may

therefore be selection for alleles of DAL3 and DAL7 that

interact well and facilitate metabolic channeling. The

finding that Dal3 enzyme activity is reduced in a dal7

mutant is consistent with this channeling hypothesis [76,

82].

The DAL gene cluster is subtelomeric and lies in an

Htz1-activated domain (HZAD) of the S. cerevisiae gen-

ome. HZADs are regions of the genome that are decorated

with the histone H2A variant H2A.Z (Htz1) rather than

with the normal histone H2A [83]. Htz1 preferentially

associates with narrow regions within the promoters of

genes that are normally maintained in repressed form but

are strongly induced under specific growth conditions or

during particular gene expression programmes. A model

has been proposed in which Hzt1 associates to specific

nucleosomes in the promoters of inactive genes in order to

poise, and perhaps organize, chromatin structure in a

manner that is permissive to transcription initiation [84].

The genes in the DAL cluster are negatively regulated by

the Hst-Sum1 system, which represses expression of mid-

sporulation genes during mitotic growth (Fig. 6). Assum-

ing that there is a selective advantage to repressing DAL

gene expression when nitrogen is not limiting, there would

have been an incremental selective advantage to relocating

each gene into the chromatin modification (HZAD)

domain. Thus, one way in which alleles could interact well

is by being amenable to the same type of chromatin

modification [76].

Under new selection regimes, adaptations may evolve

while established functions may become less important.

The GAL genes, which are required for galactose utiliza-

tion, are clustered in the genomes of every yeast species in

which they are present [75]. This pathway converts gal-

actose into glucose-6-phosphate, a substrate for glycolysis.

Galactose utilization is widespread amongst yeasts and is

likely to be ancestral. However, several yeast species have

lost the ability to use this carbon source. Comparisons of

the genomes of galactose-utilizing and non-utilizing yeast

species have revealed that three out of the four non-

utilizing species examined lack any trace of the pathway
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KwDCG1
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KwFUR4
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Duplication, relocation
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Relocation
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ScDAL7

ScDCG1

ScDAL2

ScDAL4

ScDAL1

S. cerevisiae XI

K. waltii

K. waltii DAL gene orthologues:

Fig. 5 The birth of the DAL gene cluster. The DAL gene cluster on

S. cerevisiae chromosome IX (red) lies within a sister region between

chromosomes IX and XI (genes shown in pale yellow). The

corresponding region in K. waltii, a yeast species that does not

contain the DAL gene cluster, contains a merge from these two

chromosomes (genes shown at the bottom in pale blue). The K. waltii

orthologues of the six DAL genes are scattered around the genome

(upper left). DAL1, DAL2, DAL3, and DCG1 apparently transposed to

the cluster site, while DAL4 and DAL7 were formed by duplication of

FUR4 and MLS1. The region of the K. waltii corresponding to the site

into which the DAL cluster has inserted is indicated with a red circle.

Adapted from [76]

Operons 3761



except for a single gene. However, S. kudriavzevii, a close

relative of S. cerevisiae, retains remnants of all seven

dedicated GAL genes as syntenic pseudogenes, providing a

rare glimpse of an entire pathway in the process of deg-

radation [75]. Thus, whilst a newly formed functional gene

cluster confers a selective advantage in a new ecological

niche, rapid and irreversible gene inactivation and pathway

degeneration can occur under non-selective conditions. It

has been suggested for S. kudriavzevii that this change may

be associated with adaptation to growth on decaying leaves

and soil rather than on sugar-rich substrates [75]. The loss

of genes and pathways through reductive evolution has

been inferred for many organisms that have adapted to

pathogenic or endosymbiotic lifestyles [85–92]. Adaptation

to a new niche has been shown to result in a ‘‘cost’’ in

terms of lost ancestral capabilities. These capabilities may

be lost either because they are no longer under selection

(neutral) or because of a deleterious effect on fitness in a

new niche [75, 93–95].

Operon-like gene clusters in plants

Genes for metabolic pathways in plants are generally not

clustered, at least for the majority of the pathways that have

been characterized in detail to date. However, several

examples of functional gene clusters for plant metabolic

pathways have recently emerged. These are the cyclic

hydroxamic acid (DIBOA) pathway in maize [96–98], tri-

terpene biosynthetic gene clusters in oat [99, 100] and

Arabidopsis [101] (the avenacin and thalianol gene clus-

ters, respectively), and the diterpenoid momilactone cluster

in rice [102, 103]. These gene clusters all appear to have

been assembled from plant genes by gene duplication,

acquisition of new function, and genome reorganization

and are not likely to be a consequence of horizontal gene

transfer from microbes. The existence of these clusters, of

which at least three are implicated in plant defense [98, 99,

102–104], implies that plant genomes are able to assemble

functional gene clusters that confer an adaptive advantage.

The selection for rapid and recent formation of such met-

abolic gene clusters is likely to be intense, driven by the

need to adapt to growth under different environmental

conditions, and implies remarkable genome plasticity.

Benzoxazinoids

The benzoxazinoids are defense-related compounds that

occur constitutively as glucosides in certain members of the

Gramineae and in some dicots. 2,4-Dihydroxy-1,4-benz-

oxazin-3-one (DIBOA) is the primary hydroxamic acid in

rye while its methoxy derivative 2,4-dihydroxy-7-methoxy-

1,4-benzoxazin-3-one (DIMBOA) is predominant in maize

and wheat [105–108]. In the Poaceae, the production of

benzoxazinoids is developmentally regulated with highest

levels being found in the roots and shoots of young seed-

lings. The glucosides are hydrolyzed in response to

infection or physical damage to produce DIBOA and

DIMBOA, which are antimicrobial and also have pesticidal

and allelopathic activity. Induction of benzoxazinoid

DAL3DAL7DCG1DAL2DAL4DAL1

Sum1
Transcriptional 

repressor

Nitrogen starvation; 
meiosis

HZAD domain

Swr1 chromatin 
remodelling complex:
Histone H2A/H2A.Z

Hst1
(a Sir2 paralog)

Deacetylates histones
H3 and H4

Fig. 6 Activation of expression of the DAL genes. The DAL gene

cluster lies within an HZAD domain, in which histone H2A is

replaced by the histone variant H2A.Z (Htz1) [83]. H2A.Z protects

euchromatin from the ectopic spread of silent heterochromatin (the

region of Sir2-effected silencing closer to the telomere), and is

present in (and enables expression of) the DAL1, DAL2, DCG1 and

DAL3 genes but not DAL4 or DAL7. Interestingly, while DAL1,

DAL2, DCG1 and DAL3 are all single copy genes, DAL4 and DAL7
were generated by duplication of progenitor genes that remain at their

original sites in the S. cerevisiae genome. The exchange of histone

H2A for H2A.Z is mediated by the Swr1 chromatin remodeling

complex [182]. The region between the DAL1 and DAL4 genes binds

the transcription repressor Sum1, which in turn recruits Hst1 (a

paralog of Sir2), which deacetylates histones H3 and H4
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accumulation has also been reported in response to cis-

jasmone treatment [109].

The complete molecular pathway for benzoxazinoid

biosynthesis has been elucidated in maize (reviewed in

[98]). The first committed step towards DIBOA and

DIMBOA biosynthesis is the conversion of indole-3-

glycerol phosphate to indole, which is catalyzed by the

tryptophan synthase a (TSA) homologue BX1. Bx1 is

likely to have been recruited from primary metabolism

either directly or indirectly by duplication of the maize

gene encoding TSA. BX1 and TSA are both chloroplast-

localized indole-3-glycerolphosphate lyases (IGLs). BX1

functions as a monomer and produces free indole, while

TSA forms a complex with the b-subunit of tryptophan

synthase TSB to convert indole-3-glycerol phosphate to

tryptophan [97, 110]. The subsequent conversion of

indole into DIBOA is catalyzed by four related but

highly substrate-specific cytochrome P450s (BX2-5) [96].

The glucosyltransferases BX8 and 9 catalyse glucosyla-

tion of benzoxazinoids. The glucosides of DIBOA and

DIMBOA have reduced chemical reactivity when com-

pared to the aglycones, suggesting that glucosylation may

reduce phytotoxicity and so be important for storage

[111]. Glucosylation takes place prior to hydroxylation

by the 2-oxoglutarate dioxygenase (2-ODD) BX6 [112]

and O-methylation by O-methyltransferase (OMT) BX7

[113]. All the Bx genes with the exception of Bx9 are

linked within 6 cM of Bx1 on maize chromosome 4 [97,

111].

The distribution of benzoxazinoids across the Grami-

neae is sporadic. Maize, wheat, rye, and certain wild barley

species are capable of the synthesis of these compounds

while oats, rice, and cultivated barley varieties are not

[106, 108]. The pathway to DIBOA is conserved in maize,

wheat, and wild barley [97, 114–117]. The Bx gene cluster

is believed to be of ancient origin. Wheat and rye have

undergone a shared genomic event that has led to the

splitting of the Bx gene cluster into two parts that are

located on different chromosomes. This can be explained

by a reciprocal translocation in the ancestor of wheat and

rye [114]. Bx-deficient variants of a diploid accession

of wild wheat Triticum boeoticum have recently been

identified. Molecular characterization suggests that Bx

deficiency in these accessions arose by disintegration of the

Bx1 coding sequence, followed by degeneration and loss of

all five Bx biosynthetic genes examined [116]. Barley

species that do not produce benzoxazinoids have also lost

all Bx genes [114, 117]. The precise physical distances

between all of the genes within the Bx cluster are not

known. However, in maize, Bx1 and Bx2 genes are 2.5 kb

apart [97] while Bx8 is 44 kb from Bx1 [118]. In hexaploid

wheat, the Bx3 and Bx4 genes are 7–11 kb apart within the

three genomes [119]. Although several of the Bx genes are

in close physical proximity this gene cluster appears to be

less tightly linked than the other examples that have been

considered so far in this review. Interestingly, barley lines

that produce benzoxazinoids do not synthesize gramine, a

defense compound that is also derived from the tryptophan

pathway. Conversely, gramine-accumulating barley species

are deficient in benzoxazinoids. This has led to the sug-

gestion that the biosynthetic pathways for these two

different classes of defense compound are mutually

exclusive, possibly due to competition for common sub-

strates [117].

Outside the Poaceae, benzoxazinoids (in particular

DIBOA and its glucoside) are found in certain isolated

eudicot species belonging to the orders Ranunculales (e.g.,

larkspur, Consolida orientalis; yellow archangel, Lamium

galeobdolon) and Lamiales (e.g., zebra plant, Acanthus

squarrosa) [120]. Comparison of the BX1 enzymes of

grasses and benzoxazinone-producing eudicots indicates

that these enzymes do not share a common monophyletic

origin. Furthermore, the CYP71C family of CYP450s to

which BX2-5 belong is not represented in the model

eudicot, thale cress Arabidopsis thaliana, and all members

of this family described to date originate from the Poaceae.

It therefore seems likely that the ability to synthesize

benzoxazinones has evolved independently in grasses and

eudicots.

Terpenes

Investigation of triterpene biosynthesis in plants has led to

the discovery of two other examples of operon-like meta-

bolic gene clusters, namely the avenacin gene cluster in oat

(Avena species) and the thalianol gene cluster in A. thali-

ana [99, 101, 104].

Avenacins are antimicrobial triterpene glycosides that

confer broad spectrum disease resistance to soil-borne

pathogens [104, 121]. Analysis of the genes and enzymes

for avenacin synthesis has revealed that the pathway has

evolved recently, since the divergence of oats from other

cereals and grasses [99, 100, 122, 123, 186]. Transferal of

genes for the synthesis of antimicrobial triterpenes into

cereals such as wheat holds potential for crop improvement

but first requires the necessary genes and enzymes to be

characterized. Synthesis of avenacins is developmentally

regulated and occurs in the epidermal cells of the root

meristem. The major avenacin, A-1, has strong fluores-

cence under ultra-violet light and can be readily visualized

in these cells. This fluorescence, which is an extremely

unusual property amongst triterpenes, has enabled isolation

of over 90 avenacin-deficient mutants using a simple

screen for reduced root fluorescence [100, 104]. This

mutant collection has facilitated gene cloning and pathway

elucidation.
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Sad1 encodes an oxidosqualene cyclase enzyme that

catalyses the first committed step in the avenacin pathway

[99, 122], while Sad2 encodes a second early pathway

enzyme—a novel cytochrome P450 enzyme belonging to

the newly described monocot-specific CYP51H subfamily

[100]. Sad1 and Sad2 are likely to have been recruited from

the sterol pathway (from cycloartenol synthase and obtu-

sifoliol 14a-demethylase, respectively) by gene duplication

and acquisition of new functions [99, 100, 122]. Sterols and

avenacins are both synthesized from the mevalonate path-

way [124]. While the genes for sterol synthesis are

generally regarded as being constitutively expressed

throughout the plant, the expression of Sad1, Sad2, and

other cloned genes for avenacin biosynthesis is tightly

regulated and is restricted to the epidermal cells of the root

meristem [99, 100, 122]. Recruitment of Sad1 and Sad2

from the sterol pathway by gene duplication has therefore

involved a change in expression pattern as well as

neofunctionalisation.

The Sad1 and Sad2 genes are adjacent, and lie *70 kb

apart in the A. strigosa genome [100]. A third gene has

recently been cloned and shown to encode a serine car-

boxypeptidase-like acyltransferase that is required for

avenacin acylation. This gene (Sad7) [104, 186] is *60 kb

from Sad1 on the opposite side to Sad2. Four other loci that

are required for avenacin synthesis also co-segregate with

these cloned genes, indicating that most of the genes for the

pathway are likely to be clustered [99]. Since avenacins

confer broad spectrum disease resistance, the gene cluster is

likely to have arisen through strong epistatic selection for

maintenance and co-inheritance of this gene collective. In

addition, interference with the integrity of the gene cluster

can in some cases lead to the accumulation of toxic inter-

mediates, with detrimental consequences for plant growth,

so providing further selection for cluster maintenance [123].

Gene clustering may also facilitate co-ordinate regulation of

gene expression at the level of chromatin [2].

The thalianol gene cluster in A. thaliana consists of four

contiguous co-expressed genes encoding an oxidosqualene

cyclase (THAS), two different types of cytochrome P450

(THAH and THAD), and a BAHD acyltransferase [101]

(Fig. 7). THAS, THAH, and THAD catalyze the synthesis

and subsequent modification of thalianol. The BAHD

acyltransferase gene is predicted to be part of the cluster

based on its location and expression pattern, but an acyl-

ated downstream product has not as yet been identified. In

the related crucifer, A. lyrata, the structure of the BAHD

acyltransferase gene is different, and the two BAHD genes

are more divergent than the other pairs of genes within

these regions (Fig. 7). This may be indicative of paralogy

rather than orthology [125]. Alternatively it may indicate

that the BAHD acyltransferase genes are not under strong

selection and so are divergent. It is noteworthy that there is

also a large insertion of [100 kb (consisting mainly of

transposons) in the cluster in A. lyrata that is not present in

A. thaliana. A. thaliana thalianol pathway mutants do not

show any obvious effects on plant defense and the function

of the pathway is as yet unknown. However, the THAS,

THAH, and THAD sequences are highly conserved across

different A. thaliana accessions, implying that the gene

cluster confers an important and as yet unidentified selec-

tive advantage in this species [101].

The genes within the A. thaliana thalianol gene cluster

are expressed predominantly in the root epidermis, as is the

case for the oat avenacin gene cluster [99–101]. The

THAS, THAH, THAD, and BAHD acyltransferase genes

all have marked histone H3 lysine 27 trimethylation,

whereas the immediate flanking genes do not, suggesting

co-ordinate regulation of expression of the gene cluster at

the level of chromatin [101]. As is the case for the avenacin

At5g47980
BAHD acyltransferase

At5g47990
CYP705A5 (THAD)

At5g48000
CYP708A2 (THAH)

At5g48010
OSC (THAS)

Arabidopsis
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lyrata

100 kb

dS= 0.9778
dN= 0.2810
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dN= 0.0316

Fig. 7 The thalianol gene cluster in Arabidopsis. The A. thaliana
gene cluster consists of four contiguous co-expressed genes encoding

an oxidosqualene cyclase (THAS), two different types of cytochrome

P450 (THAH and THAD) and a BAHD acyltransferase [101]. The

organization of the equivalent region from the related crucifer,

A. lyrata, is shown. The structure of the BAHD acyltransferase gene

in A. lyrata is different (indicated by a split gene) and there is a

100-kb insertion in this region. dS number of synonymous substitu-

tions per synonymous site; dN number of nonsynonymous

substitutions per nonsynonymous site. Adapted from Ref. [125]
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pathway, tight regulation of the pathway appears to be

critical since accumulation of thalianol pathway interme-

diates can impact on plant growth and development.

There are superficial similarities between the avenacin

and thalianol gene clusters in that they are both required for

triterpene synthesis and contain genes for oxidosqualene

cyclases, CYP450s, and acyltransferases. However, phy-

logenetic analysis indicates that the genes within these

clusters are monocot and eudicot specific, respectively, and

that the assembly of these clusters has occurred recently

and independently in the two plant lineages [101]. This

suggests that selection pressure may act during the for-

mation of certain plant metabolic pathways to drive gene

clustering, and that triterpene pathways are predisposed to

such clustering.

A third example of a gene cluster for synthesis of

terpenes in plants has been reported from rice, in this case

for synthesis of diterpene defense compounds known as

momilactones [102, 103]. Momilactones were originally

identified as dormancy factors from rice seed husks and are

also constitutively secreted from the roots of rice seedlings.

In rice cell suspension cultures and in leaves, expression of

the rice momilactone genes can be co-ordinately induced in

response to challenge with pathogens, elicitor treatment, or

exposure to UV irradiation [102, 103]. Synthesis of

momilactones is initiated by terpene synthases that are

distinct from the oxidosqualene cyclases that catalyze the

first committed step in triterpene synthesis. The 168-kb

momilactone gene cluster lies on rice chromosome 4 and

consists of two diterpene synthase genes, a dehydrogenase

gene and two functionally uncharacterized P450 genes, all

of which are involved in/implicated in momilactone

synthesis [103]. These genes are all co-ordinately induced

in response to treatment with a chitin oligosaccharide

elicitor. Analysis of the promoters of the genes within this

cluster has revealed the presence of potential recognition

sites for WRKY and basic leucine zipper (bZIP) tran-

scription factors, proteins that are associated with

activation of defense responses. Gene clustering has been

suggested to facilitate efficient coordinated expression of

the momilactone gene cluster in response to elicitation

[103].

Functions of gene clusters in animal defense

and development

Global gene expression analysis has revealed extensive

clustering of non-homologous genes that are co-ordinately

expressed in eukaryotes, including in animals (for reviews,

see [2, 126, 127]). These groups of genes may be expressed

during development, or in certain tissues and diseased

states, and have been reported in studies of Drosophila,

nematode, mouse, and humans. Such co-expression

domains may therefore be an important source for the

discovery of new functional gene clusters in animals and

other eukaryotes. However, more research is needed before

we can fully understand the functional significance of

co-expression domains [127]. Of the known functional

gene clusters in animals, the best characterized is the major

histocompatability complex (MHC), which encodes pro-

teins involved in innate and adaptive immunity. Other

classes of mammalian gene clusters include the Hox and

b-globin loci, which are required for development and for
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Fig. 8 The human major histocompatibility complex (MHC). A

representation of the distribution of genes from large or immunolog-

ically important gene families across the *7.5 Mb extended MHC on

the short arm of human chromosome 6. Each coloured block

represents multiple genes and the number of blocks indicates their

approximate abundance. Single genes, which are interspersed

throughout, are not shown. Also not shown are the 157 tRNA loci

that lie in the extended Class I region. The drawing is not to scale
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the synthesis of haemoglobin, respectively. The latter two

examples consist of genes that share sequence similarity

and so are distinct from classical operons and from the

functional gene clusters discussed above. However,

investigation of these loci has revealed important insights

into the mechanisms of regulation of arrayed gene clusters

in eukaryotes and so these gene clusters will also be

considered here.

The major histocompatability complex (MHC)

The extended human major histocompatability complex

(MHC) spans *7.5 Mb of chromosome 6, contains over

282 protein coding-genes and is the most important

immunological region of the human genome [128]

(Fig. 8). The MHC was discovered in mouse in 1936 and

was investigated for its genetic role in tissue graft and

organ transplant compatibility (histocompatibility). It later

transpired that the primary function of the classical MHC

gene-products was to provide protection against pathogens

in innate and adaptive immunity. The MHC has been

subdivided into a number of regions: the Class I region

which contains the classical HLA Class I family genes

that are involved in antigen presentation to CD8 T lym-

phocytes; the Class III region, which contains diverse

immune and non-immune related genes and is the most

gene dense region of the human genome; and the Class II

region, which is dominated by the HLA Class II family

genes that are involved in antigen presentation to CD4 T

lymphocytes. The boundaries of the MHC have been

pushed out since its discovery to delineate an extended

MHC region [128]. Together, immune-related genes make

up about 30% of the expressed transcripts in the extended

MHC and their gene products function in antigen pro-

cessing and presentation, inflammation, leukocyte

maturation, complement signaling, immune regulation,

and responses to stress [128]. However, three of the

largest gene families in the extended MHC are not

obviously immune-related. These are the tRNA, histone,

and olfactory receptor gene families. Histones and tRNAs

are required for DNA replication and protein synthesis,

and enormous quantities of transcript must be produced to

meet the needs of a single cell. Therefore, in the majority

of eukaryotes, histone and tRNA genes tend to be found

in tandem duplicated arrays that are also regions of high

transcription [129]. In the human genome, the largest

tRNA and histone gene arrays reside within the extended

MHC (comprising 157 and 66 loci, respectively). For this

reason, it has been suggested that the immune-related

genes of the MHC may be hitchhiking with the histone

and tRNA gene arrays, and in doing so benefiting from

the inherent high transcriptional activity of the region

[128].

The majority of genes from the MHC class I and III

regions are constitutively expressed in all somatic cell

types, although expression levels can vary over two orders

of magnitude depending on the cell-type or extracellular

stimuli [130]. By contrast, genes in the MHC class II

region are expressed only in antigen-presenting cells or in

other cell-types after induction by cytokines such as

interferon-gamma. The Class II gene transactivator (CI-

ITA) acts as a master regulator for the expression of genes

in the MHC Class II region. Mutations in CIITA are one of

the causes of bare lymphocyte syndrome in humans, a

hereditary immunodeficiency disease characterized by a

complete lack of MHC class II gene expression. CIITA acts

by stabilizing a multi-subunit complex on the promoters of

target genes to activate their transcription [131]. Formation

of the CIITA-complex results in a large wave of histone

acetylation and intergenic transcription that spreads out

bi-directionally from the target promoter [132]. CIITA-

mediated transcription is highly specific and appears to

target only around 25 genes in the human genome,

including the HLA Class II family genes within the MHC

Class II region, two unrelated genes in the MHC Class I

region, and other immune-related genes on different

chromosomes [133]. Despite the presence of such specific

transcription factors, the physical clustering of genes in the

MHC does appear to be important for their regulation.

The chromatin fibre of the extended MHC forms extra-

chromosomal loops that are periodically anchored to the

nuclear matrix at matrix attachment regions (MARs) by

MAR binding proteins to form a chromatin ‘‘loopscape’’

[134, 135]. Treatment with interferon-gamma results in

remodeling of the loopscape and differential regulation of

genes within the affected regions [136]. Remodeling also

leads to alterations in the composition of MAR binding

proteins associated with the chromatin fibre and the sub-

sequent recruitment of promyelocytic leukemia nuclear

bodies, which may act as transcriptional factories for

specific chromosomal loci [135, 137].

The origin of the major histocompatibility complex in

metazoans is likely to predate the emergence of the jawed

fish *500 million years ago [138]. The MHC region varies

greatly in structure and size between species. This diversity

is likely to have been driven by adaptive changes in

response to selection pressure from pathogens and parasites

[138]. The linkage between MHC Class I and Class II

genes has been preserved from the cartilaginous fish to

humans, except in the bony fish where linkage has disin-

tegrated [138]. The MHC is also highly variable within

species; in humans, as many as 300 alleles can be found at

a single locus. Some alleles are so divergent that their

common ancestor is likely to predate the formation of the

species. The MHC is also a site of strong linkage dis-

equilibrium, and large conserved blocks of specific alleles,
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or haplotypes, of up to 3.2 Mb can be detected [139].

Therefore, particular patterns of MHC alleles may be fine-

tuned to work together, and this may be one of the

mechanisms by which clustering of the MHC is maintained

[126].

A number of regions in the human genome are paralo-

gous to the MHC, and these are thought to have arisen by

the duplication and fragmentation of a single proto-MHC

after two rounds of whole genome duplication [140]. One of

these paralogous regions is the natural killer complex

(NKC) [140]—a functional gene cluster that spans[1.5 Mb

and contains C-type lectin receptor genes important for

natural killer cell (NK) function in addition to other immune

related genes. Remarkably, the MHC of chicken contains

two C-type lectin receptor genes that are highly homolo-

gous to the receptor genes in the human NKC. The presence

of these NK receptors in the chicken MHC suggests that the

proto-MHC may have contained at least one ancestral

C-type lectin receptor gene that was differentially retained

at different loci after whole genome duplication in the lin-

eages that gave rise to chicken and man. The leukocyte

receptor complex (LRC), which contains a large array of

immunoglobulin family NK receptors, is similarly thought

to be derived from the proto-MHC [140]. Together, these

results suggest that the clustering of immune-related genes

at the MHC, NKC, and LRC was not independent, but

instead was derived from the more ancient clustering of

immune-related genes at the proto-MHC. How the ancestral

genes became clustered remains a matter of debate.

Hox genes

Homeotic mutations in animals result in the transformation

of one body segment into another and have played a crucial

role in shaping our understanding of animal development.

In the late 1970s, it was discovered that many homeotic

mutations in Drosophila mapped to the Bithorax and

Antennapedia complexes [141, 142], complexes that we

now know to consist of tandem duplicated arrays of genes

encoding homeodomain (Hox) transcription factors [143,

144]. The first ancestral Hox cluster is thought to have

appeared before the separation of the Cnidarians and

Bilaterians, some 600 million years ago [145]. Diversifi-

cation of the ancestral cluster facilitated the development

of diverse and complex body plans across the metazoa. For

example, in mammals, there are four Hox clusters that have

arisen through whole genome duplications with up to 14

Hox genes within each cluster.

Expression of Hox genes is regulated in a remarkable

fashion. The order of the genes along the chromosome

corresponds to the region of expression along the length of

the developing animal (spatial collinearity of expression)

(Fig. 9). Clustered Hox genes are also activated in a wave

that starts from the 30 most end of the cluster and moves

progressively to the 50 end (temporal collinearity of

expression). In some species, the Hox cluster has become

disrupted. This is at its most extreme in the tunicate

Oikopleura dioica where the Hox cluster has completely

disintegrated and the remaining Hox genes are dispersed

throughout the genome [146]. Cluster disintegration in

O. dioica is accompanied by the loss of temporal collin-

earity of Hox gene expression. However, the spatial

expression pattern of the Hox genes appears to be largely

maintained. Through comparisons with other species

lacking complete Hox clusters, it appears likely that cluster

disintegration marks a switch to a more rapid life-cycle and

a determinative mode of development where cell fate is

fixed and flexible Hox regulation is no longer required

[146]. Physical linkage of the Hox genes therefore appears

to be important for choreographing Hox expression.

Retinoic acid (RA), a vitamin A-derived morphogen,

can stimulate the sequential induction of Hox genes [147].

RA stimulation is mediated through a conserved retinoic

acid responsive element (RARE) upstream of the 30 most

Hox gene, Hox1. Through the course of embryonic devel-

opment, conserved RAREs upstream of progressively 50

Hox genes propagate a wave of induction across the Hox

cluster. Components of the RA signaling pathway either

predate the Hox cluster or appeared shortly after its

emergence, suggesting that temporal collinearity of

expression may be an ancestral feature of the Hox cluster

[148]. The sequential activation of Hox genes in different

metazoans is accompanied by directional changes in

lab pb Dfd Scr Antp Ubx Abd-A Abd-B

Fig. 9 Confocal image of septuple in situ hybridization exhibiting

the spatial expression of Hox gene transcripts in a developing

Drosophila embryo, with the chromosomal organization of the Hox
gene cluster shown below: lab labial, pb proboscipedia (not shown in

the in situ hybridization), Dfd deformed, Scr sex combs reduced, Antp
antennapedia, Ubx ultrabithorax, Abd-A abdominal-A, Abd-B abdom-

inal-B. The in situ hybridization image has been reproduced with

permission from [183]
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histone modifications, the opening up of the chromatin, and

in some cases looping out of the chromatin fibre [126]. The

orchestration of this complex series of events is still not

fully understood. Transcriptional repression of Hox genes

through histone modifications and chromatin condensation

is equally important for the establishment of appropriate

Hox expression domains. Hox expression can in addition be

controlled post-transcriptionally and perhaps also epige-

netically by non-coding RNAs and micro RNAs

(miRNAs), the genes for which are embedded in the Hox

cluster [149].

The b-globin gene cluster

Cis-regulated clusters of structurally related genes such as

the Hox cluster are a recurring feature of animal genomes.

The b-globin cluster is a particularly well-characterized

example which has provided many insights into cis-reg-

ulation of gene expression in eukaryotes (for other

examples, see [150]). The mouse b-globin cluster contains

four related functional genes, Ey, bH1, bmajor, and

bminor, encoding b-globin polypeptides that combine

with a-globin polypeptides to form the haemoglobin

tetramer. The b-globin genes are differentially expressed

through development; Ec and bH1 are expressed in

embryonic/fetal erythroid cells and bmajor and bminor

are expressed in the adult [151] (Fig. 10). Upstream of the

b-globin genes are a number of DNase hypersensitive

sites (HSs), indicating the presence of regions of low

nucleosome density and enhanced chromatin accessibility

[152]. A cluster of four upstream HSs comprise a type of

enhancer known as a locus control region (LCR). An LCR

is defined as a sequence that is able to confer copy

number-dependent and position-independent expression of

a transgene. The b-globin LCR was the first to be

described [151]. Deletion studies in humans and mice

have shown that the LCR is required for high level

expression levels, but that when used to drive expression

of a transgene it cannot recapitulate the tissue-specific

developmental expression pattern of the b-globin genes.

Expression from the b-globin cluster is accompanied by

dynamic changes in both permissive and repressive his-

tone modifications which are at least in part mediated by

trans-acting factors such as the zinc-finger DNA binding

transcription factor GATA-1 and the SWI/SNF chromatin

remodeling complex [151] (Fig. 10). The intergenic tran-

scription that occurs across the b-globin locus has also

been proposed to play a role in the establishment of the

histone pattern via polymerase II or RNAi dependent

mechanisms [151]. Interestingly a major proportion of this

intergenic transcription is actually initiated at the b-globin

LCR [132].

E bH1LCR b minor

GATA-1

SWI/SNF

(I)

(II)

(III)

(IV)

LCR
subcomplex

GATA-1

SWI/SNF

b major

GATA-1

SWI/SNF

SWI/SNF

SWI/SNF

GATA-1

GATA-1

GATA-1

Promoter subcomplex

b  major

Fig. 10 The mouse b-globin

locus. The four mouse b-like

globin genes are located

downstream of an array of

DNAse I hypersensitive sites

(vertical bars). The first four

DNAse I hypersensitive sites

upstream of Ec form the locus

control region (LCR).

Activation of the bmajor locus

occurs in four steps [151, 184]:

(I) an LCR subcomplex is

assembled over the LCR; (II),

(III) GATA-1 occupies the LCR

and bmajor promoter and

recruits the SWI/SNF chromatin

remodeling complex; and (IV)

SWI/SNF-dependent chromatin

looping and final assembly of

the promoter complex occur

simultaneously, and are

followed by recruitment of Pol

II and activation of bmajor
transcription. Adapted from

[184]
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Classical operons in eukaryotes?

In the early 1990s, structures with remarkable similarities

to classical prokaryotic operons were discovered in the

genome of the nematode Caenorhabditis elegans [153,

154]. We now know that 15% of genes in C. elegans are

organized into such operons. These operons consist of

linked genes that are under the control of a single promoter

and are transcribed as a single polycistronic mRNA [155,

156] (Fig. 11). However, unlike the situation in prokary-

otes, this polycistronic mRNA is then trans-spliced into

monocistronic mRNAs that are translated individually. In

trans-splicing, a donor splice-leader RNA donates a short

leader sequence to a splice acceptor site within the poly-

cistronic mRNA that becomes the 50 end of a mature

monocistronic mRNA. Genes within C. elegans operons

are rarely related by sequence or function, and house-

keeping and constitutively expressed genes are over-

represented [155–157]. This suggests that C. elegans

operons arose in situ without gene duplication or genome

rearrangement and therefore that these operons are of a

fundamentally different nature to the majority of prokary-

otic operons and also to functional gene clusters in

eukaryotes. The adoption of trans-splicing is likely to be

the key event that led to the flourishing of operons in

nematodes. The benefits offered by trans-splicing are not

well understood, but once established, this mRNA pro-

cessing mechanism appears to favor operon formation and

maintenance [158–160]. Operon breakup may be disfa-

vored because downstream genes within an operon usually

lack promoters and so are unlikely to be expressed fol-

lowing segmental duplication or disruption of the operon.

Beyond the nematodes, trans-spliced operons have been

detected in the genomes of several other animals including

the tunicates Oikopleura dioica and Ciona intestinalis

[161–163] and the chaetognath arrow worm, Spadella

cephaloptera [164]. It has been predicted that operons may

be present in all species able to carry out trans-splicing

[165]. The origins of trans-splicing are unclear, and the

scattered distribution of this mechanism across the animal

kingdom could be due to convergent evolution or to

extensive loss of an ancient feature [166]. A number of

operon-like structures have also been identified in Dro-

sophila, which lacks the trans-splicing machinery. Some

Drosophila operons produce dicistronic mRNAs that are

translated directly [167–169] while others, such as the

lounge lizard (llz)/CheB42a locus produce a bicistronic

pre-mRNA that is processed to produce two monocistronic

mRNAs [170]. Subsequent bioinformatic analysis identi-

fied 409 Drosophila gene pairs that may also produce

bicistronic mRNA [170]. Unlike C. elegans, the operons

identified in Drosophila commonly contain genes with

related functions and/or sequence similarity, and mRNA

processing does not involve trans-splicing. Further

research is required to determine whether Drosophila has

particular mechanisms in place that promote operon

SL2 RNA

an

an

anan g

(a) trans -splicing

(d) novel splicing

an

an

(b) alternative splicing

an

(c) polycistronic mRNAa

a

a

a

Gene A Gene B

Fig. 11 Different strategies for the processing of eukaryotic operons.

a The operons of Caenorhabditis elegans produce a polycistronic pre-

mRNA that is processed into two or more mature monocistronic

mRNAs by the trans-splicing machinery. The spliced leader sequence

(black box) is derived from a spliced leader (SL) RNA which carries

the 50 RNA cap (circle) [156]. b Alternative splicing of a polycis-

tronic pre-mRNA can produce two mature mRNAs with a common

first exon (white box) as observed at the conserved cholinergic locus

[185]. c In some cases, such as for the Drosophila stoned locus,

mature polycistronic mRNAs can be translated directly [167]. The

downstream CDS is likely to be translated through ribosome

reinitiation, leaky scanning or internal ribosome entry. d Also in

Drosophila, at least one polycistronic pre-mRNA is spliced via a

novel mechanism that results in a conventional capped monocistronic

mRNA for the upstream gene and an uncapped monocistronic mRNA

for the downstream gene [170]. The uncapped transcript is stable and

appears to be translated
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formation. Operon-like loci have also been identified in

mammals [171–174], plants [175–177], and the filamen-

tous fungi [178]. The small number of examples identified

so far would suggest that such structures are very rare in

the genomes of these intensively studied organisms.

Conclusions and perspectives

Here we have reviewed the literature on gene clusters in

prokaryotes and eukaryotes, with particular emphasis on

functional gene clusters. This theme is very broad and

inevitably we have not been able to cover the entire swathe

of literature in this field. We apologise to those whose work

we have not cited. Nevertheless, we hope that by bringing

together different and disparate facets of this area we have

been able to highlight some of the similarities and differ-

ences between the ways in which gene clusters are

organized and regulated in different organisms. The rea-

sons for gene clustering can be considered at both the

functional level and at the population level. These two

considerations are not mutually exclusive [179]. Consid-

ering the population level first, where the fitness of an

allele at one locus depends on the genotype at another locus

then a selective advantage may arise for genomic rear-

rangements that reduce the distance between the two loci

[180]. Significantly, this ratcheting effect may be enhanced

when the fitness of recombinant haplotypes is low, for

example where the combination of a functional and non-

functional allele at two loci results in the premature dis-

ruption of a biochemical pathway and accumulation of

toxic intermediates [76, 123, 181]. Operons or gene com-

plexes can thus be regarded as units of strong gene

interaction, with tightening of linkage between structural

genes [179]. The selection for new gene clusters is likely to

be intense, driven by the need to adapt to growth under

different environmental conditions. At the functional level,

physical clustering may be advantageous because it allows

groups of genes to be co-ordinately regulated at the levels

of nuclear organization and/or chromatin. Thus, one way in

which alleles could interact well is by being co-localized in

regions of chromosomes that facilitate co-ordinate regula-

tion at this level and by being amenable to the same type

of chromatin modification. In the future, it is likely that

in-depth analysis of the levels at which functional gene

clusters are post-transcriptionally regulated will reveal new

facets of co-ordinate regulation that will shed further light

on the mechanistic benefits of physical clustering.
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