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ABSTRACT
In the last decade, microfluidic methods have proven to be powerful tools for Caenorhabditis
elegans research, offering advanced manipulation of worms and precise control of experimental
conditions. The advantages of microfluidic chips include their capability of immobilization,
automated sorting, and longitudinal measurement, and more. In this review, we focus on
control components that are widely used in the design of microfluidic devices, and discuss their
functions and working principles that enable advanced manipulation on a chip. Understanding
these components will ease the onboarding of researchers inexperienced with microfluidics and
help them bring the power of microfluidics to new applications.
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Introduction

Caenorhabditis elegans is a small soil nematode with
many advantages as a research model organism. It is
easy to cultivate with a reproduction cycle of a few
days, and its short lifespan of a few weeks makes lifelong
studies manageable. The body is transparent, which is
ideal for imaging in vivo. Moreover, its whole genome
sequence, complete cell lineage of development, and
neuronal connectivity map are all available. Because of
many advantages including the abovementioned,
researchers have employed this organism to study
various aspects of biology, such as genetics, neurobiol-
ogy, and aging (Midkiff and San-Miguel 2019).

In the last 20 years, the need for miniaturization of
analytical techniques, precise control of experimental
conditions, and automation for high throughput assays
accelerated the advent of microfluidics in biological
studies (Kamili and Lu 2018). C. elegans research has
also benefitted from the introduction of these tech-
niques, and microfluidic chips have been applied to
address a broad variety of questions in worm biology
(Muthaiyan Shanmugam and Subhra Santra 2016).

Most microfluidic chips used in studying worms are
made of polydimethylsiloxane (PDMS), an air-permeable
material that allows long-term on-chip experiments with
living animals. The PDMS layer for microfluidic devices is
manufactured using a mold fabricated by photolithogra-
phy, and therefore the micro-structures on a chip can be
custom-designed at a spatial resolution of 10 µm
(Midkiff and San-Miguel 2019), namely at the scale of
the worm diameter.

Combined with a software-controlled microscope
and programmable pumps regulating flow and
pressure, microfluidics enables advanced control of
experimental conditions and fine manipulation of
worms. The followings are some of the advantages
offered by adapting microfluidics for C. elegans. (1)
Worms can be immobilized for high-resolution appli-
cations, including imaging at subcellular resolution,
optogenetic manipulation (Stirman et al. 2010;
Hwang et al. 2016), or fully automated femtosecond
laser axotomy (Gokce et al. 2014). (2) Flow-controlled
microfluidic devices can be used for automated
sorting of worms with high throughput. Applications
include sorting of eggs for age-synchronization
(Sofela et al. 2018), sorting progenies for automatic
counting (Li et al. 2015), sorting adults and larvae by
their developmental stages (Casadevall i Solvas et al.
2011; Ai et al. 2014), and sorting mutants based on
motor abnormalities (Rezai et al. 2012) and fluorescent
reporters (Yan et al. 2014). (3) Some microfluidic chips
offer capability of longitudinal imaging of individuals
for studying development (Hulme et al. 2010; Corna-
glia et al. 2015; Keil et al. 2017), aging (Li et al.
2015), and stress response (Banse et al. 2019). (4)
Holding worms in a microfluidic chamber allows
precise and fast control of their environment (Chronis
et al. 2007; Albrecht and Bargmann 2011; Schrödel
et al. 2013; Kopito and Levine 2014; Lee et al. 2016).
(5) Finally, there are a number of interesting exper-
iments available on-chip such as electrotaxis (Rezai
et al. 2012), pharyngeal activity (Lockery et al. 2012;
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Scholz et al. 2016), mechanical stimuli (Cho, Porto,
et al. 2017), and acoustic manipulation (Ahmed et al.
2016) studies.

Applications of microfluidics to study worms have
been reviewed extensively in recent years (Muthaiyan
Shanmugam and Subhra Santra 2016; Kamili and Lu
2018), highlighting biological findings from novel
microfluidic chips (Youssef et al. 2019), as well as the
potential of these new assays (Cho, Zhao, et al. 2017;
Cornaglia et al. 2017; Midkiff and San-Miguel 2019). In
this review we focus instead on control components
that are frequently used in many of these chips to
address some basic requirements. We discuss their func-
tion, design, and implementation, and examine how
they are combined together. Our aim is to facilitate
onboarding of researchers who are interested in adapt-
ing microfluidics in their applications.

Immobilization

Standard experiments in the lab involve cultivating
worms on solid media plates. Experiments that require
high-resolution imaging at subcellular resolution inevi-
tably demand transfer of individual worms to another
imaging platform, such as an agar pad on a microscope
slide. In contrast, experiments in which worms are held
in a microfluidic device enable in situ high-resolution
imaging without having to anesthetize them or manu-
ally transfer them to another platform. This increases
the throughput of the experiments and reduces the
burden of manual labour.

A simple strategy for immobilizing worms is to trap
them in microstructures that surround them (Figure 1
(A)). A tapered channel is a simple but useful design
where worms are pushed by flow into the channel
where they are eventually trapped. This simple com-
ponent has been used in many applications (Hulme
et al. 2007, 2010; Shi et al. 2010; Lee et al. 2014;
Mondal et al. 2016). The same principle of trapping by
flow has also been applied to embryos to generate
‘embryo incubators’ (Figure 1(B)) for long-term
imaging of the embryonic development (Cornaglia
et al. 2015). Efficient immobilization, however, has
adverse effects on worm health and physiology,
leading researchers to consider different types of trap-
ping channels for durable imaging (Kopito and Levine
2014; Li et al. 2015).

Side suction is another widely used strategy for short-
term immobilization of worms in microfluidic devices
(Figure 1(C,D)), where worms are pushed toward the
sidewall of the chamber by a suction flow. In this
scheme, the sidewall exhibits an array of microstructures
that hold the worm while allowing a free flowthrough of

the buffer. Suction is maintained by withdrawing the
buffer through the microstructures to an outlet port con-
nected to a negative pressure (Rohde et al. 2007; Chung
et al. 2008; Hu et al. 2013; Gokce et al. 2014).

Two-layer design enables more advanced control in a
microfluidic device. Here the main layer that holds the
animals is separated from the control chamber by a
thin layer of dimethylsiloxane polymer. The control
chamber can expand into the main layer under high
pressure. This can be used to create ‘pressure valves’
(Figure 2(B)), which in a layout trap the worm into a
small confinement. Such pressure-controlled valves
have been employed extensively in microfluidic
systems, where researchers can program multiple
states of action of their microfluidic chip to execute
more advanced tasks (Figure 2(B)) (Rohde et al. 2007;
Hulme et al. 2010; Stirman et al. 2010; Ide et al. 2012;
Hu et al. 2013; Ai et al. 2014; Hwang et al. 2016; Cho,
Porto, et al. 2017).

A double-layer pressurized chamber can also be used
to directly press on worms and limit their movement
(Figure 2(C)) (Keil et al. 2017). This method, termed com-
pressive immobilization, has also been widely employed
in microfluidic chips (Chung et al. 2008; Chokshi et al.
2009; Ma et al. 2009; Gokce et al. 2014; Zhu et al. 2016;
Keil et al. 2017), and has allowed in situ high-resolution
imaging at subcellular resolution (Figure 2(D)) (Keil
et al. 2017).

Sorting

Sorting of animals based on observable phenotypes has
many applications in worm research, including prepar-
ing age-synchronized populations for subsequent exper-
iments, isolating rare mutants in genetic screens, and
investigating phenotypic diversity. Using microfluidics
for automated sorting eliminates bias, saves time and
labour, and avoids the use of sodium hypochlorite for
synchronization.

Sorting strategies can be divided into active and
passive approaches. Active sorting employs a three-
way junction. As shown in Figure 3(A), when a worm
enters the junction, flow is directed toward one of two
outlets according to the decision made based on
imaging the animal before the junction (Yan et al.
2014). Earlier implementations employed pressure
valves in a multi-step process that included closing the
valves, immobilizing a worm, imaging and making a
decision, and opening one of the valves (Rohde et al.
2007; Chung et al. 2008; Zhu et al. 2016). More recent
designs use additional control flows (Channels B and C
in Figure 3(A)) to perform the sorting (Yan et al. 2014;
Aubry et al. 2015). This eliminates the need for a multi-
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layer design, which simplifies the fabrication of the chip,
and accelerates sorting by avoiding discrete steps.

Passive sorting techniques usually rely on custom
microstructures that lead to a size-dependent difference
in wormmotility (Figure 3(B–D)). Casadevall i Solvas et al.
(2011) demonstrated a ‘smart mazes’ device (Figure 3
(B)), where a series of main channels are adjoined by
interconnecting channels of varying widths. The small
width of the main channel hinders crawling of adults
and directs them toward one exit, while swimming
larvae are flushed through the interconnecting channels
of relevant widths. In an alternative design (Han et al.
2012), worms are passed through channels with
‘micro-bumps’, whose dimensions are adjusted to the
undulation frequency of the worms of the desired size.
Consequently, such worms reach the outlet efficiently,
allowing size-dependent sorting. Similar principles
guide a different design (Ai et al. 2014), where the
spacing between micro-pillars within the channels
affect the worm motility in a size-dependent manner

(Lockery et al. 2008). Depending on the dimensions of
these microstructures, they could also work only as
confinement for worms (Wang et al. 2013).

Finally, a spiral microchannel has been used (Sofela
et al. 2018) for high-throughput sorting of eggs from
larvae and adults for efficient age-synchronization. This
design takes advantage of inertial focusing, a phenom-
enon in which particles in a laminar pipe flow gather
at the annulus of the pipe, facilitating the realization of
a very simple, easy-to-adapt technique for separating
eggs without bleaching (Figure 3(E)).

Longitudinal imaging

Heterogeneity among individuals can obscure measure-
ments of bulk populations. For example, in a stress
response experiment, different individuals could
respond to the stimulus at different times even when
they are age-synchronized. Those individual traits are
lost if only the population average is monitored over

Figure 1. Microstructures for immobilization. (A) Immobilization by a tapered channel. A single worm is pushed by the flow into the
channel and is trapped eventually. (B) An embryo stays in an ‘embryo incubator’ for long-term imaging of embryonic development
(Cornaglia et al. 2015). (C) Immobilization of a single worm using side suction for short-term imaging (Hu et al. 2013). The red arrow
shows a suction flow to the waste port. (D) A single worm trapped by side suction channels for fluorescence imaging of touch neurons
and their processes (Rohde et al. 2007). The images were reproduced from Cornaglia et al. (2015) and Hu et al. (2013) with permission
under the terms of the Creative Commons Attribution Non-Commercial License (http://creativecommons.org/licenses/by-nc/4.0), and
Rohde et al. (2007) (Copyright (2007) National Academy of Sciences).
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time. Longitudinal experiments, in which individual
animals are monitored repeatedly or continuously over
time, can therefore be very valuable in studying animal
physiology.

Longitudinal measurement of worms freely crawling
on solid-media plates is not desirable. Placing single
worms on every petri dish is labour-intensive and
wastes materials, and monitoring individual worms in a
population requires high-frequency imaging and com-
plicated (and often unreliable) image processing.

Many studies have demonstrated longitudinal exper-
iments with microfluidic chips (Figure 4). On a chip, it is
very simple to make a confinement of size comparable
to that of a single adult worm, of the order of a few
mm2 (300-fold smaller than that of a small petri dish).
Imaging in a chip is more suitable for high quality
imaging, since it avoids complications that arise from
imaging on agar, such as autofluorescence and an

uneven surface. A simple design, shown in Figure 4(A)
(Li et al. 2015), is based on chambers with two notable
features: a tapered worm loading channel and micro-
structures for flushing out progenies. The tapered
channel allows entry of a single worm into the
chamber only when it is assisted by a pulse of high
pressure, and does not allow it to exit. The microstruc-
tures at the bottom prevent adults from passing
through them but not small larvae. This chamber is occu-
pied by a single worm that remains confined in the
chamber for the duration of an experiment. Hulme
et al. added a second tapered channel to each
chamber to immobilize the confined-but-moving worm
for high-resolution imaging (Hulme et al. 2010). This
device avoids long-term immobilization, which impacts
the worms, by immobilizing worms only when needed
for image acquisition. A similar concept is used for
other devices that employ compressive immobilization

Figure 2. Pressure-controlled chambers. (A) The working principle of pressure valves in microfluidic chips. The main flow chamber and
the control layer are coloured in blue and red, respectively. Adapted from Rohde et al. (2007) (Copyright (2007) National Academy of
Sciences). (B) Multiple stages of action of a microfluidic chip controlled by pressure valves (Ide et al. 2012). Top: the first two valves are
opened to allow the entry of a worm (green). Middle: Once the worm is trapped, all the valves are closed. An actual image of a trapped
worm in a flow chamber is shown in an inset. Bottom: the valves on the right are opened to release the worm. Reproduced from Ide
et al. (2012) with permission under the terms of the Creative Commons Attribution Non-Commercial License (http://creativecommons.
org/licenses/by-nc/4.0) (C) Compressive immobilization. A single worm in a flow chamber is free to move when the pressure in the
control chamber is low. To immobilize the worm for imaging, it is pushed to the side by the flow and the pressurized control chamber
presses directly on the animal (Keil et al. 2017). (D) High-resolution imaging of an immobilized worm (notch target Ist-5::YFP during
vulval development). The images were adapted from Keil et al. (2017) with permission from Elsevier.
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instead of a tapered channel (Figure 2(C)) (Zhu et al.
2016; Keil et al. 2017).

Swimming worms and crawling worms exhibit signifi-
cantly different gene expression profiles and health-
spans (Laranjeiro et al. 2019). Therefore, it is presumed
that the results obtained from microfluidic devices

where worms crawl rather than swim would be more
comparable to those obtained with worms on solid
media. Lockery et al. introduced such a microfluidic
chip, termed ‘artificial dirt’ (Lockery et al. 2008). As
shown in Figure 4(C), in this chip the flow chamber is
punctuated by micro-columns arrayed in a hexagonal

Figure 3. Sorting. (A) Worms entering from the inlet are examined with fluorescence (integrated fibres). Based on the imaging result,
they are sent to one of the two outlets by the flows from the control inlets: channels B and C (Yan et al. 2014). (B) A ‘smart maze’ device
by Casadevall i Solvas et al. (2011). A series of main channels (blue, oriented at 45° to the long axis) are adjoined with six interconnect-
ing channels (red) of varying widths in between. Insets show that crawling of adults is hindered and larvae are flushed through the
interconnecting channels. (C) A ‘micro-bumps’ channel developed by Han et al. (2012). (D) Immobilization of worms with an array of
micro-pillars (Ai et al. 2014). (E) A spiral microchannel by Sofela et al. (2018). Eggs and larvae are separated while moving through the
spiral microchannel. Sections I and II illustrate the mixed and the sorted state. The images were reproduced from Yan et al. (2014),
Casadevall i Solvas et al. (2011), Han et al. (2012), Ai et al. (2014), and Sofela et al. (2018) with permission from the Royal Society of
Chemistry.
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pattern, allowing worms to crawl as if they are on dirt,
despite the liquid environment on the chip. Artificial
dirt enabled the behavioural analysis of worms in a pre-
cisely controlled environment with superb imaging
quality compared to that on agar plates (Albrecht and
Bargmann 2011); high-throughput imaging of neuronal
activity in response to odors and pharmacological
stimuli (Larsch et al. 2013); study of the effects of Pseudo-
monas infection on survival, gene expression, motility,
and the bacterial colonization of the intestine (Lee
et al. 2016); and more. While these assays were not longi-
tudinal, and examined more than 10 worms in a bigger
arena, Banse et al. demonstrated another chip with an
array of single-worm artificial-dirt arenas and analyzed
their response to dietary, osmotic, and oxidative stress
(Banse et al. 2019)

An alternative approach to provide a friendly environ-
ment for worms in a microfluidic chip is to keep each
individual in a small confinement while allowing head
movements, egg-laying, and small back-and-forth
motion, similar to worms that are ‘dwelling’ on a plate
(Arous et al. 2009). In a microfluidic chip termed
‘WormSpa’ (Figure 4(D)), worms exhibit fast pharyngeal
pumping motion, lay many eggs, and do not actively
move around, just like the worms on agar plates with

abundant food resources (Kopito and Levine 2014; Lee
et al. 2017; Lee and Levine 2018).

The embryo incubator chip (Cornaglia et al. 2015)
mentioned above (Figure 2(B)) is also a longitudinal
imaging technique that enables monitoring the devel-
opment of an individual embryo separately. As an
alternative to microfluidics-based approaches, Gritti
et al. developed a novel method to confine a single
larva in a microchamber with a bacterial lawn on a
solid surface (Gritti et al. 2016). They ensured that each
larva does not leave its own lawn by covering the
chambers with a polyacrylamide hydrogel.

Other useful components

Novel experimental approaches on microfluidic chips
are consistently being developed, and many interesting
features enable advanced manipulation of worms and
precise control of experimental conditions that are not
available otherwise. In Figure 5, several of such useful
features for microfluidic devices are introduced.

Figure 5(A) shows the operating principle of how to
produce a droplet in a microfluidic device (Aubry et al.
2015). A droplet is formed at a four-way junction,
where short pulses of worms in pluronic solution,

Figure 4. Longitudinal Imaging. (A) A worm chamber with a progeny filter (Li et al. 2015). Progenies are flushed out while the adult
worm remains trapped. (B) A worm chamber with a tapered channel for immobilization (Hulme et al. 2010). Worms are pushed into
the tapered channel for imaging. (C) Artificial dirt allows crawling of worms in a liquid environment (Larsch et al. 2013). (D) ‘WormSpa’
developed by Kopito and Levine (2014). Microstructures and flow keep a worm confined in an individual imaging chamber. Eggs laid
are collected due to another microstructure on the left. The images were reproduced from Li et al. (2015), Hulme et al. (2010), and
Kopito and Levine (2014) with permission from the Royal Society of Chemistry and Larsch et al. (2013). (Copyright (2013) National
Academy of Sciences).
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carrier fluid (silicone oil), and spacer fluid (FC-70 oil)
enter sequentially to produce a series of droplets, each
containing a single worm, and spacer droplets in a
stream of carrier fluid. Worms encapsulated in droplets
are better suited for high-resolution imaging and
sorting.

Cho et al. developed a fully automated platform
where a broad range of mechanical stimuli can be pre-
cisely applied to worms (Cho et al. 2017). Figure 5(B)

illustrates the working principle of this chip, which is
similar to pressurized valves (Figure 2), except that
here pressure is applied horizontally rather than verti-
cally. Worms immobilized in the middle channel are
pushed from both sides as the pressure in the left- and
right-side channel increases. This device was used to
examine the effects of a wide range of mechanical press-
ures (from 15 to 60 psi) on worm size (Cho, Porto, et al.
2017).

Figure 5. Other interesting components. (A) The working principle of droplet generation in a four-way junction. Droplets of pluronic
solution trapping a larva are separated by droplets of space fluid (Aubry et al. 2015). (B) A microfluidic chip for studying mechanical
stimuli developed by Cho et al. (2017). Expanding control chambers exert pressure onto the flow chamber in the middle. (C) Environ-
mental switching between buffer and substrate (Kopito and Levine 2014). (D) Concentration gradient created by cascades of ‘zig-zag’
components (Kopito and Levine 2014). (E) Acoustic manipulation of worms (Ahmed et al. 2016). Air bubbles trapped in the PDMS
channel (green) oscillate due to the acoustic waves from the transducer (yellow) to generate microvortices in the channel, which
manipulate the worm (magenta). (F) Electrodes in a microfluidic chip induce electrotaxis of worms (Salam et al. 2013). The images
were reproduced from Aubry et al. (2015) and Kopito and Levine (2014) with permission from the Royal Society of Chemistry, Cho
et al. (2017) with permission under the terms of the Creative Commons Attribution 3.0 Unported License (https://
creativecommons.org/licenses/by/3.0/), and Ahmed et al. (2016) and Salam et al. (2013) with permission under the terms of the Crea-
tive Commons Attribution Non-Commercial License (http://creativecommons.org/licenses/by-nc/4.0).
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The fabrication techniques used to fabricate a layer of
PDMS for a microfluidic chip can also be applied to fab-
ricate a PDMS mold for printing an agar chip. Lee et al.
developed the ‘micro-dirt’ chip, a device made of agar
designed to mimic a natural soil environment with
repeated arrays of micro-posts (Lee et al. 2011). Using
this device, they could quantify the nictation behaviour
of worm and revealed that nictation is a dispersal behav-
iour regulated by IL2 neurons (Lee et al. 2011).

Capability to control the environment precisely and
rapidly is one of the many benefits of microfluidic
devices. Figure 5(C) shows an example of implemen-
tation of environmental switching in a microfluidic
chip (Kopito and Levine 2014). In an experiment in
which the response of the animals to stimuli or the
removal of the stimuli is examined, the buffer solution
in the chip must be replaced with the substrate solution,
or vice versa. To do so, the device is connected to the
reservoirs of the buffer and the substrate solution via
the two inlets on the right (Figure 5(C)), but only one sol-
ution is injected into the chip at any given time. As soon
as the solution being injected is changed from one to
the other, the liquid in the chip is replaced and the
environment is switched. This component can be con-
nected to various microfluidic devices to add the
environmental switching capability. A similar principle
is used in devices designed to study olfaction, where
two additional channels with dyes of different colours
are used to visualize which solution is filling the
chamber (Chronis et al. 2007). A somewhat more compli-
cated design is used to mix two solutions at a gradient of
concentrations (Figure 5(D)) (Kopito and Levine 2014).
Two solutions passing through the zig-zag path (Figure
5(D) inset) come out very well mixed. By cascading
these zig-zag mixers, the buffer solution and the sub-
strate solution are mixed to eight channels of different
concentrations (Figure 5(D)). An auxiliary inlet deter-
mines the concentration profile of the eight channels:
for example, a linear profile across the eight channels
was achieved when a concentration of 50% was injected
at the auxiliary inlet.

Both acoustic and electric fields have been used to
move worms. A microfluidic device developed by
Ahmed et al. employs acoustic waves for rotational
manipulation of worms (Figure 5(E)) (Ahmed et al.
2016). Air bubbles in an acoustic field oscillate to gener-
ate microvortices, and these vortices rotate the worm in
a chamber to enable imaging of the worm at various
angles. This technique requires a piezoelectric transdu-
cer that generates acoustic waves and air bubbles
trapped in a chamber. A different device is based on
electrotaxis, the tendency of worms to move in the
direction of an electric field (Rezai et al. 2010).

Introduction of electrodes into microfluidic chips, as in
Figure 5(F), allows induction of locomotion in a favoured
direction as well as sorting worms at different develop-
mental stages (Han et al. 2012) or worms with defects
in their nervous system (Salam et al. 2013).

Conclusion

As it has been almost 20 years since microfluidic devices
were introduced to worm biology, the microfluidic tech-
nology has significantly improved and is capable of
various complicated tasks. The trend seems to be
heading towards increasing the throughput of exper-
iments more and more for high content data, and high
throughput sorting and screening (Mondal et al. 2016;
Cho, Zhao, et al. 2017; Cornaglia et al. 2017; Midkiff
and San-Miguel 2019). In an effort to develop such
high throughput applications, experiments are becom-
ing fully automated, and these advanced assays could
require the support of robotics (Cornaglia et al. 2016)
and sophisticated image analysis (Larsch et al. 2013;
Kato et al. 2015).

Parallel with the increase in the sophistication of
these devices, it has also become very difficult to
adapt for novice users who are not familiar with microfl-
uidics. To help with onboarding it is useful to understand
that new devices are usually built on top of existing
modules. It is therefore helpful to look at the basic build-
ing blocks of these highly advanced devices, and mix
and match them for a desired application. Here, we
reviewed various control components that are widely
employed in the design of microfluidic devices. We dis-
cussed the flow-controlled (Figure 1) and pressure-con-
trolled (Figure 2) immobilization methods. The
components that can be considered for sorting worms
at various developmental stages were also explained
(Figure 3). We then looked into the different implemen-
tations for longitudinal imaging of worms (Figure 4).
Finally, other interesting and useful applications were
covered (Figure 5). We hope that understanding the
basic elements of microfluidic chips will allow research-
ers who are new to microfluidics to design their own
applications and will promote the invention of novel
microfluidic chips in the future.
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