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Photoreactivation is the reversalof theharmful effectsof far-UV
radiation (200–300 nm) on organisms, such as growth delay,
mutation, cell death, and cancer, by concomitant or subsequent
exposure of the organism to near-UV/blue light (300–500 nm).
The two major lesions induced in DNA by UV light are cyclobu-
tane pyrimidine dimers (Pyr��Pyr2 or CPD), which constitute
�80–90% of the photoproducts, and pyrimidine-pyrimidone
(6-4) photoproducts (Pyr[6-4]Pyr), which account for the 10–20%
of the UV lesions. Photoreactivation results from the repair of
these lesions in situ by flavoproteins called photoreactivating
enzymes (photolyase) that use a blue-light photon as a co-sub-
strate. Photolyases that repair these two photoproducts are evolu-
tionarily related but functionally distinct. Enzymes that repair
CPDs are referred to as CPD photolyase, and enzymes that repair
(6-4) photoproducts are called (6-4) photolyase. For historical rea-
sons and as a matter of common practice, the term “photolyase”
without further qualificationmeansCPDphotolyase, and itwill be
used as such in this review, which celebrates the 50th anniversary
of the discovery of photolyase.

Historical Perspective

PhotoreactivationwasdiscoveredbyKelner,who foundthat the
lethal effect of UV radiation on Streptomyces griseus could be
reversed if, followingUV radiation, the irradiated bacterial culture
was exposed to visible light (1). Resurrection of theUV light-killed
cells by light attracted the interest of many physicists in part
because the reversal of the effect of high energy UV light by lower
energy blue light was counterintuitive and seemed to run counter
to the lawsofphysics.OnesuchphysicistwasClaudS.Rupert,who
eventually discovered photolyase (2). He and his colleagues used
the DNA transformation assay to understand the molecular basis
of photoreactivation. Extensive screening had revealed that pho-
toreactivation was not universally distributed in the biological
world. Of note, it was known that Escherichia coli possessed pho-
toreactivation, but Haemophilus influenzae, which is a naturally
transformable species, did not. Rupert did the following experi-
ment (Fig. 1). He irradiated DNA isolated from a streptomycin-

resistant H. influenzae strain with a UV dose that reduced the
transformation efficiency by 30-fold. Then, he mixed the irradi-
atedDNAwith cell-free extractmade fromeitherH. influenzae or
E. coli, and the mixtures were incubated either in dark or under
light andused to transforma streptomycin-sensitiveH. influenzae
strain.He found that incubating thedamagedDNAwith theH. in-
fluenzae extract either in dark or under light did not improve its
transformation efficiency. In contrast, whereas incubating the
damaged DNA with E. coli extract in the dark did not affect its
transforming capacity, light increased its transforming efficiency
by 10-fold. Rupert and colleagues concluded thatE. coli contained
a light-activated enzyme that repaired theUV light-inducedDNA
damage and named it photoreactivating enzyme (2), which later
came to be known as photolyase.
Rupert continued to study the repair reaction in some detail

using cell-free extracts or partially purified enzyme from E. coli
and budding yeast and developed Scheme 1.
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Thus, he concluded that the reaction proceeds by the classical
Michaelis-Menten scheme with the notable exception that catal-
ysis is absolutely dependent on light. Finally, Rupert introduced
the then nascent flash photolysis technology to the field of photol-
yase (Fig. 1) and using this technology determined some of the
fundamental enzymatic parameters both in vitro and in vivo (3, 4).
Shortly after the discovery of photolyase, Pyr��Pyr and (6-4)
photoproducts were identified as the twomajorUV light-induced
lesions inDNA.Photolyases fromE. coliandbuddingyeast studied
by Rupert and others repair only Pyr��Pyr (5, 6). Recombinant
DNA technology considerably accelerated the pace of character-
ization of these enzymes (4–7).
However, it was only in 1993 that a photolyase that repairs the

(6-4) photoproduct was also discovered (8). Similarly, in 1993, it
was found that an Arabidopsis thaliana protein with high
sequence homology to photolyase had no repair activity but func-
tioned as a blue-light receptor (cryptochrome) for plant growth
and development (9). Finally, in 1996, cryptochrome was discov-
ered in humans (10) andmice, and in 1998, it was shown to regu-
late the circadian clock in these and other animals by light-de-
pendent and light-independent mechanisms (11–13). In this
review, E. coli photolyase, which is the best characterized photol-
yase to date, will be discussed, andwhen necessary, it will be com-
paredwith someother photolyases that havebeen studied in some
detail. Then, the structures and functions of (6-4) photolyase and
cryptochrome will be reviewed briefly before addressing the issue
of suitability of photolyase for in vivo enzymology.

Structure of Photolyase

Primary Structure—The photolyase/cryptochrome proteins,
which are�400–600 amino acids in length, constitute a large and
ancient flavoprotein family (14). Although sequence analysis is
often sufficient to designate a newmember of the family as a pho-
tolyase, a (6-4) photolyase, or a cryptochrome, frequently, the des-
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ignation can be made only by functional testing. The three func-
tionalmembers of the family are not universally distributed.E. coli
has only photolyase; marsupials have photolyase and crypto-
chrome; Drosophila possesses all three; placental mammals have
only cryptochrome; and Bacillus subtilis and Caenorhabditis
elegans have none.
Cofactors and Chromophores—All photolyases are known or

presumed to contain FAD as the catalytic cofactor (5, 6). In
addition, they contain a “second chromophore” that is not
essential for activity but increases the efficiency of repair under
limiting light conditions (15–17). The second chromophore,
which functions as a light-harvesting photoantenna, is 5,10-
methenyltetrahydrofolate (MTHF) in the majority of photol-
yases analyzed to date. In some rare species that can synthesize
5-deazaflavin, such as Anacystis nidulans, the second chro-
mophore is 8-hydroxy-5-deazariboflavin (8-HDF). Finally, in
some thermophilic bacteria, FMN and FAD have recently been
identified as the second chromophores (18, 19). TheE. colipho-
tolyase in its native state contains FAD in the two-electron
reduced and deprotonated FADH� form (�max � 360 nm, �360 �
5,000 M�1 cm�1), and hence, the yellow color of the enzyme is
dominated by MTHF (�max � 385 nm, �385 � 25,000 M�1

cm�1). However, during purification under aerobic conditions,
FADH� is oxidized to the rather stable FADH� blue neutral
radical, and the enzyme exhibits dark blue color. Excessive han-
dling of the enzyme causes further oxidation to oxidized FAD,
and the enzyme acquires a bright yellow color (5, 6).
Crystal Structure of Photolyase—Crystal structures of several

photolyases and of the cryptochrome fromA. thaliana have been
determined. All have the same basic architecture even when the
sequence identity between members is as low as 25% and the
enzymes have different second chromophores as in the case of
E. coliphotolyase,which containsMTHF, andA. nidulansphotol-
yase, which contains 8-HDF (20, 21). Hence, as a representative of
the entire family, the structure of the E. coli photolyase will be

discussed (20). The enzyme is essentially globular in shape (Fig. 2)
and is made up of two well defined domains, an N-terminal �/�-
domain (residues 1–131) and a C-terminal �-helical domain (res-
idues 204–472). The two domains are connected to one another
with a long interdomain loop (residues 132–203) that wraps
around the �/�-domain (Fig. 2A). The MTHF photoantenna is
located in a shallow cleft between the two domains. In contrast to
MTHF, the FAD cofactor is deeply buried within the �-helical
domain and is held tightly in place by interactions with 14 amino
acids.Thephotolyase/cryptochromeFADhas theunusual confor-
mation of the adenine ring being stacked on top of the isoallox-
azine ring. This conformation is thought to be important for reg-
ulating the rates of electron transfer to substrate and the
subsequent charge recombination. Surface potential representa-
tionof theenzymereveals apositivelychargedgroove that runs the
length of the enzyme. In the middle of this groove, a hole of the
proper dimensions and polarity to accommodate a Pyr��Pyr
leads to the FAD located in the bottom of the hole (Fig. 2B), pro-
viding strong evidence that the dimer is pulled into the hole to be
repaired and then released.
Finally, the crystal structure revealed another feature of the

enzyme of functional significance. Photochemical studies have
shown that the second chromophore contributes to repair by flu-
orescence resonance energy transfer (FRET) to the catalytic factor
FADH� (5, 6).According toFörster’s FRETformula, the efficiency
of transfer is inversely proportional to the distance between the
donor and acceptor and to the angle between the transition dipole
moments of the donor and acceptor. Energy transfer is favorable
when the interchromophore distance is short and the transition
dipolemoments of the donor and acceptor have the sameorienta-
tion and direction. The interchromophore distance is 16.8 Å in
E. coli photolyase (20) and 17.5 Å in A. nidulans photolyase (21).
Despite themore favorabledistancebetween thechromophores in
E. coli photolyase, the energy transfer efficiency from MTHF to
FADH� is only�70% (22) comparedwith the energy transfer effi-
ciency of nearly 100% in the A. nidulans enzyme (23). The crystal
structures of these two enzymes provided an explanation to this
seemingly paradoxical phenomenon: in E. coli photolyase, the
transition dipolemoments of the donor and acceptor are oriented
at nearly 90° with one another (20). In contrast, the angle between

FIGURE 1. Key experiments in photolyase enzymology. A, historical exper-
iment that led to the discovery of photolyase by Rupert et al. (2). This page
from C. S. Rupert’s notebook is the record of the experiment done on June 16,
1956 and shows repair of UV damage to H. influenzae DNA (TP � transforming
principle) by E. coli extract in the presence of blue light. The table shows the
results of a Haemophilus transformation assay with UV light-irradiated DNA.
The titers of transformants are listed in the last two columns. Row A, unirradi-
ated DNA; row B, irradiated DNA; row D, irradiated DNA mixed with E. coli
extract and exposed to blue light; row E, same as in row D but kept in the dark;
rows E–I, results from control experiments (2). B, flash photolysis. An E. coli
strain dependent exclusively on photolyase for Pyr��Pyr repair was irradi-
ated with increasing UV doses and either kept in the dark (F) or exposed to a
camera flash (E) before plating. Cells exposed to a flash after 1.6 J/m2 have
approximately the same survival as cells irradiated with 0.4 J/m2 and kept in
dark. Because 1 J/m2 produces 65 Pyr��Pyr in the E. coli chromosome, this
strain must have at least 65 � (1.6 � 0.4) � 78 photolyase molecules/cell (4).

FIGURE 2. Structure of photolyase. A, ribbon diagram representation. B, sur-
face potential representation. The dashed box marks the hole leading to FAD.
Positively (blue) and negatively (red) charged residues are highlighted.
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the transition dipole moments of the two chromophores in
A. nidulans photolyase is only 35.6 Å (21), more than sufficient to
compensate for the longer interchromophore distance and
achieve maximum efficiency.

Reaction Mechanism

Photolyase carries out catalysis according toMichaelis-Men-
ten kinetics and the “bisubstrate ordered sequential mecha-
nism”: the enzyme binds Pyr��Pyr independent of light to
form anE�S complex, whichmust then absorb a photon (second
substrate) to initiate catalysis. Although the bisubstrate ordered
sequentialmechanism is quite common in enzymology, photol-
yase differs from all other such enzymes in that the second
substrate is a photon and not a molecule.
DNABinding—Both solution and crystallographic studies have

shown that a T��T bends the duplex by 30° toward the major
groove and unwinds it by 9° (5, 6). These features of the DNA
backbone are recognized by photolyase, which makes a moder-
ately stable complex through ionic interactions between the posi-
tively charged groove on the surface of the enzyme and the first
phosphate 5� and the three phosphates 3� to the T��T on the
damaged strand and someweaker interactions with the backbone
of the complementary strand across from the dimer (24). These
interactions further weaken the duplex in the immediate vicinity
of the T��T, leading to “flipping out” of the T��T into the
active-site cavity in themiddle of the DNA binding groove (20) to
make a high stability complex.Within this complex, the T��T is
within van der Waals contact with FADH� such that high effi-
ciency electron transfer can occur during catalysis. As is the case
with other DNA-acting enzymes that employ base flipping in the
course of substrate recognition, photolyase binds to a T��T in
single-stranded DNA with higher affinity than to a T��T in a
duplexbecause it is energeticallymore favorable to flipout adimer
from single-stranded DNA than from a duplex (6).

The co-crystal structure of the
enzyme-product complex of A. nidu-
lans photolyase with a decamer
duplex containing a centrally located
T��T analog has supported the
binding model and has provided a
more detailed view of the enzyme-
substrate contacts (25). In addition to
single- and double-stranded DNAs,
photolyase binds and repairs short
oligonucleotides containing T��T.
In fact, even a simple thymine base
dimer binds photolyase with consid-
erable affinity and is repaired effi-
ciently (26). It is noteworthy that a
class of photolyases with exquisite
specificity to Pyr��Pyr in single-
stranded DNA was recently discov-
ered (27, 28).
Catalysis—DNA repair by photol-

yase is through a radical mechanism
that involves light-initiated (�S

2	 �S
2)

cycloconversion of the cyclobutane
ring joining the two pyrimidines. The

overall quantum yield of repair (� � number of Pyr��Pyr
repaired per number of photons absorbed) is 0.7 forE. coliphotol-
yase and 0.9 for A. nidulans photolyase (5, 6). Catalysis encom-
passes several microscopic steps (Fig. 3), all of which have been
directly observed in real time by ultrafast (femtosecond-picosec-
ond) absorption and fluorescence spectroscopy (29, 30). First, a
300–500 nm photon is absorbed by the second chromophore
(MTHF or 8-HDF; �1 fs). Second, the excitation energy is trans-
ferred from the photoantenna to FADH� by FRET (� � 160 ps for
E. coli photolyase and � � 50 ps for A. nidulans photolyase) (22,
28). Third, 1(FADH�)* transfers an electron to Pyr��Pyr (� �
170 ps) to generate the [FADH� . . . Pyr��Pyr. ] charge transfer
complex. Finally, the cyclobutane ring is split, and FADH� is
restored to the catalytically active form by back-electron trans-
fer (� � 560 ps). Thus, the entire catalysis reaction takes �1 ns
for both types of photolyases. The quantum yield of repair by
1(FADH�)* is close to unity for both enzymes (5, 6). However,
the overall quantum yields of repair of the enzymes are dictated
by the quantumyield of FRET from the second chromophore to
FADH�, which is 95–99% in A. nidulans photolyase and only
�70% in the E. coli enzyme (5, 6).
Finally, with respect to catalysis by photolyase, two points

should be noted. First, even though it is commonly stated that
photolyaseuses light energy to repairDNA, the reactioncatalyzed,
strictly speaking, is not a photochemical reaction because the blue
light that initiates catalysis does not have enough energy to split
the cyclobutane ring. Rather, the enzyme uses blue light as a co-
substrate to increase the reduction potential of FADH�, enabling
it to reduce thePyr��Pyr andhence lower the free energy barrier
for “chemical splitting” of the cyclobutane ring. Second, although
the flavin cofactor of photolyase is involved in a redox reaction
during catalysis, this is a cyclic redox reaction in which the net
charge of the flavin and of the substrate/product remains
unchanged at the end of the catalytic cycle. In this regard, photol-

FIGURE 3. UV photoproducts and reaction mechanisms of photolyases. A, structures of the two major UV
photoproducts. PL, photolyase. B, reaction mechanisms of photolyases. Left, E. coli CPD photolyase; right,
D. melanogaster (6-4) photolyase. For clarity, the two critical His residues essential for catalysis by stabilizing the
putative oxetane intermediate by the general acid-base mechanism (33, 36) are not shown.
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yase is not alone as several other flavoenzymes, such asN-methyl-
glutamate synthase and chorismate synthase, also catalyze reac-
tions with no net redox change (31).

(6-4) Photolyase

In the (6-4) photoproduct, C-6 of the 5�-base is joined to C-4
of the 3�-base, and the –OH (or –NH2) group at C-4 of the
3�-base is transferred to C-5 of the 5�-base (Fig. 3A). In contrast
to Pyr��Pyr, in which breaking of theUV light-induced bonds
restores the bases to their canonical forms, the breaking of the
C-5–OHandC-6–C-4 bonds of the (6-4) photoproductswould
not repair DNA but in fact would generate two damaged bases.
Thus, formally an enzyme that repairs the (6-4) photoproduct
must catalyze both bond breakage (lyase) and group transfer
(transferase) reactions. Surprisingly, the (6-4) photolyase,
which exhibits �30% sequence identity to the classical
Pyr��Pyr photolyase of E. coli (32), accomplishes this difficult
task, albeit with a rather low quantum yield.
Structure—The structures of Drosophila melanogaster (6-4)

photolyase alone and in complex with substrate/product have
been solved (33). The general architecture of the enzyme is
quite similar to that of E. coli photolyase with the important
exception of having 8-HDF as the second chromophore.
Function—Biochemical and crystallographic data reveal that

(6-4) photolyase has a reactionmechanism quite similar to that of
Pyr��Pyr photolyase (33–36). The positively charged groove on
the enzyme surface bindsmainly through ionic bonds to the dam-
aged strand and makes some weaker contacts with the comple-
mentary strand.The strong ionic interactionwith the severely dis-
torted DNA backbone facilitates the 180° flip-out of the (6-4)
photoproduct into the active-site cavity (33, 35).
As in the case of photolyase, the flavin in (6-4) photolyase is in

the formofFADH�, and it is presumed togenerate the [FADH� . . .
Pyr[6-4]Pyr. ] charge transfer complex by single-electron transfer
from1(FADH�)* that is generatedbyFRET fromthe secondchro-
mophore or by direct light absorption (5, 6). Because of the appar-
ent implausibility that the Pyr[6-4]Pyr. intermediate would
undergo both C–C bond breakage and –OH group transfer reac-
tions in a concertedmanner, it was proposed (35) that the enzyme
converts the (6-4) photoproduct either thermally before light
absorption or photochemically following excitation to the four-
membered oxetane intermediate, so the concerted breaks of the
C-4–C-6 and C-5–OH bonds would generate the two canonical
pyrimidines (Fig. 3B). Although some preliminary data seemed to
support thermal formation of the oxetane intermediate (35), the
recent crystallographic data strongly suggest that the oxetane
intermediate may be a very short-lived transition state intermedi-
ate that forms photochemically (33).

Cryptochrome

Cryptochromewas originally defined as a pigment of unknown
(cryptic) nature that mediates blue-light responses in plants. Cur-
rently, anyproteinwithsequencehomology tophotolyasebutwith
no repair function is called cryptochrome and is presumed to be a
photosensory pigment (37–41). InA. thaliana, it has been shown
conclusively thatAtCRY1andAtCRY2 functionasblue-lightpho-
toreceptors (9).The structureofAtCRY1hasbeensolved. It is very
similar to that of photolyase except it lacks the positively charged

DNA binding groove (42) and has an unstructured C-terminal
extension beyond the photolyase homology region. InDrosophila,
there is compelling evidence that DmCRY is a blue-light photore-
ceptor that sets the circadian clock (13). In mice, genetic analysis
has revealed that cryptochromes CRY1 and CRY2 are core clock
proteins that areessential for the functioningof thecircadianclock
in a light-independent manner (12). Although there are some
geneticdata implicatingmouseCRYs incircadianphotoreception,
this issue remains tobe settled (14, 38). Interestingly, some insects,
such as the monarch butterfly, possess both Drosophila-like
(called Type 1) and human-like (called Type 2) CRYs, and some
insects, such as the honeybee, possess only a human-like (Type 2)
CRY that participates in the circadian clock but apparently not in
photoreception (43). Furthermore, it has recently been shown that
DmCRY may function as a light-activated magnetoreceptor (44).
The mechanisms of photoreception and magnetoreception by
CRYs are not understood at present. Even the redox state of FAD
in plant and insect CRYs is a matter of considerable debate (45–
47), although the majority of action spectrum studies favor pho-
tolyase-like FADH� or FAD. states (44, 48).

Photolyase and in Vivo Enzymology

Amajor goal inbiochemistry is toobtain informationonbehav-
iors of enzymes that would reflect their in vivo functions. In enzy-
mological terms, it is desirable to know the on- and off-rates, the
Michaelis constants, and the kcat of an enzyme in vivo. For the vast
majority of enzymes, this is not possible even with the currently
available single-molecule and high resolution visualization tech-
nologies. In contrast, with photolyase this goal, was accomplished
40 years ago (3). This was possible because of three factors. First,
the absolute dependence of catalysis by photolyase on lightmakes
itpossible toanalyze thebindingandcatalysis steps independently.
Second, the level of substrate in the cell can be controlled easily by
simply changing the UV dose administered to the cell culture.
Finally, a single light flashofmillisecond-to-femtosecondduration
is sufficient toconvertallof thesubstrateboundto theenzyme into
product in less than a nanosecond. Even though in recent years
technically very advancedultrafast flash systemshavebeenused to
investigate the progression of the photolyase enzyme-substrate
along the reaction coordinates, a simple photographic flash unit is
sufficient for most purposes. Indeed, camera flash photolysis was
used in vivo 40 years ago to calculate some basic enzymological
parameters such as the concentration of photolyase in the cell, the
on- and off-rates and the association equilibrium constant of the
enzyme, and the precise value of the photolytic cross-section and
therefore the approximate value of the quantumyield of repair (3).
Remarkably, when the E. coli photolyase was eventually purified
and characterized, the values obtained with the defined enzyme-
substrate system (49, 50) were, within experimental error, identi-
cal to those obtained in vivo (Table 1). Naturally, the two-chro-
mophore system, the extinction coefficient, and other structural
and mechanistic aspects of photolyase could not be addressed by
the in vivo flash photolysis technology. Nevertheless, photolyase
still occupies a unique position in biochemistry because of its easy
accessibility to in vivo enzymology. In that regard, it is interesting
tonote that some recent commentaries on thehistory of enzymol-
ogy and the future of the field stated that “ . . . we do not know the
real rates of target location for any in vivo system” (51) and “ . . . we
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believe that a crucial next step will be to go beyond the milieu of
dilute aqueous solutions and individual purified enzymes that has
defined enzymology for thepast 100 years . . . In vivo enzymology is
the logical next step . . . ” (italics added) (52). For photolyase, the
future is now, or more accurately, it has been with us for 40 years!

Reflections

The discovery of photolyase 50 years ago opened the era of
DNA repair enzymology. The light dependence of catalysis has
made it possible to chart the progression of the chemical reaction
along reaction coordinates in real time at picosecond resolution.
The same property of the enzyme has allowed detailed in vivo
enzymology, which is considered a major goal of biochemical
research in the future. Finally, the characterization of photolyase
played a significant role in the discovery of cryptochrome inplants
and the discovery of the closely related but functionally distinct
cryptochromes in animals. These discoveries have led to mecha-
nistic insight into blue-light responses in plants, the circadian
clock and sleep homeostasis in humans, andmagnetoreception in
migratory animals. Who would have thought that an experiment
done 50 years ago with H. influenzae DNA and E. coli cell-free
extract would havemajor impact on research topics ranging from
crop yield in plants, to sleep-wake cycle regulation in humans, and
to global positioning systems in butterflies and birds?
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Zhong, D., Reppert, S. M., and Sancar, A. (2007) J. Biol. Chem. 282,
17608–17612
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TABLE 1
Reaction constants for E. coli photolyase obtained in vivo and with
purified enzyme in vitro

Reaction constant In vivoa In vitro
Concentration (molecules/cell) 14 16.6b

KD (M) 1.0 � 10�8 1.6 � 10�8 c

k1 (M�1 s�1) 1.1 � 106 2.7 � 106 c

k2 (s�1)
Fast 1.3 � 10�2 3 � 10�2 c

Slow 6 � 10�4 6 � 10�4 c

�� (M�1 cm�1) 1.95 � 104 1.95 � 104 d

a From Ref. 3.
b From Ref. 50.
c From Ref. 49.
d From Ref. 22.
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