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Evaluating the effect of ionic strength on
PNA:DNA duplex formation kinetics†
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Peptide nucleic acid (PNA) is a unique synthetic nucleic acid analog that has been adopted for use in

many biological applications. These applications rely upon the robust Franklin–Watson–Crick base pair-

ing provided by PNA, particularly at lower ionic strengths. However, our understanding of the relation-

ship between the kinetics of PNA:DNA hybridization and ionic strength is incomplete. Here we

measured the kinetics of association and dissociation of PNA with DNA across a range of ionic strengths

and temperatures at single-molecule resolution using total internal reflection fluorescence imaging.

Unlike DNA:DNA duplexes, PNA:DNA duplexes are more stable at lower ionic strength, and we

demonstrate that this is due to a higher association rate. While the dissociation rate of PNA:DNA

duplexes is largely insensitive to ionic strength, it is significantly lower than that of DNA:DNA duplexes

having the same number and sequence of base pairing interactions. The temperature dependence of

PNA:DNA kinetic rate constants indicate a significant enthalpy barrier to duplex dissociation, and to a

lesser extent, duplex formation. This investigation into the kinetics of PNA:DNA hybridization provides a

framework towards better understanding and design of PNA sequences for future applications.

Introduction

Nucleic acids are virtually unrivaled in their ability to store
information and translate sequence into structure via Franklin–
Watson–Crick (FWC) base pairing. Through the rules of
complementary hybridization, interactions and structures can
be predicted with a high degree of accuracy. This has led to uses
in many applications ranging from therapeutics and diagnos-
tics to materials and programming.1–4 However, these applica-
tions remain limited by the propensity of naturally occurring
DNA and RNA for chemical and biological degradation, for
example by nucleases present in biological systems. To mitigate
this issue, researchers have attempted to improve the stability
of natural nucleic acids through substitutions or modifications of
the native phosphodiester and sugar backbone.5–7 These synthetic
biological polymers, or xeno nucleic acids (XNAs), often offer
significant stability advantages over natural nucleic acids, and
some offer additional benefits including enhanced duplex thermo-
stability, parallel information systems, and unique secondary
structures. While numerous types of XNAs have been reported,

peptide nucleic acid (PNA) is one of the most commonly used and
studied XNAs due to its nuclease resistance, strong hybridization
with natural oligonucleotides, and highly modifiable structure.8

PNA is an entirely synthetic nucleic acid analogue wherein
the nucleobases are arrayed along a neutral N-(2-aminoethyl)-
glycine backbone in place of the negatively charged phosphate
backbone of canonical DNA and RNA (Fig. 1).9 This unique
pseudopeptide backbone is responsible for dramatically altering
the interactions of nucleic acids and proteins with PNA. For
example, PNA is unrecognized by hydrolases, resulting in much
higher stability in biological environments.10,11 Additionally, PNA
is capable of FWC base-pairing similar to canonical nucleic acids,
however the formed heteroduplexes exhibit much higher thermal
stability than observed for natural nucleic acids.12,13 These
properties have made PNA an attractive choice for numerous
applications involving antisense agents, duplex-invasion gene
editing, nucleic acid biosensors, stimuli-responsive materials,
and tools for cellular imaging.14–25

Since the increased thermostability of PNA hybridization
with DNA or RNA is a key attribute for many applications,
understanding these interactions is of critical importance. PNA
hybridization surprisingly demonstrates a negative salt dependence
wherein lower ionic strength results in increased duplex
stability.13,26,27 This is the inverse of the trend for natural
nucleic acid duplexes, and has led to studies of PNA:DNA and
PNA:RNA duplex stability predominantly being performed at
ionic strengths far below physiological levels.28 Moreover, the
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mechanism by which ionic strength governs PNA duplex stability
remains poorly understood.

Techniques used to study nucleic acid hybridization such as gel
electrophoresis or calorimetry rely upon bulk measurements of
entire populations of molecules and offer little information about
individual events. Conversely, single-molecule imaging techniques
such as DNA-PAINT take advantage of the programmability of
nucleic acids to enable super-resolution microscopy.29–31 Transient
binding events of single DNA molecules to localized com-
plementary sequences facilitate decoupling of binding events
to dye photophysics and other off-target signals. These approaches
offer excellent advantages over bulk methods, as they not only give
detailed kinetic and thermodynamic information about the
process, but also provide insight into heterogeneity at the
single-molecule level.29,32,33 DNA-PAINT has undergone rapid
development in the last 10 years, with reports focused on using
this technology to quantitatively count molecules,34,35 increasing
the DNA binding rate to improve throughput,36,37 and harnessing
the unique kinetic signature of specific DNA sequences to multi-
plex measurements.38 These advances have expanded the toolbox
of single-molecule imaging techniques, making them an ideal
method to quantify oligonucleotide binding kinetics.

The effect of ionic strength on the mechanism of DNA:DNA
and DNA:RNA duplex formation has been extensively studied at
the single-molecule level using kinetic measurements.39,40 In
contrast, previous methods to investigate PNA:DNA hybridization
kinetics have relied upon ensemble measurements of populations
of molecules in solution and on surfaces.27,41–44 While informative
conclusions of the ionic strength dependence on hybridization
have been drawn, there is evidence that heterogeneity at surfaces
can cause deviations from expected trends due to surface organi-
zation barriers or interactions.45,46 Therefore, we sought to use
single-molecule techniques to measure the duplex formation
kinetics, which allows us to distinguish specific from nonspecific
interactions by the distinct kinetic rate constants measured at
individual binding sites. Herein we applied a previously described
single-molecule kinetics measurement technique to measure
the effect of ionic strength on the kinetics of PNA:DNA duplex
formation.40 By employing an anchor DNA attached to a glass
slide to immobilize a DNA capture strand that binds a diffusible
TAMRA-labeled PNA probe, we measured the kinetics of duplex
formation at the single-molecule level over a range of ionic
strengths (50–450 mM NaCl) and temperatures (22.5–30 1C)
using total internal reflection (TIRF) spectroscopy (Fig. 2). We
report that the increase in stability at lower ionic strengths

stems from a faster association rate, while the dissociation rate
remains largely unaffected. This is in contrast to a comparable
DNA:DNA duplex, wherein both a faster association rate and a
slower dissociation rate contribute to increased duplex stability
as ionic strength is increased. These results imply that high
ionic strength increases the DNA:DNA duplex stability both by
decreasing the transition state barrier to association and by
increasing the barrier to dissociation significantly. In contrast,
ionic strength has little influence on the barrier to PNA:DNA
duplex dissociation, but decreases the barrier to association and
the free energy of the duplex, implying that ionic strength
affects the free energy of the uncomplexed single stranded
DNA and PNA. As a result, the association rate of PNA with
complementary nucleic acids is expected to have significant
impact on its function in biological and nanotechnology appli-
cations. This investigation of ionic strength dependence of
PNA:DNA duplex formation provides the beginning of a frame-
work for understanding and design of future PNA applications.

Results and discussion

In order to determine the effect of ionic strength and temperature
on the kinetics of PNA:DNA duplex formation, we employed a
previously reported single-molecule platform for observing
nucleic acid hybridization.40 Glass slides were covalently func-
tionalized with DNA capture strands through an amine-epoxide
reaction (see Materials and methods for details). Unreacted sites
were capped using 3-amino-1-propanesulfonic acid to reduce
nonspecific adsorption to the surface. A DNA capture probe was
immobilized through hybridization with the capture DNA. This
probe contains an anchoring sequence and a sequence com-
plementary to a target PNA separated by a short polypyrimidine
linker (Table S1, ESI†). Hybridization kinetics were measured

Fig. 2 Schematic of experimental setup illustrating the anchor DNA,
immobilized DNA capture strand, and diffusing PNA probe.

Fig. 1 Structures of DNA, RNA, and PNA.
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with a fluorescently labeled 9mer PNA sequence, and 9mer and
11mer (DNA-2A) DNA targets, as duplexes of this length had
easily detectable dissociation times (3–50 s) over the range of
temperatures and ionic strengths investigated (Table S1, ESI†).47

A thin volume of sample at the interface limited by a B150 nm
depth of penetration of the evanescent excitation was imaged
using a TIRF microscope to observe single-molecule hybridiza-
tion events with the DNA capture probe immobilized at the glass
surface while excluding background fluorescence from target
oligomers in solution. Time-lapse fluorescence images were
acquired and analyzed to determine the location of each target
PNA or DNA binding event, as described in Material and
methods. We observed a significant number of repeated events
at specific locations on the substrate, indicating that PNA and
DNA target molecules are capable of interacting with individual
immobilized DNA probes. We distinguished DNA probe mole-
cules from sites of nonspecific adsorption or other anomalous
binding using their distinct and homogeneous kinetic signature, as
described in ESI† (Fig. S1–S3).40 The association and dissociation
interval lifetimes from all the distinct DNA probe molecule sites
were used to calculate an average association rate constant, kon, and
dissociation rate constant, koff of hybridization (Fig. S4, ESI†).
Significantly fewer binding sites were observed on substrates lacking
immobilized DNA capture probe, indicating specific hybridization
interactions account for 95% of all detected binding sites (Fig. S5
and S6, ESI†). Hybridization was measured at target concentrations
between 7 and 30 nM, with the majority of the data for the PNA,
DNA, and DNA-2A Target collected at 30 nM solution concentration.
In addition, we observed a linear increase in the association rate,
and no trend in the dissociation rate with varying in PNA target
concentration (Fig. S7, ESI†), consistent with pseudo-first-order
association and first-order dissociation kinetics.

Comparison of PNA:DNA and DNA:DNA hybridization kinetics

In order to directly compare the formation kinetics of DNA:DNA
and PNA:DNA duplexes, we measured the association and
dissociation rate constants of 9mer DNA and 9mer PNA targets

of the same sequence with immobilized probe DNA at 450 mM
ionic strength and 22.5 1C (Fig. 3 and Table S2, ESI†). Compared to
DNA:DNA duplex formation, PNA:DNA had a lower association
rate constant (4-fold) and a vastly slower dissociation rate constant
(14-fold). The resulting association constant, Ka = kon/koff, for
PNA:DNA was much larger (4-fold) than the equivalent DNA:DNA
duplex, in agreement with other studies of PNA duplex stability
(Fig. 3C and Table S2, ESI†).9,10,12 This result is significant for
applications that use PNA sequence recognition, such as antisense
therapeutics, nucleic acid diagnostics, and gene editing, as it
shows that the PNA heteroduplexes have longer lifetimes than
native DNA:DNA duplexes, but are formed more slowly.

Comparison of hybridization kinetics at varying ionic strength

Previous work has indicated that the trends in PNA:DNA duplex
stability with ionic strength are the inverse of those seen with
DNA:DNA duplexes.26 To investigate this further, we measured
how the association and dissociation rates of both PNA:DNA
and DNA:DNA hybridization varied as a function of sodium
chloride concentration over a range of 50–450 mM (Tables S3
and S4, ESI†). Initially we used a 9mer DNA of the same
sequence as the PNA target (Table S1, ESI†), as shown in
Fig. 3. However, due to the lower affinity of DNA:DNA duplexes
compared to PNA:DNA duplexes, this sequence had short
hybridized lifetimes and long intervals between hybridization
events at ionic strengths below 250 mM that made molecule
tracking difficult (data not shown). To impart similar stability to
the PNA:DNA duplex, we used an 11mer DNA target designated
‘‘DNA-2A’’ with two additional adenosine bases complementary
to the DNA capture probe (Table S1, ESI†). The hybridization
kinetics of DNA-2A were measured across the same range of salt
concentrations (50–450 mM NaCl) at 22.5 1C (Table S3, ESI†).

Both the association and dissociation rates of DNA-2A:DNA
hybridization were strongly affected by ionic strength. The
association rate constant increased 6-fold (Fig. 4A), while the
dissociation rate constant decreased 4-fold (Fig. 4B) as ionic
strength increased from 50 mM to 450 mM. The net effect on

Fig. 3 Comparison of 9-mer DNA and PNA target hybridization kinetics showing (A) association rate constant, (B) dissociation rate constant, and
(C) association constant. All data was measured at 450 mM NaCl at 22.5 1C. PNA sequence: CTGT ATC CATN-TAMRA. DNA sequence: 30-TGT ATC CAT-
TAMRA-5 0. Error bars represent 2 times the standard error of the mean (n = 3), each probing 2500 � 700 immobilized probe molecules.
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the association constant, Ka = kon/koff, is a very significant
25-fold increase over this ionic strength range (Fig. 5A and
Table S3, ESI†), similar to results reported previously.28

The PNA:DNA duplex showed very different trends with
changing ionic strength compared to DNA-2A:DNA. Kinetic rate
constants for PNA:DNA duplex formation are shown in Fig. 4,
with the rate constant and error estimates extrapolated from a
fit48 of the temperature-dependent rate data to the Eyring equation49

(Fig. S9 and S10, ESI†). We observed a 3.6-fold decrease in
association rate with increasing ionic strength from 50 mM to
450 mM at 22.5 1C (Fig. 4A). Unlike DNA:DNA hybridization, the
dissociation rate increased slightly (1.7-fold) with ionic strength
(Fig. 4B). The association constant calculated from the kinetic
rate constants at each salt concentration (Fig. 5A and Table S4,
ESI†), show that the stability of the PNA:DNA duplex increases at
lower ionic strengths, which is in agreement with previous
thermal melting studies.13,26 The magnitude of change in
duplex stability with ionic strength for the PNA target is only
5-fold, significantly less than the 25-fold change seen for DNA-2A.
This is primarily due to the weak dependence of koff for the PNA
target unlike the DNA target that has a strongly decreasing koff. As
a result, the increase in PNA:DNA duplex stability at lower ionic
strengths can be mainly attributed to an increase in the association
rate. This is possibly due to an ionic stabilization of the single

stranded oligomers in the bulk solution, similar to ‘‘salting in’’
effects observed with proteins.50,51 Increasing salt concentration
may improve the solubility and decrease the free energy of the
single-stranded PNA, thus increasing the barrier to duplex
formation. Another possibility is that the single-stranded DNA
adopts a more elongated structure due to increased electrostatic
repulsion between negatively charged phosphate groups. This
could make the DNA more accessible and decrease the energy
barrier for duplex formation with PNA.

In order to further elucidate the role of ionic strength on
PNA:DNA and DNA:DNA hybridization, we performed a Leipply
analysis from the calculated Ka values.52 This analysis relates the
association constant to the concentration of ions in solution to
understand the relationship between duplex formation and ions
either ejected or absorbed upon hybridization. A plot of the
ln(Ka) vs. ln([NaCl]) fit to a simple linear regression provides a
magnitude of the slope (Fig. 5B). The magnitude and sign of the
slope relates to the change in the number of ions involved in
duplex formation, with a negative slope suggesting ions are
ejected into the bulk solution and a positive slope suggesting
that ions are incorporated into the duplex.

This analysis resulted in a linear fit for both DNA-2A and
PNA targets. The DNA-2A target has a positive slope, indicating
ions are incorporated into the duplex upon hybridization. It is

Fig. 4 Plots of association (A) and dissociation (B) rates of PNA or DNA-2A hybridization to DNA capture probe with increasing ionic strength. Error bars
represent 2 standard error of the mean (n = 3) from data sets with an average of 1100 � 200 molecules each.

Fig. 5 Trends in duplex association constant for PNA and DNA-2A with ionic strength at 22.5 1C with (A) linear plot and (B) Leipply type analysis of log–
log plot. Error bars represent 2 standard error of the mean (n = 3) from data sets with an average of 1100 � 200 molecules each.
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generally thought that cations condense onto the DNA duplex
to screen electrostatic repulsion between the charged phos-
phate groups in the DNA backbone. At high salt concentration,
ion condensation on the DNA duplex is more favorable. In
contrast, the Leipply plot for PNA:DNA hybridization (Fig. 5B)
has a negative slope, indicating that ions are ejected into the
bulk solution upon hybridization. The requirement of ejecting
ions for duplex formation may explain the decrease in associa-
tion rate and affinity for PNA:DNA duplexes, as this process is
less favorable at high salt concentrations. The larger magnitude
of the slope for DNA (1.5) compared to PNA (�0.73) also
demonstrated that more ions are exchanged in formation of
the more highly charged DNA:DNA duplex. These changes in
ion-pairing may influence some of the trends seen in the
kinetics. For instance, bringing PNA and DNA into close
proximity to form the transition state may require disrupting
ion-pairing between cations and anionic DNA phosphate
groups. This process would be more favorable at low ionic
strength where the electrolyte is more dilute, reducing the
energy barrier to ion ejection and duplex formation.

Effect of temperature on PNA:DNA hybridization kinetics

Finally, we investigated how temperature affects the kinetics of
PNA:DNA duplex formation. As described above, the association
and dissociation rates of PNA:DNA hybridization were determined
over a range of salt concentrations (50–450 mM NaCl) and
temperatures (22.5–30 1C) (Table S4 and Fig. 6A, B). As previously
observed with DNA:DNA duplex formation,26 increasing tempera-
ture results in increasing PNA:DNA association and dissociation
rates across all ionic strengths, with a net decrease in Ka with
temperature (Fig. 6C). Much like with DNA, dissociation rate
constants are affected more significantly with temperature than
association rate constants. We attempted to model changes in
the transition state enthalpy and entropy barriers39 using the
linearized Eyring equation49 but did not observe significant
trends with ionic strength due to large covariance between the

enthalpy and entropy values (Fig. S9 and S10, ESI†). However, we
do observe a significant enthalpy barrier to association, and
significant enthalpy and entropy barriers to dissociation (Tables
S5–S7, ESI†). These results indicate that thermostability trends
in the kinetics of PNA:DNA duplex formation are qualitatively
similar to those seen for DNA:DNA duplex formation.

Conclusions

The ability to store information and accurately predict assembly
through complementary hybridization of nucleic acids is a major
driving force for biology and nanotechnology. In particular, PNA
exhibits desirable properties for use in these applications, including
stable and specific base pairing to complementary targets, even at
ionic strengths much lower than physiological levels.13,26,27 Proper
design and utilization of PNA probes in applications such as nucleic
acid diagnostics and materials benefit from detailed knowledge
about the mechanisms underlying hybridization. While such infor-
mation is available for DNA:DNA duplexes, we investigated the
less-studied relationship between the rates of PNA:DNA duplex
formation and ionic strength using single-molecule imaging
techniques. By measuring the association and dissociation
events of a PNA probe with a complementary DNA capture
strand, we discovered that the dissociation rate is minimally
affected by ionic strength, whereas the association rate signifi-
cantly increases at lower salt concentrations. We propose that it is
this change in the association rate that is the main contributor
for the increased PNA:DNA duplex stability at low ionic strengths.
When compared to a DNA:DNA duplex of the same sequence,
dissociation rate constants for PNA:DNA duplexes were less
affected by ionic strength, and the difference in duplex stability
is due to a significantly slower dissociation rate of PNA:DNA
duplexes vs. DNA:DNA even at high ionic strength.

A major benefit of using PNA probes as nucleic acid detection
and therapeutics is the capability for strong hybridization over
ranges of ionic strengths. In this model system, we carried out

Fig. 6 PNA target duplex formation kinetics and association constant at varying temperature and ionic strength, showing (A) association rate constant,
(B) dissociation rate constant, and (C) association constant. Rate constants determined on data sets with an average of 960 � 70 molecules each. Error
bars represent two standard errors estimated as described in ESI.†
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measurements in the presence of varying NaCl. However, we
recognize that complex environments can contain a mixture of
mono- and divalent ions. Further studies will include additional
salts to better represent the effect of different ions on PNA:DNA
hybridization. These ions include the Hofmeister series, which
is a series of anions that are commonly studied for protein
purification through a ‘‘salting out’’ effect.53,54 Because the
neutral backbone of PNA is similar to that of proteins, we will
investigate how these anions and the role of hydration affect the
kinetics of PNA duplex formation.

The kinetics of PNA hybridization play pivotal roles for
nucleic acid detection, antisense interactions, and gene editing
among others. Fundamental understanding of these rates provides
a framework for efficient design and prediction of activity of
diverse PNA probes. We believe our findings offer a basis for
future experiments to investigate hybridization kinetics as well as
the optimization of existing PNA-based applications.

Materials and methods
Abbreviations

Fmoc, fluorenylmethyloxycarbonyl; DMF, dimethylformamide;
HATU, 1-[Bis(dimethylamino)methylene]-1H-1,2,3-triazolo[4,5-b]-
pyridinium 3-oxid hexafluorophosphate; NMM, N-methylmor-
pholine; DIPEA, diisopropylethylamine; TFA, trifluoroacetic acid;
DCM, dichloromethane; NMP, N-methyl-2-pyrrolidone; NHS,
N-hydroxysuccinimide; FAM, 5,6-carboxyfluoroscein.

PNA oligomer synthesis

PNA was synthesized using a standard solid-phase synthesis
protocol on a Biotage SP wave semi-automatic synthesizer.
Synthesis began by loading B50 mg of a rink amide MBHA
resin (0.52 mmol g�1) with 5 mmols of the first Fmoc-PNA
monomer or Fmoc-amino acid using 1.5 eq. HATU, 1.5 eq.
DIPEA, and 1.5 eq. 2,6-lutidine in 200 mL dry NMP for 1 hour
followed by capping using a solution of 9% acetic anhydride
and 13% 2,6-lutidine in DMF. The resin was then deprotected
with a solution of 25% piperidine in DMF. For monomer
couplings, 5 eq. of monomer was pre-activated for 10 minutes
with 5 eq. HATU, 5 eq. DIPEA, and 5 eq. 2,6-lutidine in 400 mL
NMP before addition to the resin. Coupling proceeded with
microwave-assistance at 75 1C for 6 min. The resin was then
washed (5 � 1 mL DMF), capped using the capping solution
(2 � 5 min with 1 mL each), washed (5 � 1 mL DMF, 3 � 1 mL
DCM, 3 � 1 mL DMF), deprotected with deprotection solution
(3 � 2 min with 1 mL each), and washed (5 � 1 mL DMF, 3 �
1 mL DCM, 3 � 1 mL DMF) to complete a coupling cycle.
NHS-Rhodamine (TAMRA) was coupled to the resin using
DIPEA or HATU/DIPEA in DMF following the final PNA mono-
mer. Upon completion of synthesis, the resin was washed with
DCM and dried before cleavage using a solution of 2.5% H2O
and 2.5% TIS in TFA. The crude oligomer was ether precipitated,
washed with ether, and dried for purification. Purification was
performed by reverse-phase HPLC using an Agilent Eclipse
XDB-C18 5 mm, 9.4 � 250 mm column at 60 1C with a flow rate

of 2 mL min�1, monitored at 260 nm using a linear gradient
(10–40% in 15 min) of 0.1% TFA/acetonitrile in 0.1% TFA/H2O.
Identity of pure oligomer was confirmed using an Agilent 6230
electrospray ionization time-of-flight (ESI-TOF) mass spectro-
meter (Data shown in Fig. S10, ESI†).

DNA substrate preparation

DNA oligonucleotides were synthesized and purified by HPLC by the
University of Utah Health Sciences Center DNA/Peptide Core Facility.
DNA and PNA were resuspended in ultrapure water and, for
unlabeled oligonucleotides, their concentration was determined
using absorbance at 260 nm. In the case of carboxytetramethyl-
rhodamine labeled DNA and PNA, concentration was quanti-
fied using light absorption at 555 nm with a molar absorptivity
of 9.0 � 104 reported by the reagent vendor. Stock solutions
were stored at �20 1C, and were thawed shortly before experi-
ments and stored at 4 1C.

Glass substrates used to anchor probe DNA and resist non-
specific adsorption were prepared using previously described
protocols.55 Briefly, float glass coverslips were cleaned by first
rinsing twice in ultrapure water and methanol. Coverslips were
then cleaned for 20 minutes using RCA solution56 (a 1 : 1 : 5
mixture of 30% hydrogen peroxide, 30% ammonium hydroxide
solution, and water) at 75 1C. Coverslips were then rinsed
3 times with ultrapure water, and dried for 30 minutes at
120 1C. Coverslips were then sealed in a jar containing 250 mL
of 3-glycidyloxypropyl-trimethoxysilane in a small vial and held
at 80 1C for 90–120 minutes to deposit a silane layer on the
glass. Coverslips were removed from the jar and heated at
120 1C in air for 90 minutes to drive off the unreacted silane
and allow for cross-linking of the deposited silane layer.

The coverslips were then cooled and a 15 mL droplet of
100 mM amine-modified capture ssDNA in 100 mM pH 10.0
carbonate buffer was placed on a coverslip. Another coverslip
was placed on top of this one to form a thin solution layer
between them. This coverslip stack was placed in a small
beaker and nested inside a larger jar containing the same
carbonate buffer to prevent the thin solution layer between
the coverslips from evaporating. This assembly was sealed and
incubated at 40 1C for 4–8 h to allow the amine-modified DNA to
react with the epoxide surface. Coverslips were then separated
under water, rinsed with ultrapure water, and placed in a solution
of 20 mM 3-amino1-propanesulfonic acid in 100 mM carbonate
buffer for 8 hours at 40 1C to passivate unreacted epoxide groups
on the surface. Substrates were then rinsed in water and stored for
up to 21 days at 4 1C before use in imaging experiments.

Fluorescence imaging

Solutions used for imaging experiments were prepared with
10 mM Tris buffer at pH 8.0 with 1 mM EDTA and varying
amounts of sodium chloride, as noted in the text. Buffers were
filtered with a 0.2 mm filter and stored at 4 1C. Stock solutions of
DNA and PNA were diluted into the appropriate buffers and
vortexed shortly before injecting into the imaging flow cell for
kinetics measurements. The final concentration of PNA and
DNA targets in most data sets are 30 nM unless otherwise noted.
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Coverslips with capture DNA were loaded into an imaging
microfluidics cell. This microfluidics cell uses a double-stick
gasket (3 M 9495MP) to form a channel and seal coverslip to a
PMMA top plate with ports for sample injection. The flow cell
was imaged using an Olympus IX-71 microscope configured for
objective-based total internal reflection fluorescence micro-
scope (TIRF). Illumination was provided by a 532 nm laser
(BWTek) coupled into a single-mode optical fiber (Thorlabs).
Light from the fiber was collimated by an achromatic doublet
lens (Thorlabs), passed through an aperture, quarter wave plate
(Thorlabs), and a shutter (Uniblitz), reflected from a dichroic
mirror (Semrock), and finally focused onto the back-focal plane
of the microscope objective (60�, 1.45NA, Olympus) with an
achromatic doublet (Thorlabs) to illuminate the sample.
Fluorescence emission from individual molecules is collected
by the objective and sent through the dichroic mirror, emission
filter (Semrock), and a 1.6�magnifier (for a total magnification of
96�) and imaged with an Andor iXon DU897 electron-multiplying
charge-coupled device camera. The microscope system and sample
were enclosed in a fiberboard incubator and the temperature was
controlled to within �0.2 1C using a proportional-integral-
derivative controlled heater-fan assembly (Omega HVL14900)
calibrated with a NIST-traceable thermometer (VWR).

Image acquisition and analysis

Fluorescence images were collected with exposure times designed
to minimize photobleaching, while still sampling the hybridiza-
tion kinetics. Hybridization was monitored using time-lapse videos
with 100 ms exposures and interval times between 0.3 s and 5 s
intervals. The excitation laser exposure experienced by fluoro-
phores on target DNA bound at the interface before dissociation
has been shown to result in minimal photobleaching.40,57 Images
were collected in 300 � 300 pixel sub-regions of the sensor,
corresponding to 50 � 50 mm in the sample. The sensor readout
was at 1 MHz to minimize read noise, and the electron-
multiplying amplifier was deactivated to avoid additional EM
photon-counting noise.57 Images were acquired as 15–60 min
16-bit monochrome FITS-image stacks using Andor SOLIS soft-
ware version 4.27.30001.0.

Images were analyzed using a super-resolution imaging
scheme previously described.40 First, we located all fluorescent
spots in each image, and tracked them to determine locations
of probe DNA molecules on the surface that experience repeat
hybridization visits by fluorescently tagged target DNA molecules.
The duration of each hybridization event, and the interval time
between events were then used to determine the association and
dissociation rate of each probe molecule on the surface. Probe
molecules with anomalous kinetics and spurious nonspecific
adsorption sites were discarded. The average number of probe
molecules assayed in each data set are 2500 � 700 for the DNA
Target, 1100� 200 for the DNA-2A Target, and 960� 70 for the PNA
Target. Hybridization events from the remaining filtered probe
molecules were pooled and fit to a first-order kinetics model to
determine the association rate constant, kon, the dissociation rate
constant, koff, and the association constant, Ka as described in more
detail in Fig. S1–S7 (ESI†).
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